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Abstract 

Bacterial biofilm formation is crucial to establishing chronic infections including 

respiratory infection, orthopaedic infection and medical device infection et.al. 

Many antibiotics are unable to eradicate dense biofilms since extracellular 

polymeric substances (EPS) make up the matrix of the biofilm which retard the 

diffusion penetration of antibiotics. Current methods of bacteria detection rely 

upon laboratory-based techniques that are time-consuming and costly and 

require specialist trained users. Hence, there is an urgent need for in-situ 

methodologies to detect and prevent the formation of bacterial biofilms. Raman 

spectroscopy (RS) is based on the inelastic scattering of photons following 

monochromatic laser excitation. This powerful technique has the advantages 

of being non-destructive, non-invasive and label-free. However, the main 

disadvantage is that spontaneous Raman spectroscopy has low signal levels 

and long acquisition time. To address these issues, surface-enhanced Raman 

scattering (SERS) has been used to enhance the Raman signal up to 1013 - 

1015 orders of magnitudes and can increase acquisition speeds as well as 

improving the accuracy of detection. Therefore, the focus of this research is to 

use specially designed bionanosensors (lectin and DNA aptamer) with 

resonant nanotag chalcogenpyrylium dyes and low-pH sensing probes 

PhagoGreen as optical imaging tools showing spectral change in response to 

the interaction with defined target molecules via enhanced SERRS signals to 

detect biofilm.  

This research focuses on developing new biomolecular sensing Raman-active 

nanotags as highly sensitive surface enhanced Raman probes. The specific 

nanosnesor was designed such that they will detect bacterial biofilms in vitro. 

This approach involves using galactophilic lectin PA-IL functionalised silver 

nanoparticles as a molecular recognition agent to detect the carbohydrates on 

the surface of bacteria using SERS. This research demonstrated this lectin 

biosensor is not only capable of detecting bacteria but also providing a rapid, 
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sensitive discrimination between Gram-negative and Gram-positive bacteria, 

offering opportunities for future SERS biosensing in biomedical applications. 

None of current biofilm models can mimic the complexity of the 3D 

microenvironment and host defence mechanisms. In this study, clinically 

relevant bacterial species including Escherichia coli (E.coli), methicillin-

sensitive Staphylococcus aureus (MSSA), methicillin-resistant 

Staphylococcus aureus (MRSA) and Pseudomonas aeruginosa were 3D 

bioprinted using a double-crosslinked alginate bioink to form mature bacteria 

biofilms, characterized by confocal laser scanning microscopy (CLSM) and 

fluorescent staining. Importantly, we observed the complete five-step biofilm 

life cycle in vitro following 3D bioprinting for the first time, suggesting the 

formation of mature 3D bioprinted biofilms. 3D biofilm constructs produce a 

model with much greater clinical relevance compared to 2D culture models 

and we have demonstrated their use in antimicrobial testing.  

The advantage of using Raman rather than fluorescence as the optical imaging 

technique is the molecular specificity of the optical response, however more 

importantly in this case, is the combination of surface enhanced spectroscopy 

and spatially offset Raman (SESORS) which allows detection of Raman 

signals at depth. Herein, we have developed a novel approach for the 

detection of bacterial biofilms at depth using a 3D bioprinted biofilm model 

combined with gold nanoparticles functionalised with resonant Raman 

reporters and bacteria specific DNA aptamers. Detection was carried out using 

surface enhanced spatially offset resonant Raman spectroscopy (SESORRS) 

allowing detection of the bacterial biofilms to be achieved at penetration depths 

up to 2.1 cm through tissue for single bacteria and 1.5 cm for multiple bacteria. 

This work uses a low-pH sensing fluorescent probe, PhagoGreen, as a Raman 

reporter attached to a silver nanoparticle, to detect phagosome acidification in 

Gram-negative bacteria strain Escherichia coli activated macrophages by 

surface enhanced Raman spectroscopy (SERS). The SERS intensity of 

PhagoGreen conjugates at peak 759 cm-1 was shown to be highly responsive 

at a lower pH range (pH5-pH3). 
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Abbreviations  

AHL N-Acyl Homoserine Lactones 
Apt Aptamer 
AMR Antimicrobial Resistance  
AST Antimicrobial Susceptibility Testing  
a.u Arbitrary Unit 
AuNPs Gold nanoparticles 
AgNPs Silver nanoparticles 
BaCl2 Barium Chloride  
BHI Brain Heart Infusion  
CaCl2 Calcium Chloride 
CARS Coherent Anti-Stokes Raman Scattering 
CFU Colony Forming Unit 
CLSM Confocal Laser Scanning Microscopy 
Conc. Concentration 
DLS Dynamic Light Scanning Microscopy 
DMES Dulbecco’s Modified Eagle Medium 
DMSO Dimethylsuifoxide 
DNA Deoxyribose Nucleic Acid 
E.coli Escherichia coli 
EDTA Ethylenediaminetetraacetic Acid 
EPS  Extracellular Polymeric Substances 
EtOH Ethanol 
G Gauge 
h Hours 
IR Infrared 
ICU Intensive Care Unit  
LPS Lipopolysaccharides 
LSPR Localised Surface Plasmon Resonance 
LOD Limit of Detection 
M Molar 
MBEC Minimal Biofilm Eradicating Concentration  
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MØ Macrophage 
min Minute 
MIC Minimum inhibitory concentration  
MRSA Methicillin-Resistant Staphylococcus Aureus 
MSSA Methicillin-Sensitive Staphylococcus Aureus 
MTT 3-(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide 
NP Nanoparticle 
NIR Near Infrared 
Nanotag Combination of Nanoparticles + Raman reporter  
OD Optical Density 
PA  Pseudomonas Aeruginosa 

PBS Phosphate Buffered Saline 
PCA Principal Component Analysis 
PEG Poly (Ethylene Glycol) 
PI Propidium Iodide  
QS Quorum Sensing  
RS Raman Spectroscopy 
RT Room Temperature 
RRS Resonance Raman Scattering 
SEM Scanning Electron Microscopy 
SPR Surface Plasmon Resonance  
SORS Spatially Offset Raman Spectroscopy 
SERS Surface Enhanced Raman Spectroscopy 
SERRS Surface enhanced resonance Raman scattering 
SESORS Surface Enhanced Spatially Offset Raman Scattering  
SESORRS Surface Enhanced Spatially Offset Resonance Raman 

Spectroscopy 
UV Ultraviolet  
UV-Vis Ultraviolet-Visible Spectrometry 
2D Two-Dimensional 
3D Three-Dimensional 
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1. Introduction  

1.1 Nanoparticles  

The term “nanotechnology” is used for technology which uses nanoscale 

materials such as metal nanoparticles (NPs), which are defined as particles of 

any shape with one or more dimensions in the range of 1-100 nm.[1] The basic 

concept of nanotechnology was first developed by Richard P. Feynman in 

1959. He stated that “there is plenty of room at the bottom”, which referred to 

“bottom up” instead of “top down” approaches to solving key biological 

problems on the atomic scale.[2] Feynman’s concepts are clearly visible 

through the current rapidly expanding field of nanotechnology and emerging 

disciplines such as bionanotechnology. NPs are prevalent in a wide range of 

applications including imaging,[3] diagnostics,[4] cosmetics,[5] biosensing[6] and 

antimicrobials.[7] They can be synthesised from various metal cores such as 

gold, [8] silver,[9] copper,[10] and platinum.[11] Gold and silver nanoparticles are 

the most popular form of metal nanomaterials for optical application. 

Historically, nanoparticles were used to colour glass and ceramics in the 9th 

century.[12] The most well-known example is the ancient Lycurgus Cup, which, 

due to the presence of gold and silver NPs, appears green in reflected light but 

red in transmitted light as shown in Figure 1.1. In addition to this famous 

example, gold nanoparticles were also used for medical purposes as an oral 

medicinal solution. [8] 
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Figure 1.1. The Lycurgus cup shown in reflected and transmitted light. This cup is 
made from glass containing gold and silver NPs, resulting in a colour change green 
in reflected light (left) and red in transmitted light (right). It was made by the Romans 
and is on display at the British Museum.[12] 

1.1.1 Nanoparticle Synthesis 

1.1.1.1 Synthesis of Gold Nanoparticles 

In 1951, Turkevich [13] reported the single-phase reduction of gold salt 

(chloroauric acid, HAuCl4) at 100oC by citrate acid, the synthesis was later 

refined by Frens.[14]  The negatively charged citrate ions act as both a reducing 

agent and a stabilising agent, coating the NPs with a negatively charged 

surface layer. This layer creates an electrostatic repulsion between the NPs 

that repels them from each other, making the solution monodispersed[8] and 

stable. It is possible to control the Au NPs size by varying the feed ratio of gold 

salt to sodium citrate. In 2012, Krpetić et al. developed a two-step procedure 

where gold salt was reduced in the presence of tri-sodium citrate and smaller 

Au NPs, which act as seeding particles, facilitating further growth of the NP. 

Gold NP seeds with an average size of 18 nm were used for further growth in 

the presence of excess tri-sodium citrate, a gold layer was deposited onto the 

seed NPs producing Au NPs with sizes greater than 40 nm.[15] The advantage 
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of a seed mediated approach is the control over the size of the NP since it is 

correlated with the concentration of tri-sodium citrate. 

Nanoparticle size is an important deciding factor for the application of 

engineered nanoparticles. For example, smaller nanoparticles can be used for 

the passive targeting of tumour sites[16] and larger nanoparticles have more 

surface area that allows for active surface bonding and surface modification.[17] 

Different sizes and shapes such as hollow,[18] rods,[19] and stars[6] can exhibit 

different chemical, electrical and optical properties from the bulk materials 

which allow them to remain stable in solution.[20] The key properties of Au NPs 

which make them ideal candidates for biomedical applications includes high 

biocompatibility, non-cytotoxicity, non-immunogenicity, control over particle 

size and shape and ease of surface modification either by electrostatic 

interaction or covalent bonds using thiol linkages.[18]  

1.1.1.2 Synthesis of Silver Nanoparticles 

Silver nanoparticles (Ag NPs) can be synthesised using similar methods to 

gold nanoparticles, as reported by Lee and Meisel in 1982.[21] This method is 

straightforward and simple to implement, therefore it is commonly used as a 

method of synthesis. A solution of sodium citrate is added to boiling solution 

of silver nitrate (AgNO3) and stirred continuously until the silver colloid turns a 

green-yellow colour. The negatively charged citrate ions coat the nanoparticles 

with a negative charge, allowing electrostatically repelling to remain stable in 

solution.[22] The citrate works as a reducing and stabilising agent during the 

synthesis; however, it has been found that citrate is not always an effective 

stabilising agent as it can be easily displaced from the nanoparticle surface.[22] 

Therefore, alternative synthesis methods have been developed over the years 

using a variety of reducing agents including borohydride reduction of AgCl4,[23] 
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ethylenediaminetetraacetic acid (ETDA) reduction of AgNO3,[24] and 

hydroxylamine reduction of AgNO3.[25]  

1.1.2 Localised Surface Plasmon Resonance 

The most important property of metallic nanoparticles is their unique optical 

properties. The oscillating frequency of electrons on the metal nanoparticles’ 

surface when resonating with the frequency of incident photons establishes 

the phenomenon known as surface plasmon resonance (SPR). When SPR is 

associated with metallic nanoparticles and surfaces with nanostructure 

features (less than 10 nm), the plasmon is referred to as the localised surface 

plasmon resonance (LSPR).[26] This is shown in Figure 1.2.  When SPR is 

associated with thin metallic film surfaces (less than 80 mm), the plasmon is 

called propagating surfaces plasmon resonance (PSPR).[27] 

 

Figure 1.2. Schematic illustrating the localised surface plasmon resonance induced 
by an electromagnetic field in a spherical nanoparticle. This causes a net 
displacement of negative charge at the positive metal core resulting in a charge 
difference across the metal sphere.  
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The first report of the LSPR phenomenon was by Gustav Mie in 1908, where 

he applied Maxwell’s equation to spherical nanoparticles.[28] He surmised that 

the plasmon band was due to the dipole oscillation of free electrons in the 

conductance band. It is the LSPR phenomenon that produces the red 

colouration in gold nanoparticles and green colouration in silver nanoparticles. 

This results in strong absorption of the incident light and strong elastic 

scattering in the visible region. The surface plasmon band for 15 nm (diameter) 

gold nanoparticles and 35 nm (diameter) silver nanoparticle are 520 nm and 

400 nm respectively. A number of factors can influence the LSPR including 

particle size, shape and local environment dielectric.[29] The size of the particle 

affects the resonant frequency, which impacts the position of the extinction 

band, exhibiting in a red-shift with increasing size. In gold nanoparticles, this 

shift results in the colour changing from red to dark purple.[30] 

As LSPR is largely influenced by the properties of the local environment, close 

monitoring of the LSPR can be utilised for biosensing applications. The visible 

colour change from red to purple, when the inter-particle distance between 

gold nanoparticles decreases, results in a red shift and the greater the red shift, 

the shorter the interparticle distance. This is due to the changes in the local 

dielectric environment of the nanoparticle as the nanoparticles aggregate 

together.[31] In addition, nanoparticle aggregation can be controlled by the 

addition of biological linkers or the addition of aggregating agents such as 

sodium chloride (NaCl), magnesium chloride (Mg2Cl), nitric acid and spermine 

hydrochloride. [32] 
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1.2 Raman Spectroscopy 

Raman spectroscopy is an optical technique that measures the inelastic 

scattering of light from a molecule, after excitation by incident photons. When 

the photons interact with the molecule, most of the incident photons are 

scattered with the same energy.[33] However, about one in a million incident 

photons will interact with the electron cloud of the molecule, resulting in a 

change in polarisability. This results in inelastic scattering such that there is an 

energy difference between the incident photon and the inelastic scattered 

photon and results in Raman spectra that are specific to molecular vibrations 

and can be considered as molecular fingerprints that identify specific molecular 

bonds. Therefore, as all biologically relevant molecules (such as proteins, 

nucleic acids, carbohydrates and lipids) exhibit a distinct spectroscopic 

signature, quantitative information regarding biochemical and morphological 

structure can be obtained.[34] Biochemical changes in an organism can lead to 

significant changes in the Raman spectrum. The ability to detect these 

biochemical changes at the molecular level can be used for detection and 

identification of pathogens including bacteria[35] yeast[36] and parasites.[37] 

1.2.1 Classical Theory of Raman Scattering 

Raman spectroscopy is based on inelastic scattering of photons following 

monochromatic laser excitation.  This is depicted in the Jablonski diagram.[38] 

The Raman effect was first demonstrated by Raman and Krishnan in1928.[39] 

They found that when an intense beam is passed through a vapour, the 

scattered light of the original wavelength is accompanied by a small quantity 

of scattered light of lower frequency. 
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If an electromagnetic field (from a light source) interacts with the molecule then 

there is a transfer of energy from the field to the molecule, governed by  

equation 1.[39] 

                                                     Equation 1  

Where DE is the gain in energy of the molecule, no is the frequency of the 

incident light, and h is Planck’s constant. The sample is irradiated by an 

intense laser beam which is monochromatic and linearly polarised. In the case 

of the Raman effect, it is found that the scattered light has different to that of 

the excitation frequency. The scattered light can consist of three types and are 

shown in (Figure 1.3).  

 

Figure 1.3. Jablonski Diagram illustrating the three types of scattering; Rayleigh, 
Stokes and anti-Stokes. The diagrams reconstructed from Jablonski et.al. [38] 

Rayleigh scattering is the most intense and occurs at the same frequency as 

the incident beam (no) as it is an elastic process between the molecule and the 

radiation. In Stokes-Raman scattering, the incident photon excites the 

molecule to a higher vibrational level, where the loss of energy of the photon 

0nhE =D
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is equal to the gain in energy of the molecule. Therefore, the scattered photon 

has a frequency of (no-nm). In anti-Stokes Raman scattering, the molecule loses 

energy and the scattered photon has a higher frequency (no+nm) than the 

incident photon.[33]  

According to classical theory, Raman scattering can be explained as follows. 

The electric field strength ( ) of the electromagnetic wave fluctuates with 

time ( ) with a frequency ( ) as shown by equation 2. 

                                  Equation 2 

Where Es0 is the vibration amplitude. The electric dipole moment ( ) is 

induced when a photon interacts with a molecule and is given by equation 3. 

                                          Equation 3 

Where  is the polarisability and is a function of the nuclear displacement 

( ). Should the molecule vibrate with a frequency , the nuclear 

displacement ( ) is then given by equation 4. 

                                Equation 4 

Where  is the vibrational amplitude, and for small amplitudes of vibration, 

 can be approximated by the linear function in equation 5. 

                      Equation 5 

Where  is the polarisability at the equilibrium position. Combining equations 

2-5 allows the polarisability to be written as shown in equation 6. 

          Equation 6 
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The first part equation 7 represents the Rayleigh scattering and the second 

part represents the Raman scattering, which has a frequency of  (anti–

Stokes) and  (Stokes). Most importantly, for a particular bond to be 

Raman active, the rate of change of polarisability with respect to displacement 

( ) must not be zero. The intensity of the Raman band is proportional to 

this rate of change of polarisability. 

 

                                                                                                       

Equation 7 

1.2.2 Resonance Raman Scattering (RRS) 

The advantages of spontaneous Raman spectroscopy (RS) have been 

extensively investigated to gather molecular information for biological 

applications.[37, 40] However, RS also has certain drawbacks, with the major 

challenge of spontaneous Raman spectroscopy being the intrinsically weak 

signal levels due to the low transition probability of Raman scattering. This 

usually results in the need for long acquisition times to produce reliable Raman 

spectra with low signal-to-noise ratios.[41] A high intensity laser source can be 

used to improve the signal to noise ratio. However, this can result in photo-

damage of the samples as well as fluorescence, which can mask key Raman 

peaks, making the interpretation difficult. Moreover, RS can be affected by 

autofluorescence background from biological samples, limiting its applicability 

to volumetric imaging.[41] 

To overcome some of these obstacles, Resonance Raman scattering (RRS) 

can be applied. RRS occurs when the frequency of the laser beam is 

equivalent to the frequency of an electronic transition in a molecule, resulting 

in an increase in Raman scattering. However, when using RRS, the molecule 

is excited to a virtual state within the first excited electronic state, shown in the 
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Jablonski in Figure 1.4. Therefore, when RRS is used, more intense peaks in 

the spectra are observed. The signal enhancement from RRS has been 

reported to be a factor of 103-104 higher than spontaneous RS.[33] However, 

the disadvantages of RRS is that competing fluorescence processes can 

results in a high, unwanted fluorescence background.[33]  To address these 

issues, a strategy using nanometer-roughened metal particles (typically silver 

or gold) was observed in 1974 to enhance the weak signals in spontaneous 

Raman scattering.7 

 

Figure 1.4. Jablonski diagram illustrating spontaneous Stokes Raman scattering and 
resonance Stokes Raman scattering. The diagrams are reconstructed from Jablonski 
et.al. [38] 
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1.2.3 Surface Enhanced Raman Scattering (SERS) 

The surface-enhanced Raman scattering (SERS) effect was first observed by 

Fleischmann, who observed an enhanced Raman spectrum of pyridine 

adsorbed on an electrochemically roughened silver (Ag) electrode. In 1977, 

two mechanisms, electromagnetic enhancement effect and charge transfer 

effect were proposed simultaneously by the Van Duyne and Jeanmaire 

groups[42] and the Albrecht and Creighton groups.[43] The electromagnetic 

enhancement effect is based on the excitation of surface plasmons by the 

laser. As previously discussed in section 1.1.2, surface plasmons are the 

collective oscillation of free electrons, propagating along a metal surfaces with 

strong evanescent fields reaching into the surrounding medium. The charge 

transfer effect involves electronic coupling between the adsorbed analyte and 

the metallic substrate (Figure 1.5).  There are regions that known as “hot spots” 

and allow the formation of greater electromagnetic fields between the 

nanoparticles that will increase signal enhancement. This contributes to the 

overall magnitude of enhancement. An enhancement of 12 orders of 

magnitude was observed compared to spontaneous RS by both groups. [44] 

 

Figure 1.5. Schematic diagrams of basic Raman spectroscopy modalities. 
Conventional backscattering Raman (left) and surface enhanced Raman 
spectroscopy SERS (right). 
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In addition to enhancing the Raman signal, the metal surface can also have a 

fluorescence quenching effect, which can reduce the fluorescence background 

from the analyte, which is extremely desirable for the analysis, particularly of 

biological samples. Commonly used metals which have been used to provide 

surface enhancement including gold,[8] silver,[9] copper and other metals.[45] 

Gold and silver NPs are resonant in the visible region, with gold possessing a 

smaller scattering to absorbance ratio[45] and silver generally providing greater 

signal enhancements.[33, 45]  

1.2.4 Surface Enhanced Resonance Raman Spectroscopy 
(SERRS) 

Surface enhanced resonance Raman scattering (SERRS) was first reported 

by Stacy and Van Duyne in 1983.[46] It combines resonance Raman scattering 

and SERS by incorporating both surface enhancement and a resonant 

chromophore that is in resonance with the laser excitation to produce 

enhancements of up to 1014 in magnitude (Figure 1.6).[45] Thus, the 

enhancement is due to both surface plasmon resonance and molecular 

resonance.[33] SERRS overcomes several limitations associated with 

resonance Raman scattering such as quenching of fluorescence interference 

by the nanoparticle surface resulting in reduced fluorescence background 

signals. Also, the improved sensitivity and selectivity of SERRS means the 

laser power can be decreased and ultimately reduce the chances of sample 

damages and degradation.[47]  
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Figure 1.6. Schematic diagrams of basic Raman spectroscopy modalities: 
conventional backscattering Raman (left), surface enhanced resonance Raman 
scattering SERRS (right). 

Another major advantage of SERRS is its multiplexing capabilities. This is 

achieved by using dye labels that possess different molecular fingerprint 

spectra and different targeting strategies. This allows for the detection of 

multiple analytes at the same time using choosing dyes that are in resonance 

at different laser wavelengths. This multiplexing capability of SERRS are 

making it a powerful technique over rivalling fluorescence detection 

methods.[47, 48] The simultaneous multiplexed detection of six different labelled 

oligonucleotides in the same sample, in combination with chemometric based 

approaches, has been reported by Faulds et al.[48] In the same group, Gracie 

et al.[49] quantified three DNA sequences related to meningitis pathogens in a 

multiplex assay and reported picomolar limits of detection, which could 

eliminate the need for time-consuming, culture-based methods.[50] Kearns et 

al. demonstrated the detection and discrimination between multiple pathogens 

using three different dyes in a multiplexed system.[51]  
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1.2.5 Spatially Offset Raman Spectroscopy (SORS) 

Spatially offset Raman spectroscopy (SORS) relies on spatially separating the 

collection of the Raman scattered light from the point of laser illumination 

(Figure 1.7). SORS results in a significant increase in depth penetration and 

allows for highly accurate chemical analysis beneath obscuring surfaces.[52] 

The key benefit of this is the suppression of interfering Raman and 

fluorescence contributions from the surface, which typically overwhelms much 

weaker signals from deeper regions, allowing deeper probing within diffusely 

scattering media.[53] The SORS spectra contain spectral contributions from 

different sample depth, which is a consequence of the photons migrating to 

spatially separated zones near the surface as they have a higher likelihood of 

being lost at the sample-to-air interface than photons migrating through deeper 

zones. Statistically, the mean photon penetration depth increases by 

increasing the spatial offset. Depth Raman techniques also include time-

resolved SORS (TR-SORS).[53] TR-SORS is a special case of SORS, it makes 

the distinction between surface and deeper Raman photons based on the 

temporal difference between illumination and detection while SORS correlates 

depth with the separation of the collection from the laser source. [53] 
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Figure 1.7. Schematic diagrams of basic Raman spectroscopy modalities: (A) 
conventional backscattering Raman, (B) time-resolved TR-SORS and (C) SORS. A 
minimum of two SORS spectra, at different spatial offsets, are required to recover the 
Raman spectra of an individual layer. The first spectrum would typically be taken at 
zero spatial offset, which is equivalent to a conventional backscattering Raman 
spectrum, and the other spectrum would be obtained at a non-zero spatial offset. 

The first SORS application for transcutaneous characterising of bone was 

demonstrated through several millimetres of soft tissue, in animal and human 

cadavers, by Schulmerich.[54] The SORS technique has been further 

developed to allow detection beyond 4 mm[55] and has been used to compare 

the direct measurement of transcutaneous bone and exposed bone, in surgery, 

from the same patient.[56] RS has a maximum penetration depth of a few 

hundred microns, when illuminating and collecting the signal from the same 

area, thus, analysis is limited to the surface or near-surface area. Spatially 

offset Raman spectroscopy SORS has enabled spectral measurements from 

volumes as deep as 10-20 mm into the sample.[52, 57] Medically relevant 

applications of SORS range from bone disease diagnosis,[53, 58] to breast 

cancer detection.[59] However, the depth penetration capabilities are limited by 

the weak Raman scattering that comes from layers at depth. 
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1.2.6 Surface Enhanced Spatially Offset Raman 
Spectroscopy (SESORS) 

The recent emergence of SORS combined with SERS (SESORS) has 

provided significant increases in depth penetration and high depth resolution 

Raman signals.[60] The initial work by Stone et al. reached a key milestone by 

demonstrating the capability of multiplexed SESORS imaging of SERS active 

nanoparticles in porcine tissue.[60] They demonstrated that the presence and 

location of up to 4 labelled nanoparticles could be measured through tissue 

thicknesses of between 20 and 50 mm.[53, 60] Another study extended the 

SESORS approach by demonstrating its reliability, accuracy, and long-term 

stability via in vivo glucose sensing in Sprague-Dawley rats.[61] The SESORS 

spectra were measured every hour for 12 hours a day from the same implanted 

sensor.[61] The results demonstrated that the SESORS technique was able to 

detect glucose directly with high accuracy in a low glucose concentration range 

as well as over a long period.[61] Recent work conducted by Sharma et al., has 

demonstrated the SESORS detection of neurochemicals (neurotransmitter) 

through 3 mm of cat skull (with bone) using Au NPs.[62] A new approach has 

recently been developed by Faulds et al, the technique of spatially offset 

resonance Raman scattering (SESORRS) (Figure 1.8), where the detection of 

gold nanoparticles functionalised with resonant Raman reporters could be 

measured through 25 mm of porcine tissue using a handheld SORS 

instrument. [3, 63] 
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Figure 1.8. Schematic diagrams of basic Raman spectroscopy modalities: surface 
enhanced resonance Raman spectroscopy (A), spatially offset Raman spectroscopy 
(B) and the combination, surface enhanced spatially offset resonance Raman 
spectroscopy (C). 

1.3 Biofilms 

Most acute infections, which are usually dominated by planktonic bacteria, can 

be cured with antibiotics within days if the right antimicrobial treatment is 

initiated.[64] However, investigations into chronic infections have revealed that 

the infecting bacteria often attach themselves to surfaces, then aggregate into 

clusters, within an extracellular polymeric substance such that they produce 

biofilms. The earliest biofilms to be studied were discovered in the 17th century 

by Antoine Von Leeuwenhoek who observed the “animalcule” that produced a 

microbial community on his own teeth, with a primitive microscope (published 

in 1684).[65] However, it was not until 1864 that the famous microbiologist Louis 

Pasteur observed and sketched bacterial aggregates causing wine to become 

acidic,[66] which ultimately led to his discovery of pasteurisation. Interestingly, 

it appears from the scientific literature that scientists neglected the study of 

biofilms for several hundred years until 1940 when Heukelekian and Heller 

observed the “Bottle Effect” of marine microorganisms.[67]  
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The Bottle Effect is the enhanced growth and activity of bacteria when they are 

attached to a surface.[67] In 1943, Zobell stated that “the surrounding sea water 

have a lower number of bacteria than on the surface.[67] It took until 1970 for 

the first real observations linking chronic infections to the aggregation of 

bacteria being reported in the lungs of patients suffering from cystic fibrosis 

(CF).[68] Aggregated bacteria were observed in sputum of CF patients 

chronically infected with mucoid strains of Pseudomonas aeruginosa.[69] 

Nowadays, it has been defined that biofilms are a structured consortium of 

bacteria, embedded in a self-produced polymer matrix consisting of 

polysaccharides[70, 71], proteins and DNA. Bacterial can take on unique 

phenotypic roles within the 3D biofilm structure in order to evade both antibiotic 

therapy as well as the natural defences of the host.  

1.3.1 Biofilm Formation and Characterisation  

1.3.1.1 P. aeruginosa Biofilm as a Biofilm Model 

Pseudomonas aeruginosa (P. aeruginosa) is a ubiquitous Gram-negative, 

non-spore forming, aerobic, rod-shaped bacterium that grows and survives in 

most moist surroundings including soil,[72] water,[73] coastal marine[74] habitats 

and hospital environments. It is estimated that 10-20% of all hospital-acquired 

infections are caused by P. aeruginosa.[75] Many different bacteria form 

biofilms, however P. aeruginosa is a model microorganism for studies on 

biofilms. In this work, we use P. aeruginosa biofilm model as an example to 

study biofilm. The pathogenesis of P. aeruginosa is multifactorial and complex, 

and nearly all clinical cases of P. aeruginosa infections are associated with an 

immunocompromised host. However, a recent report also describes that by P. 

aeruginosa [76] has been implicated in urinary tract infections and 

gastrointestinal infections in healthy as well as patients with in situ medical 

devices.[77] Skin infections are a particular problem for patients with underlying 

health problems especially those with burns, a diabetic foot or leg ulcer and 

surgical wound infections.[78] 
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Cystic fibrosis (CF) is characterised by mucus hyper-secretion and airway 

inflammation. In 1985, a study showed that P. aeruginosa became the most 

prevalent organism in the airways of these CF patients;[79] around 70-80% 

were infected in their childhood and remained so throughout life.[80] This 

opportunistic pathogen causes both acute and chronic airway infections. Acute 

P. aeruginosa infections are invasive, cytotoxic and frequently result in 

systemic infection, septic shock and mortality. Diagnosis must be made rapidly 

and accurately to prevent tissue damage and/or death.[80]  

Chronic infections with P. aeruginosa present are the major cause of morbidity 

and mortality in CF patients.[81] Chronic respiratory infections are minimally 

invasive, noncytotoxic and rarely progress to systemic infection; rather they 

are biofilm infections, which are thought to be involved in 65-80% of all 

microbial infection.[82],[83] The thicker layer of mucus converging on the 

epithelial cells in conjunction with the ineffective beating of the cilia leads to a 

lowering of oxygen tension close to the epithelial cells.[68]  When oxygen 

availability becomes limited; P. aeruginosa swim through the mucus to the 

epithelial cells where biofilm communities form.[84] The oxygen depletion 

occurs within 30 µm of the surface of the biofilm,[85] and it has been shown that 

anaerobic growth conditions promote biofilm development in clinical isolates 

from CF sputum.[86] The planktonic-biofilm transition is a complex sequential 

process shown in Figure 1.9.[87]  

Development of a biofilm is initiated by planktonic bacteria that reversibly 

attach to a surface. At this stage, the bacteria are still susceptible to antibiotics. 

The next step is irreversible binding to the surface within the next few hours 

and multiplication of the bacteria, which form microcolonies on the surface and 

begin to produce a polymer matrix around the microcolonies. At this stage, the 

biofilm shows maximum tolerance or resistance to antibiotics. Subsequently, 

a stage follows where focal areas of the biofilm dissolve and the liberated 

bacterial cells can then spread to another location where new biofilms can be 

formed. 
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Figure 1.9. P. aeruginosa biofilm formation from planktonic cells. A biofilm is a 
structured community of bacterial cells which includes single or mixed species 
enclosed in a self-produced polymeric matrix, 1) reversible attachment, 2) irreversible 
adhesion to a substratum, 3) microcolony formation occurs, 4) maturation of the 
biofilm, 5) biofilm dispersion and bacteria detachment. The image was reconstructed 
from Wagner et al.[68]  

1.3.1.2 Bacterial Biofilms are Inherently Resistant to 
Antimicrobial Agents 

A key feature of biofilms is that they enable P. aeruginosa to persist in the lung 

of chronically infected CF patients. A mature biofilm is characterised by the 

production of an extracellular polymeric substance (EPS). The chemistry of the 

EPS matrix is complex and consists of polysaccharides, nucleic acids and 

proteins.[88] The glucose-rich matrix polysaccharide, produced by the pel 

genes, mediates cell-to-surface and cell-to-cell interactions, which are 

essential for P. aeruginosa biofilm formation.[88]  Biofilms are associated with 

the overproduction of alginate, which is a polymer of the uronic acids, 

mannuronic and guluronic acid, and overproduction leads to the mucoid 

phenotype of P. aeruginosa biofilms in the lungs of CF patients. Alginate 

overproduction also enhances the biofilm’s structural architecture, and 

significantly increases resistance to the antibiotic tobramycin, both of which 

contribute to making P. aeruginosa incalcitrant to treatment.[87]  
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1.3.1.2.1 Tight Regulation of Virulence Factor Production is 
Important for Pathogenesis 

P. aeruginosa synthesises a wide range of virulence factors which can be cell 

associated or extracellular.[89],[90] Four of the major protein virulence factors 

(ExoS, ExoT, ExoY and ExoU) are secreted by the type III secretion system 

(T3SS). The T3SS requires approximately 20 proteins, which work together to 

directly inject the effectors into a target cell.[91] Many of the secreted proteins 

interact directly with host cell components to alter host cell signal transduction, 

and most of the secreted proteins act inside the eukaryotic cytosol into which 

they are translocated by the type III secretion mechanism. Therefore, type III 

secretion is an essential basic virulence determinant. Like the type I secretion 

pathway, T3SS is independent of the Sec system and thus do not involve 

amino-terminal processing of the secreted protein. In contrast to type I 

secretion, where the secreted enzymes are active in the extracellular space, 

type III secretion systems appear to be dedicated to the translocation of 

pathogenicity proteins into the cytosol of eukaryotic cells.[92] 

Other secreted virulence factors include pyocyanin and pyoverdin, plus 

proteases and toxin factors such as LasB elastase, LasA elastase, exotoxin A, 

and exoenzyme S. Pyoverdin are essential for virulence of P. aeruginosa, 

since this fluorescent siderophore (Iron carrier) has a high capacity for iron-

gathering capacity and is often used for identification of P. aeruginosa. 

Pyocyanin is responsible for the blue-green colouration of laboratory cultures 

and clinical isolates. Previous studies have shown that large quantities of 

Pyocyanin impair host defence mechanisms in chronic infection. These 

studies have also shown that mutant strains are unable to make pyocyanin 

and have reduced virulence in a variety of plant and animal models.[93] 

Numerous factors help P. aeruginosa cause infections that are hard to treat in 

both healthy individuals and immunocompromised patients. These include 

antibiotic resistance, biofilm formation, virulence factors, complexity, sensitive 

and efficient regulatory system.[68] 
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1.3.1.2.2 Quorum Sensing in Biofilm Antimicrobial Resistance 

In addition to having a wide selection of virulence factors (which are used as 

protection against the host), any invading bacteria needs to control their 

deployment so that they are produced in the right place and at the right time 

to be most effective. To achieve this, regulatory networks are used. 

In P. aeruginosa expression, production and secretion of many virulence 

factors is controlled in a cell density-dependent manner by a complex 

hierarchical system known as quorum sensing (QS). Two complete QS 

systems are present (las and rhl). The las systems consists of the 

transcriptional regulatory protein LasR and the AHL synthase, LasI, which 

directs the production of the primary signal molecule N-(3-oxododecanoyl)-L- 

homoserine lactone (3-oxo-C12-HSL).  

These two QS circuits have been found to regulate the genes for a number of 

virulence determinants in P. aeruginosa such as exotoxin A (toxA), LasB 

elastase (lasB), LecA lectin (lecA), catalase (katA) and rhamnolipids (rhlAB).[94] 

Previous studies have shown that at the core of P. aeruginosa QS, the 3-oxo-

C12-HSL complex activates the expression of rlR and rhll, placing the las 

system above the rhl system in a signalling hierarchy.[94] 

QS ensures that P. aeruginosa virulence determinant production occurs 

maximally when the invading organism has reached a critical population 

density sufficient to instigate a unified attack and therefore overwhelm the host 

before it has time to mount an effective defence. The role of QS in the 

regulation of virulence of P. aeruginosa has been revealed in numerous 

studies including an in vivo burned mouse model of infection.[86] 

QS is also implicated in P. aeruginosa biofilm formation. A PAO1 mutant 

deficient in autoinducer 3-oxo-C12-HSL produces thinner biofilms without the 

associated 3-dimensional architecture of the parent strains.[75] The mutant 

biofilm showed less resistance to the detergent sodium dodecyl sulphate 

(SDS). However, when mutant biofilms were grown with exogenously added 
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3-oxo-C12-HSL, they resembled PA01 biofilms and were resistant to the 

detergent.[95] Another study has shown both 3-oxo-C12-HSL and C4-HSL are 

present in CF sputum samples.[68]  

1.3.2 Infections Associated with Biofilm 

It is estimated that about 65% of all bacterial infection are associated with 

bacterial biofilms.[96] Biofilm formation is widespread in infectious diseases and 

in association with medical prostheses. These include device and non-device 

associated infections. Data provided by medical and surgical organisation, 

physicians and device-manufacturing companies state that nearly 7% of 

infection that are associated with orthopaedic devices, often results in serious 

disabilities. The average cost of the combined medical and surgical treatment 

is around $500,000 per year in the USA.[97] Other biofilm associated surgical 

implant infections were determined to be 2% for breast implant; 3% urologic 

implant; 4% for pacemakers and defibrillator; 4% for mechanical heart valve 

and 40% ventricular assist device.[97]  

1.3.2.1 Non-device Related Biofilm Infections 

Non-device related biofilm infections include periodontitis gum infections, 

which damage/affect the gums and dental support structures.[98] Non-device 

related biofilms can also form on the surface of mucosal layers and teeth in 

the oral cavity. Aggregating on the surface of teeth, they can invade mucosal 

cells and alter the flow of calcium in the epithelial cells resulting in the 

development of plaque, which mineralise with calcium and phosphate ions to 

form tartar within 2-3 weeks.  

Osteomyelitis is a bone infection usually caused by bacteria, mycobacteria or 

fungi. The infection can be limited to a single portion of the bone or can involve 

several regions such as the marrow, cortex and surrounding soft tissues. The 

bone can be infected through several routes, for example it can enter through 

the bloodstream, which can then carry the infection from other parts of the 
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body to the bones. Another cause is from direct invasion via open fractures, 

surgery, or objects that pierce the bone or if there is an infection in a nearby 

structure such as natural or soft tissues. Among pathogenic microorganisms, 

Staphylococcus aureus and E.coli are by far the most commonly involved,[99] 

which are difficult to treat with antimicrobial agents.[100]  

1.3.2.2 Device Related Biofilm Infections 

Microorganisms have the ability to form biofilms on a variety of surfaces, such 

as contact lens surfaces, which can lead to infections. Under scanning electron 

microscopy, biofilms were observed on contact lenses of a patient diagnosed 

with keratitis, produced by P.aeruginosa.[101] The type of microorganisms 

which are attached to contact lenses are mainly P. aeruginosa, E. coli, species 

of Candida, staphylococcus aureus, staphylococcus epidermidis and 

Proteus.[102] Microbial cells attach and produce a biofilm on biomedical devices 

such as mechanical valves, peritoneal dialysis catheters, peacemaker, urinary 

catheters and prosthetic joints.[103] 

Periprosthetic joint infection (PJI) is one of the most devastating and costly 

complications, surrounding prosthetics, and is a common reason for joint 

failure following total hip or knee arthroplasty.[104] Most of the acute infections, 

which are caused by planktonic bacteria, can be effectively treated with 

antimicrobials. However, once a biofilm develops, they are not easily 

eradicated. Given the increase in the number of PJI cases, the number of 

revision surgeries is increasing (16.8% of all knee revisions and 14.8% of all 

hip revision)[105] each year. The financial burden of PJI remains enormous with 

treatment costing the National Health Service (NHS) around £100,000 per 

patient.[106] The commonly cited reason for the failure of contemporary PJI 

treatments is the inability to correctly identify the offending pathogen within the 

biofilm, which results in the use of broad-spectrum antibiotics to treat the PJI 

infections. However, the low specificities of the antibiotics to the offending 

bacteria, and difficulties in drug delivery to the infection site, result in an 

increase of antibiotic tolerance and an increase in treatment failure.[107] 
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1.3.3 Current Techniques for Characterisation and 
Identification of Biofilms 

Biofilms may form on a wide variety of surfaces, including living tissues, 

medical devices, industrial or potable water system piping and natural aquatic 

systems. As the biofilm matrix could protect the embedded cells against 

harmful conditions, e.g. environment changes (nutrient and oxygen shortage), 

exposure to antibiotics and under ultraviolet radiation shocks, the identification 

and characterisation are very important in fields ranging from the accurate and 

rapid diagnosis of bacterial infections to industrial processes.  

Several different techniques (conventional and spectroscopic approaches) 

have been developed over the years. Conventional approaches such as 

phenotypic and serological tests, protein profiling and nucleic acid sequence 

identification are all based on routine examination procedures for biofilm 

characterisation.[83, 108] Although they provide valuable information, the 

staining of the total EPS is complicated. These methods are time-consuming, 

and the results are highly subjective as they usually require personnel who are 

trained in bacteriology.  

Spectroscopic alternatives have been investigated in recent years since 

spectroscopy is a powerful tool for detecting and studying biological systems 

on the molecular level. Many studies have shown that spectroscopic 

techniques are suitable for monitoring functionalisation and identification of 

components of complex biological structures such as microbial mass and 

biofilms.29 Nuclear magnetic resonance (NMR) spectroscopy has proven a 

useful tool in medical diagnostics, biological studies and imaging.[109] However, 

the information content is usually high and requires time-consuming analysis 

from trained experts.  

Mass spectroscopy (MS) can provide additional information on the distribution 

of characteristic molecular constituents that define a biofilm and its 

behaviour.[110] A recent study has reported that MS imaging of the wild-type P. 
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aeruginosa biofilm allowed the visualisation of specific rhamnolipids, which 

generally exhibited a heterogeneous distribution over the sample surface. [110] 

The drawback is that MS is an expensive technique requiring specially trained 

personnel.[111]  

Confocal laser scanning microscopy (CLSM)[112] and optical coherence 

tomography (OCT)[113] have been widely used for monitoring the 

functionalisation of three-dimensional structures of biofilms. In combination 

with different staining protocols, CLSM and OCT allow for quantitative 

assessment of the biofilm constituents.[114, 115] For example, CLSM has been 

used in lectin binding analysis, which allowed for the detection of EPS 

glycolconjugates.[115] However, since EPS are complex mixtures, which 

contain a large number of chemicals, it is difficult to design a suitable protocol 

to stain the whole EPS, limiting its use.[65]  Other techniques, such as 

transmission electron microscopy (TEM) have also been used to characterise 

the chemical composition of biofilms.[116] Although TEM is highly informative, 

the drawback of this technique is the pre-treatment procedures which includes 

freezing and fixation. This is un-advantageous since the pre-treatment 

procedures may change the integrity of biofilms or create artifacts during these 

processes.[116] 

Spectroscopy based on vibrational transitions in molecules, such as Infrared 

(IR)[117] and Raman Scattering spectroscopy,[118, 119] appear to be better suited 

for identification of bacterial biofilms.[119, 120] Both IR and RS spectra can be 

considered as a “molecular fingerprint”, which can be used for the identification 

of pathogens at the strain level, even when the microorganisms are so closely 

related that they are difficult to distinguish. [119, 120] 

Although IR has shown considerable promise, RS offers a number of potential 

advantages over IR; (1) RS has a much better spatial resolution as IR is limited 

to a spatial resolution of ~ 10 μm by the wavelength of the light.[121] (2) RS is a 

scattering phenomenon; spectra can be collected directly from an opaque 

surface. IR is based on absorption so solid samples must be smeared on an 

IR-transparent window before they can be analysed.[121] (3) The strong 



 

 39 

absorption of water in the IR limits its usage in biological applications. Because 

water absorbs strongly in the IR range, its signal masks other useful peaks in 

the spectrum. This can be mitigated by thoroughly drying the sample but, in 

doing so, restricts IRs use in vivo. RS is not affected by water making it ideal 

for hydrated samples such as biofilms. (4) Raman spectral bands can provide 

more information and are more readily distinguishable than infrared spectra. 
[121] 

RS is capable of measuring the relative concentrations of streptococcus 

mutans and streptococcus sanguinis in biofilms.[119, 122] Another study of P. 

aeruginosa biofilm by RS compared both wildtype P. aeruginosa and an 

isogenic QS mutant deficient for both AHL signal production and rhamnolipid 

secretion strains, in both ΔlasI and ΔrhlI.[123] The study assigned the Raman 

bands located at 1560-1620 cm-1 as proteins, and the 1010-1165 cm-1 band 

as carbohydrates and glycolipids.[123] They also classified the bands relating to 

C-O stretching (1030 cm-1), C-C and C-O stretching (1068 cm-1), C-O-C 

glycosidic link symmetric ring breathing (1095 cm-1) and C-C and C-O 

asymmetric ring breathing (115 cm-1) vibrations and confirmed the assignment 

of these bands to rhamnolipids which is a specific class of glycolipids known 

to be secreted by the P. aeruginosa species concurrently with biofilm 

formation.[123] However, each Raman spectrum was recorded by accumulating 

100 spectra at an integration time of 0.5 s, which made the total measurement 

time of each spectrum around 50 s long, resulting in long acquisition time, 

which limits its use in real-time applications.[123] 

1.3.4 Surface Enhanced Raman Spectroscopy for Biofilm 
Characterisation 

In 1989, the first demonstration of SERS for microbial research was achieved 

by Holt and Cotton.[124] In 2008, Ivleva and colleagues first demonstrated the 

applicability of SERS by obtaining reproducible spectra from a multispecies 

biofilm.[125] In their studies, they used hydroxylamine hydrochloride reduced 
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silver nanoparticles for SERS measurement of the biofilm and compared to 

spontaneous Raman. They revealed significant differences in the position and 

the relative intensities of the Raman bands between the RS and SERS 

spectra.  Normal Raman spectra from 300-2000 cm-1 were obtained within 100 

s and within 10 s for SERS. They found that the SERS spectra were 

distinguished by a higher number of discriminable peaks, which could achieve 

an enhancement factor of up to 2 orders of magnitude,[125] and suggested the 

potential of SERS for obtaining chemical information about different 

components in biofilm matrix, even at low concentrations.  

Later, in 2010, the Lvleva group further proved this hypothesis.[126] They 

presented SERS bands of polysaccharides which appeared in three regions: 

C-C stretching, C-O-C glucosidic link and ring breathing modes at 950 cm-1; 

side group deformation at 700-950 cm-1 and CH/CH2 deformation at 1200-

1500 cm-1.[126] These SERS signatures are helpful for characterisation and 

distinction of various polysaccharides in EPS matrixes. The studies also found 

differences in the SERS spectra between biofilms cultivated at different times 

(22 and 28 days) and significant differences in the ratio (I1280/I1383) for different 

axial sections of the biofilm (top of clusters and clusters located near the 

substratum).[126] They also showed that, using SERS, the acquisition time can 

be reduced by a factor of 10 and that the Raman signals were enhanced by 

more than 4 orders of magnitude in intensity. In addition, the results obtained 

from SERS were compared to the results obtained from the CLSM study and 

it was found that the performance of SERS was superior to that of CLSM.[126]  

To summarise the data from previous studies, there is evidence supporting 

SERS as a capable tool in revealing more detailed information on the chemical 

composition of EPS matrixes, compared to normal Raman, and other 

spectroscopic techniques. Reproducible SERS spectra with an enhancement 

factor of several orders of magnitude can be achieved with label free in situ 

SERS. However, none of this research was able to give a deeper insight into 

the chemical composition and structure of complex biofilm matrixes.  
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1.3.5 Biosensors for Identification of Biofilms 

1.3.5.1 Lectin-Carbohydrate Interaction 

Bacterial surfaces are covered in carbohydrates that exist as glycoconjugates 

lipopolysaccharides (LPS), which are capped by a single O-antigen subunit by 

the peripheral polysaccharide chain containing distinct types of sugars 

consisting of glucose, galactose, rhamnose, N-acetylglucosamine and 

heptose (Figure 1.10).[127] These components of surface LPS in E. coli can be 

recognised by specific lectins such as FimH49 and Concanavalin A (Con A). 
[127] A previous study showed Con A binding to E. coli W1485 surface O-

antigen glucose receptor which enhanced the binding between of E. coli 

W1485 to the mannose receptor.[128]  Therefore, LPS O-antigens are unique to 

specific bacteria and provide the selective specificity needed for lectin 

recognition. [71, 129]  In this study, selective lectins (carbohydrate recognition 

and lectin - O-antigen recognition) will be used to functionalise nanoparticles 

for biofilm detection, with enhanced specificity and sensitivity.  

 
Figure 1.10. The structure of E.coli cell wall. The outer leaflet of the membrane 
exclusively contains LPS, with a non-repeating “core” oligosaccharide and a distal 
polysaccharide. O-antigens are located at the utmost cell surface between the 
bacterium and its environment. The figure was  adapted from Magalhaes et.al.[129] 
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1.3.5.2 DNA Aptamer-Based Biosensor  

The classification of bacteria as Gram-positive or Gram-negative is dependent 

upon the thickness of the peptidoglycan layer and presence or absence of the 

outer lipid membrane. The cell wall comprises mainly peptidoglycan,[127, 130] 

which is a highly complex polymer matrix comprising of cross-linked chains of 

amino sugars, N- acetylglucosamine and N-acetylmuramic acid. The 

architecture of both types of bacteria is shown in Figure 1.11. Peptidoglycan 

has a particular composition which makes it a possible target for specific 

bacterial recognition. The outer lipid membrane of Gram-negative bacteria 

consists of a class of glycoconjugates called  lipopolysaccharides (LPS), which 

act as endotoxin and can readily overwhelm the host immune system.[130] 

Therefore, developing an anti-LPS or anti-peptidoglycan molecules such as 

oligonucleotide aptamers would confer an efficient antibacterial strategy.[121]  

 
Figure 1.11. Bacterial cell wall of Gram-positive bacteria comprises a thicker layer of 
peptidoglycan than Gram-negative bacteria, where there is only a thinner 
peptidoglycan layer sandwiched in between two cell membranes. Both types of 
bacteria inner membranes contain lipids and other various protein components. The 
outer membrane of Gram-negative bacteria contains proteins, such as porins, as well 
as lipopolysaccharides (LPS). Both types of bacteria contain intracellular targets for 
biosensing include proteins, DNA and RNA. The figure was adopted from Ahmed et. 
al.[121] 

Aptamers are oligonucleotide or peptide molecules that bind to a specific target 

molecule.[131] It has become routine to tag NPs with targeting molecules such 
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as antibodies and aptamers to enhance the specificity and selectivity.[4, 132-134] 

Although both antibodies and aptamers have specific targeting capabilities, 

aptamers have several advantages over antibodies including high pH stability, 

loading capacity, low immunogenetic properties, easy synthesis, the ability to 

be modified with various functional groups and inserting linkers for conjugation 

without loss of binding affinity.[4, 131, 134, 135] Many studies using aptamer-based 

methods, which use aptamers as capture molecules, have been established 

and can identify the whole bacteria in clinical specimens with improved 

sensitivity and specificity of the culture.[136] Yong’s group demonstrated single 

cell detection of Staphylococcus aureus by aptamer-conjugated AuNPs.[132] 

Similar work has been reported which uses DNA aptamer functionalised 

AuNPs for molecular recognition of MRSA.[133] However, little knowledge exists 

on their ability to detect biofilm bone/joint infection in clinically significant 

samples and at relevant depths using aptamer nanotags in SESORS approach. 

1.4 Research Aims 

The overall aim of this research was to investigate SERS bionanosensors as 

optical imaging tools that show spectral change in response to the interaction 

with defined target molecules in order to detect biofilms. This will involve 

optimising metal nanoparticles combined with various biomolecules and 

Raman reporters for high sensitivity and specific detection of biofilms using 

SERS. There is a significant need for fast and reliable detection methods for 

bacterial biofilm detection due to its high mobility and mortality rates. The 

development of specific lectin functionalised silver nanoparticles as 

bionanosensors for the detection of bacteria will be explored in Chapter 2.  

To develop novel antimicrobials capable of disrupting biofilm formation and 

resistance in future, 3D in vitro biofilm models, more representative of clinical 

infection, are required. A novel 3D bioprinting biofilm model to mimic the 

complexity of the 3D microenvironment and host defence mechanisms will be 

developed in Chapter 3, and the measurement of their responses to antibiotic 

drug tests and drug penetration will also be explored. Mature biofilms with 



 

 44 

different thicknesses and structures will be designed and bioprinted using a 

range of clinically relevant bacterial strains. In vitro antimicrobial susceptibility 

test (AST) will be performed in order to compare the resistance of 2D cultures 

versus 3D printed biofilm constructs. The 3D bioprinted matured biofilm will be 

utilised to create a biofilm infection model to mimic the in vivo environment of 

a periprosthetic joint infection in Chapter 4. The development of gold 

nanoparticles functionalised with resonant Raman reporters and bacteria 

specific DNA aptamers for the multiplexed, in-depth, detection of a 3D 

bioprinted biofilms using SESORRS will be also explored in Chapter 4.  

The use of PhagoGreen as a Raman reporter with the ultimate aim of 

monitoring and detecting phagosome acidification by SERS will be explored in 

Chapter 5. An in vitro cell culture model of live cell phagocytosis will be 

established in order to carry out a SERS study of the PhagoGreen pH probe 

in acidic microenvironments of phagosome acidification in macrophages 

(MØs), which were activated by clinical relevant Gram-negative bacterial strain 

E.coli. 
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2. Lectin-Functionalised Silver Nanoparticles for 
Bacteria Detection by SERS 
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2.1 Chapter Overview 

The research described in this thesis demonstrates that bionanosensors can 

be used to detect bacterial biofilms by providing effective SERS signals. Firstly, 

throughout this chapter, a lectin bionanosensor has been used for molecular 

recognition for in vitro bacteria detection. This approach utilises galactophilic 

lectin PA-IL functionalised silver nanoparticles for the detection of 

carbohydrates on the surface of bacteria. High binding affinity of PA-IL 

functionalised nanoparticles to the galactose on the surface of bacteria were 

observed using confocal SERS mapping of Gram-negative bacteria 

Escherichia coli (E.coli), P.aeruginosa (PA), P.aeruginosa wildtype PA01, and 

P.aeruginosa PA3284, but not on the surface of Gram-positive bacteria 

methicillin-resisted Staphylococcus aureus (MRSA) and methicillin-sensitive 

Staphylococcus aureus (MSSA).  

2.2 Introduction 

Bacterial pathogens are important targets for detection and identification in 

medicine, public health and food safety. [1] Rapid and accurate methods for 

bacteria detection are essential in various fields such as medicine and public 

health, particularly for clinical diagnosis and treatment. A range of techniques 

have been developed to identify bacteria including traditional microbiological 

laboratory procedures, polymerase chain reaction(PCR) ,[2] MRI [3] and CT 

scan et, al. [4] These detection methods rely upon traditional laboratory-based 

techniques, which require skilled staff and expensive laboratory facilities for 

the identification of pathogen bacteria. These procedures are complex and 

time-consuming, often requiring 1-2 days to obtain results. This delay is 

unacceptable in the case of emergency or with the critically ill. Therefore, a 

rapid and specific diagnosis tool, which allows correct identification of the 

specific type of bacterial infection is urgently needed.  

Biosensor technology offers a rapid and reproducible approach for the 

detection of pathogens. [5] Biosensors have been developed for many different 
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analytes. For example, antibody (Ab) based immunoassay for bacterial 

identification are well established and have been used for many years. [6] 

However, Ab-based biosensors have certain drawbacks such as having low 

screening efficiency, low stability and high cost. [6] Ab-based biosensors 

cannot be used for the detection of unknown species of bacteria, and culture 

based methods are not suitable for rapid detection. [1]  

2.2.1 Lectin-Based Biosensors 

Lectins are sugar-binding proteins that play an important role in biological 

recognition involving glycoconjugates as they possess high specificity for their 

cognate sugar moieties. [7] In recent years the interaction of lectins and 

carbohydrates has led to valuable information being obtain about bacteria.[ 1, 

7-11] Bacterial cells are surrounded by a cell wall, which is a complex multi-

layered structure that serves to protect these organisms from their 

unpredictable and often hostile environment. [12] The cell walls of bacteria fall 

into one of two major groups, Gram-negative bacteria and Gram-positive 

bacteria. The architecture of both types of bacteria are shown in Chapter 1, 

Figure 1.11. Gram-negative bacteria are surrounded by a thin peptidoglycan 

cell wall, which itself is surrounded by an outer membrane containing 

lipopolysaccharide (LPS)  [12, 13]. LPS are capped by a single O-antigen subunit 

by the peripheral polysaccharide chain containing distinct types of sugars 

consisting of glucose, galactose, rhamnose, N-acetylglucosamine and 

heptose. [13] Gram-positive bacteria lack a sugar outer membrane (OM) but are 

surrounded by layers of peptidoglycan which is much thicker than that found 

in Gram-negative bacteria. [12, 13] Lectin-based biosensors are able to target a 

specific type of glycosyl complex on the OM surface of bacteria and facilitate 

rapid detection and diagnosis at the point of care. [10]  
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2.2.2 Specificity and Affinity of the Galactophilic Lectin 
PA-IL Towards Carbohydrate 

Pseudomonas aeruginosa (P. aeruginosa) is a Gram-negative, non-spore 

forming, aerobic, rod-shaped bacterium that attacks immunocompromised 

patients. The mainly intracellular PA-IL (gene lecA) and PA-IIL (gene lecB) 

lectins play an important role (more details can be found in Chapter 1.3.1.2.2)  

in human biofilm infections, particularly in cystic fibrosis (CF) lungs, where 

biofilms adopt an anaerobic metabolism and encapsulate themselves in an 

extracellular matrix which has inherent antibiotic resistance.[14] Both LecA and 

LecB are involved in biofilm formation and regulated by quorum sensing (more 

details described in Chapter 1.3.1.2.2). The PA-IL lectin was the first bacterial 

lectin to be purified for the use of affinity chromatography from P. aeruginosa, 

which was specific for a-D-galactose (D-Gal) and bound preferentially to a 

glycoprotein (Gala1®4Gal) and glycosphingolipids, [14, 15] with an association 

constant (Ka) of 3.4x104 M-1. [16, 17] The presence of a hydrophobic group on 

the sugar anomeric a and b position enhances the affinity with strongest 

binding obtained for phenyl-b-thiogalactoside. [17] The PA-IL binding to 

galactose occurs by a calcium ion that bridges between the oxygen atoms O3 

and O4 of galactose (Figure 2.1). [18] Among other monosaccharides, the PA-

IL binds only to galactose, with the exception of N-acetyl-D-galactosamine 

albeit, with a much lower affinity. 

 

Figure 2.1. Binding site in crystal structure of P. aeruginosa Lectin PA-IL with iGb3(a-
Galp-(1®3)-b-Galp-(1®4)-b-Glcp-(1®O)-Cer). The image was adapted from 
Bouckaert et al.[18]  
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A recent study conducted by Wang et al. reported the use of a gold 

nanoparticle labelled lectin microarray based assay for screening  

carbohydrates on the surface of bacteria. [11] The Grimes group has also 

demonstrated the use of a lectin concanavalin A (ConA) based biosensor to 

detect Escherichia coli O157:H7. [1] Work by the Lawrence group has 

demonstrated the use of fluorophore labelled lectin-based biosensor for the in 

situ detection of biofilm systems by confocal laser scanning microscopy 

(CLSM). [8]  

SERS is a powerful technique for identification and characterisation of 

biological molecules. [19, 20] However, there are only a limited number of reports 

available in the literature on the study of complex biological structures such as 

bacterial biofilms using SERS. The Liz-Marzán group have demonstrated the 

use of SERS to detect the interaction of the FtsZ protein from E.coli using ZipA 

protein (that provides membrane tethering to FtsZ) functionalised silver-coated 

polystyrene micrometre-sized beads. [21] The first use of SERS for the 

detection of carbohydrate-lectin interactions occurring at the surface of 

mammalian cells using silver nanoparticles functionalised with carbohydrate 

species was reported by our group in 2013. [22] Furthermore, recent work 

conducted by Kearns et al. reported the detection of multiple antimicrobial-

resistant pathogens using lectin functionalised magnetic nanoparticles and 

SERS active antibody functionalised Ag nanoparticles in a sandwich assay by 

SERS. [20]  

By exploiting the binding affinity of PA-IL lectin to the D-Gal on the OM of 

bacteria, we have developed a specific lectin bionanosensor which is able to 

detect multiple bacteria. PA-IL lectin-functionalised silver nanoparticles were 

designed for use as molecular recognition agents to detect the galactose on 

the surface of Gram- negative bacteria (Escherichia coli (E.coli), P.aeruginosa 

(PA), P.aeruginosa wildtype PA01, and P.aeruginosa PA3284) using confocal 

SERS mapping. The methicillin-resisted Staphylococcus aureus (MRSA) and 

methicillin-sensitive Staphylococcus aureus (MSSA) were used as Gram-

positive control strains. Due to the unique structural difference between Gram-
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negative bacteria and Gram-positive, this lectin biosensor is capable of 

discriminating between Gram-negative bacteria and Gram-positive bacteria.  

2.3 Experimental Methods 

2.3.1 Chemicals and Materials 

All materials were purchased from Sigma Aldrich unless otherwise stated. 

Double distilled and deionized water (d.H2O) was prepared in-house.  

Galactophilic lectin (PA-IL, gene LecA), silver nitrate, sodium citrate, sodium 

chloride, carbodiimide hydrochloride (EDC), N-hydroxysulfosuccinimide 

sodium salt (NHS), 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid 

(HEPES) powder, 2-(N- morpholino)ethanesulfonic acid (MES), phosphate 

buffer (PB), agarose, TRIS Borate EDTA buffer (TBE). Gel loading buffer, Luria 

Bertani broth with agar (LB agar), Luria-Bertani broth (LB broth). Malachite 

green isothiocyanate (MGITC) and heterobifunctional thiol/carboxy 

polyethylene glycol (CTPEG635) were purchased from Thermo Fisher 

Scientific (Inchinnan, UK).  

2.3.2 Nanoparticle Synthesis 

Citrate reduced silver (Ag) nanoparticles were prepared via a modified version 

of the Lee and Meisel method, whereby 90 mg of silver nitrate was added to 

500 mL of dH2O and heated until boiling. Once boiling, a 1% aqueous solution 

of sodium citrate (100 mg in 10 mL dH2O) was added and boiling was 

maintained for 45 minutes. The solution was then allowed to cool down at room 

temperature with continuous stirring throughout.  

2.3.3 Preparation Lectin Functionalised Nanoparticle 

Galactophilic lectin (PA-IL) from P. aeruginosa was functionalised to Ag NPs.  

First, Ag NPs were functionalised with the Raman reporter malachite green 
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isothiocyanate (MGITC).  Briefly, 940 µL of citrate reduced silver nanoparticles 

were added to 10 µL (0.1 mM stock) of malachite green isothiocyanate (MGITC) 

and shaken for 30 min. The PEGylated linker (CTPEG635) (10 µL, 0.1 mM stock) 

was then added to the Ag@MGITC and d.H2O (40 µL). The solution was mixed 

for 3 hours at room temperature (RT) on a shaker before being centrifuged at 

1600g for 10 min. The pellets were kept, and the supernatant removed for 

further centrifugation at 4200 g for 15 min. After the second centrifugation step, 

the supernatant was subsequently removed and discarded. The pellets from 

both centrifugation steps were combined. The combined pellets were then 

resuspended in MES buffer (320 µL, pH6.0) containing EDC (100 µL, 2 mg/mL) 

and NHS (240 µL, 2 mg/mL) and left to shake for 30 min at RT. After 30 min, 

the conjugates were subjected to washing through two centrifugation cycles 

as described previously and then re suspended in HEPES buffer (950 µL, 10 

mM, pH7.4) containing PI-IL (50 µL, 1 mg/mL). The conjugates were left 

shaking overnight to facilitate lectin-linker functionalisation to the Ag NPs 

surface. The conjugates were centrifuged one final time and the pellet 

resuspended in HEPES buffer (960 µL, 10 mM, pH7.4) containing magnesium 

nitrate (0.2 mM) and calcium nitrate (0.2 mM) to active the PA-IL binding sites.  

2.3.4 Characterisation of PA-IL Lectin Conjugates 

The three samples: bare Ag NPs, Ag@MGITC@PEG, and 

Ag@MGITA@PEG@PA-IL (PA-IL conjugates) were characterised by UV-

visible spectroscopy (Cary 60, Agilent technologies) using 1 cm path length 

cells. Briefly, a d.H2O blank was run prior to any sample analysis to establish 

a baseline. Sample analysis was carried out with an appropriate volume of the 

colloidal suspension diluted 1:20 with dH2O. UV-visible spectra were 

normalised to the absorption maxima (lmax.). Dynamic light scattering (DLS) 

measured the particle size and zeta potential was also measured using a 

Malvern Zeta Sizer.  
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2.3.5 Agarose Gel Electrophoresis 

Agarose gel electrophoresis was performed using a gel which contained 1% 

agarose (1 g agarose powder in 100 mL of 1x TBE). Briefly, agarose (1 g) was 

dissolved in 1 x Tris borate EDTA buffer (10 mL of TBE+ 90 mL d.H2O) before 

heated in a microwave until the agarose completely dissolved. The gel was 

then cooled and poured into a gel tray. A plastic comb was inserted into the 

tray to create a number of wells in the gel. The gel tray was placed into the 

electrophoresis tank filled with 1x TBE buffer just to cover the surface of the 

gel. The bare Ag NPs, Ag@MGITC@PEG, and Ag@MGITA@PEG@PA-IL 

(PA-IL conjugates) were centrifuged at 6000 rpm for 10 min. The supernatant 

was removed, and the 10 µL of pellet from each sample was mixed with 6x 

loading buffer (1 µL) the samples were then loaded into each well in the gel. 

An electric field of 160 mV and 20 A was applied, and gel was run for 40 min.   

2.3.6 Bacterial Strains and Reagents 

The bacterial strains used in this study are listed in Table 2.1. Bacterial strains 

were cultured in Lurica Bertani (LB) broth (Sigma-Aldrich) at 37 oC whilst 

shaking. Strains were maintained on a LB agar plates and kept frozen in 

glycerol (50 % v/v) at -80 oC. Bacteria cells were harvested in the stationary 

phase after 18 h cultivation. The bacteria cells were then collected by 

centrifugation (3000 rpm, 4 oC, 5 min) and washed three times with 9 % NaCl 

to remove the residual LB medium. In all experiments, the concentration of 

bacteria was determined by optical density spectrometer and inoculated to 1.0 

at 600 nm (OD600 nm). The number of viable bacteria were assayed using a 

colony forming units (CFU) counting method (10 x fold serial dilution). Briefly, 

10 µL of each bacterium dilution was loaded on a LB agar plate in triplicate. 

CFU was counted after 24 h incubation at 37 oC. 
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Table 2.1. Bacterial strains used in this study. 

 

2.3.8 Detection Assay 

Bacterial strains taken from glycerol stocks were streaked onto a BHI agar 

plate and incubated at 37oC overnight. The following day a single colony was 

inoculated into 5 mL of BHI broth and incubated overnight at 37oC, with 200 

rpm shaking (Mini shaker, Cleaver). The overnight (o/n) cultures were 

harvested in the stationary phase after 18 h cultivation. The bacteria were 

collected by centrifugation (3,000 rpm, 4oC, 5 min) and washed three times 

using 0.9% NaCl. The bacteria cell-pellets were then re-suspended in 1 mL of 

dH2O with 1 nM of each samples (bare Ag NPs and Ag @MGITC@PEG@PA-

IL) at for 30 min on a shaker at 37oC, where bare Ag NPs were used as 

negative controls. After 30 mins, the samples were centrifuged using the same 

procedure as previous in order to remove the unbonded matrix and the pellets 

resuspended in 100 µL of dH2O.  
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2.3.9 SERS Pathogen Detection Assay 

The SERS analysis for detection assay was set up as follows. Sterile loops 

were dipped into each bacterium- Ag@MGITA@PEG@PA-IL mixture broth, 

then spread the on the clean microscope slides to create three smears and air 

dried onto a calcium fluoride (CaF2) slide at RT prior to detection assay. All 

samples were analysed immediately after preparation using a Renishaw InVia 

Raman microscope (Renishaw plc, New Mills, U.K). SERS spectra were 

measured using a Leica x100 objective, with a high sensitivity ultra-low noise 

RenCam CCD detector. The system was calibrated against a silicon standard 

band at 520 cm-1. The excitation source was a helium neon laser at 633 nm, 

generating ~0.8 mW on the sample to avoid thermal degradation. The 

accumulation time per spectrum was 0.5 s. The SERS experiments were 

repeated at least three times for all selected strains. For reproducibility 

experiments, 10 spectra were acquired from the same sample at varying 

locations. The SERS data was analysed using MATLAB 2016a software (The 

MathWork, Natick, MA). Data was uploaded to the software for pre-processing; 

cosmic rays were removed, and the spectra arranged into spectral image date 

frame.  

2.4 Results and Discussion 

2.4.1 Characterisation of PA-IL Conjugates 

The lectin-carbohydrate interaction that takes place on the surface of bacteria 

walls was studied in different bacterial strains. The experimental methodology 

of the assay is schematically shown in Figure 2.2. Initially, citrate reduced 

silver nanoparticles (Ag NPs) were functionalised with Raman reporter MGITC 

first, which produces a molecularly specific spectrum that consists of intense 

peaks at 912 cm-1, 1180 cm-1, 1370 cm-1  and 1618 cm-1 (with a shoulder at 

1393 cm-1) and can be used to identify the presence of the bacterial targets. 

Then heterobifunctional thiol/carboxy PEGylated linker were added into 
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Ag@MGITC before functionalised with PA-IL lectin via carbodiimide cross-

coupling chemistry. [24] The Ag@MGITC@PEG@PA-IL conjugates were 

added into the bacterial strains. The sample was mixed thoroughly for 30 min 

before being washed and placed on a CaF2 slide. 

 

Figure 2.2. Schematic illustrating the bacteria detection assay using SERS. 
Representation of (a) PA-IL lectin functionalised silver nanoparticles (PA-IL 
conjugates). Briefly, Ag NPs were functionalised with MGITC and then conjugated to 
PA-IL lectin using a thiol PEG635 linker and EDC/NHS cross coupling chemistry. (b) 
SERS bacteria detection using PA-IL conjugates. Bare Ag NPs, Ag@MGITC@PEG 
and Ag@MGITC@PEG@PA-IL were incubated with bacterial strains for 30 min on a 
shaker at RT. Any unbound conjugates were gently removed, and bacteria-
conjugates mixture subsequently resuspended in dH2O. An overview of the project 
approach is shown in ESI, Table 2.1. 

After functionalisation, the PA-IL conjugates were analysed using extinction 

spectroscopy (UV-vis), dynamic light scattering (DLS), zeta potential analysis 

and agarose gel electrophoresis to confirm successful functionalisation with 

linkers and lectins. The data obtained at each stage of the conjugation process 

is shown in Figure 2.3. UV-Vis spectroscopy revealed a shift from 400 to 408 

nm for the localised surface plasmon resonance (LSPR) of the Ag NPs after 



 

 63 

functionalisation with PEGylated linker and PA-IL lectin (Figure 2.3A). A 

broadening of the peak was also observed after the addition of the PEGylated 

linker and PA-IL (Figure 2.3A). No aggregation of the nanoparticles occurred 

during the synthesis. This is in agreement with an increase in size (from 40.31 

to 49.25 nm) as well as a decrease in zeta potential (from -30.1 to -40.0 mV) 

after the conjugation, which indicated a change in the dielectric environment 

on the nanoparticle surface. This indicated the successful attachment of both 

PEGylated linker and PA-IL lectin to the Ag NPs (Figure 2.3B). Gel 

electrophoresis analysis was also used to ascertain successful 

functionalisation and stability of the nanoparticles after functionalisation. 

(Figure 2.3C).  Bare Ag NPs aggregated in the well, Figure 2.3C, left column, 

which was due to the lack of protective layer on the surface of NPs hence salt 

from the loading buffer caused aggregation. The PEGylated linker (Ag@PEG) 

travelled the furthest from the well towards the positive electrode (Figure 2.3C, 

middle column), and Ag@PEG@PA-IL also migrated though the gel, however 

the traveling distance was much shorter than Au@PEG (Figure 2.3C, right 

column). This was due to the fact that the rate of molecule migration through 

the pores is inversely proportional to their mass to charge ratio, thus smaller, 

lighter molecules move the furthest. [25] The difference in migration through the 

gel therefore confirms that the surface environment of Au NPs had changed at 

each stages of the conjugation process, corroborating what was observed in 

the UV-vis, DLS and zeta potential experiments and suggesting the successful 

functionalisation of Ag NPs with PEGylated linker and PA-IL lectin. 
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Figure 2.3. Characterisation of biomolecule-Ag NP conjugates. (A) Extinction spectra 
shows the conjugation steps involved in the preparation of PA-IL lectin functionalised 
Ag NPs; notes Ag NPs were functionalised with MGITC (Raman reporter) and a thiol 
PEG635 linker were added first and then conjugated to PA-IL lectin and EDC/NHS 
cross coupling chemistry. Bare Ag NPs (blue), Ag@PEG (red) and Ag@PEG@PA-IL 
(grey), (B) Summary of λmax, extinction, particle size and zeta potential for PA-IL 
conjugates at each stages of the conjugation. (C) Agarose gel electrophoresis image 
showing transit of silver nanoparticles: (1) bare Ag NP, (2) Ag@MGITC@PEG and (3) 
Ag@MGITC@PEG@PA-IL. 

 

2.4.2 Detection Assay 

It is important to determine the concentration of PA-IL conjugates used in the 

detection assay as Ag NPs have previously been found to have particularly 

high intrinsic toxicities to bacteria. [26] Their antibacterial properties are size, 

shape and concentration dependant. Hence, to determine the highest working 

concentration of the PA-IL conjugates to add to the bacteria without causing 

bacterial death, a concentration study on the consequence of addition of PA-

IL conjugates to the bacteria were studied using the agar plate diffusion 

1. Bare Ag

2. Ag@MGITC @PEG

3. Ag@MGITC @PEG @PA-IL

1              2              3

CA

B Sample Average 
λmax.
(nm)

Average 
Extinction 

(au)

Average 
particle 

size
(nm)

Average 
Zeta 

potential
(mV)

Bare AgNPs 400 0.761 40.31 -30.1

Ag@MGITC @PEG 403 0.672 42.75 -35.4

Ag@MGITC @PEG @PA-IL 408 0.664 49.25 -40.0

Bare Ag

Ag@MGITC @PEG
Ag@MGITC @PEG @PA-IL
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method (ESI, Figure S2.1). A bacterial concentration of 10 CFU/mL was used 

for all the strains used in the experiment (ESI, Figure 2.2).  

Briefly, the bacteria cell-pellets were re-suspended in 1 mL of dH2O with 1 nM 

of each samples (bare Ag NPs and Ag @MGITC@PEG@PA-IL) for 30 min on 

a shaker at 37oC. SERS detection assay was then performed for both Gram-

negative bacteria (E.coli, PA, PA01 PA3284 (Figure 2.4, A1-4)) and Gram-

positive bacteria (MSSA and MRSA (Figure 2.4, B1-2)) using a confocal 

Raman microscope with an excitation wavelength of 633 nm and an 

accumulation time of 0.5 s. Bright field images were taken prior to the SERS 

detection (Figure 3, control & sample column). Green backgound were set in 

all the bright field images in order to improve the contrast and visibility of the 

bacteria and NPs. The table containing the band assignments is shown in (ESI, 

Table S2.2). [16] 

There was no SERS signal obtained from bare Ag NPs (negative control), 

since they did not contain the appropriate PA-IL moiety, therefore no binding 

occurred between the bare Ag NPs and bacteria, thus they were washed away 

leaving only bacteria on the surface of the CaF2 substrate (Figure 2.4, control 

column). SERS active Ag@MGITC@PEG@PA-IL with biorecognition 

molecule (PA-IL lectin) were added to the bacteria where it was observed that 

the nanoparticles bound to the D-glactose on the surface of Gram negative 

bacteria. This can be observed in the bright field images (Figure 2.4, sample 

column, A1-4) and resulted in enhanced SERS signals being obtained (Figure 

2.4, spectra column, A1-4), which is indicated by orange arrows in the bright 

field images (Figure 2.4, sample column). SERS peaks were observed at 912 

cm-1, 1180 cm-1, 1370 cm-1 and 1618 cm-1 (with a shoulder at 1393 cm-1) due 

to the Raman reporter MGITC, which were assigned to the phenyl-N stretch, 

the ring breathing and the stretching of the aromatic ring. The SERS signal 

was used to identify the presence of all four Gram negative bacterial strains 

(Figure 2.4, sample column, A1-4).  

No biorecognition event, and subsequent SERS signal, was observed in Gram 

positive bacteria, MSSA and MRSA (Figure 2.4B, sample column, B1-2) due 
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to the absence of targeting galactose in the OM on their cytoplasmic 

membrane, thus, unbound Ag@MGITC@PEG@PA-IL were washed away. A 

few residual nanoparticles were left on the surface of the CaF2 substrate, which 

were not being completely removed during the washing steps. These results 

highlight that Ag@MGITC@PEG@PA-IL were able to recognise the galactose 

present on the surface of the Gram negative bacteria, making it possible to 

discriminate between Gram negative and Gram positive bacteria. 

  



 

 67 

 

Figure 2.4. SERS detection assay was performed on (A) Gram-negative bacteria: 
(A1) E.coli, (A2) PA, (A3) PA01 and (A4) PA3284; (B) Gram-positive bacteria: (B1) 
MSSA and (B2) MRSA. Bare Ag NPs and Ag@MGITC@PEG@PA-IL were mixed 
with bacteria and incubated at 37oC on shaker for 30 min. Any unbound NPs were 
gently removed in order to reduce the backgound signal and the chance of false 
positive and the sample was subsequently resuspended in 100 µL of dH2O. The bright 
field images were taken before the SERS detection. All samples were then 
interrogated with a 633 nm laser excitation with an accumulation time of 0.5 s. Bare 
Ag NPs with no PA-IL lectin present to target the galactose on the surface of the 
bacteria were washed away, thus they will not bind to bacteria (control column). 
Sample Ag@MGITC@PEG@PA-IL were bound to the target galactose and stay on 
the surface of bacteria (bright yellow dots, sample column). SERS spectra (SERS 
spectra column) were obtained only from Ag@MGITC@PEG@PA-IL which bound on 
the surface of bacteria, which is indicated by the orange arrows. The red dotted lines 
show peaks that are representative of the Raman reporter MGITC, which was used 
to identify the presence of the bacterial targets.  
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2.5 Conclusions 

By taking advantage of binding affinity of P.aeruginosa lectins (PA-IL) towards 

D-galactose, the use of PA-IL lectin functionalised Ag NPs as bionanosensors 

was successfully demonstrated for bacterial pathogen detection by SERS. The 

specificity of the PA-IL lectin bionanosensor was illustrated using a bacterial 

concentration of 10 CFU/mL, which is below the concentration required for 

clinical diagnosis of bloodstream infection. [27] The PA-IL lectin bionanosensor 

was also shown to be capable of discriminating between Gram-positive and 

the Gram-negative bacteria as Ag@MGITC@PEG@PA-IL showed high 

specific binding affinity towards to Gram-positive (E.coli, PA, PA01 and 

PA3284), but not to the Gram-negative bacteria (MRSA & MSSA). This was 

due to the lack of sugar OM on the Gram-positive bacteria cytoplasmic 

membrane. In conclusion, the PA-IL lectin bionanoensor was able to provide 

highly sensitive detection and discrimination of bacterial pathogens, which has 

a great potential in the field of biomedical diagnosis and clinical infectious 

diseases detection. 

2.6 Future Work 

Future studies would include longer integration times which would increase the 

signal-to-noise ratio. A quantification analysis of the bacterial concentration 

that could be detected using PA-IL conjugates can be studied in the future. 

Other biomolecules of interest, such as DNA aptamers, could also be used as 

biorecognition molecules in order to enhance the specificity and selectivity of 

bacteria binding. This planktonic bacteria detection would be expanded to 

bacterial biofilm detection in the future.  
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2.7 Electronic Supplementary Information 

2.7.1 Overview of Main Experimental Stages and Process 

Table S2.1. Overview of the experimental procedures of binding assay. 
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2.7.2 Antibacterial Activity Diffusion Assay 

Ag NPs have a particularly high intrinsic toxicity to bacteria, however they are 

unlikely harmful to humans.[26] To determine the PA-IL conjugates 

concentration in bacteria detection assay that did not kill the bacteria, overnight 

cultures of P.aeruginosa were inoculated to 1.0 at OD600 nm in LB medium. The 

suspended cultures (200 µL) was then spread uniformly on LB agar plates and 

the plates were incubated at 37 oC for 30 minutes. Five microliters of various 

concentrations (1 nM, 0.1 nM, 0.01nM and 0.001 nM) of the PA-IL conjugates 

were loaded into the wells. The zone of inhibition was visually examined after 

24 h incubation at 37 oC. (ESI, Figure S2.1). The of PA-IL conjugates leached 

into the agar which then exerts a growth-inhibiting effect. The size of the zone 

of inhibition (clear zone) is related to the level of antimicrobial activity present 

in the PA-IL conjugates. The clear zone only appeared in 1 nM sample (ESI, 

Figure S2.1 A) and not in 0.1, 0.01 and 0.001 nM concentration (ESI, Figure 

S2.1 B-D), indicating the antimicrobial ability of PA-IL conjugates is more 

potent at 1 nM concentration.   

 

Figure S2.1. Antibacterial activity of PA-IL conjugate by agar diffusion method: the 
various of concentration (A)1 nM, (B) 0.1 nM, (C) 0.01 nM and (D) 0.001 nM were 
loaded onto the LB agar surface formed on plates containing a lawn of P.aeruginosa, 
growth inhibition was determined by measuring the zone of inhibition after 24 hours.  
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2.7.3 Enumerating Microbes- CFU Counting 

CFU determination is important in assessing the number of viable bacteria 

cells. The drop-plate method was used for CFU counting, briefly, 10 µL of 

aliquots of samples from each E.coli and PAO1 10x series dilution was 

dropped onto an LB agar plates. The plates where incubated overnight at 37oC. 

The number of colonies were enumerated next day. 

 

Figure S2.2 The number of viable bacteria were assayed by using the colony forming 
units (CFU) counting method (10x fold serial dilution). Assumed that each colony of 
bacteria arose form one living (or viable) cell immobilised on a LB agar plate. Thus, 
each colony is a clone of cells. The number of live bacteria (or colony) in the original 
culture can be determined by the following equation: (colony counted) x (dilution factor) 
/ (volume applied) = CFU / mL. 

2.7.4 SERS Band Assessment 

Table S2.2. Assignment of observed SERS bands on MGTIC  
Band (cm-1) Chemical Group Mode 
1618 -N;C-C Stretch; Stretch  
1584 Ring Stretch 
1370 -N Stretch 
1289 C-C; C-C-H Rocking; Rocking 
1180 C-H Rocking 

  

PAO1

E.coli

10-fold Serial Dilutions
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3.1 Chapter Overview 

This chapter focuses on the development of clinically relevant 3D bacterial 

biofilms that can potentially mimic in vivo bacterial biofilm growth by using a 

bacteria-laden bioink by mixing live bacteria into a partially crosslinked 

hydrogel. Throughout this chapter, design and fabricate the construct that 

integrated mechanical stability and high porosity to maintain a long-term 

structural integrity while providing a porous architecture that supports bacterial 

biofilm formation have been intensively studied.  

The potential to bioprint and study 3D bacterial biofilm constructs could have 

great clinical significance at a time when antimicrobial resistance (AMR) is 

rising to dangerously high levels worldwide. In this study, clinically relevant 

bacterial species including Escherichia coli (E.coli), methicillin-sensitive 

Staphylococcus aureus (MSSA), methicillin-resistant Staphylococcus aureus 

(MRSA) and Pseudomonas aeruginosa were 3D bioprinted using a double-

crosslinked alginate bioink to form mature bacteria biofilms, characterised by 

confocal laser scanning microscope (CLSM) and fluorescent staining. Solid 

and porous bacteria-laden constructs were reproducibly bioprinted with 

thicknesses ranging from 0.25 to 4 mm. We demonstrated 3D bioprinting of 

thicker biofilms (>4mm) than found in currently available in vitro models. 

Bacterial viability was excellent in the bioprinted constructs, with CLSM 

observation of bacterial biofilm production and maturation possible for at least 

28 days in culture. Importantly, we observed the complete five-step biofilm life 

cycle in vitro following 3D bioprinting for the first time, suggesting the formation 

of mature 3D bioprinted biofilms. Bacterial growth was faster in thinner, more 

porous constructs whilst constructs crosslinked with BaCl2 concentrations of 

above 10 mM had denser biofilm formation. 3D MRSA and MSSA biofilm 

constructs were found to show greater resistance to antimicrobials than 

corresponding two-dimensional (2D) cultures. Thicker 3D E.coli biofilms had 

greater resistance to tetracycline than thinner constructs over 7 days of 

treatment. Our methodology allowed for the precise 3D bioprinting of self-

supporting 3D bacterial biofilm structures that developed biofilms during 
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extended culture. 3D biofilm constructs containing bacterial biofilms produce a 

model with much greater clinical relevance compared to 2D culture models 

and we have demonstrated their use in antimicrobial testing.  

3.2 Introduction 

Biofilms can be defined as 3D structured communities of bacterial cells 

enclosed in a self- produced polymeric matrix, attached to a solid surface or 

substratum. [1] Bacterial biofilm formation is crucial to establishing chronic 

infections including respiratory infection, [2] orthopaedic infection, [3] heart valve 

infection (endocarditis), [4] and nosocomial infections. [5] In the case of acute 

infections, bacteria often exist in the planktonic (or free-swimming) state, 

allowing effective treatment with antimicrobials. However, once a biofilm 

develops infections are known to be 10-1000 times more resistant to 

antimicrobial agents, often rendering standard antimicrobial therapy ineffective 

without more invasive treatment such as surgery. [6] In the United States of 

America alone, there are 17 million new biofilm-associated bacterial infections 

that lead to estimated health care costs of $94 billion and 550,000 deaths each 

year. [7] According to the World Health Organization (WHO), urgent action is 

required to avoid a “post-antibiotic era”, in which common infections and minor 

injuries can once again kill; antimicrobial resistance is projected to result in 10 

million deaths every year globally by 2050. [8] Global concern about AMR is 

compounded by the fact that it has been 30 years since a new class of 

antibiotics was last introduced. [9] Therefore, increasing importance is being 

placed on drug screening, and in particular, antimicrobial susceptibility testing 

(AST), which requires suitable models that more closely resemble in vivo 

biofilm formation.  

The minimum inhibitory concentration (MIC) of antimicrobial agents (defined 

as the lowest concentration of an antimicrobial agent at which visible bacterial 

growth is inhibited after overnight incubation) is frequently calculated during 

AST to assess antimicrobial efficacy and bacterial resistance. [10] Methods to 

determine the MIC based on 2D planktonic cultures of bacteria are well 
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established. [11] However, determining the minimal biofilm eradicating 

concentration (MBEC) in biofilm infections is much more challenging. This is 

primarily because in vivo biofilm formation is three dimensional (3D) in 

architecture, which differs to most currently available laboratory models that 

tend to involve 2D biofilm culture. [12-14] AST of planktonic bacteria therefore 

tends to give misleading results that do not reflect the increased resistance of 

bacteria living in a 3D biofilm. [15, 16] This has significant clinical implications; 

for example, antimicrobial agents are usually chosen on the basis of their 

efficacy against 2D planktonic cultures which are more sensitive to treatment 

than 3D biofilms. Clinically this is well demonstrated by cystic fibrosis patients, 

where treatment of P.aeruginosa infection with antibiotics originally developed 

against planktonic cultures often becomes ineffective once biofilm formation 

occurs. [15] To develop novel antimicrobials capable of disrupting biofilm 

formation and resistance in future, 3D in vitro biofilm models more 

representative of clinical infection are required.  

Most commonly used 2D biofilm culture methods attempt to simulate the 

nature of the in vivo environment by focussing on selected relevant factors 

such as materials, nutrients and, importantly, fluid flow including drip flow, [16] 

rotating disk, [17] microfluidics, [18] and flow chamber architecture. [19] 

Unfortunately, none of these methods mimic the complexity of the 3D 

microenvironment and host defence mechanisms [20] and unable to produce 

biofilm thicknesses beyond 100 µm. [21, 22] In contrast to the current in vitro 

models, in vivo biofilms can grow beyond 1000 µm in size and are often found 

embedded within a host’s extracellular matrix, leading to interactions with the 

host immune system which can further alter biofilm morphology and size. [1, 23] 

3D bioprinting has developed rapidly as a technique that can deposit living 

cells and biomaterials in user-defined patterns to build complex tissue 

constructs “from the bottom up”. [24-27] While there are elegant approaches on 

3D bioprinting bacteria and their aggregates, [28-32] there has been no report on 

demonstrating the formation of mature bacteria biofilms. However, the capacity 

to reliably and reproducibly 3D bioprint bacterial biofilms have several potential 



 

 78 

benefits. Embedded bacteria have been shown to have increased metabolic 

activity, AMR and plasmid stability compared to bacteria grown in. [33, 34] 3D 

bioprinted bacterial biofilms therefore could potentially mirror in vivo bacterial 

growth and behaviour more closely than traditional 2D models, increasing the 

potential to investigate critical bacterial quorum sensing (QS) and antimicrobial 

biofilm penetration. [34, 35] 3D bioprinting also increases the potential to produce 

biofilm constructs with predesigned dimensions, with a high degree of control 

possible over biofilm thickness and dimensions. Other benefits of 3D 

bioprinting biofilm include the potential creation of microbial fuel cells, [36] 

biosensors [37] and biotechnological applications. [37-39] 

In this paper, we present a novel 3D bioprinting biofilm technology and report 

the first investigation of the formation of mature bioprinted 3D biofilms and 

measure their responses to antibiotic drug tests, and drug penetration.  Mature 

biofilms with different thicknesses and structures were designed and 

bioprinted using a range of clinically relevant bacterial strains. In vitro AST was 

performed to compare the resistance of 2D cultures versus 3D printed biofilm 

constructs for the first time. Bioprinting of biofilm constructs with thicknesses 

greater than previously available in vitro models was also successfully 

performed.  

3.3 Materials and Methods 

3.3.1 Bacteria-laden Bioink Preparation 

Brain Heart Infusion (BHI) broth (Sigma-Aldrich, UK) powder was dissolved in 

sterile deionized water to produce a 37 g/ L BHI Broth and then autoclaved. 

UV-sterilised sodium alginate powder (Protanal LF10/60FT, FMC Biopolymer, 

UK) was then dissolved in BHI Broth to produce a 4% (w/v) alginate solution. 

The alginate solution was subjected to magnetic stirring until reaching 

homogeneity and then sterilised through heating to boiling point (95°C) three 

times. Solutions consisting of 4% w/v sodium alginate and 0.4% w/v CaCl2 

were then mixed with a volume ratio of 1:1 to create a partially cross-linked 
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0.2% CaCl2: 2% sodium alginate hydrogel in a 50 mL conical tube. The 

hydrogel solution was vortex mixed at room temperature at 1500 rpm for 5 min 

to produce a homogeneous, partially cross-linked alginate hydrogel. Alginate 

hydrogels were then stored at 4 °C prior to usage to prevent the growth of 

contaminants.   

3.3.2 Bacterial Strains and Growth Media 

Bacterial strains were universally cultured in Brain Heart Infusion (BHI) broth 

at 37oC whilst shaking. Strains used included Escherichia coli (E.coli clinical 

isolate, ATCC 25922), Pseudomonas aeruginosa (P. aeruginosa, PAO1, wild 

type strain, ATCC 47085), methicillin-sensitive Staphylococcus aureus (MSSA, 

clinical isolate, ATCC 29213) and methicillin-resistant Staphylococcus aureus 

(MRSA, clinical isolate, ATCC 700788). Chosen strains were routinely 

maintained on BHI agar (Sigma-Aldrich, UK) plates and stocks kept frozen in 

glycerol (50% v/v) at -80oC.  

3.3.3 Inoculum Preparation  

Bacterial strains taken from glycerol stocks were streaked on to a BHI agar 

plate and incubated at 37oC overnight. The following day a single colony was 

inoculated into 5 mL of BHI broth and incubated overnight at 37oC, with 200 

rpm shaking (Mini shaker, Cleaver). The overnight cultures were harvested in 

the stationary phase after 18 h cultivation. The bacteria were collected by 

centrifugation (3,000 rpm, 4oC, 5 min) and washed three times with 9% sodium 

chloride (NaCl) to remove the residual BHI medium. In all experiments, the 

concentration of bacteria was determined by optical density spectrometry 

(Eppendorf BioPhotometer) and inoculated to 1.0 at wavelength 600 nm 

(OD600nm=1.0). The inoculated suspension of each strain was prepared in 10 

mL of 9% NaCl in a 50 mL centrifuge tube (Fisher Scientific, UK) and the cells 

harvested by centrifugation (3,000 rpm, 4oC, 5 min). Bacterial cell-pellets were 

then re-suspended in 500 µL of 0.2% CaCl2: 2% sodium alginate hydrogel 
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solution with a micropipette and dispensed into a 5 mL Luer-lock syringe 

(Fisher Scientific, UK). Connection to a further 5 mL Luer-lock syringe 

containing 4.5 mL 0.2% CaCl2: 2% sodium alginate hydrogel warmed to 37°C 

allowed repeated, gentle mixing to be carried out back and forth between 

syringes containing bacteria and hydrogel (100 mixes back and forth), 

producing 5 mL bioink with homogeneously distributed bacteria.  

3.3.4 Construct Design 

3D models consisting of a solid or lattice 10 mm x 10 mm square design with 

increasing vertical thicknesses (0.25 mm, 0.5 mm, 1 mm, 2 mm, 4 mm) were 

produced using Autodesk® Netfabb® software (Autodesk®, Inc, USA) and 

exported as an STL file.  Open-source slicer software (Sli3er, Version 1.2.9) 
was used to load the STL files and generate G-code files using the following 

settings for bioprinting: layer thickness, 0.1 mm; infill pattern, rectilinear; infill 

density, 25%; speed, 10 mm/s; extrusion multiplier 1.2. G-code files 

corresponding to solid and lattice constructs with differing vertical thicknesses 

were then loaded onto the bioprinter.  

3.3.5 Bioprinting  

A three-axis (X-Y-Z), single nozzle 3D cell printer developed in our laboratory 

was used for bioprinting bioinks laden with different bacteria. This bioprinter 

represents an adapted, extrusion-based version of a previously developed 

microvalve-based bioprinter used in our lab to bioprint human cells including 

induced pluripotent stem cells. [26, 39, 40] Briefly, the bioprinter produces 3D 

constructs by coordinating the motion of a mechanically-driven syringe. The 

dispenser deposits extrudate consisting of hydrogel on a stationary Z-platform. 

As successive layers of extrudate are deposited, the z-platform moves 

downwards allowing structures to be bioprinted from the bottom up, layer-by-

layer. Prior to use, the bioprinter was sterilized via UV exposure and wiped 

down with 70% ethanol. Sterility was maintained during bioprinting by placing 



 

 81 

the bioprinter in a laminar flow cabinet. Sterile 5 mL Luer-lock syringes 

containing bacterial bioink were attached to 25G printing nozzles and loaded 

into the bioprinter, allowing bioprinting into sterile 6-well culture plates to occur.   

3.3.6 Secondary Cross-linking of Constructs 

Ethylenediaminetetraacetic acid (EDTA), calcium chloride (CaCl2) and barium 

chloride (BaCl2) powders (Sigma-Aldrich, UK) were sterilised with ultraviolet 

(UV) light (three 30 min cycles). Solutions of 0.4% w/v CaCl2, 10 mM BaCl2, 

20 mM BaCl2, 40 mM BaCl2 and 110 mM EDTA (Sigma-Aldrich, UK) were 

prepared in sterile deionised water. All solutions were then autoclaved at 

121 °C for 30 minutes prior to experimental usage. 

Following bioprinting, constructs were cross-linked by submersion in ionic 

solutions of either 10, 20 or 40 mM BaCl2 for 2 mins. Cross-linked constructs 

were then rinsed in phosphate-buffered saline (PBS) prior to incubation in BHI 

medium under standard culture conditions (37 °C, 5% CO2, and 95% relative 

humidity). BHI media was replenished every second or third day and culture 

was performed atop a compact fixed-angle platform rocker (Grant Bio™ PMR-

30 Compact Fixed-Angle Platform Rocker, Fisher Scientific, UK), to increase 

flow of media around the bioprinted constructs.  

3.3.7 Fluorescence Staining for Biofilm Viability 

A commercial Film TracerTM LIVE/DEADTM biofilm viability kit (Thermo Fisher) 

was used for the assessment of biofilm viability based on staining with the 

membrane potential sensitive dye propidium iodide (PI) (490 nm excitation, 

red emission) and the nucleic acid stain SYTO-9 (488 nm excitation, green 

emission). In principle, bacteria with intact cell membranes stain fluorescent 

green, whereas bacteria with damaged membranes stain fluorescent red. Cell 

viability staining of bacteria was carried out by incubating biofilm constructs 

concomitantly with SYTO-9 (6.7 µM) and PI (40 µM) in 35 mm glass bottomed 
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imaging dishes (Ibidi) at room temperature (RT) for 45 min to allow stain 

penetration.  

3.3.8 Biofilm Morphotype Analysis  

In this study, a Leica Microsystems TCS SP8 CARS microscope utilising a 25x 

objective (HC FLUOTAR L 25x/0.95 W) was used for all confocal fluorescence 

imaging measurements.  To minimise or eliminate artefacts associated with 

simultaneous dual wavelength excitation, all dual labelled biofilms were 

sequentially scanned, frame-by-frame, first at 488 nm (Argon laser, 70 µW) 

then at 561 nm (DPSS laser, 80 µW). Line averaging (x2) was used to capture 

images with reduced noise. Fluorescence emission was then sequentially 

collected in the green and red regions of the spectrum respectively. Images 

were captured in a two-dimensional (2D) projection. For analysing spatial 

separation in the z-direction (thickness), step sizes between 40-140 µm were 

used and 3D reconstructions were performed using Leica imaging software 

(LAS X).  Five image stacks (typically 700 x 700 µm images over a depth of 40 

- 140 µm) were acquired randomly from three independent constructs per 

BaCl2 concentration per time point (15 stacks in total). The image stacks were 

then analysed using MATLAB 2016A software. 

3.3.9 Antibiotic Susceptibility Testing (AST) 

For all AST methods, inocula of the isolate tested were prepared according the 

inoculum preparation protocol described above. The methicillin stock solution 

of 20 mg/mL was prepared in sterile dH2O and diluted in BHI broth to obtain 

solutions with preliminary concentration in a range of 2.5 to 10 mg/mL. 

Investigation of the response of 3D biofilm constructs to methicillin was then 

made by initially culturing porous, 1 mm constructs containing MRSA or MSSA 

for 14 days to allow biofilm maturation to occur. The matured biofilm constructs 

were then transferred to sterile CorningÔ 6-well microtiter plates (Sigma-

Aldrich, UK). A 3 mL volume of each methicillin solution was dispensed into 
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each well of the plate. Fresh BHI broth was then added without antibiotic into 

the positive control wells. The plates were sealed with an anaerobic film 

(Thermo Fisher Scientific, UK) and incubated under anaerobic conditions at 

37oC for 24 h.  

3.3.9.1 2D Broth Microdilution Method  

Corning 96-well microtiter plates (Sigma-Aldrich, UK) were used for 

determining the MICs of the antimicrobial ragents methicillin sodium salt 

(Sigma-Aldrich, UK). A methicillin concentration in a range of 0.02 to 5 mg/mL 

were used. The MRSA and MSSA inoculum plural (OD1.0) were prepared as 

described above. A 50 µL volume of each methicillin solution and a 50 µL of 

inoculated suspension were dispensed into each well of the microtiter plates 

respectively. The 96-well plates were then sealed with an anaerobic film 

(Thermo Fisher Scientific, UK) and incubated under anaerobic conditions at 

37oC for 24 hours. The optical density of inoculated culture wells was then 

measured using a plate reader (Multiskan Go, Thermo Scientific). 

Subsequently, MICs were read as the lowest concentration of an antimicrobial 

agent at which visible growth was inhibited. 

3.3.9.2 3D Broth Macrodilution Method  

Methicillin stock solution of 20 mg/mL was prepared in sterile dH2O and diluted 

in BHI broth to obtain solutions with preliminary concentrations ranging from 

2.5 to 10 mg/mL. Investigation of the response of 3D biofilm constructs to 

methicillin was then performed by exposing a series of porous, 1 mm MRSA 

or MSSA constructs to increasing concentrations of methicillin. MRSA and 

MSSA constructs were cultured for 14 days prior to methicillin exposure to 

allow biofilm maturation to occur. Mature MRSA and MSSA biofilm constructs 

were then transferred into sterile Corning® 6-well plates (Sigma-Aldrich, UK) 

and incubated in 3 mL volumes of either 2.5, 5 or 10 mg/mL methicillin solution. 

Positive-control wells containing fresh BHI broth, no methicillin and MRSA or 
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MSSA constructs were also set up. The 6-well plates were sealed with an 

anaerobic film (Thermo Fisher Scientific, UK) and incubated under anaerobic 

conditions at 37oC for 24 hours. The optical density of inoculated culture wells 

was again measured using a plate reader (Multiskan Go, Thermo Scientific). 

3.3.9.3 Biofilm Antimicrobial Penetration Test 

3D bioprinted E.coli biofilm constructs of 1mm and 2mm thickness and porous 

design were cultured for 14 days to allow significant biofilm formation to occur. 

Biofilm constructs were then washed x3 with phosphate buffered saline (PBS) 

solution to remove non-adherent bacteria. Antibiotic disks containing 30 µg 

tetracycline (Oxoid, UK) were then placed on top of E.coli biofilm constructs 

and incubated at 37oC for 7 days within BHI broth.  The tetracycline disks 

located on top of the biofilm constructs were replaced daily to maintain 

consistent delivery of antibiotic.   

3.4 Results and Discussion 

3.4.1 Developing Long-term Stability of Bioprinted 
Alginate Hydrogels to Allow Observation of 3D Biofilm 
Formation 

The schematic presented below (Scheme 3.1) elucidates our general 

methodology of bacterial biofilm bioprinting using a biocompatible bioink, [40, 41] 

extrusion bioprinting and a step-wise ionic crosslinking process. Cultured 

bacteria were mixed into a partially-crosslinked hydrogel to produce a bioink 

with homogenous bacterial concentration. A home-built bioextrusion based 

bioprinter was then used to extrude the bioink to produce constructs with 

predesigned dimensions. Following bioprinting, secondary ionic cross-linking 

of the hydrogel was performed to increase construct stability, allowing 

prolonged culture and observation (up to 28 days).   
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Scheme 3.1. Schematic of bacterial biofilm bioprinting process. Initial designs to 
be bioprinted were produced using computer-aided design (CAD) software. Following 
this, a partially cross-linked hydrogel was produced by mixing sodium alginate and 
calcium chloride (CaCl2) together. Bacteria were then mixed into the hydrogel to 
produce a bioink with homogenously distributed bacteria. 3D bioprinting was then 
performed, using a custom-built bioprinter that uses mechanical force to extrude 
bioink from a syringe that is moved in the x-y-z plane. Bioprinted constructs of solid 
and porous design were then immersed in solutions of barium chloride (BaCl2) for 2 
mins to secondary cross-link the constructs. Following bioprinting and immersion 
cross-linking, the constructs were cultured in bacterial growth media, allowing 
analysis to be performed at selected time points.   

The complex structure of 3D biofilms found in clinical infection take significantly 

longer to develop and mature than the simpler 2D biofilm in vitro models which 

can be produced in overnight laboratory culture. [3, 42] Achieving sufficient 

stability in bioprinted bacterial construct was therefore essential to allow time 

for bacteria to associate, proliferate and deposit their own extracellular 

polymeric matrix to form a mature 3D biofilm structure. Alginate is a widely-

adopted hydrogel for bioprinting and was chosen as the main component of 

our bacterial bioink due to its biocompatibility, low toxicity, low cost and ease 

of use. [25, 43, 44] 

In previous work we have developed the stability of alginate bioinks to allow 

the successful long-term 3D cell culture and differentiation of stem cells. [25, 44] 

This was achieved by double cross-linking alginate with calcium and then 

barium cations in a stepwise process. [44] We adapted this approach to produce 

double cross-linked bacterial bioink constructs with extended stability (>4 
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weeks) in culture. Other cations including strontium have been utilized 

elsewhere for this purpose; however, barium has been shown to give the 

strongest cross-linking effect, optimizing construct mechanical stability. [45] 

Initial cross-linking of sodium alginate hydrogel with calcium chloride created 

a hydrogel with sufficient viscosity to allow successful bioprinting of free-

standing structures of both solid and porous design, ranging in thickness from 

0.25 mm to 4 mm (Figure 3.1a). By performing alginate hydrogel cross-linking 

prior to bioprinting, rather than extruding alginate onto a calcium-coated culture 

surface as performed in other literature, homogenous hydrogel cross-linking 

was achieved; this is essential to achieve good printability. [28] Further cross-

linking occurred following bioprinting by exposure to solutions of barium 

chloride which further helped to maintain construct stability, extending the 

stability of constructs from within a week (with calcium-only cross-linking) to 

over 4 weeks in culture. (ESI, Figure S3.1, Figure S3.2). Bioprinting resolution 

with the hydrogel was sufficient to produce more intricate structures using a 

32 g printing needle, corresponding to a 108 µm inner needle diameter (Figure 

3.1b).  

Confocal laser scanning microscopy (CLSM) was used to observe 3D 

bioprinted biofilm formation. Standard light microscopes often struggle to 

image biofilms of more than 3-4 µm thickness as biofilm material above and 

below the focal plane tend to scatter light and interfere with direct 

measurement. [46] Contrastingly, CLSM allows optical sectioning of biofilms 

and, with image analysis, 3D reconstruction is possible. [47] 

The extended hydrogel stability after bioprinting allows observation of 3D 

biofilm formation for several weeks. Previous attempts reported elsewhere in 

the literature to 3D bioprint bacteria only demonstrated bacterial viability up to 

a maximum of 7-9 days, with no attempts made to perform antimicrobial testing 

on 3D bioprinted bacterial constructs. [28, 30, 31] The stability in culture of the 

bioprinted hydrogel-bacteria construct achieved in our study is therefore 

significant, as it allows for extended observation of bacterial growth as well as 

offering the potential to perform antimicrobial studies and further analysis of 
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biofilm formation in 3D.  Clinical biofilm infections are most often chronic in 

nature and develop over a period of weeks and even months; the stability of 

our bioprinted constructs may therefore facilitate greater potential to mirror 

clinical biofilms than currently available biofilm models. [3, 7, 15, 48, 49] 

3.4.2 Investigating the Influence of Construct Design and 
Thickness on Biofilm Formation 

In order to mimic in vivo biofilms and to create an ideal in vitro 3D bioprinted 

biofilm model, solid and porous constructs were bioprinted in a range of 

thicknesses from 0.25 mm to 4 mm to investigate the ideal construct design 

and thickness for E. coli biofilm formation. 

E. coli biofilm formation (or bacterial density) was greater in thinner (0.25 mm 

to 1 mm) constructs compared to thicker (4mm) construct designs (p<0.001, 

ANOVA) (Figure 3.1c). However, thinner constructs of 0.25 mm and 0.5 mm 

thickness were not robust enough to allow physical manipulation and CLSM 

imaging to be performed after 14 days culture. This was presumed to be due 

to leaching of cations (Ca2+ and Ba2+) from the thin, relatively high-surface area 

constructs into surrounding culture media, resulting in decreased cross-linking; 

this is likely to have been exacerbated by regular media changes and culture 

atop a rocking device, increasing outwards diffusion of cations from the 

hydrogel-bacteria  construct. In 4 mm thick constructs, reduced biofilm 

formation was observed in solid compared to porous constructs (p=0.038, t-

test) (Figure 3.1c).   

We believe the porous construct design facilitates convective fluid transport 

through the pore channels, enhancing nutrient and oxygen diffusion processes 

in comparison to non-porous, solid constructs. This would explain why the 

aerobic bacteria E.coli failed to proliferate and produce significant biofilm in the 

thick, solid constructs, with the optimal structure for E.coli being a 1 mm porous 

construct. 
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Figure 3.1. Thickness, structure and cross-linking of bioprinted constructs 
influences biofilm formation. (a) Solid and porous constructs with vertical 
thicknesses increasing from 0.25 mm to 4 mm were sequentially bioprinted and cross-
linked by exposure to 20 mM BaCl2. Measured thickness correlated well with designed 
vertical thickness after measurement with digital callipers (ESI, Table 3.1). (b) 
Hydrogel printability was such that intricate structures could be printed with a 32G, 
0.108 µm inner needle diameter needle. (c) 3D reconstructed CLSM z-stack images 
were acquired, allowing comparison of biofilm growth in solid and porous structures. 
Initial analysis at 5 days found that growth in solid constructs was slower than in 
corresponding porous constructs in all ranges of thicknesses. At day 14, 1 mm 
constructs appeared to have the greatest biofilm formation, whilst 0.5 mm and 0.25 
mm constructs had insufficient mechanical stability to allow analysis. The sizes of the 
scale bars in the photograph and fluorescence images are 1 centimetre and 100 
microns. 
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3.4.3 Bioprinting of Thick, Anaerobic 3D Biofilm 
Constructs 

Whilst the aerobic bacteria E. coli had limited growth in thicker bioprinted 

constructs (Figure 3.1c), presumably due to limited diffusion of nutrients and 

oxygen, anaerobic bacteria have greater potential to thrive in oxygen-depleted 

conditions. As an opportunistic, nosocomial pathogen of immunocompromised 

individuals, the anaerobic strain Pseudomonas aeruginosa (P. aeruginosa) is 

well known for infecting the thick, oxygen-depleted mucus in the airways of 

cystic fibrosis (CF) patients, producing robust in vivo biofilms. [2] The culture 

conditions provided by the thick respiratory mucus in CF patients is somewhat 

analogous to those provided by our thick, non-porous hydrogel constructs. To 

investigate this, in vitro biofilm formation of P. aeruginosa (Figure 3.2a) was 

examined in non-porous, thick (2 mm and 4 mm) constructs (Figure. 3.2b).  

 

Figure 3.2. Pseudomonas aeruginosa (PAO1) formed anaerobic biofilms in thick 
constructs. (a) Photo images of 3D bioprinted PAO1 biofilm at day 0 (white colour) 
and matured biofilm at day 14 (blue-green colour). (b) 3D reconstructed CLSM Z-
stack in 2D-projection and 3D reconstructed images (1:1 aspect ratio in x, y & z axes) 
of matured PAO1 biofilm formed at 2 mm and 4 mm thickness at day 14. The sizes of 
the scale bars in the photograph and fluorescence images are 1 centimetre and 100 
microns. 
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P.aeruginosa was observed to undergo extensive colonisation and 

aggregation in 2 mm and 4 mm thick, non-porous structures, forming an 

extremely dense layer of biofilm (Figure 3.2b). In contrast, much more limited 

bacterial growth and biofilm formation was observed via CLSM in 2 mm and 4 

mm constructs inoculated with the aerobic bacteria E. coli (Figure 3.1c). Strong 

blue-green pigmentation was also seen to form in 2 mm and 4 mm 

P.aeruginosa constructs over 14 days of culture (Figure 3.2a); this is likely 

related to the expression of  two metabolites, pyocyanin (blue) and pyoverdine 

(green), which is known to occur in P.aeruginosa to facilitate anaerobic 

respiration. [50] The prevalence of multidrug-resistant (MDR) anaerobes, 

including P. aeruginosa, is increasing worldwide with limited current 

therapeutic options. [51, 52]  The extensive growth of P.aeruginosa and 

associated biofilm formation seen within our 3D bioprinted constructs therefore 

offers a novel and highly promising in vitro method of studying anaerobic 

bacterial biofilm infection. 

3.4.4 Capturing the in vitro life cycle of biofilm in 3D 

Biofilm formation is reported to occur in a five-step lifecycle (Figure 3.3a), 

which begins with the attachment of planktonic cells to a biological or inert 

surface and culminates in mature biofilm formation. [53] However, due to factors 

including limited biofilm thickness, current in vitro models are unable to readily 

facilitate observation of the five-step process and complex microarchitecture 

development that occurs during biofilm formation. [54] 

As illustrated in Figure 3.3a, initially, ① free swimming planktonic bacteria 

were attached on the surface, ② soon after, bacteria began to divide and 

aggregate together in small microcolonies and secrete quorum signals ③, 

which initiated up-regulation of various genes and virulence factors on a 

community-wide basis. Bacteria cells forming an extracellular biofilm matrix ④ 

by secrete copious polymers including polysaccharides, proteins and 

oligonucleotides. Biofilm continues to accumulate and consuming ambient 

nutrient and QC acceptors. As results of increased in shear stress and other 
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cell signalling events, portions of biofilm started detaching or slough off ⑤ 

entirely. Dispersed cells can quickly revert to their planktonic form to colonise 

other sites, whilst retaining properties such as AMR. [54]  

The influence of BaCl2 cross-linking concentration on bacterial growth was also 

analysed over 28 days by exposing porous, 1 mm constructs containing MRSA 

to a range of BaCl2 concentrations (ESI, Figure S3.3). Growth within all 

constructs was initially strong; however, it was perceptible that bacteria had a 

greater tendency to leach from constructs exposed to 10 mM BaCl2, with 

greater biofilm formation seen in 20 mM and 40 mM constructs (Figure 3.3c). 

A custom designed image processing algorithm, implemented in 

MATLAB2016a, was used to apply further statistical analysis to quantify biofilm 

formation (ESI, Figure S3.4-S3.5). It was found that 10 mM of BaCl2 provided 

less favourable conditions for biofilm formation compared to 20 mM and 40 

mM constructs between days 4 and 23 (p<0.001, ANOVA). This was presumed 

due to reduced cation (Ba2+) cross-linking density allowing greater leaching of 

bacteria.  



 

 92 

 

Figure 3.3. 3D reconstructed confocal laser scanning microscopy (CLSM) Z-
stacks of 3D bioprinted biofilm images (a) The 5-step process of biofilm formation 
in 2D correlated with (b) cross-sectional and side-on CLSM images of 3D bioprinted 
biofilm formation. (c) Growth of MRSA in 1 mm, porous scaffolds exposed to 
increasing concentration of BaCl2 from 10 mM to 40 mM was examined over a 28 
days period. Schematic (a) adopted from V. E. Wagner et al. [2] The sizes of the scale 
bars in the photograph and fluorescence images are 1 centimetre and 100 microns. 

CLSM studies demonstrated superior biofilm formation in 10 mM, 20 mM and 

40 mM constructs, with significant biofilm formation evident after 5 days. 

Initially, ① individual planktonic bacteria were homogenously distributed in 

bioink at day 0 Figure 3c, Day 0). Although some bacteria may have left the 

construct, a high density remained and likely adhered to the bioink scaffold 

using cell surface displayed adhesin molecules.  ② soon after, bacteria began 

to divide and aggregate together in small microcolonies (Figure 3.3c, Day 1-2) 
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within the construct, which merged into larger communities (Figure 3.3c, Day 

3-5); ③ progressive deposition of an EPS matrix also occurred, ④ leading to 

mature biofilm formation (Figure 3.3c, Day 14). Eventually, ⑤ regions of biofilm 

were seen to spontaneously disperse between days 23 and 28 as bacteria 

enzymatically dissolved the extracellular matrix, [55] weaken the biofilm 

structure and release microbial cells spread and leak out of the construct 

(Figure 3.3c, Day0-28) into surrounding culture media (where new biofilms can 

be formed). It is important to observe that 3D bioprinted alginate constructs 

remains largely intact while the bacteria escaped from constructs (ESI, Figure 

S3.2) after day 23. This further confirms that the lower microbial cell density 

observed from Day 23-28 was consistent with the final stage of the biofilm 

lifecycle where bacteria leak out of the biofilm and spread rather than the 

degradation of the 3D alginate constructs. 

To the best of our knowledge, we have demonstrated for the first time the 

processes involved in mature 3D biofilm formation in vitro over a 28-day period 

using bioprinting (Figure 3.3c). This allows direct correlation to the 5-step 

process governing biofilm formation in 2D to be made (Figure 3.3a). 

3.4.5 Comparison of 2D vs 3D in Vitro Antimicrobial 
Susceptibility Testing (AST) 

To compare the susceptibility of 2D and 3D bacterial cultures to treatment, we 

utilised 3D bioprinted biofilms as an in vitro model with comparison made to 

2D bacterial cultures. Staphylococcus aureus (S. aureus) was chosen for 

investigation as a major human pathogen. [56] Although most commonly 

associated with skin and soft tissue infections, S. aureus is also responsible 

for a range of serious invasive infections, including osteomyelitis, necrotising 

pneumonia, endocarditis and bacteraemia. [56]  Infections caused by S. aureus 

are increasing worldwide, with over 52% of intensive care unit (ICU) infections 

reported to be caused by S.aureus. [57] Most strains of S.aureus, including 

methicillin-susceptible S.aureus (MSSA), are sensitive to β-lactam antibiotics 
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and are responsive to treatment.  However, there is a growing worldwide 

prevalence of methicillin resistant S. aureus (MRSA) infections, which have 

repeatedly been associated with a worse patient outcome compared to 

infections caused by methicillin sensitive S. aureus (MSSA). [58] Furthermore, 

the efficacy of first-line treatments for MRSA such as vancomycin is 

dwindling.[59] Antibiotic resistance studies are therefore essential to allow the 

development of novel anti-biofilm therapies against MRSA and MSSA biofilms.  

The broth microdilution method was used to determine the lowest 

concentration (MIC) of methicillin antibiotic that prevented visible growth of 

MRSA and MSSA in 2D culture (Figure 3.4a). The broth macrodilution method 

was then used to determine the minimal biofilm eradicating concentration 

(MBEC) in 3D bioprinted MRSA and MSSA biofilm culture models (Figure 3.5c). 

The MIC and MBEC were determined by a visual inspection of culture wells 

and correlated with measurements of absorbance of light through treated 

culture wells in both cases (Figure 3.5b & 3.5d). Due to resistance to methicillin, 

MRSA had a higher MIC than MSSA in 2D (Figure 3.5a) and a higher MBEC 

than MSSA in 3D culture as expected (Figure 3.5c). However, for both MRSA 

and MSSA, the MBEC calculated in 3D culture was significantly higher than 

the MIC for 2D culture. Whilst 0.16 μg/mL methicillin prevented visible growth 

of 2D MSSA culture, the MBEC for MSSA in 3D culture appeared to be at least 

15 times higher at 2.5 mg/ml. Similarly, although 1.25 μg/mL methicillin 

appeared to prevent 2D growth of MRSA, growth of MRSA in 3D culture still 

occurred with greater than 10 mg/ml methicillin. Therefore, for both MRSA and 

MSSA, a far higher dose of methicillin was required to treat biofilm growth than 

was required to treat 2D infection. This result is in keeping with previous 

reports suggesting that biofilm formation can cause a 10 to 1,000-fold increase 

in bacterial tolerance to antimicrobial treatment compared to 2D, planktonic 

cultures. [33, 55] 
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Figure 3.5. In vitro antimicrobial susceptibility testing (AST). (a) The MICs were 
determined by broth microdilution methods. An MIC of methicillin of 0.16 μg/mL was 
required to prevent visible growth of MSSA, whilst for MRSA the MIC of methicillin 
was 1.25 μg/mL (Figure 3.5a). (b) Optical density measurement of the methicillin-
containing culture. No significant change in absorbance was observed when 
methicillin concentrations were increased beyond the MIC calculated for MRSA or 
MSSA in 2D. (c) The MBECs were determined by broth macrodilution method. 
MBECs appeared to be at least 2.5 mg/mL for MSSA, and greater than 10 mg/mL for 
MRSA on inspection. (d) Measurement of the light absorbance of the culture broth 
surrounding the MRSA and MSSA constructs supported these findings, with far higher 
doses of methicillin required to reduce bacteria growth and therefore the measured 
broth light absorbance than in 2D cultures.  

3.4.6 Biofilm Thickness Influences Response to Treatment 

AST methods such as MIC calculation do not distinguish between bactericidal 

and bacteriostatic effects of antibitoics, and crucially do not provide information 

on the degree of antimicrobial biofilm penetration or eradicaiton. [1, 4, 50, 60-64] 

Utilising 3D bioprinted biofilms as an in vitro model, we sought to investigate 

the relationship between bacterial biofilm thickness and susceptibility to 

antimicrobial treatment. Sensitivity of E. coli to tetracycline was first confirmed 

in 2D culture (ESI, Figure S3.6). Bioprinted E.coli constructs of 1 and 2 mm 
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thickness were then grown for 5 days to allow biofilm maturation, before 

exposure to 30 µg tetracycline discs which were changed every 24 h for seven 

days, mimicking a course of clinical antimicrobial treatment (Figure 3.6a). It 

was apparent that 2 mm constructs remained opaque whilst 1 mm constructs 

became increasingly transparent in response to tetracycline exposure (Figure 

3.6a). CLSM imaging of the constructs after 7 days of tetracycline exposure 

demonstrated that E.coli biofilms had greater viability in 2 mm constructs, 

whilst bacteria located below the tetracycline disc in 1 mm constructs had 

largely been destroyed (Figure 3.6b).  

As discussed previously, current methods of studying antimicrobial biofilm 

penetration and eradication suffer significant limitations. However, 3D 

bioprinted biofilms could offer hope for a novel and reproducible method of 

studying antimicrobial biofilm penetration and eradication in 3D. In the clinical 

environment 3D bioprinted biofilms could feasibly be generated from bacterial 

samples taken from patients in a similar manner to our experiment; this would 

allow antimicrobials to be selected on the basis of their ability to achieve biofilm 

penetration and eradication in patient-specific infections. Furthermore, it is 

recognised that 3D cultures (such as our 3D bioprinted biofilm) more closely 

resemble the in vivo biofilm, when compared to traditionally used 2D in vitro 

cultures. [15, 64-66] 
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Figure 3.6. Biofilm thickness determines response to treatment (a) 1 mm and 2 
mm thick constructs containing E.coli were bioprinted and allowed to mature for 14 
days before 30 µg tetracycline discs were placed directly on top of them. Discs were 
changed every 24 h to maintain a high dose of tetracycline delivery to the constructs. 
Over a 7 days period, visible clearing of biofilm occurred within the 1 mm construct 
below the area of tetracycline exposure. (b) CLSM Z-stack images of the 1 mm and 
2 mm constructs was performed after exposure to tetracycline discs. Whilst the 
majority of bacteria were found to be dead below the area of tetracycline disc 
exposure in the 1 mm construct, greater evidence of biofilm survival in the 2 mm 
construct was observed. The sizes of the scale bars in the photograph are 1 
centimetre. 

3.5 Conclusions 

In conclusion, mature bacterial biofilm constructs were reproducibly 3D 

bioprinted for the first time using clinically relevant bacteria. By deploying a 

methodology originally developed to enable 3D culture and differentiation of 

bioprinted stem cells, [25] we have been able to demonstrate for the first time 

3D bioprinted mature biofilm formation, dispersal and morphology over 28 

days, as well as the antibiotic tolerance of clinically relevant bacterial biofilms 
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in 3D. Our methodology also significantly prolongs the viability of bacteria 

cultured in 3D bioprinted constructs compared to previous studies. Future 

ability to investigate clinically relevant bacterial biofilms in a biocompatible, 

cost-effective 3D model that more closely resembles in vivo conditions than 

traditional 2D culture methods is therefore increased.  

A high degree of control was achieved over biofilm construct thickness and 

design, with the production of biofilms thicker (>4 mm) than currently available 

in vitro models also achieved. We observed that anaerobic bacteria continued 

to thrive in constructs of greater than 4 mm thickness, demonstrating the 

potency of these infections. To our best knowledge, the 4 mm thick aerobic 

bacteria biofilm formation is the thickest 3D bioprinted in-vitro biofilm construct 

ever reported, allowing easy observation of antimicrobial biofilm penetration.  

We observed that 3D biofilm constructs had greater resistance to antimicrobial 

treatment than 2D cultures, underlining the significance of biofilm formation in 

clinical infection. Thicker biofilms were also seen to have greater resistance to 

antimicrobial therapy than thinner biofilms, even over a prolonged period of 

treatment.  

With rising worldwide antimicrobial resistance, 3D bioprinted biofilm 

technology could become a key weapon to aid the discovery of novel 

therapeutic targets and increase the understanding of biofilm formation.  
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3.9 Electronic Supplementary Information  

3.9.1 Determination of Bacterial Viability in 3D Bioprinted 
Constructs 

Three-dimensional (3D) bioprinted biofilms were dissolved in EDTA to be able 

to enumerate and characterise them. Briefly, non-adherent bacteria were 

removed before by washing the construct with PBS then transferring to a new 

well plate. The constructs were dissolved in 1 ml EDTA (110 mM) for 1 h then 

thoroughly mixed before appropriate dilutions in 9% sodium chloride (NaCl) 

and plated on Brain Heart Infusion (BHI) agar plates and incubated at 37oC 

overnight to determine viable colony forming unites per millilitre (CFU/mL). 

 
 
Figure S3.1. Enumerate of 3D bioprinted biofilm growth in increasing barium 
chloride (BaCl2) concentration over the period of 5 days. (a) Photo images of 
construct after dissolved in EDTA solution. (b) CFU count in the construct dissolved 
in EDTA solution.  
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3.9.2 Reproducible Bioprinting of 3D Bacterial Biofilms 
with Controlled Dimensions 

Successful bioprinting relies in part on combining a suitable bioprinting 

technique with an appropriate bioink. To achieve this, a bacteria-friendly 

hydrogel was developed with reliable bioprinting characteristics. Cross-linking 

a sodium alginate hydrogel with calcium chloride created a hydrogel with 

viscosity sufficient to allow bioprinting of free-standing structures ranging in 

size and thickness. Further cross-linking following bioprinting by exposure to 

solutions of barium chloride (BaCl2) helped to maintain individual construct 

stability further. This approach allowed a range of construct thicknesses from 

0.25 mm to 4 mm to be successfully bioprinted.  

Table S3.1. Printing parameters before and after BaCl2 crosslinking. Solid and 

porous constructs with vertical thicknesses increasing from 0.25 mm to 4 mm 

were sequentially bioprinted and cross-linked by exposure to 20 mM BaCl2. 

Measured scaffold thickness following bioprinting correlated well with 

designed thickness prior to and after barium chloride crosslinking.  
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3.9.3 Fluorescence Staining for Biofilm Viability 

Biofilm viability staining unlisted a commercial Film TracerTM LIVE/DEADTM 

biofilm viability kit (Thermo Fisher) for the assessment of viability is based on 

the staining with the membrane potential sensitive dye propidium iodide (PI) 

(490 nm excitation, red emission) and the nucleic acid stain SYTO-9 (488 nm 

excitation, green emission). Confocal laser Scanning Microscopy (CLSM) was 

used for enumeration and morphological observation of 3D bioprinted biofilm 

formation. A magnification 25x water immersion objective was used in all 

imaging experiments. Images were captured in two-dimensional (2D) 

projection. 

 

Figure S3.2. Confocal laser scanning microscopy (CLSM) images of 3D 
bioprinted biofilms over a period of 28 days. Growth of MRSA in 1 mm, porous 
scaffolds exposed to increasing concentration of BaCl2 from 10 mM to 40 mM. 
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3.9.4 Image Processing Algorithm and Statistical Analysis 

The data flow for the algorithm to analyse the 3D reconstruction of the 

undisturbed biofilm samples was carefully considered to make sure that the 

analysis was robust with respect to the cellular physiology and the uncertainty 

of the signal to noise ratio due to environmental and microscope conditions. 

The algorithm has a main function using unsupervised learning to cluster the 

data by their statistical properties, and it was chosen to apply k-means 

clustering to deploy automated segmentation. There were four benefits: single 

parameter, no pre-processing, fully automated and high accuracy when 

comparing to conventional thresholding method, which was not robust on non-

uniform or non-flattened images. 

The algorithm was developed using MATLAB 2016a software with its built-in 

statistics and machine learning, and image processing toolboxes. A fixed 

threshold value and connected volume filtration was used for all image stacks. 

Five image stacks were taken randomly from three independent constructs per 

BaCl2 concentration per time point (15 stacks in total). Firstly, the 2D-projection 

fluorescent images were imported to the software to train the basic algorithm 

by extracting the green channel. An unsupervised k-means segmentation 

method was applied to the channel, where k was set to be 3, which was a 

suitable value to separate the cellular and background signals. This was 

gained for the technical experience due to uncertainty of signal to noise levels. 

The calculations were on average completed with 3 – 5 seconds from a i7 CPU 

computer. Once the segments were identified, they were then correlated to the 

fluorescent image to identify the corresponding cellular structures. Thirdly, the 

cells were counted and analysed using the labelling connected component 

method to identify individual microcolony groups. With this method, it was 

possible to isolate groups and when to have no pixelated connection. Finally, 

the mean and standard deviation of the numbers of groups, group areas, and 

area variations were calculated for statistical purposes.  
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Figure S3.3. Analysis of CLSM z-stacks and adaptive segmented images with 
calculated total number and total area of microcolonies. 
  



 

 110 

 

 

Figure S3.4. Quantification of biofilm formation over time was performed using 
unsupervised k-means segmentation and a labelling connected component 
function on MATLAB to threshold areas of biofilm formation out from 
background noise on images. The resultant graph of biofilm area produce over time 
demonstrates that 20 mM and 40 mM crosslinking provided superior conditions for 
biofilm formation and with 10 mM found to provide less favourable conditions for 
biofilm formation as compared to 20 mM and 40 mM constructs. 

3.9.5 Antibiotic Selection - Disk Diffusion Test 

The BHI agar plates were inoculated with E.coli suspension as described in 

the material and methods session (inocula preparation) in section 3.3.3. Briefly, 

100 µL of OD 1.0 inoculated suspension was placed on the centre of the BHI 

agar plate and spread evenly over the surface by a L-loop. Antibiotic disks 

containing 30 µg tetracycline (Oxoid), 1U and 10U penicillin (Oxoid) were 

placed on the plates. The agar plates containing the bacteria inoculum and 

antibiotics disks are further incubated at 37oC for 24 h.  During the incubation, 

the antibiotics diffuse into the BHI agar with the antibiotic concentration 

decreasing with increasing distance from the disk. The microbiological 

determination of the inhibition zone sizes is shown in (figure S3.5), evident 
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inhibitory effect resulting from the application of 30 µg tetracycline disk (figure 

S3.5A). 

 

 

Figure S3.5. Disk diffusion test for determine antibiotic susceptibility from the 
discovery of antibiotics. Disk diffusion assays involve placing multiple antibiotic-
impregnated disks onto the BHI agar surface inoculated with E.coli and measuring 
the diameter of zones of inhibition to qualitatively determine antibiotic susceptibility. 
(A) Photograph showing lack of E.coli colonies in the vicinity of 30 µg tetracycline, 
which is considered to be susceptible to the antibiotic. The bacteria grow within the 
predetermined zone width (B) 1U penicillin and (C) 10U penicillin, which is considered 
resistant to the antibiotic.  
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4.1 Chapter Overview 

The previous chapter has developed 3D bacterial biofilms using 3D bioprinting 

technology, which have been used to create a periprosthetic joint infection (PJI) 

model in this chapter. Strain specific DNA aptamers were used as a 

bionanosensor throughout this chapter.  This novel approach for the detection 

of bacteria biofilms at depth was used a 3D bioprinted biofilm model combined 

with gold nanoparticles functionalised with resonant Raman reporters and 

bacteria specific DNA aptamers. Detection was carried out using surface 

enhanced spatially offset resonance Raman spectroscopy (SESORRS) 

allowing detection of the bacterial biofilms to be achieved at penetration depths 

up to 2.1 cm through tissue for single bacteria and 1.5 cm for multiple bacteria. 

This is the first report of SESORRS for the identification of specific bacterial 

species at depth using 3D printed biofilms. 
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4.2 Introduction 

Periprosthetic joint infection (PJI) is one of the most devastating and costly 

complications following total hip and total knee arthroplasty and a common 

reason for joint failure.[1, 2] When a biofilm develops in PJI this is not easily 

eradicated since extracellular polymeric substances (EPS) in the biofilm matrix 

acts as a barrier against inwards diffusion of antibiotics.[3] There is currently a 

lack of methods that can rapidly and specifically identify the offending 

pathogen within PJI, forcing clinicians to take a “best guess” approach by 

prescribing broad-spectrum antibiotics which can have low specificities to the 

target infection, potentially leading to an increase in antibiotic tolerance and 

treatment failure.[3]  

A range of techniques have been utilised to diagnose biofilm infections such 

as PCR (polymerase chain reaction),[2] radionucleotide imaging,[3] PET scans[4] 

and surface enhanced Raman spectroscopy (SERS). SERS generates signal 

intensities many orders of magnitude greater than conventional Raman 

signal.[5] The first application of SERS for the chemical analysis of a biofilm 

matrix was demonstrated by Haisch et,al., where they reported using silver 

nanoparticles for in situ SERS identification of protozoa cells and their biofilm 

structure.[6] Spatially offset Raman spectroscopy (SORS) is a technique that 

allows Raman signals to be obtained at depth by offsetting the point of 

collection of the scattered light from the laser-illumination, allowing highly 

accurate chemical analysis beneath obscuring barriers.[7] The first SORS 

application for transcutaneous characterisation of bone was demonstrated 

several millimetres through soft tissue in animal and human cadavers by 

Schulmerich.[8] The SORS technique has been further developed to allow 

penetration depths through 4 mm of soft tissue. [9] However, the depth 

penetration capabilities are limited by the weak Raman scattering signal that 

comes from measuring at depth, which hampers in-depth penetration 

measurements in biomedical studies. 
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Despite the multitude of tests available to investigate suspected bacterial 

infections in bones or joints, laboratory culture of tissue or synovial fluid 

samples harvested through surgery or invasive injections remains the only 

method of identifying the specific species of bacterial pathogens causing 

biofilm infection. However, laboratory culture can take days to provide specific 

bacteriological results and is not 100% sensitive.[10] Patients can therefore be 

exposed to inappropriate antibiotics for days or weeks before definitive 

sensitivities become available, and may never receive a bacteriological 

diagnosis, despite undergoing invasive surgery or joint aspiration.[10] The 

recent emergence of the combination of surface enhanced Raman scattering 

with spatially offset Raman spectroscopy (SESORS) has opened a new 

pathway for infection detection with high sensitivity and specificity and has the 

potential to detect biofilms at depth. Surface enhanced spatially offset Raman 

spectroscopy (SESORS) was first reported by Stone et al.,[7] for the detection 

of gold nanoparticles through depths of up to 50 mm of tissue[7] as well as 

multiplexing at a depth of 20 mm in porcine tissue.[7] Subsequent work by the 

Van Duyne group demonstrated the use of SESORS for in vivo glucose 

sensing in tissue fluid through 3-8 mm of bone.[11] Recent work conducted by 

Sharma et al has demonstrated the SESORS detection of neurochemicals 

through 3 mm of cat skull (with bone) using neurotransmitter functionalised Au 

NPs.[12] Our group has recently developed the technique of spatially offset 

resonance Raman scattering (SESORRS) where the detection of gold 

nanoparticles functionalised with resonant Raman reporters could be 

measured through 25 mm of porcine tissue using a handheld SORS 

instrument. [7, 13-15]  

Herein we report the use of gold nanoparticles functionalised with resonant 

Raman reporters and bacteria specific DNA aptamers for the multiplexed in-

depth detection of a 3D bioprinted biofilm model using SESORRS. To the best 

of our knowledge, this is the first report of SESORRS for the correct 

identification of specific bacterial species at depths down to 2.1 cm. 
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4.3 Results and Discussion 

Two of the most common bacterial strains that cause PJI,[1] E.coli and MRSA, 

were chosen to develop the 3D bioprinting biofilm model. E.coli, MRSA and a 

mixture of both strains were 3D bioprinted to create a 10 mm x 10 mm biofilm 

model that was 1 mm thick using a double-crosslinked alginate bioink to form 

a mature bacterial biofilm in 14 days. The preparation of 3D bioprinted bacterial 

biofilms has previously been described by our group[16]. Compared to 

traditional 2D biofilm models,3D bacterial biofilms can more closely mimic 

bacterial biofilm growth and the 3D infection processes seen in vivo. By 

incorporating 3D bioprinted biofilms, we have developed a layered biofilm 

infection model mimicking in vivo PJI. The model consists of pork bone in the 

bottom layer, with the biofilm layer directly atop, with porcine soft tissue on top 

of the biofilm, thus creating a sandwich-type PJI model (Figure 4.3a).  

Overall experimental schematic is shown in (ESI, Figure S4.5). DNA aptamer 

sequences (ESI, Table S4.1) that have specific binding affinities towards E.coli 

and MRSA strains were obtained from previously published studies.[17,18] We 

then used SERRS-active chalcogenpyrylium dyes as resonant Raman 

reporters, which can be tuned to have absorbance maxima in the near-

infrared(NIR).[13,14] Dye823 and dye815 have absorbance maxima at 823 and 

815 nm respectively and are in resonance with our handheld SORS instrument 

that has an excitation wavelength of 830 nm. All measurements were carried 

out using large gold nanoparticles (AuNPs) with an average diameter of 74 nm 

(ESI, Figure S4.1), which were synthesised using the citrate reduction 

method.[19] The AuNP functionalisation conditions were optimised as 

described in Figure S4.3. Briefly, the disulfied thiol modifier (dithiol serinol) was 

used for introducing 5’-thiol linkages, allowing easy connection of dithiol-

labelled aptamer to gold surfaces. Aptamers were added to the AuNPs surface 

in a 1:35,000 AuNP:aptamer ratio. The SERRS-active dyes were then added 

to the aptamer-functionalised AuNPs, with dye823 being conjugated to MRSA 

aptamer-functionalised AuNPs (AuNP@MRSA-Apt@dye823), and dye815 

being conjugated to E.coli aptamer-functionalised AuNPs (AuNP@E.coli-
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Apt@dye815) (ESI, Figure S4.3). Slight broadening of the extinction band of 

the AuNPs was observed upon conjugation with aptamers and dyes (ESI, 

Figure S4.3a-b) and an increase in size from 74 nm to 140 and 138 nm and 

decrease in zeta potential from -36.13 mV to -29.2 mV and -28.9 mV in 

AuNP@MRSA-Apt@dye823 and AuNP@E.coli-Apt@dye815 respectively 

(ESI, Figure S4.3c-d) were observed at each stage of the conjugation 

confirming the successful attachment of the aptamers. 

The sandwich-type PJI model consists pig bone (bottom), 3D bioprinted 

biofilms (middle) and porcine tissue (top), reference spectra were acquired of 

each component of the PJI model using a handheld SORS instrument with an 

excitation wavelength of 830 nm with no spatial offset (Figure 1a). It was 

observed that there was no spectral overlap in the spectra obtained from the 

bone, tissue, the E.coli biofilm and bare bioink. There is some overlap between 

dye815 used in the E.coli aptamer conjugates (yellow) and dye823 from MRSA 

aptamer conjugates (purple) due to peaks at 1178 cm-1 and 1640 cm-1 in both 

dyes which is expected due to their similar structure. However, dye815 exhibits 

a unique peak at 550 cm-1 and dye823 has unique peak at 710 cm-1 which can 

be used for discrimination between two dyes (Figure 4.1b).  

 

Figure 4.1. Normalised stacked reference spectra of the PJI model components 
obtained using SORS with a 0 cm offset. (a) Pork bone (dark blue), porcine loin tissue 
(orange), dye815 (yellow), dye 823(purple), mixture of dye815 & dye823 (green), 3D 
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bioprinted E. Coli biofilm with no NPs present (light blue) and bare bioink with no 
bacterial present (red). All measurements were carried out using a 2 s integration time, 
5 accumulations and an 830 nm laser excitation wavelength. (b) Chemical structure 
of dye815 and dye823.  

The specificity of the aptamer functionalised nanoparticles binding to their 

respective bacteria species was ascertained by incubating each anti-E.coli and 

anti-MRSA aptamer AuNP conjugates to their target bacterial biofilm and each 

other’s biofilm overnight. The next day, unbound conjugates were removed by 

washing three times in Hank’s balanced salt solution (HBSS, contain calcium) 

at 37oC on the shaker before the SESORRS measurement (Figure 4.2). The 

SESORRS spectrum was then obtained from each of the biofilms which 

demonstrated that peaks at 710 cm-1, 1178 cm-1 and 1640 cm-1 from 

AuNP@MRSA-Apt@dye823 could only be observed from the MRSA biofilms 

(Figure 4.2a), but not in the E.coli biofilms (Figure 4.2c). This indicated that 

specific binding was occurring between the MRSA biofilm and the AuNPs 

functionalised with the MRSA aptamer but not with the E.coli biofilm. In 

addition, when AuNP@E.coli-Apt@dye815 were added to both of the biofilms 

the 550 cm-1 peak from dye 815 was only observed in spectra obtained from 

E.coli biofilms (Figure 4.2b), but not in the MRSA biofilm (Figure 4.2d). This 

demonstrated specific binding of the E.coli and MRSA aptamers towards their 

respective E.coli and MRSA. 
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Figure 4.2. Stacked normalised SESORRS spectra obtained from aptamer 
functionalised gold nanoparticle specificity binding assay in 3D bioprinted biofilms. 
SESORRS spectra of (a) MRSA aptamer conjugates (AuNP@MRSA-Apt@dye823) 
added to MRSA biofilm (blue), (b) E. coli aptamers conjugates (AuNP@E.coli-
Apt@dye815) added to E. coli biofilm (red), (c) MRSA aptamer conjugates added to 
E. coli biofilm (yellow) and (c) E. coli aptamers conjugates added to MRSA biofilm 
(purple) as control. Peak intensities were obtained by scanning 3 replicates samples. 
All measurements were carried out using a 2 s integration time, 5 accumulation and 
a laser excitation wavelength of 830 nm.  

Once the binding specificity of the functionalised nanoparticles had been 

ascertained, they were tested against single-pathogen biofilms in our PJI 

model. This consisted of a pork bone at the bottom, 3D bioprinted biofilm in 

the middle and porcine tissues on the top to mimic a PJI model (Figure 4.3a). 

E.coli-targeting conjugates (AuNP@E.coli-Apt@dye815) and MRSA-targeting 

conjugates (AuNP@MRSA-Apt@dye823) were incubated in E.coli biofilms 

and MRSA biofilm respectively overnight. Three washing steps in HBSS were 

conducted next day prior to the SESORRS measurement in order to remove 

unbounded conjugates. We then acquired the SESORRS spectra through 

different thicknesses of porcine tissues using a spatial offset of 8 mm, which is 

the maximum offset position for the handheld SORS instrument.[13] The 

SESORRS spectra from AuNP@MRSA-Apt@dye823 conjugates incubated 

with MRSA biofilms could be obtained through 18 mm of porcine tissue (Figure 

4.3b). SESORRS spectra of AuNP@E.coli-Apt@dye815 conjugates incubated 

with E.coli biofilms could still be observed through 21 mm of porcine tissue 

(Figure 4.3e). It is worth noting that no bone signal was obtained from 

AuNP@MRSA-Apt@Dye823    in MRSA Biofilm

AuNP@E.coli-Apt@Dye815     in E.coli Biofilm

AuNP@MRSA-Apt@Dye823    in E.coli Biofilm

AuNP@E.coli-Apt@Dye815     in MRSA Biofilm
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SESORRS spectra, due to the fact that the SERRS from the nanoparticles is 

greater than the Raman signal from the pork bone which would not be 

detectable at those depths. This clearly demonstrates that nanoparticles 

functionalised with specific biorecognition molecules have the potential to 

target and detect bacterial biofilms at depths of 18-21 mm by SESORRS using 

a portable handheld SORS instrument.  

The relationship between biofilm/nanoparticle depth and Raman signal was 

further investigated by calculating the ratio of Raman band intensities, as they 

are least affected by background fluctuations and pre-processing methods. 

The relationship between conjugate signal with depth and tissue signal was 

compared, by using the intensity of the tissue Raman band 1460 cm-1 likely 

due to protein C-H vibrations. The ratios of signal intensities of the most 

prominent peaks of AuNP@MRSA-Apt@dye823 at 1178 cm-1 and 1640 cm-1 

versus the tissue peak at 1460 cm-1 in MRSA biofilms was plotted respectively 

(Figure 4.3c-d). The Raman band intensity ratios show an inverse relationship 

with respect to the thickness of the tissue contents, where a rapid decreasing 

of the dye signals at 1178 cm-1 (Figure 4.3c) and 1640 cm-1 (Figure 4.3d) with 

increasing tissue thickness until no signal could be detection above 18 mm 

tissue thickness. This also can be confirmed visually from (Figure 4.3b). The 

peak intensity at 550 cm-1 from AuNP@E.coli-Apt@dye815dye conjugates 

against the 1460 cm-1 tissue peak, where a decreasing of the dye signals with 

increasing tissue thickness up to 21 mm was obtained (Figure 4.3f). The large 

variation (error bar) is likely due to the 550 cm-1 peaks having significantly 

lower intensities. These data clearly demonstrate that there is a correlation 

between Raman signal intensity with depth of the functionalised nanoparticles 

within the 3D PJI model.  Nanoparticles therefore provided good indication of 

detection depth up to 18 mm tissue in MRSA biofilms and 21 mm tissue 

thickness in E.coli biofilms.  
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Figure 4.3. Experimental set-up using a handheld SOR spectrometer for the detection 
bacteria biofilm through tissue. (a) Generation of a PJI model that 3D bioprinted 
matured biofilm (10 mm x 10 mm) with 1 mm thickness were incubated 
AuNP@MRSA-Apt@dye823 and AuNP@E.coli-Apt@dye815 overnight. These were 
then placed on top of a porcine bone before being buried under increasing 
thicknesses of porcine tissues. (b) Normalised stacked SESORRS spectra of the 
functionalised AuNPs through porcine tissues thicknesses up to 24 mm. The tissue 
and bare biofilm construct (w/o NPs) reference spectra are shown at the top and 
bottom respectively. (b) The tracking AuNP@MRSA-Apt@dye823, the dye peaks at 
710 cm-1, 1178 cm-1 and 1640 cm-1 (red dotted lines) can be easily detected by eye 
through 18 mm of tissue. (c) The Raman band intensities ratio of AuNP@MRSA-
Apt@dye823 at 1178 cm-1 to1460 cm-1 (1178/1460) and (d) 1640 cm-1 to 1460 cm-1 
(1640/1460). (e) The tracking of AuNP@E.coli-Apt@dye815, the dye peak at 550 cm-

1 (black dotted line) can be detected through 21 mm of porcine tissue. (f) The Raman 
band intensities ratio of AuNP@E.coli-Apt@dye815 at 550 cm-1 to 1460 cm-

1(550/1460). Peak intensities were obtained by scanning 3 replicates samples. All 
measurements were carried out using a 2 s integration time, 5 accumulation and a 
laser excitation wavelength of 830 nm.  
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Biofilms are an organised aggregate of microorganisms and are often 

composed of multiple microbial species. Therefore, we investigated the 

detection of different bacterial pathogens in biofilms using a multiplex detection 

method (Figure 4.4). The multi-strain biofilm were 3D bioprinted which 

consisted of both E.coli and MRSA. A mixture of the two different conjugates, 

AuNP@MRSA-Apt@dye823 (E.coli-targeting) and AuNP@E.coli-

Apt@dye815 (MRSA-targeting) conjugates were incubated with the multi-

strain biofilm for overnight and unbound conjugates were washed away 

following the same steps described above. This was then placed on top of 

bone and buried beneath increasing layers of porcine tissue to crate the PJI 

model. The results are shown in (Figure 4.4) where it can be seen that the 

SESORRS signal of both strains could be identified in the SESORRS spectra 

through a depth of 15 mm of porcine tissue, with the peaks at 1178 cm-1 and 

1640 cm-1 having a greater distinction due to spectral overlap from both dyes 

(blue dotted box). The unique peak from AuNP@MRSA-Apt@dye823 can be 

observed at 710 cm-1(red dotted line) showing the presence of MRSA within 

the biofilm. The presence of E.coli could also be detected within the biofilm by 

the presence of the peak at 550 cm-1 from AuNP@E.coli-Apt@dye815 (black 

dotted box). The Raman bands intensity ratios of anti-E.coli conjugates signal 

at 710 cm-1 with depth (Figure 4.4b) and anti-MRSA conjugates signal at 550 

cm-1(Figure 4.4c) with depth against tissue Raman band 1460 cm-1 are shown 

the highest signal intensity at zero tissue thickness at the beginning, then with 

increasing tissue thickness, a decreasing of the dye signals was obtained until 

no signal could be detected above a depth of 15 mm tissue thickness. This 

can be confirmed visually from SESORRS spectra (Figure 4.4a), where the 

signal to noise ratio reduced when the depth increased from 9 mm to 15 mm. 

Therefore, we confirmed the successful detection of both E.coli and MRSA 

strains in a multiplex system through a depth of 15 mm of porcine tissue, which 

further demonstrated SESORRS’s great potential to detect targeted AuNPs at 

depth in a multiplex system.  
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Figure 4.4. Normalised stacked spectra obtained from a 3D bacterial biofilm 
containing multiple bacteria using SESORRS. A mixture of MRSA and E.coli strains 
were 3D bioprinted to form a multi-strain biofilm and incubated with both 
AuNP@MRSA-Apt@dye823 and AuNP@E.coli-Apt@dye815 conjugates overnight, 
unbounded conjugates were washed away before the SESORRS measurement next 
day. (a) The tissue reference spectrum (w/o NPs) is shown at the top of the spectra 
(dark blue). The black dotted line show the peak at 550 cm-1 that is unique to E.coli 
biofilms from AuNP@E.coli-Apt@dye815 conjugates, while the red dotted line shows 
the peak that is unique to MRSA biofilms from AuNP@MRSA-Apt@dye823, the blue 
dotted box shows the spectral overlap at 1178 cm-1 and 1640 cm-1from both 
conjugates. (b) The Raman band intensities ratio of AuNP@MRSA-Apt@dye823 
conjugates at 710 cm-1 to1460 cm-1 (710/1460). (c) The Raman band intensities ratio 
of AuNP@E.coli-Apt@dye815 conjugates at 550 cm-1 to1460 cm-1(550/1460). Peak 
intensities were obtained by scanning 3 replicates samples. All measurements were 
carried out using a 2 s integration time, 5 accumulation and a laser excitation 
wavelength of 830 nm.  
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4.4 Conclusions 

In summary, we used AuNPs functionalised with resonant Raman reporters 

and bacteria-specific DNA aptamers to demonstrate the first targeted detection 

of 3D bioprinted biofilms using SESORRS through a depth range of 1.8-2.1 

cm for single-pathogen detection and multiplexed detection through 1.5 cm of 

porcine tissue. These proof of concept experiments demonstrate that the 

SESORRS approach has potential for the targeted detection and 

characterisation of complex biofilm structure at depth in vivo. Furthermore, our 

SESORRS technology allowed specific detection of the bacteria causing 

biofilm infection in a bone/joint infection model containing 3D bioprintied 

biofilms. Compared to currently available clinical tests, SESORRS therefore 

offers great potential for a point-of-care test that can more rapidly diagnose 

specific bacterial infections, allowing clinicians to begin targeted antibiotic 

treatment in patients at an earlier stage.  
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4.8 Electronic Supplementary Information-
Experimental and Methods  

4.8.1 Instrumentation and Characterisation 

4.8.1.1 The Extinction Stereoscopy 

The extinction stereoscopy was recorded by a UV-vis spectrophotometer 

(Agilent Carry 60, UK). The range of wavelengths scanned was 200-800 nm 

4.8.1.2 Dynamic Light Scattering and Zeta Potential 

Dynamic light scattering (DLS) for particle size and zeta potential using a 

Malvern Zeta Sizer. Sample analysis was carried out with 0.5 mL of the 

appropriate suspension dilution to 0.5 mL with dH2O. Approximately 1 mL of 

sample was run in a disposable plastic cuvette which a Malvern dip cell.  

4.8.1.3 Raman and SERS Measurements 

The Raman and SERS spectra were measured using Snowy range Raman 

instruments with 638nm and 785 nm laser excitation wavelength and 45 mW 

laser power. Each spectrum was baselined and corrected using the rubber-

band methods by MatLab unless stated otherwise. 

4.8.1.4 SORS and SESORS Measurements 

The SORS and SESORS measurements were taken using a handheld 

Resolve instrument from Cobalt Light System (830 nm, average laser power 

459 mW). All measurements were carried out in the following setting: 5 

accumulations, 2.0 s offer integration time and 8.0 mm offset position with 100 

mW offset laser power. The handheld instrument has a constant exposure time 
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(2 s), therefore, the increased number of accumulations can give a better 

signal to noise ratio. 

4.8.2 3D Bioprinting of Mature Bacterial Biofilm 

4.8.2.1 Bacterial Strains and Growth Media 

Bacterial strains were universally cultured in Brain Heart Infusion (BHI) broth 

at 37oC whilst shaking. Strains used included Escherichia coli (E. coli clinical 

isolate, ATCC 25922) and Methicillin-resistant staphylococcus aureus (MRSA, 

clinical isolate, ATCC 700788). Chosen strains were routinely maintained on 

BHI agar (Sigma-Aldrich, UK) plates and stocks kept frozen in glycerol (Sigma-

Aldrich, UK, 50% v/v) at -80oC.  

4.8.2.2 Bacteria-laden Bioink Preparation 

UV-sterilised sodium alginate powder (Protanal LF10/60FT, FMC Biopolymer, 

UK) was then dissolved in BHI Broth to produce a 4% (w/v) alginate solution. 

The alginate solution was sterilised through heating to boiling point (95°C) 

three times. Solutions consisting of 4% w/v sodium alginate and 0.4% w/v 

CaCl2 were then mixed with a volume ratio of 1:1 to create a partially cross-

linked 0.2% CaCl2: 2% sodium alginate hydrogel (bioink). Partially cross-linked 

alginate hydrogel was then stored at 4 °C prior to usage to prevent the growth 

of contaminants.   

4.8.2.3 Inocula Preparation  

Bacterial strains taken from glycerol stocks were streaked on to a BHI agar 

plate and incubated at 37oC overnight. The following day a single colony was 

inoculated into 5 mL of BHI broth and incubated overnight at 37oC, with 200 

rpm shaking (Mini shaker, Cleaver). The overnight cultures were harvested in 

the stationary phase after 18 h cultivation. The bacteria were collected by 
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centrifugation (3,000 rpm, 4oC, 5 min) and washed three times with 9% sodium 

chloride (NaCl) to remove the residual BHI medium. In all experiments, the 

concentration of bacteria was determined by optical density spectrometry 

(Eppendorf BioPhotometer) and inoculated such that the optical density 

measured 1.0 at 600 nm (OD600nm=1.0). Bacterial cell-pellets were then re-

suspended in bioink with a 5 mL Luer-lock syringe (Fisher Scientific, UK).  

4.8.2.4 Construct Design and Bioprinting 

3D models consisting of a lattice 10 mm x 10 mm square design was produced 

using Autodesk® Netfabb® software (Autodesk®, Inc, USA) and exported as 

an STL file. Open-source slicer software (Sli3er, Version 1.2.9) was used to 

convert the STL files to G-code files using the following settings for bioprinting : 

layer thickness, 0.1 mm; infill pattern, rectilinear; infill density, 25%; speed, 10 

mm/s; extrusion multiplier 1.2 and 25G printing nozzles. Following bioprinting, 

constructs were secondary cross-linked by submersion in ionic solutions of 

either 20 mM barium chloride (BaCl2) for 2 min, then rinsed in phosphate-

buffered saline (PBS) prior to incubation in BHI medium at 37oC. Subsequent 

medium change was carried out every other day. 

4.8.2.5 Fluorescence Staining for Biofilm Viability 

A commercial Film TracerTM LIVE/DEADTM biofilm viability kit (Thermo Fisher) 

was used for the assessment of biofilm viability based on staining with the 

membrane potential sensitive dye propidium iodide (PI) (490 nm excitation, 

red emission) and the nucleic acid stain SYTO-9 (488 nm excitation, green 

emission). The staining protocol was following the manufacturer’s instructions. 
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4.8.2.6 Biofilm Morphotype Analysis  

A clinically relevant 3D biofilm model was developed using the Gram-negative 

bacterial strain E.coli, Gram-positive bacterial MRSA and a mixture of both 

strains were 3D bioprinted using a double-crosslinked alginate bioink to form 

a mature bacterial biofilm. These bacteria were chosen as they are the most 

common cause of PJI infection.[1] The details of the development of the 3D 

biofilm model using 3D bioprinting technique can be found in our previous 

work.[22] However, briefly this involves preparing cross-linked hydrogel by 

mixing 2% sodium alginate hydrogel and 0.2% calcium chloride (CaCl2) 

together. Bacteria were then mixed into the hydrogel to produce a bioink with 

homogenously distributed bacteria. 3D bioprinting was then performed and the 

bioprinted constructs with 1 mm thickness and 10 mm x 10 mm square design 

(lattice) were then immersed in 20 mM solutions of barium chloride (BaCl2) to 

secondary cross-link the constructs. The constructs were allowed to mature 

for 14 days before use in further in biofim bone infection models (ESI, Figure 

S4.1).  

A Leica Microsystems TCS SP8 CARS microscope utilising a 25x objective 

(HC FLUOTAR L 25x/0.95 W) was used for all confocal fluorescence imaging 

measurements.  To minimise or eliminate artefacts associated with 

simultaneous dual wavelength excitation, all dual labelled biofilms were 

sequentially scanned, frame-by-frame, first at 488 nm (Argon laser, 70 µW) 

then at 561 nm (DPSS laser, 80 µW). Line averaging (x2) was used to capture 

images with reduced noise. Images were captured in a two-dimensional (2D) 

projection. For analysing spatial separation in the z-direction (thickness), step 

sizes between 40-140 µm were used and 3D reconstructions were performed 

using Leica imaging software (LAS X).   
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Figure S4.1 3D reconstructed confocal laser scanning microscopy (CLSM) of 
3D bioprinted biofilm images (a) The 5-step process of biofilm formation in 2D 
correlated with (b) cross-sectional and side-on Z-stack CLSM images of 3D bioprinted 
biofilm formation. (c) Growth of MRSA in 1 mm, porous scaffolds exposed to 
increasing concentration of BaCl2 from 10 mM to 40 mM was examined over a 28-day 
period. (d) Confocal laser scanning microscopy (CLSM) images of 3D bioprinted 
bioiflms over a period of 28 days. Growth of MRSA in 1 mm, porous scaffolds exposed 
to increasing concentration of BaCl2 from 10 mM to 40 mM. Schematic (a) adopted 
from V. E. Wagner et al 1. The sizes of the scale bars are 100 microns. 
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4.8.3 Nanoparticle Synthesis 

4.8.3.1 Synthesis of 20 nm Gold Nanoparticles 

Au NPs were fabricated using published methods by Turkevich and Frens.2 

Briefly, 0.25 mM of sodium tetrachloroaurate (AuCl4Na:2H2O) solution was 

heated to boiling under mild stirring. When the solution started to boil, 34 mM 

sodium citate was immediately added. The colour of solution changed from 

yellow to dark blue which indicated the Au3+ reduction, then followed by a 

subsequent change from dark blue to wine red, which indicated the Au NO 

formation. The mixture was heated for an additional 20 min and cooled to room 

temperature (RT) under continuous stirring. Au NP solution was stored in a 

sealed glass vial at 4oC. The extinction spectrum of the prepared Au NPs had 

an LSPR of 520 nm and the size of the Au NPs dispersion was 20.1 ± 0.2 nm 

in diameter. The zeta potential of the NPs was -38 ± 2.5 mV. 
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4.8.3.2 Synthesis of 80 nm Gold Nanoparticles 

The growth solution was prepared by mixing sodium tetrachloroaurate (III) 

dihydrate (454 μL, final concentration 44.7 mM) with sodium citrate trihydrate 

(352 μL, final concentration 38.8 mM). for synthesising large Au NPs, an 

aliquot (3.338 mL, 20 nm Au NPs) of the seed solution was added to the growth 

solution as noted, the final mixture was then made up to 80 mL with dH2O. The 

mixture was left to stir overnight at RT. The extinction spectrum of the large 

gold NP had an l max of 545 nm and the size was 74±0.17 nm in diameter, 

zeta potential at -35mV (see Figure S2) 

 

Figure S4.2. Characterisation of AuNPs. (a) l max, extinction spectra of bare AuNPs 
seeds (blue), large AuNPs (orange). (b) size and zeta potential of the AuNPs. 

4.8.4 Characterisation of Biomolecule-nanoparticle 
Conjugates 

4.8.4.1 Aptamer Sequences 

The DNA aptamers for MRSA and E. coli targeting were adopted from previous 

literatures. The thiolated MRSA aptamer and E. coli aptamer sequence (see 

table below) were adopted from the published data and obtained from (IDT, 

UK). The sequences were synthesised at the 100 μM scale and purified by 

high-performance liquid chromatography (HPCL). Absorbance was used to 
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calculate the aptamer concentration using UV-vis spectrophotometer (ESI, 

Figure S2). 

Table S4.1. The MRSA and E. coli specific aptamer DNA sequence. 

 

4.8.4.2 Aptamer-Nanoparticle Conjugates 

The Au NPs modified by aptamers were prepared according to the literature 

with some modification.5 Raman reporters dye 823 and dye 815 were used to 

detect MRSA and E.coli biofilm respectively. The immobilisation of aptamer 

onto Au NP occurs through covalent bonding between Au and the terminal thiol 

group. Briefly, a 1:30k ratio (one Au Np to 30k aptamer) was used. Briefly 10 

μL of aptamer and 30 μL of dH2O were added to 900 μL of the already 

prepared large Au NPs solution and reacted at -4oC for without shaking for 1 

h. The Au@Apt solution was aged by adding 30 μL sodium citrate (250 nM, 

pH4) with gentle shaking for 10 min then another 30 μL sodium citrate was 

added in for a further 30 min. The solution was subjected to washing through 

two centrifugation cycles to remove the free aptamers, the pellets were kept 

after being centrifuged at 1600 g for 10 min, then the supernatant was 

centrifuged at 4200 g for 15 min. After the second centrifugation step, the 

supernatant was subsequently removed and discarded the pellets from both 

centrifugation steps were combined. The combined pellets were then 

resuspended in 900 μL dH2O with 100 μL of 100nM Raman reporter and left 

                                                                    
Name 

Oligo 
Base 
Types 

Sequences Ref. 

E.Coli 85 5’-/5ThioMC6-D//iSp18/CAT ACG ATT TAG 
GTG ACA CTA TAG CCC TCC GGG GGG 
GTC ATC GGG ATA CCT GGT AAG GAT 
AAT TTC TCC TAC TGG GAT AGG TGG A-
3’ 

3 

MRSA 75 5’-/5ThioMC6-D//iSp18/ATC CAG ACG TGA 
CGC AGC ATG CGG TTG GTT GCG GTT 
GGG CAT GAT GTA TTT CTG TGT GGA 
CAC GGT GGC TTA GTA-3’ 

4 
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to shake for 30 min at RT. The conjugates (Au@Apt@Dye) were centrifuged 

as described previously and then re-suspended in 1 mL of 0.1 M PBS buffer 

(pH7) for subsequent experiments. 

4.8.4.3 Characterisation of Aptamer-Nanoparticle Conjugates 

The various concentrations of aptamer and dyes were optimised and 

characterised (ESI, Figure S3-4). Upon addition of the aptamer and dyes, the 

broadening of the extinction maxima at lmax 545 nm was observed after 

increasing Au NP to aptamers ratios (1 Au NP to number of aptamers, 1:25K, 

1:30K and 1:35K), (ESI, Figure S3a-b). The dynamic light scattering analysis 

were shown an increased in size (diameter) from 74nm (bare AuNP) to 83 nm 

(1:35K apt ratio, 50 nM dye) and 137 nM (1:35K apt ratio, 100 nM dye) (ESI, 

Figure 3d); Conversely, zeta potential value decreased (ESI, Figure 3d) from 

-32 mV (1:35K apt ratio) to -38 mV (1:25K apt) in the concentration of 50 nM 

dye, and -22 mV (1:35K apt ratio) to -29 mV (1:25K apt ratio) in the 

concentration  of 100 nM dye. As the NPs possess a negatively charge citrate 

layer on the surface, the more negative the value the more stable the NPs are 

in the solution. Hence, the colloidal solution with a zeta potential value greater 

than ±25 mV is considered stable and since the aptamer conjugates 

possessed values around this area at a dye concentration of 50 nM in all 

aptamer concentrations, which are deemed stable and thus 1:35 K (AuNP to 

aptamer) ratio and 50 nM dye concentration are suitable for use in the 

detection assay.[26] We optimise and characterise each stage of the 

conjugation process (ESI, Figure S4) for aptamer functionalised AuNP with 

nanotags, with similar trend of further dampening being observed upon 

conjugating aptamers and dyes. It was likely that the size, shape and surface 

environment was changing and hence attachment of the aptamer was 

successful.  

To further confirm the successful of attachment of the aptamers and dyes, gel 

electrophoresis was used as the evidence of demonstrating successful 

functionalisation and stability of the colloidal solution, where bare Au NPs 
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aggregated in well  as shown in (ESI, Figure S4d) because the lake of 

protection on the surface of NPs from the salt in the loading buffer. However, 

the aptamer functionalised Au NPs (Au@ Apt) and (Au@ Apt @dyes), do 

travel out of the well and through the small pores of the gel towards the positive 

electrode, where Au@ Apt @dyes has darker deposit at the end of the 

traveling path compare to Au@ Apt. The rate of molecule migration through 

the pores is inversely proportional to their mass to charge ratio, thus smaller, 

lighter molecules move the furthest.[27] Therefore, difference in migration 

through the gel confirms that the surface environment of Au NPs has changes 

each stages of the conjugation process, thus confirmed the successful 

functionalisation has been achieved. Furthermore, the SERS spectra (ESI, 

Figure S3f) were obtained from various of aptamer and dye concentrations at 

1 s acquisition time and 785 nm excitation, where the representative the peaks 

for dye 823 can be identified down to 50 nM concentration Therefore, these 

results above suggested that the functionalisation condition were optimal for 

use in the next stage of the biofilm detection study.  
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Figure S4.3. Characterisation of biomolecule-NP conjugates. Extinction spectra 
showing the conjugation SERRS resonant Raman report chalcogenpyrylium dye 823 
in the concentration of 50 nM (a) and 100 nM(b) with a range of (ratio 1:25K, 1:30K 
and 1:35k) MRSA aptamers functionalised AuNPs. (c) Dynamic light scattering and 
(d) zeta potential for dye 823 at 50 nM and 100 nM concentration. The mean of 3 
replicate samples is shown along with standard deviation error bars. (e) Gel 
electrophoresis analysis showing the conjugation steps involved in the preparation of 
SERRS active nanotags; note, the AuNPs were functionalised with aptamers first and 
then conjugated to chalcogenpyrylium dyes. The bare AuNPs (far left), those 
functionalised with aptamers Au@Apt (middle two column) and conjugated to Raman 
reporters Au@Apt@dye (far right). (f) SERS spectra obtained with a 785 nm laser 
and 1 s acquisition time showing no obvious change in spectrum at each aptamer 
ratios three ratios 1:25K, 1:30K and 1:35K (Au NPs Vs aptamer) between two dye 
concentration range (50 nM and 100 nM).  
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Figure S4.4. Characterisation of biomolecule-NP conjugates at each stage of the 
conjugation. The 100 nM of each SERRS-active dyes were added to the AuNPs 
functionliased with aptamer in 1:35K ratio with dye823 being conjugated to MRSA 
aptamer-functionalised AuNPs (AuNP@MRSA-Apt@dye823), and dye815 being 
conjugated to E.coli aptamer-functionalised AuNPs (AuNP@E.coli-Apt@dye815). 
Extinction spectra shown the conjugate steps, notes AuNPs were functionalised with 
aptamers first and then conjugated to chalcogenpyrylium (a) dye815 and (b) dye823. 
Dynamic light scattering and zeta potential for (c) AuNP@E.coli-Apt@dye815 and (d) 
AuNP@MRSA-Apt@dye823. The mean of 3 replicate samples is shown along with 
standard deviation error bars. 
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4.8.5 SESORRS Analysis for Detection Assay 

4.8.5.1 Experimental Set Up 

The lean porcine tissue was purchased from a local butcher and cut into 

sections with an average thickness of 3 mm. The tissue model was brought 

into contact with the nose cone of the SORS instrument, and the stage was 

moved around in x-y plane in order to detect the biofilm through the tissue 

barrier. The total tissue penetration thicknesses were measured using a 

calliper. Previous research from our group has shown the greatest level of 

through barrier detection of using the handheld Cobalt Light System (830 nm) 

Resolve Instrument is 8 mm offset. Therefore, in this study, all measurements 

were carried out using 8 mm offset, 5 accumulations and 2.0 s integration time.  

 

Figure S4.5. Schematic of overall experimental set-up using a handheld SOR 
spectrometer for the detection of biofilm through tissue. 3D bioprinted biofilm were 
incubated with AuNPs functionalised with aptamers and chalcogenpyrylium dyes 
overnight before buried between porcine tissues and bone. The SORS and SESORS 
measurements were taken using a handheld Resolve instrument from Cobalt Light 
System (830 nm). 
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Enhanced Raman Spectroscopy 
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5.1 Chapter Overview 

The previous chapters 2 & 4 have focused on the bacterial biofilms detection 

using lectin and aptamer bionanosenors. This chapter focuses on the SERS 

study of a low-pH sensing BODIPY derived fluorophore PhagoGreen as a new 

Raman reporter through changes to the pH but most importantly by testing the 

detection of phagosome acidification in E.coli activated macrophage. The full 

Raman profile of PhagoGreen was reported in this study. The SERS intensity 

of PhagoGreen conjugates at peak 759 cm-1 which exhibits a highly reversible 

response to lower pH ranging buffer from pH5-pH3. This peak was unique to 

lower pH values (<pH5-3). We established an in vitro cell culture model and 

using PhagoGreen conjugates to image of phagosome acidification in 

activated MØ cells using SERS. Unfortunately, no SERS signal was obtained 

from phagosome acidification in activated MØ due to the loss of cells and 

conjugates.  

5.2 Introduction  

Understanding the response of innate immune cells to pathogens may provide 

insights into host defences.[1] Macrophages (MØs) are immune cells which are 

involved in phagocytosis. MØs play a key role in immunity and immune 

responses by recognising, engulfing, and killing microorganisms.[2] Various 

types of stimuli cause macrophage activation including bacteria which are 

recognised by macrophages, however bacteria have the ability to overcome 

these host defences to allow survival and propagation.[3] Following MØs 

ingestion of bacteria, the Toll-like surface receptor molecules mediate entry of 

bacteria and they are transferred from cytoplasmic vesicles (lysosomes) and 

engulfed into phagosomes to form phagolysosomes.[2, 3] Bacteria that remain 

within phagosome membranes have developed defence mechanisms such as 

quorum sensing (QS, more details can be found in Chapter 1.3.1.2) to counter 

antibacterial assaults and also combat nutrient limitation and phagosome 

acidification.[4] Phagosome acidification changes the intracellular pH (pHi) of  
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MØs, which is not directly toxic to most bacteria, [5] but has been suggested to 

facilitate the microbial killing process by inducing spontaneous generation of 

hydrogen peroxide from superoxide.[6]   

It is important to determine intracellular pH (pHi) for the activity of a number of 

enzymes with pH optima with the physiological pH range as well as for the 

efficiency of contractile elements and the conductivity of ion channel. [7, 8] Also, 

pH oscillations seem to be important in controlling the cell cycle and the 

proliferative capacity of cells. [7, 8] In addition, pHi also serves an important role 

in many biological processes such as phagocytosis,[9] and apoptosis,[10] 

endocytosis. [11] Thus, in vivo monitoring of pHi changes is of great importance 

for precise understanding of the relation between the pHi level and cellular 

processes. Fluorescence pH sensing probes have been widely used in clinical 

chemistry and cell biology.[12] Detection using fluorescence pH probes can 

provide the ability to monitor living cells with the help of confocal microscopy 

imaging of pHi in cellular compartments.[13]  

Intracellular pHi detection based on fluorescence pH probes has been used to 

measure the cytosolic pH gradient in developing zygotes [14] and to trace the 

endosomal pH evolution along the endocytosis pathway.[15] The use of pH 

probes for activated macrophages and to target the recognition of enzymes or 

cell surface receptors has also been reported in recent years.[16]  Bogyo et. al 

demonstrated fluorescent pH probes to monitor legumain activity in the acidic 

organelles of activated macrophages.[16] However, to date, most of the 

fluorescence pH probes have been reported for mapping pHi level are based 

on intensity changes in a single-emission window.[17, 18] They cannot enable a 

precise measurement of pH in a quantitative manner.[19] Currently, many 

excellent fluorescent pH probes with near neutral [20] or weak acidic [18] 

response behaviour have been studied. Unfortunately, little research is 

reported on the extreme-acidity pH probes (pH<4).[21] The extreme acidity is 

fatal for the majority of living organisms.[22] However, enteric bacteria such as 

Escherichia coli (E.coli) can survive through the highly acidic mammalian 

stomach and overcome the host defence and causing infections.[22, 23] Thus, 
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the precise determination of intracellular pH value under extreme acidity 

conditions still faces considerable challenges.[21] Most recently, our group has 

developed a new BODIPY derived fluorophore, PhagoGreen (Pha),[24] and 

shown its low-pH sensing capabilities since it dramatically increases in 

fluorescence as the pH decreases from neutral to acidic, which enabled 

imaging of phagosome acidification in activated macrophages.[24]  

PhagoGreen does not impair the normal function of macrophages, which 

makes it an ideal tool to use for in-vivo imaging.[24] 

SERS generates signal intensities many orders of magnitude greater than 

conventional Raman signal.[25] Over the years, SERS has been used for the 

study of biomolecules. SERS-based sensors with functionalised nanoparticles 

have been developed.[26, 27] Compared with fluorescent sensors, SERS has 

the advantages of no photobleaching, narrow bands allowing multiplexed 

detection and good stability.[28] [27, 29] SERS-based nanosensors have been 

previously used to measure the local pH dynamics in living cells.[8] Li et al 

demonstrated the successful use of SERS and fluorescence active probes for 

pH sensing in live cancer cells.[30]  Another study by Scamporrino et al has 

reported using PEGylate porphyrin-gold nanoparticles conjugates as a SERS-

based pH sensor to detect pH changes in aqueous solution.[31]   

In this work we explored the use of PhagoGreen as a Raman reporter with the 

ultimate aim of monitoring and detecting phagosome acidification by surface 

enhanced Raman spectroscopy (SERS). We therefore will establish an in vitro 

cell culture model of live cell phagocytosis to carry out a SERS study of the 

PhagoGreen pH probe in acidic microenvironments of phagosome 

acidification in MØs, which active by clinical relevant Gram-negative bacterial 

strain Escherichia coli (E.coli). To the best of our knowledge, this research is 

the first in vitro study of this low pH-sensing probe PhagoGreen by SERS.   
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5.3 Materials and Methods 

5.3.1 Bacterial Strain and growth conditions 

Bacterial strain Escherichia coli (E.coli clinical isolate, ATCC 25922) was 

cultured in Lurica Bertani (LB) broth (Sigma-Aldrich) at 37 oC whilst shaking. 

E.coli strain was routinely maintained on LB agar (Sigma-Aldrich, UK) plates 

and stocks kept frozen in glycerol (50% v/v) at -80oC.  

5.3.2 Inoculum Preparation 

E.coli strain taken from glycerol stock was streaked onto a LB agar plate and 

incubated at 37oC overnight. The following day a single colony was inoculated 

into 5 mL of LB broth and incubated overnight at 37oC, with 200 rpm shaking 

(Mini shaker, Cleaver). The overnight cultures were harvested in the stationary 

phase after 18 h cultivation. The bacteria were collected by centrifugation 

(3,000 rpm, 4oC, 5 min) and washed three times with minimal medium P (MMP) 

comprised Na2HPO4 (1.47g), KH2PO4 (0.648g), MgSO4 (0.2g), FeSO4 

(0.001g) per litre[32] to remove the residual LB medium. In all experiments, the 

concentration of bacteria was determined by optical density spectrometry 

(Eppendorf BioPhotometer) and inoculated to 1.0 at wavelength 600 nm 

(OD600nm=1.0).  

5.3.3 Preparations of Silver Nanoparticles 

Citrate reduced silver nanoparticles (Ag NPs) were prepared via a modified 

version of the Lee and Meisel method, whereby 90 mg of silver nitrate was 

added to 500 mL of distilled water (dH2O) and heated until boiling.[33] Once 

boiling, a 1% aqueous solution of sodium citrate (100 mg in 10 mL dH2O) was 

added and boiling was maintained for 45 minutes. The solution was then 

allowed to cool down at room temperature with continuous stirring throughout.  
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5.3.4 PhagoGreen Concentration Studies 

Dye concentration studies were carried out using Ag NPs. Briefly, 990 µL of 

citrate reduced silver nanoparticles were added to 10 µL of PhagoGreen 

(0.1mM stock) to give final concentrations of 1 µM (1x10-6 mol/L), 0.1 µM 

(0.1x10-6 mol/L) and 0.01 µM (0.01x10-6mol/L) and shaken for 30 min at room 

temperature (RT). Removal of the free dye from the suspension was achieved 

by two centrifuge steps at 1600 rpm for 10 min, the pellet was kept, and the 

supernatant removed and centrifuges at 4200 g for 15min. The supernatant 

from the second centrifugation step was subsequently removed and discarded 

and the pellets from each centrifugation step were combined. The combined 

pellets were then resuspended in 1 mL dH2O and ready for the characterisation.  

5.3.5 Preparation of PhagoGreen-Silver Nanoparticles 
Conjugates 

Ag NPs were functionalised with then Phagogreen. Briefly, 940 µL of citrate 

reduced silver nanoparticles were added to 10 µL (0.1 mM stock) of 

PhagoGreen and shaken for 30 min. A PEGylated linker, thiol/carboxy 

polyethylene glycol (CTPEG635) (10 µL, 0.1 mM stock), was then added to the 

Phagogreen functionalised Ag NPs (Ag@Pha) along with d.H2O (40 µL). The 

solution was mixed for 3 hours at RT on a shaker. The Phagogreen conjugates 

were centrifuged as previously described in 5.3.4. Combined pellets were then 

resuspended in 1 mL dH2O and ready for the characterisation.  

5.3.6 Instrumentation and Characterisation  

Extinction spectra were recorded using a UV-vis spectrophotometer (Agilent 

Cary 60, UK). The range of wavelengths scanned was 300-800 nm. A dH2O 

blank was run prior any sample analysis to establish a baseline. Dynamic light 

scattering (DLS) particle size measurements and zeta potential were obtained 
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using a Malvern Zeta Sizer. Sample analysis was carried out with 0.5 mL of 

the appropriate suspension diluted to 0.5 mL with dH2O. Approximately 1 mL 

of sample was run in a disposable plastic cuvette with a Malvern dip cell.  

5.3.7 SERS Measurements 

SERS analysis was carried out using a bench top Renishaw RenDX Plate 

Reader with an excitation wavelength of 532 nm at 10% of 15 mW laser power 

from a diode laser. A 96 well plate was placed onto a stage and the 

instrument’s software was used to automatically move the stage so the spectra 

could be recorded from each well. The instrument was set at 1s accumulation 

time at 0.5 cm-1 spectral resolution, 6 replicates of each sample were prepared 

and scanned 10 times, the averages were taken, and background was 

subtracted to produce the spectra observed. Each spectrum was baselined 

and corrected using the rubber-band methods in MatLab2016b software 

unless stated otherwise. 

5.3.8 PhagoGreen pH Studies 

Citrate-phosphate (McIlvaine) buffer was prepared by dissolving 28.38g of 

disodium phosphate and 19.21g of citric acid in dH2O to make up a 0.2 M and 

0.1 M stock solution in 1 L respectively. From the stock solutions, different pH 

buffer can be can be prepared in accordance with McIlvaine mixing method 

(Table 5.1), which was tested with pH paper (Figure S5.2b).[34] Briefly, the 

pellets of PhagoGreen conjugates from step 5.3.5 were resuspended in 1 mL 

of McIlvaine buffer with pH ranging from pH3 to pH8.  
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Table 5.1. Mixing table for obtaining 20 mL of McIlvaine buffer.[34] 

 

5.3.9 In vitro Phagocytosis Assay 

5.3.9.1 PhagoGreen Conjugates Cytotoxicity Assay  

Macrophage cells (RAW264.7) were maintained in tissue culture flasks (T75) 

in high glucose Dulbecco’s Modified Eagle Medium (DMEM) supplemented 

with 10 % heat inactive bovine serum (FBS, US origin, Thermo Fisher) and 5% 

penicillin-streptomycin (Thermo Fisher). Cell density was determined manually 

using a hemocytometer and suitably diluted with culture medium to obtain 

approximately 2x104 cells/mL. Cell suspension (200 μL) was added into each 

well of a flat bottom 96-well plate and incubated at 37 oC and 5% CO2 overnight, 

reaching 90-96% confluence on the day of the experiment.  

PhagoGreen conjugates were added in cell culture medium to achieve final 

concentrations of 1 nM, 0.1 nM and 0.01 nM. The cell culture medium was 

removed from the 96-well plate. 100 μL of PhagoGreen conjugates containing 

cell culture medium was added into each well.  Distilled water was also added 

to the cells as a positive control. Cell viability was determined with TACS MTT 

cell proliferation assay kit (Abcam) according to the manufacturer’s instructions. 

Briefly, cells were incubated with 13 μL of MTT reagent for 4 h to allow 

intracellular reduction of the soluble yellow MTT to the insoluble purple 

formazan dye. After 4 h, the purple dye was visible, 100 μL of detergent 

pH 0.2 M Na2HPO4
(mL)

0.1 M Citric acid 
(mL)

3 4.11 15.89
4 7.71 12.29
5 10.30 9.70
6 12.63 7.37
7 16.47 3.53
8 19.45 0.55
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reagent was added to each well to solubilise the formazan dye. The 

absorbance of each well was determined at 570 nm using a Synergy HT 

spectrophotometer (Biotek). Cell viability data was normalised to the 

proliferation of MØs without addition of PhagoGreen conjugates. 

5.3.9.2 Multiplicity of Infection (MOI) Determination 

Manipulations of cells and bacteria was performed aseptically, in a laminar 

flow hood. Glass bottom 8-well chambers slide with a removable silicone 

chamber (Ibidi) were used for macrophage (MØ) cell culture. The glass bottom 

chambers were collagen (50 µg/cm2, type I, Thermo Fisher) coated for 30 min 

prior to the cell culture. Briefly, an initial concentration of 8 x104 cell/mL of MØ 

were seeded, the cells were maintained using standard cell culture procedures 

until they reached 80% confluence and therefore were ready for an adherence 

assay. Cell density was determined by haemocytometer. The values of MOI= 

5:1, 10:1 and 50:1 (bacteria:cells) were calculated according to the MØ cell 

density. Macrophages were incubated with E.coli for 3 hours at 37oC on a 

shaker. Briefly, 30 µL of E.coli o/n culture in 0.9% NaCl was added to 270 µL 

of DMEM medium supplemented with 10% FBS (without antibiotics). The 

medium from the infected cells were removed and cells were washed 3 times 

in warm PBS after 3 h infection. To count the adhered bacteria after the 

infection, MØ cells were lysed by adding 100 µL of 1% Trion X-100 to each 

well for 10 min at RT before mixing with 900 µL of LB medium for CFU counting 

in a series of 10-fold dilutions. MØ cell density was also determined after the 

infection using the scrape method and following the standard cell counting 

method described above in 5.3.9.1. 
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5.3.9.3 SERS Phagocytosis Detection Using PhagoGreen 
Conjugates 

Macrophages were challenged with bacteria (MOI of 10:1) for 3 h at 37oC on 

a shaker. After 3 h, medium from the infected cells were removed and cells 

were further incubated with 300 µL of warm cell culture medium containing 

PhagoGreen conjugates (0.1 nM) for 30 min at 37oC on a shaker. Medium was 

removed and cells washed three times with PBS, then the silicone cell 

chamber (wall) was removed and air dry at RT. The ensure the safe handling 

of infected cells with E.coli, the air-dried conjugates containing smear were 

heat fixed by passing the flame of a gas burner in order to enhances the 

adherence of bacteria to the slide and preventing them from further digesting 

cell parts, which causes the MØs to break (autolysis). All sample were 

analysed immediately after preparation using a Renishaw inVia Raman 

microscope equipped with a 532 nm Nd:YAG laser (max 500 mW), 1800 I mm-

1 grating, and a Leica 50 x / NA 0.75 PLAN EPI objective. Infected MØ were 

mapped using a step size of 1 µm in x and y, with 1 s accumulation time, 10 

mW laser powder and a spectral centre of 1500 cm-1. Three maps were 

acquired per well per condition. 

5.4 Results and Discussion 

PhagoGreen is an acidotropic fluorescent molecule with bright fluorescence 

emission in subcellular acidic environments. In this study, BODIPY derived 

PhagoGreen was used to functionalise silver nanoparticles. At pH lower pH, 

PhagoGreen became bright fluorescence (emission:516 nm) and the 

dimethylamine group highlighted in red circle (Figure 5.1) will block an 

intramolecular electron-transfer process, which will  then leads to an increase 

in emission from the fluorescent BODIPY core. [24] 



 

 151 

 
Figure 5.1. Molecular structure of BODIPY PhagoGreen. PhagoGreen with pH-
sensitive diethylamine group highlighted in red. A thiol group facilitating attachment 
of the fluorophore to the metal nanoparticle surface. 

Each stage of the conjugation of PhagoGreen to the surface of the silver 

nanoparticles was optimised and characterised (Figure 5.2). PhagoGreen 

conjugates with addition of a heterobifunctional thiol/carboxy PEGlayted linker 

was found to increase the nanoparticle stability compared to the PhagoGreen 

without PEGlayted linker attachment (Figure S5.2a), which crashed in the 

range of pH buffers. Damping and slight broadening of the extinction band of 

Ag NPs was observed upon addition of PhagoGreen and PEG linker AgNP 

surface (Figure 5.2a). An increase in size from bare Ag NPs 28 nm to 29 nm 

was first observed, which resulted in increasing in size of PhagoGreen 

conjugate, PEGylated linker was then added which resulted in increasing to 

39 nm and decrease in zeta potential from -41 mV to -37 and -31 mV was 

observed at each stage of the conjugation (Figure 5.2b), which suggested an 

increase in size after each step and a change in surface charge suggesting 

the successful attachment of PhagoGreen and PEG linker.  

To further confirm the successful attachment of the dye and PEG, gel 

electrophoresis was carried out.  Bare Ag NPs aggregated in the well as shown 

in (Figure 5.2, c-1) due to the surface being unprotected from the salt in the 

loading buffer. However, the PhagoGreen functionalised Ag NPs 

(AgNPs@Pha, Figure 5.2, c-2) and the PEGylated PhagoGreen Ag NPs 

(AgNPs@Pha@PEG, Figure 5.2, c-3) travelled out of the well and through the 
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pores of the gel towards the positive electrode, with AgNPs@Pha@PEG 

travelling further in the gel compared to Ag@Pha this might due to the 

AgNPs@Pha@PEG were covered by a layer of PEGylated linker, which can 

protected the NPs from the salt in the loading buffer, and therefore travelled 

further in the gel compared with non-PEGlyated AgNPs@Pha. This was 

perfectly consistent with the pH studies results in (ESI, Figure S5.2a), where 

non-PEGlayted Ag@Pha conjugates crashed in all range of pHs due to the 

lack of protection layers. Therefore, the migration through the gel confirms that 

the surface of the Ag NPs had changed after each stages of the conjugation 

process, thus confirming that successful functionalisation had been achieved. 

Therefore, these results suggested that the functionalisation conditions were 

optimal for use in the SERS pH study.  

 

Figure 5.2. Characterisation of PhagoGreen - Ag NP conjugates. (a) Extinction 
spectra showing the conjugation steps involved in the preparation of PhagoGreen dye 
functionalised silver nanoparticles. Ag NPs were functionalised with PhagoGreen first 
before addition of the thiol PEG635 linker; bare Ag NPs (blue), AgNPs@Pha (red) and 
AgNPs@Pha@PEG (orange). The inserts in the extinction spectra highlight the shift 
associated with molecular adsorption of the dye onto the Ag NPs surfaces. (b) 
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Dynamic light scattering and zeta potential for PhagoGreen conjugates at each stage 
of the conjugation. The mean of 3 replicate samples is shown along with standard 
deviation error bars. (c) Gel electrophoresis analysis showing the conjugation steps, 
(1) bare Ag NPs, (2) AgNPs@Pha and (3) AgNPs@Pha@PEG. 

PhagoGreen is a pH-sensitive dye that can be used to stain acidified 

phagosomes in macrophages. To investigate PhagoGreen conjugates 

(AgNPs@Pha@PEG) ability to monitor pH changes in acidic environment, 

conjugates were resuspended in McIlvaine buffer solution with pHs from 3 to 

8. Briefly, PhagoGreen conjugates were added to 1 mL of McIlvaine citrate-

phosphate buffer in a range of pH from pH3 to pH8 (ESI, Figure, S5.2). SERS 

was measured using 532 nm laser excitation, which is close to resonance with 

the PhagoGreen absorbance at 502 nm. Figure 5.3 shows the stacked SERS 

spectra obtained from PhagoGreen conjugates at pH3 to pH8. The most 

dominant peaks of PhagoGreen conjugates are labelled from left to right as 

follow: 582 cm-1, 955 cm-1, 1187 cm-1, 1263 cm-1 and 1426 cm-1.  However, it 

was observed that a small peak at 759 cm-1 (Figure 5.3, red box) started to 

appear at pH5 (<=) and gradually increased in intensity when pH drops from 

pH5-pH3.  

One might argue that there is a very small broad band located at 759 cm-1 at 

pH 7, however, when compared to the signal-to-noise ratio and the width of 

the band of the spectrum, it is unlikely to be the same 759 cm-1 bands as 

appeared in pH 3, 4 and 5. As the band in pH 3-5 tends to be sharper than the 

one in pH 7. It requires further investigation on this matter. 
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Figure 5.3. Stacked SERS spectra obtained from PhagoGreen conjugates at pH3 to 
pH8. The most dominant peaks of PhagoGreen conjugates are labelled from left to 
right as follows: 582 cm-1, 955 cm-1, 1187 cm-1, 1263 cm-1 and 1426 cm-1. Where 
peaks at 759 cm-1(red box) were only appeared in pH5-pH3. Peak intensities were 
obtained by scanning 6 replicates samples. All measurements were carried out using 
a bench top Renishaw RenDX Plate Reader at 10% of 15 mW laser power from a 
diode laser and a 1 s integration time, 10 accumulation and a laser excitation 
wavelength of 532 nm.  

The relationship between biofilm/nanoparticle depth and Raman signal was 

further investigated by calculating the ratio of Raman band intensities, as they 

are least affected by background fluctuations and pre-processing methods. 

Therefore, the relationship between the peak at 759 cm-1 and the dominant 

peaks of the PhagoGreen conjugates was further investigated by calculating 

the ratio of Raman band intensities, as they are least affected by background 

fluorescence and pre-processing methods (Figure 5.4, a-e). A trend of 

increasing SERS intensities at 759 cm-1 with decreasing pH (pH5-3) was 

observed. This clearly demonstrated a correlation between the SERS signal 

intensity at 795 cm-1 and low-pH. It is postulated that this unique peak at 795 

cm-1 belongs to the pH-sensing diethylamine group, amine N-H deformation 

vibration, where primary amines have a broad absorption of weak-to-medium 
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intensity at 650-895cm-1 due to the strength of the hydrogen bond.[35] This is 

consistent with the reported fluorescence behaviour of this probe.  

To determine the greatest difference between the SERS intensity ratio plotted 

in Figure 4, slope gradients (m) were calculated using (y) vertical change to (x) 

horizontal change (m=SERS intensity ratios / pHs). As shown in (figure 5.4f), 

the greatest discrimination of gradient was the ratio of the 759cm-1 to 955 cm-

1 (759/955) peaks, demonstrating that these two peaks changed the most with 

decreasing pH from pH5 to pH3. It is worth noting that the ratio of the 759cm-

1 to 1187 cm-1 (759/1187) peaks appeared more changing than others visually, 

however, this is not the true reflection due to the different scales of y axis. 

Since the peak at 759 cm-1 was only present at pH 5 and below, no change in 

peak intensity ratio, and no gradient values, were obtained (m=0) at pH >=6. 

The pH threshold point was identified at pH >=6.   
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Figure 5.4. Comparison of SERS intensities of the unique peak at 759 cm-1 to the 
most dominant peaks of PhagoGreen conjugates. (a) 582 cm-1 (759/582), (b) 955 cm-

1 (759/955), (c)1187 cm-1 (759/1187), (d)1263 cm-1 (759/1263) and (e) 1426 cm-1 

(759/1426) in pH ranging pH3-8. The large error bars were due to lower signal-to-
noise ratio in the SERS intensities at 759 cm-1. (f) The comparisons of the line 
gradients at different SERS intensity ratios in the range of pH3-8. Peak intensities 
were obtained by scanning 6 replicates samples. Average gradient was calculated 
from these 6 replicated results (n=6). All measurements were carried out using a 
bench top Renishaw RenDX Plate Reader at 10% of 15 mW laser power from a diode 
laser and a 1 s integration time, 10 accumulation and a laser excitation.  

To induce MØs phagocytosis, E.coli bacteria was used to colonise the host 

MØs. These adhesions rely on interactions with host cell surface receptors or 

soluble proteins, such as carbohydrate/lectin interactions, acting as a bridge 

between bacteria and host (more details can be found in Chapter 2). It is 

important to adjust the multiplicity of infection (MOI) ratio between the number 

of bacteria and the number of host cells to ensure that virtually all host cells 
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have been infected. The average MOIs were calculated according to the 

number of MØs (2.7x105 cell/mL). MØs were challenged at MOIs of 5, 10 and 

50 bacteria:1 macrophage respectively with E.coli. Briefly, bacteria o/n culture 

was washed three times with MMP before inoculation into LB medium to 0.1 

OD600. The inocular was then grown in the incubator at 37oC for 3 h, which 

was determined by E.coli growth curve (ESI, Figure S5.3), where bacteria 

remained in the exponential phase after around 3 h of growth.  

The assessment of MOI cell viability was performed in order to find the best 

MOI condition for infection without killing the cells (Figure 5.5). High MOI of 

50:1 was found to yield the highest (almost 87.4%) cell viability from initial cell 

concentration (2.7 x105 cell/mL) (Figure 5.5a). By contrast, the low MOIs of 5:1 

and 10:1 showed less cell viability at 26 % and 33 % respectively after infection 

with E. coli. These results showed a highly significant correlation with the 

counting of colony forming unites (cfu) (Figure 5.5b), where the highest cfu of 

bacteria (7.10x107 cell/ mL) was obtained in high MOI of 50:1 compared to the 

MOIs of 5:1 and 10:1. It should be noted that the bacterial positive control in 

the inoculum (empty well chamber w/o cells) grew much faster than the 

bacteria in the presence of cells (Figure 5.5b, grey). This is due to the 

supernatant of infected cells containing non-adhered bacteria being removed 

before cell lysis. The cell lysate containing only digested bacteria (inside cell), 

this yield the number of cfu of non-adhered bacteria. These results can be 

further confirmed visually from cell viability live/dead staining (Figure 5.5c). 

Green channel depicts live cells and red channel depicts compromised/dead 

cells. More dead MØs (red) were observed in the fluorescence image at high 

MOI of 50:1 (Figure 5.5a), where less dead MØs (green) were observed from 

MOIs of 5:1 and 10:1. From these results, a MOI of 10:1 was chosen to ensure 

the success of the infection as well as retaining the level of cell viability. 
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Figure 5.5. MOI cell viability assessment. A range of MOIs of 5:1, 10:1 and 50:1 were 
incubated with host cell MØ for 3 h at 37oC. (a) The concentration of surviving MØs 
after infection (orange), initial cell concentration (2.7x105 cell/mL) before the infection 
(blue) and positive control where dH2O was added instead of bacteria (grey). (b) 
Representation of cfu of the digested bacteria (inside MØs)  in different MOIs, initial 
seeding concentration of E.coli before the infection (blue), adhered E.coli bacteria 
(inside the MØs) after the infection (orange), and positive control where E.coli were 
grown in the inoculum (cell chamber) without presence of MØ (grey). (c) Infected MØs 
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with all three MOIs stained using Molecular ProbesTM LIVE/DEAD® 
viability/cytotoxicity fluorescence assay and analysed suing a fluorescence 
microscope with FITC filter (green, live) and TexasRed filter (red, dead). Scale bar = 
50 µm and applied to all. Viability was assessed on live cells undergoing bacterial 
infection before addition of PhagoGreen conjugates. 

To determine the highest working concentration of the PhagoGreen 

conjugates to add to the cells without causing cell damage (death), a 

cytotoxicity study on the consequence of addition of PhagoGreen conjugates 

to the cells was studied using the colorimetric MTT assay on MØ cell viability 

after 2 h of treatment with PhagoGreen conjugates (Figure 5.6). MØs 

appeared to exhibit the highest sensitivity to the toxic effects of PhagoGreen 

conjugates at a concentration of 1 nM, where a significant reduction in cell 

viability was observed. In contrast, concentration 0.1 nM and 0.01 nM resulted 

in good cell viability 88% and 99 % respectively. Therefore, the overall results 

suggested that the most suitable working concentrations to use in SERS 

detection of phagocytosis in activated MØs studies was 0.1nM. It’s worth to 

mention, there is a chance that the MTT dye could be causing a misread of the 

cell viability data.[36] 

 

Figure 5.6. Cell viability of MØ cells measured by MTT assay. The percentage of 
viable cells after 2 h incubation with PhagoGreen conjugates (blue). Distilled water 
was used as a control. From left to right, PhagoGreen conjugates at concentration of 
1 nM, 1 nM and 0.01 nM. PhagoGreen showed no significant influence on MØ cells 
at concentrations of 0.1 nM and 0.01 nM. A decreased mitochondrial activity was 
detected by the MTT assay with only 17% viable cells at the high PhagoGreen 
conjugates concentrations of 1 nM. Values are represented as means (n=4) and error 
bars as SD. 
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E.coli bacteria need time to adjust to the cell medium, shorter incubation time 

will not introduce the infection into the host cell. MOI of 10:1 of E.coli were 

incubated with MØ for 3 h, the medium from the infected cells was removed 

and the cells were washed 3 times in warm PBS after 3 h infection. A final 

concentration of 0.1 nM PhagoGreen conjugates were added into the activated 

MØs for 30 min at 37oC. Medium was then removed, and cell-conjugates were 

washed three times in PBS. SERS imaging was then carried out on the MØ 

using 532 nm laser excitation. Unfortunately, no SERS spectra was obtained 

from the PhagoGreen conjugates after the infection. This might be due to 

number of reasons, first of all, the 3 h bacteria-cell incubation time might be 

too long, the fast growing E.coli bacteria have over grown and secreting more 

toxins which cause MØs cell death. The suspected dead cells might detach or 

sloughed off from surface of the slide. That is why the PhagoGreen conjugates 

did not appear to bind to the bacteria inside the cells. Secondly, due to the 

number of washes, the conjugates adherence was interrupted and causing the 

loss of the conjugates and also the MØ cells might slough off during the 

washes resulting the less adhered bacteria left on the surface of the slide. 

Finally, the standardised heat fixation procedure might damage the 

PhagoGreen dye on the conjugates, resulting no signal has been detected.  

5.5 Conclusions 

In this study an acidotropic fluorescent molecule PhagoGreen with bright 

fluorescence emission in subcellular acidic environments, was used as SERS 

based pH-sensing probe to study phagosome acidification in activated 

macrophages. We first reported the SERS spectra of PhagoGreen and 

demonstrated the SERS intensities changed at different pHs (pH3-pH8). The 

peak at 759cm-1 was unique and only exhibit in the low pH ranging (pH5-3), 

which shows a trend of increasing intensities with decreasing pH environments. 

The greatest discrimination occurred when monitoring the SERS intensity ratio 

between peaks at 759 cm-1 to 955 cm-1 (759/955). This suggested that these 

two peaks gave the biggest change in ratio when the pH was decreasing from 
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pH5 to pH3. The pH threshold point was identified at pH >=5. This was 

perfectly consistent with the reported fluorescence behaviour of PhagoGreen. 

We established an in vitro cell culture model, cellular uptake and toxic potential 

of PhagoGreen conjugates in activated MØ cells using E.coli were also 

investigated. Unfortunately, no SERS signal was obtained from phagosome 

acidification in activated MØ. In future work, PhagoGreen conjugates should 

have added to bacteria first before infecting MØs in a shorter incubation time, 

a SERS pH study should have been performed on infected MØs containing 

conjugates laden bacteria. Since the PhagoGreen conjugates did not appear 

to bind to the bacteria, therefore, in the future work, lectin or aptamer could be 

introduced to the PhagoGreen conjugates in order to increase the binding 

ability of conjugate to bacteria.  

5.6 Supplementary Information 

5.6.1 PhagoGreen Concentration Studies 

The concentration of PhagoGreen used to functionalise the AgNPs was 

ascertained by adding 0.01 µM and 0.1 µM of PhagoGreen to AgNPs.  

 

Figure S5.1. Optimisation of PhagoGreen concentration added to AgNPs. (a) 
Extinction spectra showing the addition of PhagoGreen to AgNPs at a concentration 
of 0.01 µM (grey) and 0.1 µM (blue). (b) Dynamic light scattering (blue) and zeta 
potential (orange) for AgNps@Pha at a concentration of 0.01 µM and 0.1 µM. The 
mean of 3 replicate samples is shown along with standard deviation error bars. 
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5.6.2 PhagoGreen pH Studies  

The citrate-phosphate (McIlvaine) buffer was prepared by dissolving 28.38 g 

of disodium phosphate and 19.21g of citric acid in dH2O to make up of 0.2 M 

and 0.1 M stock solution in 1 L respectively. From the stock solutions, 

McIlvaine buffer can be prepared in accordance with McIlvaine’s method.[34] 

The pellets of PhagoGreen conjugates , as prepared in section 5.3.5, were 

subsequently resuspended in 1 mL of McIlvaine buffer pH range from pH3 to 

pH8.  

 

Figure S5.2. Images of PhagoGreen conjugate pH studies. (a) Non-PEGylated 
PhagoGreen conjugayes in different pH conditions. (b) PhagoGreen conjugates in 
different pH conditions from left to right pH2-pH8. (c) A commercial pH paper (Sigma) 
was used to confirm the pH of PhagoGreen conjugates.  
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5.6.3 Bacterial Growth Curve  

E.coli bacteria from an overnight culture were resuspended to 1.0 OD600 unit 

and washed three times with MMP before inoculation into LB medium to 0.1 

OD600. Growth curves were performed in 15 mL cultures shaken at 200 rpm in 

50 mL falcon tubes at 37oC. The OD of bacteria was plotted as a function of 

time. Typical results are shown in (ESI, Figure S5.3). The growth curves show 

that the exponential phase of E.coli is below 3.4 h, followed by a slowing down 

and eventual cessation of net growth state stationary phase.  

 

Figure S5.3. Growth curve of E.coli over a period of 10 hours. The optical density 
was measured in hourly intervals from the time of culture through a 10 hours 
incubation period by optical density spectrometry at a wavelength of 600 nm. 
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6. Research Conclusions 

There is a great need to design SERS bionanosensors for faster, accurate and 

specific in-situ methodologies to detect bacterial biofilms. This work has 

investigated the design of new SERS-active biomolecular nanosensors for 

bacteria and biofilm detection. To demonstrate specific detection, three 

approaches were developed. The first approach involved utilising the lectin-

carbohydrate interaction as molecular recognition for the detection of 

carbohydrates on the surface of planktonic bacteria using SERS. The second 

was the design of a thiol modified oligonucleotide aptamer functionalised gold 

nanoparticle to detect bacterial biofilms associated with prosthetic joint 

infections using SESORRS, and the third involved functionalising silver 

nanoparticles with a low-pH sensing fluorescent probe, PhagoGreen, for the 

detection of phagosome acidification in E. coli activated macrophages by 

SERS. 

In chapter 2, lectin functionalised nanoparticles were shown to detect 

carbohydrates on the surface of planktonic bacteria by SERS. This involved 

using Pseudomonas aeruginosa galactophilic lectin PA-IL, functionalised 

silver nanoparticles for detection of D-galactose on the surface of bacteria from 

the conjugates-bacteria matrix using SERS. The PA-IL lectin biosensor 

demonstrated high binding affinity towards the D-galactose receptor on the 

surface of Gram-negative bacteria strains Escherichia coli (E.coli), 

P.aeruginosa (PA), P.aeruginosa wildtype PA01, and P.aeruginosa PA3284, 

but not towards of Gram-positive bacteria strains, methicillin-resisted 

Staphylococcus aureus (MRSA) and methicillin-sensitive Staphylococcus 

aureus (MSSA). This is due to the absence of the D-galactose containing sugar 

outer membrane on the Gram-positive bacteria cytoplasmic membrane. 

Therefore, the nanoparticle lectin PA-IL SERS biosensor was capable of 

providing discrimination between Gram-negative and Gram-positive bacteria, 

offering opportunities for future SERS biosensing in biomedical applications. 
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Chapter 3 investigated the development of in vitro 3D bioprinted mature biofilm 

models. This involved 3D bioprinting mature biofilm by using clinically relevant 

bacterial strains including Escherichia coli (E.coli), Staphylococcus aureus 

(MSSA), methicillin-resistant Staphylococcus aureus (MRSA) and 

Pseudomonas aeruginosa PAO1 and double-crosslinked alginate bioink. The 

biofilms were then studied by monitoring their dispersal and morphology over 

28 days in culture and characterised by confocal laser scanning microscopy 

(CLSM) and fluorescent staining. Importantly, we observed the complete five-

step biofilm life cycle in vitro following 3D bioprinting for the first time, 

suggesting the formation of mature 3D bioprinted biofilms. The antibiotic 

tolerance of clinically relevant bacterial biofilms was then studied using the 3D 

biofilm model. This methodology significantly prolonged the viability of bacteria 

cultured in 3D bioprinted constructs compared to previous studies. A high 

degree of control was achieved over the biofilm construct and design, with the 

production of biofilms 4 mm thicker than the currently available in vitro models. 

Anaerobic bacteria (P. aeruginosa) were observed to continue to thrive in 

constructs of greater than 4 mm thickness, demonstrating the potency of these 

infections. The 4 mm thick aerobic bacteria biofilm formation is the thickest 3D 

bioprinted in-vitro biofilm construct ever reported and allowed for easy 

observation of antimicrobial biofilm penetration. These results suggested that 

3D biofilm constructs had greater resistance to antimicrobial treatment than 

2D cultures, underlining the significance of biofilm formation in clinical infection. 

Thicker biofilms were also seen to have greater resistance to antimicrobial 

therapy than thinner biofilms, even over a prolonged period of treatment.  

Chapter 4 utilised the 3D bioprinted biofilms, developed in Chapter 3, as an in 

vitro biofilm study model to investigate bacterial biofilm detection. Gold 

nanoparticles functionalised with resonant Raman reporters and bacteria-

specific DNA aptamers were developed for use as bionanosensors. The 

functionalised nanoparticles were used for the detection of 3D bioprinted 

biofilms SESORRS through a depth of 1.8-2.1 cm of porcine tissue for single-

pathogen detection and multiplexed detection was achieved through 1.5 cm of 

porcine tissue. These proof of concept experiments demonstrated that a 
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SESORRS approach has potential for the targeted detection and 

characterisation of complex biofilm structure at depth in vivo.  

Furthermore, with rising worldwide antimicrobial resistance, 3D bioprinted 

biofilm technology could become a method to aid the discovery of novel 

therapeutic targets and increase the understanding of biofilm formation.  Also, 

when coupled with SESORRS technology, for then specific detection of the 

bacteria causing the biofilm, this technology offers the opportunity to assist 

orthopaedic surgeons in choosing the correct antibiotic treatment.  

PhagoGreen (Pha) is a new BODIPY derived fluorophore with low-pH sensing 

capabilities since it dramatically increases in fluorescence as the pH 

decreases from neutral to acidic, which enabled imaging of phagosome 

acidification in activated macrophages. In the final chapter, a SERS based pH-

sensing PhagoGreen probe was developed to study phagosome acidification 

in E.coli activated macrophages. The SERS detection of PhagoGreen was 

reported and a change in SERS intensity at different pHs (pH 3-8) was 

observed. A unique peak in the SERS spectrum was identified at 759 cm-1, 

which was only observed at low pH (pH 5-3). The greatest discrimination 

occurred when monitoring the SERS intensity ratio between the peaks at 759 

cm-1 to 955 cm-1 (759/955).  This suggested that these peaks gave the biggest 

change in ratio when the pH was decreased from pH 5 to pH 3. This behaviour 

was consistent with the reported fluorescence behaviour of PhagoGreen, 

which has a fluorescence emission in subcellular acidic environments.  

Overall, the work in this thesis has demonstrated the development of different 

SERS nanosensors (lectin, aptamer and PhagoGreen) for the detection of 

bacteria and biofilms. The multiplex capabilities of SERS combined with SORS 

opens up the potential to detect multiple pathogens at clinically relevant depths. 

This work provides the basis for future advancements in a number of fields, 

most significantly in the field of biomedical imaging and disease detection.  
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7. Future Work 

 

The work presented in this thesis has shown the potential of SERS-active 

biomolecular nanosensors for bacteria and biofilm detection. With regards to 

the use of lectin-based SERS bionanosensor for in vitro bacteria detection, it 

would be interesting to investigate coupling different size of the PEG 

(polyethylene-glycol) linkers such as SH-PEG-COOH, with the COOH group 

present can give rise to improved colloidal stability of the nanoparticles in 

buffers containing different types and concentration of ions including Na+, Cl-, 

Ng2+ Ca2+, SO42- and CO32- for further surface functionalised with lectins of 

interest in order to enhance the specificity and selectivity of bacteria binding. 

It would be of interest to attempt multiplexed analysis of a variety of bacterial 

lectins with unique dyes, which would be hoped to rapidly, selectively and 

sensitively detect bacteria in one sample. 

The potential of 3D printed bacterial biofilm for biotechnological application 

was demonstrated through three bacterial strains E.coli, P.aeruginosa and 

MRSA in the alginate hydrogel. For this model to be fully implemented into 

clinical diagnostics, future ability to investigate biofilms could be extended to 

the multiplex of multiple clinically relevant bacterial pathogens. A further 

consideration of bioink challenges, it would be interesting to investigate bioinks 

with different rheological properties, which could potentially affect the 

printability and printing resolution. An investigation into this could make for an 

essential advancement in this research area.  

The potential of SESORRS to detect signal from nanotags at clinically relevant 

depths has been clearly demonstrated in this work. This proof of concept 

experiment demonstrates that using SERRS bionanosensors is a rapid, 

sensitive technique which is capable of detecting multiple bacterial pathogens 

in combination with SORS that could potentially be used to detect biofilm at 

depth in vivo. Future work should focus on targeted SESORRS in animal 
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models. For example, the use of nanoparticles functionalised with a Raman 

reporter and biomolecule to specifically target a clinically relevant bacterial 

strain in vivo. In addition, the ability to carry out multiplex detection has been 

shown, thus future work should also investigate the multiplex detection of 

numerous targets. 

The low-pH sensing fluorescent probe-PhagoGreen as a bionanosensor for 

the detection of phagosome acidification in Gram-negative bacterial strain 

Escherichia coli activated macrophages by surface enhanced Raman 

spectroscopy (SERS) has been demonstrated.  This proof of concept work has 

been performed however more focus on the optimisation of experimental 

conditions is required to improve the SERS signal observed. This could be 

used in targeted SERS bionanosensors in cellular studies by monitoring living 

cells.  
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