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Abstract 
 

Coaxial extrusion is a promising technology, which employs a coaxial nozzle composed of 

two concentrically aligned nozzles (an inner core nozzle and an outer shell nozzle) to fabricate 

transplantable and autologous tissue filaments contained within robust, porous hydrogel 

scaffolds. These extruded scaffolds are capable of restoring function to various fibrous tissues 

within the body, such as peripheral nerve and muscle, which have lost the ability to naturally 

regenerate through irreversible disease or trauma.  

The overall aim of this work was to develop a coaxial bio-extrusion platform to create fine 

diameter extruded stem cell-laden tissue filaments with the capability to retain long-term 

viability in culture. Further objectives were to develop a hydrogel scaffold material capable of 

resisting degradation by culture media to maintain tissue filament integrity.  It was also 

desirable to demonstrate extrusion with multiple cell types and to present an initial assessment 

of the viability of the coaxial extrusion platform for use in drug testing applications, providing 

the benefit of a more natural in vivo-like environment to study drug-cell interactions in 

comparison to traditional two-dimensional methods. 

By embedding cells within an extracellular matrix material, such as collagen, an extrudable 

bioink is created, which may be placed within the inner core of a concentrically aligned coaxial 

nozzle. By simultaneously extruding using alginate within the outer shell nozzle into a 

crosslinking bath containing divalent cations such as Ca2+, hollow tubular alginate scaffolds 

containing cell-laden collagen filaments may be produced.  By manipulating key extrusion 

parameters such as flow rate magnitude, core/shell flow rate and collagen concentration, 

filament diameters were successfully reduced from > 400 µm to sub-20 µm, consequently 

aiding nutrient diffusion and long-term cell survival in culture. 

Small diameter (sub-20 µm) adipose-derived stem cell-laden collagen filaments have been 

extruded and matured with high viability (> 90%) over a 21-day period, achieved by 

modification of the core/shell flow rate ratio and collagen concentration. Combined calcium 

and barium cross-linking was employed in order to maintain scaffold integrity by tuning 

alginate cross-linking concentration, time and ion type. The coaxial extrusion platform was 

also used to extrude and culture human hepatoma HepaRG cells within small diameter 

filaments (sub-25 µm), which sustained viability for 14 days, thus demonstrating extrusion 

using multiple cell types. 
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The preliminary viability of the coaxial extruder to be utilised in drug testing applications has 

been assessed by performing hepatotoxicity tests of HepaRG cells and obtaining LC50 values 

similar to published data for three compounds. An additional assay of CYP450 enzyme activity 

further validated this platform by demonstrating strong CYP3A4 activity on induction with 

rifampicin, a known CYP3A4 inducer. 

To conclude, a coaxial extrusion platform was created, wherein fine diameter (sub-20 µm) 

collagen filaments containing adipose-derived stem cells were fabricated and cultured, 

retaining high viability (> 90%) over multiple days (> 21 days). This achievement was aided 

by the tuning of material flow rates, alginate shell cross-linking parameters and collagen 

concentration. Finally, fine diameter collagen filaments containing human hepatoma HepaRG 

cells (sub-25 µm) were also extruded and cultured at high viability for 14 days. These 

HepaRG-containing filaments were also exposed to different hepatotoxic compounds at 

varying concentrations to obtain LC50 values comparable to literature, thus providing 

preliminary validation of the coaxial extrusion system to be used as a drug testing platform. 
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1. Introduction 

1.1. Background 

In 1983, Charles ‘Chuck’ Hull was working using ultraviolet light (UV) and photo-curable 

materials in a small lab, aiming to improve the computer design-to-prototype times where he 

subsequently discovered that by using a computer to control a concentrated beam of UV light 

directed onto the surface of a vat of liquid photo-curable resin, one could print successive 

layers of solid material leading to the production of a three-dimensional (3D) object. This was 

the invention of stereolithography, known nowadays as 3D printing or additive manufacturing, 

whereby 3D objects are created from computer code [1]. This invention led to the creation of 

the world’s first 3D printer, the SLA-1 Stereolithography (SLA) printer, in 1987 [2]. Since 

then, the global 3D printing market has been consistently growing and global management 

consulting firm McKinsey & Company have predicted that the global market could reach up 

to $490 billion by 2025 [3]. 

In 2003, upon recognising the potentially revolutionary applications of 3D printing, Thomas 

Boland et al. successfully created the world’s first bioprinter at Clemson University in South 

Carolina, USA, by modifying a commercial inkjet printer to print and culture bovine aortic 

endothelial cells suspended within collagen and a synthetic polymer gel. This seminal 

demonstration of bioprinting paved the way for researchers around the world to explore the 

platform and its vast array of applications in the health technology sector and thus began the 

age of bioprinting [4] [5].  

1.2. Motivation 

There have been many successes within the field of bioprinting, with a wide array of 

successfully printed structures and tissues, from articular cartilage [6] [7] and skin [8] [9] to 

heart valve leaflets [10] and blood vessels [11].  The challenge of printing fully vascularised 

and functional organs remains a distant goal, largely due to difficulties in facilitating 

unrestricted nutrient diffusion and perfusion [12] [13] and achieving sufficient vascularisation 

[14] [15]. 

It therefore appeared more realistic to first demonstrate bioprinting of a more biologica lly 

simple structure; it was at this stage that the main goal of this work was to demonstrate 

bioprinting or extrusion of transplantable tissue fibres (or filaments). By combining hydrogel 

and various extracellular matrix materials and multipotent autologous adipose-derived stem 

cells (ADSCs), it was hypothesised that various types of transplantable tissue fibres could be 

fabricated and cultured.  
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By directing the differentiation of the ADSCs, distinct terminally-differentiated cell types and 

fibres may be engineered. These fibres may primarily be used for the surgical repair of 

damaged tissues in which the body has failed to naturally regenerate through irreversible 

trauma or disease, to alleviate loss of function with the added benefit of having minimal or no 

immunogenic or toxicity issues. 

Neural fibres may be formed to treat peripheral neuropathies (peripheral nerve damage) caused 

by trauma, accidents (mainly road traffic incidents) and disease, avoiding the comorbidities 

caused by the current gold standard nerve autograft, usually taken from the sural nerve [16] 

[17] [18]. Similarly, muscle fibres may also be formed and surgically implanted to restore 

muscle function and prevent comorbidities caused by the current standard of care, autologous 

muscle pedicle flaps from adjacent regions [19].  

1.3. Aims and Objectives 

The overall aim of this work was to develop a coaxial bio-extrusion platform to create fine 

diameter extruded stem cell-laden tissue filaments with the capability to retain long-term 

viability in culture.  

Further objectives included: 

1. Developing a hydrogel scaffold material capable of resisting degradation by culture 

media to maintain tissue filament integrity.   

2. Demonstration of extrusion with multiple cell types. 

3. Presenting an initial assessment of the viability of the coaxial extrusion platform for 

use in drug testing applications, providing the benefit of a more natural in vivo-like 

environment to study drug-cell interactions in comparison to traditional two-

dimensional methods. 

1.4. Structure of the Thesis 

Each chapter of this work focusses on different aspects of the thesis, of which will be 

summarised below. 

 Chapter 1 has provided an introduction to the research and has stated the aims and 

objectives of the thesis. 
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 Chapter 2 summarises the basics of bioprinting and extrusion, with explanations on 

extrusion modalities, bioinks and hydrogels, with a particular emphasis on alginate 

and collagen, the most-utilised materials in the later experimental chapters. Moreover, 

a review on recent approaches to the creation of cell-laden fibres using tissue 

engineering and bio-extrusion is subsequently presented in addition to a final section, 

which specifically introduces coaxial bio-extrusion before discussing multiple recent 

advances in small diameter coaxial bio-extrusion of cell-laden tissue fibres. 

 

 Chapter 3 lists the experimental methodology and related materials used to complete 

all experiments, with information given on the extrusion process, subsequent cell 

staining and characterisation in addition to details on printing and extrusion hardware 

components. In addition, coverage is provided on the development of the extrusion 

hardware and software to facilitate coaxial extrusion of small diameter filaments. 

Aspects such as firmware modification, electronics development and attempts at 

nozzle tip temperature control are also explained here.  

 

 Chapter 4 opens with background information on the coaxial extrusion process and 

provides the relevant theoretical information linked to the rationale behind subsequent 

experiments, which are focused on reducing the diameter of extruded collagen 

filaments and tuning the alginate shell scaffold in order to balance scaffold porosity 

and degradation time. 

 

 Chapter 5 builds on the previous chapter by demonstrating extrusion of adipose-

derived stem cell-laden collagen filaments at high viability. Further work focuses on 

alginate shell tuning using calcium and barium cross-linking to provide adequate 

porosity to sustain cell viability in addition. The chapter concludes by illustrating the 

effect of core/shell flow rate, collagen concentration and cell seeding density on 

filament diameter and viability. 

 

 Chapter 6 aims to provide an initial assessment of the viability of the coaxial extrusion 

platform for drug testing applications by performing cytotoxicity and CYP450 

isozyme activity assays and comparing results to the literature. 

 

 Chapter 7 concludes this thesis by providing an assessment of the research and 

summarises the key findings prior to providing recommendations for future work. 
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2. Literature Review 

2.1. Introduction 

In essence, 3D (three-dimensional) printing (or additive manufacturing) is the creation of a 

three-dimensional object from a digital model. A 3D printing process can involve the layer-

by-layer movement of an extrusion nozzle or light source in three dimensions (top-down or 

bottom-up), usually by action of electric stepper motors mounted on a portable frame, inducing 

a phase change in printable filament or substrate located on the print bed (or in a liquid bath) 

to create a solid 3D object with successive layers or slices. Through the use of computer-aided 

design (CAD) software or medical imaging data, 3D models are generated and subsequently 

converted into G-code files which can be transferred to the printer hardware through storage 

media, such as secure digital (SD) cards and USB flash drives to initiate printing. G-code is 

the world’s most common numerical control programming language and is used to control 

CNC (Computer Numerical Control) machines for rapid manufacturing. G-code contains the 

instructions on printer movement and activation of tools, such as stepper motors or heaters. A 

letter is assigned to each axis, each of which is controlled by one or two stepper motors, 

whereby each thin layer is printed before moving a fixed distance in the z-direction to print 

subsequent layers until the model is complete. 

There are many different types of 3D printing technology today, with one of the most popular 

being fused deposition modelling (FDM) [1] [2] , whereby thermoplastics are heated to their 

melting points and subsequently extruded through a nozzle onto a flat build plate in a bottom-

up layer-by-layer fashion. Selective laser sintering (SLS) is another popular modality in which 

a moving laser solidifies various powdered materials, such as plastics and ceramics, to create 

3D objects [3].  In addition, the range of printable materials has grown exponentially, ranging 

from common thermoplastics such as polylactic acid (PLA) and acrylonitrile butadiene styrene 

(ABS) and flexible filaments (thermoplastic elastomers) to more exotic materials, such as 

metals  [4], carbon fibre [5] and even chocolate [6]. 

2.2. Bioprinting 

Bioprinting may facilitate the creation of transplantable tissues and organs [7] [8], wound 

healing materials [9] and drug-testing and delivery platforms [10] [11]. Further applications 

include the creation of surgical models to inform complex surgeries and surgical training 

purposes [12]. Bioprinting offers many benefits in comparison to traditional tissue 

engineering.  
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This includes the ability to simultaneously print with multiple customised nozzles and 

biomaterials using customised printing equipment to create bespoke tissues and organs with 

precise material placement using various biomaterials and homogenously dispersed cells and 

the ability to tune hydrogel scaffolds for desired physicochemical properties. However, it is 

important to state that bioprinting is not without its limitations and challenges. It should be 

noted here that bio-extrusion is a simpler form of bioprinting, where only the extruder motor 

is used, as opposed to bioprinting which uses further motors to facilitate movement of extruded 

material. 

An enduring challenge of bioprinting is the development of biomaterials and bioinks with a 

suitable mix of physicochemical and biological properties for each associated printing 

methodology [13]. The fabrication of complex tissues and organs at high-resolution dictates a 

limited range of material properties to utilise. Printed constructs must facilitate cellular 

migration, survival and proliferation in addition to supporting the differentiation of embedded 

cells [14]. To this day there are no standardised bioinks for bioprinting, thus highlighting the 

manifold research difficulties in bioink development.  

Traditionally, in order to improve the printability of bioinks and hydrogels, polymer 

concentration and/or cross-link density (number of chemical bonds between polymer chains) 

would be increased, usually resulting in an increase in viscosity. Bioinks with a high degree 

of cross-linking  present as stiff constructs with sufficient mechanical strength for cell and 

tissue support and shape retention, illustrated in the blue ‘fabrication’ area within Figure 2-1 

[15]. Conversely, cells tend to proliferate better in an aqueous environment, unhindered by 

dense polymer structures [16], therefore creating a dichotomy between printed construct 

stiffness and cell proliferation, this is represented by the yellow ‘cell culture’ zone within 

Figure 2-1. 

In the case of bioinks with a low degree of cross-linking, resulting printed constructs cannot 

retain shape fidelity and thus spread across the print surface due to their insufficient 

mechanical properties. Therefore, most printed structures tend to have a moderate degree of 

cross-linking, illustrated within the green zone of Figure 2-1, labelled as the ‘traditional 

biofabrication window’. The main challenge of bioprinting is to develop and print bioinks 

within this green biofabrication window, to create biological constructs which possess high 

shape fidelity and optimal physicochemical properties for their desired purpose. 
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Figure 2-1. Biofabrication window graphic, illustrating the need to balance polymer concentration, cross-link 

density and stiffness with cell proliferation, migration and differentiation to obtain printed constructs with sufficient 

printing and biological characteristics [17]. 

A further major challenge to the successful bioprinting of large tissues and organs is that of 

achieving sufficient vascularisation. The maximum tissue diameter which can be cultured 

without the development of necrotic regions is generally quoted as approximately 200 µm  

[18], limited by the ability of cells to uptake oxygen and nutrients for proliferation (tissue-

dependent). To date, only disorganised vasculature has been cultured, at greater than the 

diameter required for engineering of capillaries, which can measure 5 – 10 µm in vivo [19]. 

Therefore, recapitulating fully-branched vascular networks similar to those seen in vivo 

remains a major hurdle to overcome [20] [21]. 

Achieving sufficient resolution and small filament diameters is a further challenge to the 

successful integration of bioprinting into clinical settings [22]. It is assumed that printing cells 

at such small diameters would not affect their ability to secrete extracellular matrix (ECM) 

and create a suitable environment for growth and maturation. There are many organ types 

demanding a resolution which are currently unobtainable with current state-of-the-art 

bioprinting technologies, thus necessitating further technological advancements to meet these 

requirements. For example, cardiac muscle requires a resolution of 50 – 100 µm [23] whilst 

current bioprinting technologies have only achieved cell-laden constructs with a resolution of 

100 – 200 µm [24]. Similarly, of the various structures found in the nephron (proximal/dis ta l 

tubules etc.), the functional unit of the kidney, the finest areas can measure approximately 15 

µm, however, the finest diameter achieved to date was achieved by Homan et al. [25], whereby 

acellular human renal proximal tubules measuring 100 µm in diameter were printed. The 

diameter requirements of these anatomical structures are summarised in Figure 2-2 below.  
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Figure 2-2. Image showing the diameters required for the biofabrication of cardiac muscle [24], renal tubules within 

the nephron (the basic structural and functional unit of the kidney) [25]; and capillaries [26]. 

Given these limitations in the current state of the art of bioprinting, it is clear that there are 

many major hurdles to overcome to realise the potential of this ever-growing field, with the 

aim of the bioprinter being a common tool within clinical settings in the near future. 

2.2.1. Bioprinting modalities  

The possible modalities of 3D bioprinting can be categorised into three main categories, 

namely extrusion-based bioprinting (EBB), droplet-based bioprinting (DBB) and laser-

assisted bioprinting (LAB) [27]. These modalities are summarised in Figure 2-3. 
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Figure 2-3. Schematic illustrating respective mechanisms for inkjet, extrusion and laser-based bioprinting. 

The following sections aim to describe each methodology and summarise their relative 

advantages and disadvantages, concluding by justifying the selection of EBB for the work 

presented in the following chapters. 

2.2.1.1. Extrusion based bioprinting 

EBB involves the positive displacement of material through a nozzle by an applied force, 

which can be either pneumatic, mechanical (piston/screw) or solenoid-assisted. EBB combines 

a fluid dispensing platform, to dispense bioink, and an automated robotic system, to provide 

computer-controlled three-dimensional print head movement to allow the precise deposition 

of biomaterials in cylindrical filament form. The various options for EBB are summarised in 

Figure 2-4. 

(a) Pneumatic-based extrusion bioprinting 

Pneumatic-based EBB employs pressurised air in a simple valve-free configuration or, in a 

minority of cases where high precision is required, valve-based systems. Pneumatic-based 

EBB requires the use of sterile air to prevent bioink contamination, therefore air filters or more 

expensive pre-sterilised air tanks are needed. 
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Figure 2-4. Extrusion based bioprinting modalities, highlighting the key features of pneumatic, mechanical and 

solenoid microextrusion, adapted from [28]. 

The applied air pressure must be sufficient to overcome the bioink surface tension in the nozzle 

and it must be within a stable range in order to produce stable, continuous and uniform 

filaments. The printing speed and bioink rheological properties must also be finely tuned. If 

the pressure is too high or too low, discontinuities will appear in printed filaments due to 

unstable material flow, leading to unstable printed structures. Pneumatic printing systems also 

have difficulties achieving smooth printing of semi-solid or solid bioinks and usually require 

another material medium to eject the bioink through the nozzle orifice [29].  

(b) Solenoid extrusion bioprinting 

Solenoid EBB employs a solenoid valve to control material flow through a printing nozzle 

orifice, in which the contact between a floating ferromagnetic plunger and a ring magnet is 

controlled by applying electrical pulses to the solenoid coil. Energising the solenoid coil results 

in loss of contact between the plunger and ring magnets whilst removing this current results 

in the valve closing, thus allowing fine control of material flow through the nozzle. Solenoid-

based microextrusion can achieve sub-microlitre resolution on printing bioinks [30] and is 

useful for printing low viscosity materials which require UV or ionic cross-linking 

mechanisms [31].  
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Despite the high resolution and accuracy achievable using solenoid EBB, there are a number 

of limitations to account for. Firstly, there is a time delay between energising the coil and the 

valve physically opening, thus leading to inaccuracies between desired models and resulting 

prints. Secondly, the plunger can unintentionally compress the valve sealing between the 

plunger and the valve seat, due to the soft seal created here, leading to further time delays. 

There is also a requirement for high actuation pressure in order to eject high viscosity bioinks, 

potentially leading to further printing inaccuracies. Furthermore, solenoid EBB becomes 

unreliable when utilising a temperature-controlled nozzle system as fluctuations in bioink 

temperature lead to variations in bioink viscosity, resulting in the need for different valve 

opening times due to the ability of the bioink to flow changing with temperature [32]. 

(c) Mechanical microextrusion bioprinting 

Mechanical microextrusion EBB utilises pistons or screw-driven options, whereby pistons 

generally provide more control of bioink flow whilst screw-driven systems allow for more 

spatial control and is preferred for higher viscosity materials but generate comparably larger 

pressure drops, potentially leading to a greater degree of damage to cells. Mechanical 

microextrusion systems benefit from low cost, portability, easy setup and programming and 

also don’t require air tanks, compressors and sterilisation units associated with pneumatic EBB 

systems or the need for solenoids and costly valves. These systems also benefit from allowing 

printing of semi-solid or solid bioinks such as cell aggregates [33]. 

With regards to the disadvantages of using EBB, the resolution of EBB is often quoted to be 

on the order of 100 to 200 µm [34] [35], which is comparably lower than the 10 to 50 µm 

achieved using DBB [36] and the 5 µm possible using LAB [37]. This limitation in the 

resolution of EBB results in difficulties in the precise positioning and patterning of cells.  

The minimisation of cellular shear stress upon nozzle ejection and printing resolution are 

major technical challenges of extrusion-based bioprinting  both of which are not mutually 

exclusive [38]. Usually non-Newtonian fluids are utilised, whereby viscosity and shear 

response are important; thixotropic (shear-thinning) substances are the most desirable here. It 

is imperative that extrudable materials can easily overcome surface tension and are capable of 

rapid gelation for shape retention without unwanted flow on print beds. Additionally, the 

substrate should have surface roughness with low wettability to allow prints to adhere to 

surfaces with shape retention [39]. Given these rheological demands, this limits the choice of 

useable bioinks in EBB, however EBB retains the widest array of bioinks to select in 

comparison to the other printing methodologies. 
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Despite these disadvantages, EBB systems possess many advantages over the other options, 

including the ability of EBB modules to be portable, low-cost and can easily incorporate CAD 

software and images in order to automatically print structures from custom designs or medical 

images on demand, highlighting the convenience of EBB in creating 3D cell-laden constructs.  

EBB is the most economical of the three bioprinting modalities as it does not require the use 

of costly and/or sophisticated equipment in comparison to DBB and LBB, such as valves, 

sensors and lasers and there is a wide range of printable viscosities (30 to 6 x107 mPas), thus 

proving EBB as the most versatile of the three main modalities [40].  

2.2.1.2. Droplet based bioprinting 

DBB involves the ejection of individual, discrete drops of material by applying energy sources 

such as electricity, acoustics and heat to material reservoirs [41]. There are three possible 

methodologies when applying DBB: acoustic droplet ejection [42], micro-valve printing [43] 

and inkjet printing [44]. Inkjet printing borrows the same concept used in traditional paper 

inkjet printing and can be further classified into two categories: continuous inkjet printing 

(CIJ) and drop-on-demand printing. Drop-on-demand inkjet printing techniques include 

thermal [45], piezoelectric [46], electrostatic [47] and electrohydrodynamic jetting [48]. In the 

field of tissue engineering, drop-on-demand inkjet printing is preferred to continuous printing 

due to it being more economical, easier to use and its ability to create complex and multi-

material patterns [49]. Additionally, CIJ is further limited as it requires low viscosity fluids 

and higher dropping velocity, which impairs the final resolution of the printed structure [50]. 

(a) Acoustic droplet ejection 

Acoustic droplet ejection employs an acoustic field to cause the ejection of droplets from a 

liquid reservoir, which holds the liquid in place within very small channels, holding the liquid 

in place without any leakage due to surface tension. When the force of applied acoustic waves 

exceeds that of the surface tension, droplets are formed. The mechanism of the acoustic droplet 

ejection process is depicted in Figure 2-5. 
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Figure 2-5. Schematic diagram depicting the acoustic droplet ejection process [51]. 

Acoustic bioprinting provides the advantage of not exposing encapsulated cells to adverse 

conditions, such as heat, high pressure, voltage or shear stresses [52]. However, apparatus 

using acoustics can be influenced by external disturbances, such as vibrations and noise, 

resulting in undesirable droplet ejection. Furthermore, the forces generated by acoustic fields 

may not be adequate to form droplets of viscous materials such as hydrogels or bioinks with 

high cell concentrations [51]. 

(b) Microvalve-based bioprinting 

Microvalve-based bioprinting involves the use of a pressurised reservoir of liquid bioink and 

a nozzle with an electromechanical solenoid microvalve-controlled orifice. In typical 

configurations, the print head contains a solenoid coil and a plunger, which blocks the nozzle 

orifice when no voltage is applied. On application of voltage to the solenoid coil, a magnetic 

field is produced, pulling the plunger upwards and thus unblocking the nozzle orifice. When 

the nozzle is open, if the back pressure in the bioink reservoir is sufficient to overcome the 

orifice surface tension, the pressure gradient forces the bioink through the orifice. The applied 

pressure and valve opening (gating) time work in tandem to close the plunger, sealing the 

orifice and causing the formation of bioink droplets. The main elements of the micro-valve 

bioprinting process can be seen in Figure 2-6. 
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Figure 2-6. Schematic diagram showing the key elements of micro-valve bioprinting [53]. 

The advantage of valve printing is that it offers high throughput (approximately 1000 droplets 

per second) [54] and allows precise material and cellular positioning using multiple print heads 

at high viability [55]. Conversely, valve-based printing is limited as it can only use a limited 

range of material viscosities (~1 to 200 mPa.s) and cell densities due to the tendency for 

nozzles to clog [56]. 

(c) Inkjet bioprinting 

In essence, inkjet bioprinting involves the physical manipulation of a bioink solution to 

produce droplets. Gravity, atmospheric pressure and the rheological properties of the bioink 

solution are utilised in order to eject droplets onto the receiving substrate. The bioink solution 

is held in place by the surface tension experienced at the nozzle orifice. Droplets are formed 

when pressure pulses are introduced to the bioink reservoir from an actuator, leading to the 

bioink overcoming the surface tension. Actuators may be thermal, piezoelectric or electrostatic 

in nature [57]. A schematic overview of inkjet printing is provided in Figure 2-7. 
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Figure 2-7. Schematic overview of inkjet printing, illustrating the various options for actuation [58]. 

There are many advantages to using DBB over EBB and LAB. Firstly, DBB allows for the 

easiest means of patterning as it is very difficult to produce heterogeneity in a gentle manner 

using EBB and the embedding of multiple biomaterials is challenging using LAB. Moreover, 

DBB can achieve higher resolution in comparison to EBB, owing to the small volume of 

material deposited with each droplet, and has comparable resolution with LAB [59]. 

DBB also benefits from high-speed and high-throughput in a reproducible manner, an 

attractive set of characteristics for manner industries, such as cancer screening and drug testing 

[60] [61].  

In addition, the printing process of DBB is non-contact in nature, therefore print heads will 

not make contact with bioprinted constructs, thus preventing the morphology of structures 

from being distorted or destroyed, as can be the case with EBB, or any unexpected increases 

in clearance between the nozzle orifice and substrate [62]. 

In contrast, there are also many drawbacks to using DBB, bioinks in DBB should have low 

viscosity (3.5 to 12 mPas [63]) and have a non-fibrous structure, to allow easy flow through 

tubing and nozzles, to avoid the major problem of orifice clogging. The need for low viscosity 

is, however, problematic as it is challenging for low-viscosity materials to change form into a 

solid-state structure. Bioinks must also be rheopectic (shear thickening) in nature to allow 

droplets to form upon ejection from nozzles [64]. Due to these issues, many biomaterials which 

are widely used in the tissue engineering world, such as high viscosity hydrogels, cell 

aggregates and micro-carriers, cannot be utilised with DBB [65]. 
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Despite the benefit of the non-contact nature of DBB, droplets can rapidly gel in the air and 

may not assemble the structure correctly, depending on the gelling nature of the printed 

material. A further issue with DBB is that of the inherent mechanical weakness of materials, 

due to the aforementioned restrictions imposed on physicochemical properties to avoid nozzle 

clogging [66]. Measures such as treatment by adding materials post-print or reinforcing 

structures with strong nanofibres or polymers can alleviate these issues to some extent 

however, at the further expense of time or cost [67]. 

Other limitations of DBB include the need to use low cell concentrations to prevent nozzle 

clogging and there is a risk of thermal and mechanical stress to cells through the various types 

of actuators used. Furthermore, non-uniformities in droplet size and issues with droplet 

directionality, in addition to inaccurate cell encapsulation, are additional hurdles to overcome 

when using DBB [68]. 

2.2.1.3. Laser based bioprinting 

LAB makes use of laser energy to print liquids onto support substrates at high-precision. LAB 

can be achieved by two separate means – cell transfer-based and photo-polymerisation. Cell 

transfer-based operations can involve laser-guided direct writing [69] or laser-induced forward 

transfer (LIFT) [70], whereby bioink is ejected from a reservoir to the substrate by laser, thus 

allowing a jet to be produced. The bioink in cell-transfer laser systems should be capable of 

adhering to substrates whilst possessing low surface tension to allow uniform spreading on the 

surface without dripping. In addition, the bioink should be capable of transforming thermal 

energy into kinetic energy with ease whilst also displaying high viscoelasticity and swift 

gelation to allow jet formation. The LAB process is detailed in Figure 2-8. 
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Figure 2-8. Structure and main components of a laser-assisted bioprinter [71]. Note: non-printed bioink may be re-

used in a subsequent procedure if cells are not exposed to ambient conditions for a significant period, to avoid cell 

death (1-6 hours, cell type dependent). 

Processes involving photo-polymerisation includes stereolithography (SLA) [72] and two-

photon polymerisation (2PP) [73], in which the laser beam selectively causes the solidificat ion  

of a photo-curable bioink via polymerisation. The use of non-toxic, water-soluble photo-

initiators and light absorbers allow photo-polymerisation to occur, resulting in the manufacture 

of tissue constructs with uniform layer thickness.  

LAB possesses many unique advantages over the other printing modalities. Firstly, LAB 

boasts the highest printing accuracy and resolution, down to micron level [74], which allows 

single cell or aggregate printing at high cell concentrations [75]. As LAB has no need for 

nozzles, this avoids the nozzle blockage issues associated with EBB and DBB, even with very 

high viscosity bioinks, and also eliminates shear stress-induced cell injury and death. The 

approximate printable viscosity range using LAB is 1 to 300 mPas [76]. LAB can achieve high 

throughput, up to approximately 5 kHz [77], and can also print cells at high cell viability [78]. 

With regards to the limitations of LAB, firstly, the high cost and cumbersome nature of LAB 

equipment is a significant limitation in the adoption of LAB in clinical settings [79]. Therefore, 

due to these high costs, LAB is considered to be a more immature printing methodology 

compared to DBB and EBB as research appears to be more focussed on understanding the 

relationship between laser parameters, such as intensity, pulse time and wavelength, on droplet 

size and the quality of printed patterns [80]. 
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Furthermore, photo-polymerisation processes suffer from excessive fabrication times, 

unwanted interactions between the laser light and cells, potentially leading to cell malfunction 

and death, and also there is a need for a photo-crosslinkable bioink and crosslinking agent, 

which can bring toxicity issues for cells as well as limiting the range of compatible materials 

to choose from. Cell transfer printing techniques can suffer from thermal and mechanical-

induced shock damage to cells from the laser source in addition to random and gravitationa l 

cell settling in printing solutions which can lead to inhomogeneous cell distribution in printed 

structures [81]. 

2.2.1.4. Comparison between bioprinting modalities 

Given the previous descriptions of each of the three bioprinting modalities, a comparative 

summary is shown in Table 2-1 below. 

Table 2-1. Comparative summary between EBB, DBB and LAB, comparing achievable resolution, bioink viscosity 

range and cost. 

Bioprinting 

modality 

Resolution 

achievable 

Bioink viscosity 

range 

Cost 

EBB 100 to 200 µm 30 to 6 x107 mPas Low 

DBB 10 to 50 µm 3.5 to 12 mPas Medium 

LAB 5 µm 1 to 300 mPas High 

Given the advantages possessed by EBB over DBB and LAB, primarily the printable viscosity 

range and low cost, the goal of this work was to utilise this technology to improve printing 

resolution. A piston-driven mechanical extrusion setup was chosen as it provides an easy-to-

use, low-cost printing solution with the capability to print key materials identified for this 

work, such as collagen and alginate. Improving the printing resolution using EBB would 

contribute a technological advancement in the production of bespoke, transplantable tissue-

based constructs due to an improvement in the ability to precisely place cells and biomaterials 

at desired locations within printed constructs to create functional higher-order tissues and 

organs. 

2.2.2. The bioink 

3D bioprinting makes use of the bioink, a term used to describe the combination of 

biomaterials printed by the bioprinter to fabricate complex 3D biological structures. An ideal 

bioink will possess a perfect combination of mechanical, rheological and biological properties 

to facilitate the printing, maturation and function of the target tissue or organ [82]. A bioink 

may include a combination of hydrogel, cells, ECM materials such as collagen and hyaluronic 

acid (HA) [83] in addition to proteins such as fibrin/fibrinogen [84], silk fibroin [85] and 

growth factors [86]. 
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Moreover, speciality chemicals, such as graphene [87] [88], synthetic polymer or metallic 

nanoparticles [89] [90] and hydroxyapatite [91] may also be added to facilitate the maturation 

of specific tissues.  

There are many challenges to the successful development of bioinks and it is important to note 

that to this date there are currently no standardised bioinks available for any tissue type found 

in the human body, thus highlighting the litany of difficulties in bioink research and 

development. 

The selection of constituent materials to form a bioink must satisfy a range of requirements 

for successful tissue printing and subsequent tissue development. These requirements include 

printability, mechanical stiffness, structural stability, biodegradability and biocompatibility. A 

summary of bioink requirements is displayed in Figure 2-9. 

 

Figure 2-9. The primary properties of bio-ink material have biological and mechanical effects in the engineered 

tissue [92]. Note: structural stability may refer to both physical and chemical structure.  

The printability of a bioink rests in its rheology, namely the ability of the material to be 

dispensed and to also retain shape fidelity on printing completion [93]. Viscosity and solution 

homogeneity play large roles in the overall printability of bioinks and are major determinants 

of the success of the printing process. If bioink viscosity is too high, high shear forces will be 

required to overcome these viscous forces to allow material flow, often resulting in cell 

damage and death in addition to nozzle clogging. In contrast, bioinks with low-viscosity 

usually print structures with low definition due to the flowing of material on the printing 

substrate after ejection from the nozzle. Low-viscosity bioinks can also result in a less 

homogenous mixture and nozzle clogging due to cell settling around the nozzle orifice [94].  
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An ideal characteristic for a bioink is to display shear thinning behaviour, whereby shear forces 

reduces the solution viscosity and thus allow for easier flow and lower overall shear forces 

being applied to encapsulated cells whilst maintaining print resolution [95].  

The stiffness or Young’s modulus of a material measures the ability of a solid material to resist 

deformation under tension or compression. Owing to their unique natures, different tissues 

therefore possess varying stiffness values and require varying types and magnitudes of 

mechanobiological cues to maintain functionality or to assist in the differentiation of stem cells 

[96] [97] [98]. For example, the stiffness of brain tissue can be as low as 0.1 kPa whereas 

cortical bone can possess a stiffness in excess of 25 GPa [99]. In vitro 2D cell culture suffers 

from culturing cells in tissue culture plastics which have undesirably high stiffness values (~1 

GPa) which places cells in an environment which is deleterious for their survival [100] [101] 

[102]. The major advantage of culturing cells in a 3D-printed biomaterial environment is that 

a more native tissue-like environment can be mimicked. There is a further advantage of 

bioprinted bioinks over traditional 2D culture in that bioinks can be carefully modified to 

finely tune the physicochemical properties of said bioinks for printing and concurrent tissue 

culture in order to match the bioink to the desired tissue type. 

The ability of the bioprinting platform to print constructs which maintain the desired shape is 

essential for the successful fabrication of native-like tissues. In addition to the aforementioned 

issue of low-viscosity bioinks spreading on printing substrates and hence affecting shape 

fidelity, cross-linking parameters must also be finely controlled. In the absence of cross-

linking, bioinks generally present as low viscosity and will therefore spread on the substrate; 

excessive cross-linking meanwhile can lead to lamination, characterised by the failure of the 

structure to coalesce which may lead to mechanical problems [103].  

Therefore, the chosen bioink cross-linking process must be tightly controlled in order to 

produce constructs with sufficient viscosity to retain shape integrity and to also prevent layer 

lamination in order to facilitate coalescence of successive layers as they are printed. Each 

printed layer must also possess sufficient mechanical strength to withstand the weight of 

following layers without deformation or collapsing. 

Furthermore, printed bioink scaffolds intended for transplantation must allow sufficient time 

for cells to integrate, secrete ECM and form new tissue prior its degradation, thus solely 

leaving behind functional tissue. 
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It is therefore imperative that the rate of degradation is such that enough cells are retained in 

the scaffold to provide tissue functionality to scaffolds without eliciting excessive 

immunological (macrophage build-up) or toxicological issues and also to avoid a scenario 

where the scaffold fails to degrade in the body, leading to a failure of the construct to repair 

the target tissue [104]. The biodegradability of printed structures can be tuned by modifying 

the physicochemical properties of the selected bioink components in addition to the 

manipulation of cross-linking processes [105].  

The bioactivity of a biomaterial is an important aspect to understand as it is important to 

comprehend cell-material interactions and the potential of materials to form tissues or to 

simply exist as a mechanical support material which may also elute useful biomaterials. For 

example, alginate, a commonly used porous biomaterial, is bioinert and non-bioactive, 

therefore the immune response will not be elicited and cells will not attach and their mobility 

will be restricted on encapsulation within alginate structures [106]. However, alginate is useful 

both as a mechanical support material but also to encapsulate biomolecules such as growth 

factors for time-dependent release [107]. Conversely, bioactive materials such as collagen and 

hyaluronic acid possess RGD (arginine-glycine-aspartate) amino acid groups which facilitate 

the interaction with cellular integrin receptors to provide cell attachment, which is necessary 

for cell survival and proliferation [108]. However, collagen is also involved in the immune 

response, where it is secreted by myofibroblasts, which may lead to tissue fibrosis, therefore 

care must be taken on material selection to prevent undesirable cell-material interactions on 

implantation [109]. 

2.2.2.1. Hydrogels as bioinks 

The key structural component of bioinks is the hydrogel. Hydrogels are polymer-based 

structures of hydrophilic nature, with the ability to swell in high water content surroundings. 

Upon gelation, hydrogels provide the three-dimensional architecture required for cells to 

survive and proliferate [110]. With bioprinting, a major consideration is that the hydrogel 

degradation rate should be commensurate with the rate of formation of new tissue to ensure 

the structure can be maintained during host integration [111]. A summary of the requirements 

of hydrogels for 3D bioprinting using bioinks is displayed in Table 2-2. 
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Table 2-2. Hydrogel requirements for 3D bioprinting using bioinks. 

3D Structure High porosity, integrin-activated, stiffness 

Viscosity Shear stress: shear-thinning/shear-thickening 

Surface 

tension 

Retention inside nozzle until printing. Limited spreading, spraying, 

spilling upon printing 

Gelation Rapid gelation via crosslinking, shape-retention  

Physical 

properties 

Molecular mass, concentration, composition, temperature sensitivity, 

diffusion properties 

Cell 

integration 

Minimal viability loss during printing due to nozzle shear stress. Cell 

differentiation, proliferation, growth, tissue formation 

Hydrogels can be broadly classified into two categories: natural and synthetic. Generally, 

natural hydrogel materials offer high biocompatibility and biodegradability whilst innately 

having the structure to support cell migration, adhesion, maintenance and growth, with the 

major drawback of lacking the mechanical strength to support their own weight and can also 

suffer from batch-to-batch variability [112]. Conversely, synthetic materials possess the 

mechanical strength to retain shape and structural integrity but generally suffer from poor 

biocompatibility and are largely non-biodegradable. In the case where synthetic hydrogels are 

biodegradable, there may be a risk of  toxicity or immunogenicity issues caused by resulting 

degradation products [113]. A summary of the ideal requirements of engineered tissues is 

presented in Table 2-3, by adaptation of a table created by Catto et al. [114]. 
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Table 2-3. Ideal requirements of engineered tissues [114]. 

Biocompatibility 

 Non-toxic 

 Non-immunogenic 

 Not susceptible to infection 

 Growth potential for paediatric patients 

 Non-cytotoxic degradation products  

Mechanical properties 

 Mechanical properties similar to native vessel to 

allow structural stability 

 Adequate suture retention/ neighbouring vessel 

integration 

Processability 

 Low manufacturing costs 

 Readily available with many different sizes 

 Sterilisable 

 Easy storage 

Some of the most commonly used natural hydrogels include alginate, collagen and chitosan 

[115] , whilst synthetic polymers such as Pluronic F-127, PEG (polyethylene glycol) and PCL 

(polycaprolactone) are widely used for scaffold fabrication purposes [116]. 

2.2.2.2. Alginate as a hydrogel  

Alginate, or alginic acid, as one of the most common bioprinting hydrogels, presents as a 

naturally-occurring, water-soluble, anionic polysaccharide derived from the cell walls of 

brown algae. Alginate exists as a linear copolymer composed of blocks of (1,4)-linked β-D-

mannuronate (M) and α-L-guluronate (G). Alginates differ in G and M ratios (G/M ratio) and 

block length depending on source. These blocks may exist as consecutive G- or M- blocks or 

in alternating MG- (or GM-) blocks. Alginate benefits from biocompatibility, low toxicity and 

low-cost and is highly desirable in biomedical applications due to its ability to cross-link to 

create a highly-tuneable, three-dimensional, mechanically-stable scaffold network which can 

be used as an extracellular matrix mimic as a cell and tissue scaffold material [117]. By 

manipulating the type of alginate used (molecular weight, G/M ratio, pH, concentration and 

viscosity), the alginate shell mechanical and degradation properties may be finely tuned. In 

addition, the wide use and study of alginate is boosted by its regulatory approval status with 

the US Food and Drug Administration (FDA) [118], thus eliminating notoriously long lab-to-

patient approval times. Figure 2-10 presents the chemical structure of alginate, highlight ing 

the G- and M- and GM-blocks. 
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Figure 2-10. Sodium alginate chemical structure, illustrating the G-, M- and MG-blocks as part of the polymer 

chain [119]. 

Divalent cations such as calcium, strontium and barium bind preferentially to the carboxylic 

acid groups located on G-blocks. However, it has been found that M- and MG-blocks may 

also participate in the ionic bonding process [120]. The most commonly-used cation, Ca2+, 

may bind to G- and MG-blocks, barium (Ba2+) may bind to G- and M-blocks whereas 

strontium (Sr2+) binds solely to G-blocks [121]. This facilitates ionic bonding between 

neighbouring alginate chains to form a three-dimensional, porous hydrogel structure capable 

of being used as a scaffold material in cell and tissue engineering. The affinity of alginate for 

divalent cations has been proven to decrease in the following order: Pb > Cu > Cd > Ba > Sr 

> Ca > Co, Ni, Zn > Mn [122]. The gelling and ion-binding properties of alginate is affected 

by the specific properties and choice of divalent cation [123].  

Upon cross-linking, alginate hydrogels allow the diffusion of water into the cross-linked three-

dimensional network, resulting in volume swelling. Swelling is largely dependent on the cross-

linking ratio, a measure of the number of moles of cross-linking agent to the number of moles 

of hydrogel polymer repeating units. It has been shown that as the cross-linking ratio increases, 

through an increase in the concentration of the cross-linking agent, swelling ability diminishes, 

showing an inverse proportionality link between cross-linking ratio and swelling. An increase 

in the degree of cross-linking leads to a more compact hydrogel structure and a subsequent 

reduction in the capacity for water uptake [124]. Alginate pH has also been shown to affect 

swelling, whereby low levels of swelling were observed in acidic environments [125]. Figure 

2-11 illustrates the alginate cross-linking mechanism, where an ‘egg box-like’ structure is 

produced. 
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Figure 2-11. Alginate cross-linking mechanism using Ca2+ to produce an ’egg box-like’ structure, adapted from 

[126]. 

Cross-linked alginate structures are susceptible to degradation caused by various ions 

contained in cell culture media, including phosphate, sodium, potassium and magnesium 

[127]. It is therefore imperative that cross-linked alginate structures retain integrity for 

sufficient time to facilitate ECM and tissue formation and maturation prior to any in vivo 

testing [128]. If required, alginate structures may be readily dissolved, primarily by means of 

chelation, using chemicals such as EDTA (ethylenediaminetetraacetic acid) and sodium citrate 

to remove divalent cations from the cross-linked alginate structure. A further, non-ionic, 

alginate degradation mechanism is by the enzymatic breakdown of the alginate backbone using 

the enzyme alginate lyase [129]. The degradation of alginate scaffolds should result in the 

production of high-viability, fine diameter transplantable tissue filaments. 

2.2.2.3. Collagen 

Collagens are the most abundant protein type in the human body and are a vital structural 

component in the ECM of many tissues. Collagen is categorized into 28 subtypes, with types 

I, II and III making up 80–90% of the collagen in the human body, whereby type I collagen is 

the most expressed of the three [130]. Figure 2-12 summarises the various types of collagen 

and their relative locations within the human body. Collagen I is also the most-studied collagen 

type, owing to its excellent biocompatibility and mechanical properties.  
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Figure 2-12. Image illustrating the locations of the different types of collagen in the human body. Three of the most 

abundant collagen types are displayed for non- cartilage tissues (panel a) and cartilage tissues (panel b). TMJ, 

temporomandibular joint [130]. 

Collagen type I exists as a heterotrimer molecule whereby in the majority of configurations 

the trimer structure consists of two α1(1) chains and one α2(1) chain; in the minority of cases 

the homotrimeric form of three α1(1) chains is present. These three chains are strongly held 

together through a combination of covalent and hydrogen bonds to form a triple helix strand 

structure, known as tropocollagen. Triple helix strands may self-assemble in a hierarchical 

order, leading to the formation of strong collagen fibres found in the body [131], as is 

illustrated in Figure 2-13. Each chain consists of in excess of 1000 amino acids, measuring 

approximately 300 nm in length and 1-5 nm in width [132]. 

 

Figure 2-13. Illustration of collagen hierarchical organisation from tropocollagen to complete fibres. 

Within the collagen triple helix structure, there is a glycine (Gly) residue located in every third 

position. The collagen structure may therefore be described by the repeating sequence of Gly-

X-Y triads whereby proline (Pro) in the X-position and 4-hydroxyproline (Hyp) in the Y-

position represent the most common triplet (10.5%). The Gly-Pro-Hyp triplet provides vital 

structural stabilisation to mammalian collagen triple helixes [133] 
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Rat tail tendon, porcine and bovine skin-derived collagen type I are the most commonly-used 

sources of collagen. In addition, an abundant but currently under-studied source of collagen is 

marine collagen, which is mainly harvested from the skin, scales and bones of fish, molluscs 

and from various tissues of marine invertebrates. Marine collagen benefits from a reduced risk 

of disease transmission and in its inherent abundance, however, there is a lack of clinical 

studies to assess the therapeutic effects of marine collagen-based scaffolds for tissue 

engineering in humans [134]. 

Despite the benefits of using the current gold standard animal-derived form of collagen, there 

are risks which must be addressed to limit adverse reactions on clinical use of these therapies. 

There is a risk of infectious disease transmission arising from the various purification 

processes [135] [136] in addition to immunogenicity issues on integration with host tissues 

and batch-to-batch variability [137] [138].  

Human-derived collagen has also been developed as an alternative but suffers from high cost 

and batch-to-batch variation resulting from factors such as age, ethnicity and environment, 

leading to undesirable mechanical and chemical issues such as increased resistance to 

collagenase, decreased elasticity and loss of osmotic swelling capacity [139] [140]. 

Furthermore, recombinant collagen sources benefit from the ability to produce chemically-

identical batches at scale whilst avoiding pathogenic infection [141]. However, the 

combination of low yield, high cost and the failure of recombinant collagens to achieve the 

desired post-translational modifications observed with native collagen have prevented 

successful adoption of this technology in most research labs across the world [142]. 

Furthermore, there are many methods which can be employed to extract collagen from tissues, 

including alkali, acid, enzymatic and acid-driven salting-out extraction [143] [144].  

Rat tail tendon-derived collagen was selected as the collagen source for the work presented in 

this thesis, primarily due to the combination of low-cost [145], plentiful supply, predictable 

concentration and relative ease of processing and purification using an acetic acid extraction 

process [146]. 

The acetic acid extraction process leads to the decomposition of collagen fibres and fibrils into 

collagen aggregates consisting of collagen monomers suspended within the acetic acid 

solution. These small aggregates self-assemble in vitro at neutral pH, with sufficient ionic 

strength and at room temperature and appear identical to those seen in vivo, therefore allowing 

in vitro studies to provide accurate model studies [147]. Self-assembled collagen gels exhibit 

excellent biocompatibility and can be formed into any shape capable of confinement for 

studies. 
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Unfortunately, these collagen gels are mechanically weak, due to inherent  low biomechanical 

stiffness and elasticity in addition to their rapid biodegradation which leads to their 

unsuitability for in vivo studies [148], however, cellular remodelling of collagen may 

overcome this limitation [149]. Collagen is naturally degraded by matrix metalloproteases 

(MMPs) specifically collagenases [150] and serine proteases such as trypsin [151]. This 

consequently bestows control of ECM degradation and remodelling to embedded cells within 

the engineered collagen construct, thus allowing cells to remodel the collagen to their specific 

needs and requirements. Figure 2-14 illustrates the various forms of collagen which can be 

used in practice in addition to providing a representative example of haematoxylin and eosin 

staining of a collagen hydrogel scaffold. 

 

Figure 2-14. A: Bovine-derived collagen hydrogel, B: Collagen sponge, C: Collagen hydrogel scaffold, D: 

Haematoxylin and eosin staining of collagen hydrogel scaffold. Scale bars: A = 5 mm, B and C = 1 mm, D = 100 

µm [152]. 

In many cases, however, the use of cross-linking or tissue-engineered scaffolds to 

mechanically support collagen gels in vitro is essential [153]. The mechanical properties of 

collagen may be improved by use of chemical cross-linkers including glutaraldehyde [154] 

and carbodiimide [155] or by physical means, such as UV irradiation [156], freeze drying 

[157] and heating through dehydrothermal treatment (DHT) [158]. 

In addition, collagen may also be enhanced by blending with natural and synthetic polymers 

such as hyaluronic acid and PLA [159].  
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Interestingly, an analogue of collagen, collagen methacrylamide (CMA), has been developed, 

which retains the natural properties of collagen but becomes rapidly photo-cross-linkable 

using UV light and also thermo-reversible due to the addition of methacrylate groups to lysine 

residues on the collagen protein backbone. This process allows control of the mechanical and 

bioactive properties of CMA by manipulating the cross-linking conditions, such as UV 

exposure time, photo-initiator type and its relative concentration, thus rendering CMA a very 

attractive material for tissue engineering [160]. Figure 2-15 exemplifies the difference between 

the gelation mechanisms of type I and methacrylated collagens. 

 

Figure 2-15. Comparison between the gelation mechanisms of type I collagen and methacrylated collagen, 

illustrating the ability of thermo-reversible methacrylated collagen to retain fibre ultrastructure with changing 

temperature [160]. 

A further consideration to make upon utilisation of collagen for tissue engineering purposes is 

that to achieve a high level of tissue functionality it is imperative that self-assembled collagen 

fibrils are aligned appropriately to achieve the intended tissue geometry, in the case of fibrous 

tissue engineering fibrils would ideally be aligned parallel to the walls of a cylindrical scaffold 

in order to facilitate the alignment and subsequent aggregation of seeded cells [161]. 

2.2.2.4. Cells 

With regards to the integration of cells into hydrogels to form printable bioinks, cells can be 

added to hydrogels by simple mixing of cell pellets in media with hydrogel, allowing cell 

encapsulation. Additionally, cells may be printed when in a more tissue-like state, in the case 

of tissue spheroids or organoids [162], allowing more robust organ-like in vitro cell studies. 

Interestingly, tissue strands have also been used, whereby Yu et al. [163] harvested cells and 

microinjected them into tube-shaped semi-permeable capsules to obtain tissue strands upon 

cell aggregation. This allowed scaffold-free fabrication of tissue strands without the need for 

hydrogel or delivery medium. 
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With regards to the choice of cell form, there are a few limitations and challenges to understand 

to lead to successful tissue development. On progressing from single cells, particularly from 

stem cells followed by primary or differentiated cells, to cell aggregates or spheroids and 

finally to organoids and tissue strands, cells gain more tissue-like, specialised function, which 

naturally facilitates the growth and production of further tissue due to the desired architecture 

and cell signalling being readily available for newly-produced or migrated cells to utilise, as 

opposed to the need for growth media supplementation [164]. In addition, as the size of the 

cell precursor becomes larger, issues with nutrient availability and lack of vascularisation 

arise, leading to necrosis, thus limiting the use of higher-level options, such as spheroids and 

organoids. In addition, larger constructs will also be subject to larger shear forces on printing 

with nozzle-based printing platforms to achieve fine filament diameters, potentially leading to 

considerable cell damage and death [165] [166].  

For the experiments detailed in Chapter 5, adipose-derived stem cells (ADSCs) were utilised 

for cell seeding applications. ADSCs offer many advantages over other cell types for a variety 

of reasons. Firstly, ADSCs are relatively easier to harvest due to the minimally-invasive nature 

of accessing adipose tissue in comparison to other popular stem cell types, such as 

mesenchymal stem cells (MSCs) which are usually derived from bone marrow or umbilical 

cord blood [167]. ADSCs bypass the ethical difficulties faced when using embryonic stem 

cells (ESCs), meanwhile, there is no need for reprogramming of adult cells, necessitating the 

use of expensive transcription factors and extra processing steps, when using induced 

pluripotent stem cells (iPSCs). ADSCs also possess minimal immunogenicity [168] and have 

the ability to secrete useful growth factors and cytokines [169]. Finally, owing to the multi-

potency of ADSCs, various tissue types may be engineered through this single cell source, a 

major advantage to co-culture scenarios. 

2.3. Engineering of tissue fibres 

Given that many tissues of the human body are aligned in structure and orientation, such as 

vasculature [170], nerves [171] and articular cartilage [172], correct alignment of cells and 

biomaterials during tissue engineering is vital to achieve and maintain tissue-specific function. 

In the body, the surrounding ECM environment helps to regulate cell alignment, surface 

topography and cell signalling thus tissue engineered constructs must also achieve this by 

mimicking the structure of the native ECM [173]. Therefore, successful fabrication of fine 

diameter biomaterial filaments, or fibres, can provide the foundations for the production of 

higher-order tissue or organ constructs with correct biomaterial alignment by using these 

filaments as the building blocks. 
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In this respect, the current limitation of tissue engineering is that biological constructs with 

degrees of cell and ECM alignment comparable to native tissue are yet to be fabricated [174] 

[175] due to material and resolution limitations; however, this is a challenge in which the field 

is endeavouring to overcome. Efforts are being directed towards researching a combination of 

new biomaterials to achieve better cell alignment and physicochemical properties, such as 

smectic liquid crystal elastomer coatings with nano-grooves, which have demonstrated 

excellent ability to align human dermal fibroblasts over large areas [176]. An overview of 

smectic liquid crystal use for cell alignment is shown in Figure 2-16. 

 

Figure 2-16. (a) Schematic representation of the oily streak structures at the air/smectic A (SmA) liquid crystal 

(LC) interface. The green ellipsoids represent liquid crystal molecular orientation within SmA layer. (b) R-DHM 

texture of the surface profile of SmA LCE grooved substrate. (c – f) Fluorescent microscopy images, Day 1 of 

human dermal fibroblasts (hDF) grown on (c) fibronectin coated and (d) fibronectin-free nanogrooved SmA LCE 

substrates, showing that aspect ratio (AR) of hDFs plated on fibronectin-free substrate is ~2 times higher. Day 3 of 

hDFs grown on (e) fibronectin coated and (f) fibronectin- free nanogrooved substrates. The arrows represent the 

direction of the nanogrooves. Actin filaments stained with Alexa Fluor 488 phalloidin are presented in purple, while 

the cyan regions indicate the nuclei stained with DAPI. Scale bars 100 μm [176]. 

Additionally, the use of highly-conductive, electrospun MXene nanofibres (two-dimensiona l 

metal carbides) have shown excellent biocompatibility and have displayed enhanced 

differentiation of mesenchymal stem cells into osteoblasts for bone tissue engineering, aided 

by the possession of outstanding mechanical properties and large surface area (see Figure 

2-17) [177].  

Furthermore, efforts are also being directed towards reducing filament diameters, to achieve 

more precise cell and biomaterial placement, using techniques such as direct laser writing with 

two-photon polymerisation and digital light processing in combination with bioprinting [178] 

[179]. 
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Figure 2-17. (a) SEM image of MXene composite nanofibers (24x magnification). (b) Osteogenic differentiation 

of BMSCs after 14 days of culture on samples, n =4. (c) Fluorescent images of BMSCs after 5 days of culture on 

samples, showing F-actin filaments stained in green and cell nuclei stained blue [177]. 

Tissue engineered filaments can be used in multiple configurations, ranging from aligned 

electrospun fibres, micropatterns, aligned or channelled structures or in combinations of these 

different aligned structural configurations. These options have been used in the engineering of 

many different tissue types, ranging from nerves [180] to muscle fibres [181], tendon [182] 

and dentine (dentin) [183] [184]. An overview of the application of aligned tissue engineered 

structures is displayed in Figure 2-18. 
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Figure 2-18. Schematic of the biofabrication of aligned structures, including aligned electrospun nanofibers, aligned 

porous or channelled structures, micro-patterns and combinations thereof, and their applications in nerve, skeletal 

muscle, tendon and dentin tissue engineering [184]. 

Whilst electrospinning involves applying a high-voltage to a polymer fluid in order to eject 

jets of fine filaments through a spinneret, which are then collected and cured to obtain 

nanoscale fibres, the process for fabricating aligned nanofibres is slightly different. Magnetic 

electrospinning involves the use of two magnets attached to a conventional electrospinning 

apparatus and a low concentration of magnetic material is added to the polymer solution. 

Employing magnets allows the generation of a magnetic field which aligns spun fibres in 

parallel and fibres attached to magnets are stretched, leading to an efficient, facile and 

controllable process to generate aligned nanofibres [185] [186]. A schematic of the magnetic 

electrospinning process is shown in Figure 2-19. 
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Figure 2-19. Illustration of the apparatus used for magnetic electrospinning to generate aligned fibres [185]. 

Material micropatterning can be employed in order to study various aspects of cell behaviour 

in vitro and can provide a platform to mimic native tissue architecture. For example, by 

manipulating the divergence angle of micropatterns, cell migration direction can be controlled 

and by additionally changing the micropattern width, the migration speed may also be 

controlled (see Figure 2-20) [187].  
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Figure 2-20. A schematic of the Rome (biocompatible, UV-curable polymer) platform composed of parallel and 

narrow troughs (zone I), diverging troughs (zone II), and parallel and wide troughs (zone III). This assay creates 

the gradient of physical spatial cues using the micropatterns, thus imposing one-directional morphological polarity 

on adherent cells [187]. 

In addition, micropatterns may also induce mechanotransduction [188] and affect stem cell 

fate by alterations to cell morphology [189]. Biological micropatterning generally involves 

chemical structure patterning and physical patterning by manipulating surface topology [190]. 

Micropatterning techniques include photolithography and soft lithography [191], laser-guided 

techniques [192] and piezoelectric inkjet bioprinting [193]. 

Aligned porous or channelled structures can be created using directional freezing, otherwise 

referred to as ice-templating or freeze-casting (see Figure 2-21). Directional freezing involves 

freezing the material solution to be casted with subsequent freeze-drying under vacuum to 

sublimate the solvent, thus leaving the porous material behind. As the solute is repelled by the 

solvent crystals during the freezing process, it is squeezed among them, leaving behind aligned 

porous channels on completion of the freeze-drying process. The solvent nucleates and 

crystallises along the direction of the temperature gradient generated by the freezing process, 

thus the orientation of the crystals and resulting pores can be controlled by manipulation of 

parameters such as solution physicochemical properties, freezing temperature and structure 

geometry [194] [195].  
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Figure 2-21. Illustration of the freeze-casting process, with options of homogenous freeze casting or directional 

freeze casting after mould filling [196]. 

The freeze-casting process can produce structures which can physically guide cell orientation 

[197], increase scaffold mechanical properties [198] and provide additional control of pore 

uniformity and overall structure [199]. 

2.3.1. Tissue engineering approaches for the fabrication of tissue fibres 

There has been many different tissue engineering approaches to the fabrication of tissue micro-

fibres, ranging from extrusion [200] and electrospinning (ES) [201] to interfacial 

polyelectrolyte (polyion) complexation (IPC), where fibres are formed through ionic 

interactions at the interface of polymers of opposing charge [202].  In addition, further 

alternative methods such as syringe dipping, suture-based composite fibre generation and 

centrifugal spinning (CS) have also been demonstrated and will now be discussed in further 

detail. 

In 2016, Kalisky et al. [203] used successive syringe dipping, firstly using calcium chloride 

and sodium alginate to create a calcium alginate hydrogel whereby a cylindrical capillary was 

formed on removal of the syringe needle (see Figure 2-22). Mouse bone marrow stromal 

precursor cells were embedded within a type I rat tail collagen solution (5.0 mg/ml) at a 

seeding density of 50 x 106 cells/ml and injected into the newly-created capillary and cultured 

over 15 days to form high-viability cell filaments of approximately 200 µm diameter along the 

collagen backbone. This method benefits from its simplicity and versatility, however, it suffers 

from having very large (multiple millimetres) shell thicknesses for the first 24 hours of culture, 

therefore limiting nutrient diffusion. On shell dissolution after 24 hours, cell-seeded collagen 

fibres were left to culture without any scaffold, leading to major difficulties in fibre 

manipulation for movement or transplantation purposes due to the inherent mechanical 

weakness of collagen. 
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Figure 2-22. Fabrication procedure of the core-shell fibres. (A) Production of the shell using successive alginate 

coatings. (B) Production of the core by the substitution of the capillary with collagen/cell suspension. (C) Ability 

to separate the core from the shell after 24 h of culture. (D1) Representative contrast phase microscopy of a fibre 

at day 4 (scale = 150 μm). (D2) Representative coloration with methyl blue of a fibre at day 4 (scale = 500 μm). 

(D3) Representative scanning Electron Microscopy of a fibre at day 4 (scale = 50 μm) [203]. 

In 2017, Costa-Almeida et al. [204] used a previously-developed textile technique whereby 

non-absorbable silk surgical suture threads were drawn through a sequence of baths coating 

with a hydrogel mixture of 1.5% alginate and 10% GelMA (both w/v) to create composite 

fibres, with alginate cross-linking using calcium chloride and UV cross-linking of GelMA. 

Human tendon-derived cells (hTDCs) were embedded within the hydrogel mixture and 

composite fibres were subsequently braided, allowing the combination of multiple cell types. 

Embedded hTDCs remained viable for 21 days. This method benefits from being highly 

customisable, with various material concentrations and cross-linking times to manipulate in 

order to control hydrogel thickness. However, this method did not appear to facilitate cell 

aggregation into fibres with the utilised cell-seeding density (2.5 x 106 cells/ml) [205] and the 

use of non-absorbable suture material may require an undesirable removal surgery (See Figure 

2-23) [206].  
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Figure 2-23. Viability of human tendon‐derived cells encapsulated in composite fibres (silk suture threads coated 

in 1.5% alginate/ 10% GelMA). (a and b) Optical microscope images of cell‐laden composite fibres after 7 days in 

culture. Scale bars, (a) 100 and (b) 50 μm. (c and d) Live/dead images of human tendon‐derived cells encapsulated 

within composite fibres after (c) 1 and (d) 7 days in culture. Live cells are green (calcein acetoxymethyl), and dead 

cells are red (propidium iodide). (e–f) Confocal microscope images of live/dead staining of human tendon‐derived 

cells encapsulated within composite fibres after 21 days in culture. (e) Live/dead image merged with brightfield 

channel. Scale bars, 250 μm. (f) Three‐dimensional reconstruction [205]. 

Centrifugal spinning is a further method for the fabrication of nano-scale fibres at high speed 

and low cost. With centrifugal spinning the fluid is situated within a spinning head and is 

accelerated to increase rotational speed up to thousands of rpm (revolutions per minute). Upon 

the rotational velocity reaching a critical value, the centrifugal force exceeds the fluid surface 

tension, resulting in the ejection of a liquid jet from one or more nozzle tips on the spinning 

head. This liquid jet experiences stretching, caused by inertial forces, to produce fibres as the 

fluid evaporates, a process based on that of the production of cotton candy [207] [208]. The 

CS method benefits from a higher production rate and finer fibre diameters in comparison to 

the electrospinning methodology. Figure 2-24 provides a schematic summary of the CS 

method. 
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Figure 2-24. Schematic of the emulsion centrifugal spinning process, exemplified by the use of protein and PF-68 

dissolved in ethanol (EtOH) which is then added to PCL in chloroform, mixed and subjected to the centrifugal 

spinning process [209]. 

In 2017, Buzgo et al. [209] used CS with a voltage of 48 V and the rotational speed set to 

11,000 rpm, by using a water-in-oil emulsion, with PCL dissolved in chloroform as the 

continuous phase and pluronic F-68 (a non-ionic surfactant) dissolved in ethanol as the droplet 

phase to produce nanofibres seeded with 3T3 fibroblasts and MG63 osteoblasts with 

demonstrated proliferative ability. The conclusion of this study suggested that the platform 

was suitable for protein release studies due to showing improved fibroblast and osteoblast 

metabolic activity and proliferation, however, this platform seems unable to facilitate tissue 

fibre formation as cellular aggregation into filament-like structures was not demonstrated (see 

Figure 2-25). 

 

Figure 2-25. Morphology and viability of nanofibres fabricated using centrifugal spinning. (a) SEM image of 40% 

PCL + 10% PF-68 + LYO. (b) SEM image of 40% PCL + 5% PF-68 + LYO. (c) Confocal image of 40% PCL + 

10% PF-68 + FITC-BSA. (d) Confocal image of 40% PCL + 5% PF- 68 + FITC-BSA. (e) Confocal microscopy 

images of coaxial nanofibers seeded with MG-63 cells and platelet lyophilisates (LYO), on days 7 and 14 of culture. 

Cells were stained with DiOC (3,3′-dihexyloxacarbocyanine iodide, green colour) and propidium iodide (red 

colour). Scale bars in (a) and (b) = 50 µm; scale bars in (c) and (d) = 200 µm (unavailable for (e)) [209]. 
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In 2021, Norzain and Lin [210] used combined CS with ES, known as centrifugal 

electrospinning (CES), with voltages up to 15 kV and rotational speeds up to 3000 rpm, to 

produce aligned PCL nanofibres capable of supporting the viability and elongation of human 

fibroblast cells along the direction of the aligned fibres for 14 days, with fibre diameters in the 

200 - 400 nm range (see Figure 2-26). Despite this success, there was no observed aggregation 

of cells into a tissue filament. Furthermore, the CES method requires cell seeding to occur 

post-fabrication, adding an undesirable further step to the manufacturing process, due to the 

use of toxic solvents having deleterious effects on cellular survival [211] and long cell 

infiltration times into electrospun scaffolds [212].  

 

Figure 2-26. (a) morphology of human fibroblasts seeded on PCL nanofibres fabricated using the centrifugal 

electrospinning method, with either random or aligned oritentation. Cell nuclei are stained blue using DAPI (4’,6-

diamidino-2-phenylindole dihydrochloride). (b) cell viability of human fibroblast cells seeded within randomly-

oriented and aligned scaffolds over a 14-day culture period [210]. 

In summary, tissue engineering approaches have contributed significantly to the progression 

of tissue filament and fibre engineering. Despite this progress, there are still many limitations 

and bottlenecks of these approaches. Fortunately, the introduction of bioprinting as a viable 

tissue engineering platform can contribute to overcome these limitations. Bioprinting 

facilitates accurate and homogenous placement and distribution of cells on scaffold materials 

[213] in addition to having the capacity for precise formulations of bioinks containing multiple 

biomaterials and cell types which can be extruded in a simultaneous manner [214] whilst 

allowing the tuning of biomaterial physicochemical properties for desired cell-biomater ia l 

interactions [215]. Moreover, the ability to tune biomaterial properties confers greater control 

of stem cell differentiation (if stem cells are utilised), at any stage of the culture process, 

therefore increasing the likelihood of producing target terminally-differentiated cell types and 

tissues [216]. 
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2.4. Coaxial bio-extrusion  

On the challenge of printing and extruding cell-laden tissue filaments, it is imperative to 

contain all biomaterials necessary for the formation and maturation of tissue fibres within a 

porous hydrogel scaffold, which also acts to provide mechanical support to cultured tissues. It 

is also essential to fabricate hydrogel scaffolds as rapidly as possible to provide instantaneous 

stability and containment to extruded cells and biomaterials within the extruded construct.  

In response to these requirements, an attractive methodology for the extrusion of tissue fibres 

and filaments is coaxial bio-extrusion (or simply coaxial extrusion). This approach employs a 

coaxial nozzle in order to extrude organised structures whereby two nozzles are concentrically 

aligned to allow extrusion of core-shell structures, whereby ECM with embedded cells are 

located within the inner core nozzle; meanwhile, the hydrogel solution is extruded through the 

outer shell nozzle, creating an annular shape whilst flowing through the nozzle. A schematic 

summary of the coaxial extrusion process is shown in Figure 2-27.  

 

Figure 2-27. Basic overview of coaxial bio-extrusion, showing cross-linking of hydrogel solution to fabricate 

robust, cylindrical core/shell tissue filament scaffolds. 

Alginate is ubiquitously used as the hydrogel solution due to its ability to rapidly crosslink to 

create a hollow, robust, porous, three-dimensional cross-linked scaffold on contact with a 

cross-linking bath containing divalent ions, which is usually 100 mM CaCl2 [217].  

Originally developed by Shin et al. [218] in 2007 by combining glass pipettes with a PDMS 

(Polydimethylsiloxane) chip, coaxial bio-extrusion involves the use of a coaxial nozzle which 

contains two input ports, the outer shell and the inner core, which, when combined, allow 

concentric flow. The Shin et al. process is presented in Figure 2-28. 
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Figure 2-28. Overview of calcium alginate microfibre generation system. (a) Schematic of microfibre generation 

apparatus and principle of gelation (dotted circle). (b) Calcium alginate fibres generated by using microfluidic 

system. (c-e) Formation of spiral curl of alginate solution in the outlet pipet according to the flow changes: (c) 

sheath flow rate: 20 mL/h, sample flow rate: 1 µL/min; (d) sheath flow rate: 20 mL/h, sample flow rate: 3 µL/min; 

(e) sheath flow rate: 20 mL/h, sample flow rate: 5 µL/min [218]. 

Whilst Shin et al. used co-flow of an alginate core stream and a CaCl2 solution shell stream to 

produce calcium alginate fibres, in 2008, Sugiura et al. [219] produced hollow calcium alginate 

micro-tubes by adding sodium alginate in the shell stream, coupled with calcium chloride 

(CaCl2) simultaneously flowing in the core nozzle and extruding into a CaCl2 cross-linking 

bath (see Figure 2-29).  

 

Figure 2-29. Formation of alginate micro-fibres and micro-tubes. (a) Formation process of calcium alginate micro-

fibres. Note: MN = micro-nozzle. (b) The recovered calcium alginate micro-fibres. (c) SEM photograph of cross 

section of lyophilized alginate-PLL-alginate micro-tubes [219]. 
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Monovalent Na+ ions within alginate are displaced by divalent Ca2+ ions through ion exchange 

to initiate alginate cross-linking between neighbouring carboxylic acid groups to produce a 

porous, mechanically-stable, tubular hydrogel network of calcium alginate. These partially 

cross-linked structures may be further cross-linked in the cross-linking bath over time; other 

divalent cations such as Sr2+ or Ba2+ [220] may be used in place of or synergistically with Ca2+ 

to tune the alginate shell mechanical properties.  

In 2013, Onoe et. al. [221] used this platform to fabricate high-viability metres-long cell-laden 

filaments of various cell types, including rat cardiomyocyte and cortical cells in addition to 

HUVECs (human umbilical vein endothelial cells). This was achieved using a microfluid ic 

apparatus by employing cells embedded within a neutralised, type I collagen solution (acid 

and pepsin-solubilised rat tail-derived) in the core nozzle. Collagen thermal self-assembly 

occurred within the lumen of the tubular alginate scaffolds to produce mechanically-stabilised 

cell-laden filaments. Further, differentiation of neural stem cells (NSCs) within pepsin-

solubilised collagen was demonstrated, with maintenance of differentiated state on day 77 also 

shown, therefore providing proof-of-concept of in situ stem cell differentiation and maintained 

expression of the differentiated phenotype within coaxially extruded cell-hydrogel scaffolds 

(see Figure 2-30). 

Due to the extrusion process lasting less than one minute and due to filaments immediately 

being removed from the cross-linking bath post-extrusion and washed (usually with saline 

solution) the effect of exposure of any cells to 100 mM CaCl2 solution is negligible [222]. 
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Figure 2-30. Formation of a metre-long cell-laden microfibre. (a) An image (top) and an explanatory illustration 

(bottom) of the double-coaxial laminar flow microfluidic device. The device was composed of pulled glass 

capillaries and connectors. A double-coaxial laminar flow consisting of a pre-gel solution of ECM proteins with 

cells (core), a pre-gel solution of Na-alginate (shell) and a CaCl2 solution (sheath) was generated in the device, and 

a cell-containing ECM-protein/Ca-alginate core–shell hydrogel microfibre was continuously formed. (b) Sequential 

images of the behaviours of NIH/3T3 cells in the different types of ECM protein. NIH/3T3 cells in ACol and Fib 

formed cell fibres. In contrast, NIH/3T3 cells in PCol did not form cell fibres. (c) Immunofluorescence staining of 

NSC–PCol fibres with differentiation induction for 77 days. The arrows indicate synaptic clusters (right). Tuj1, 

green; synapisin, magenta; nuclei, blue. Scale bars in (b) = 100 µm, (c) = 20 µm [221]. 

The coaxial extrusion approach benefits from a high level of customisation, from hydrogel and 

bath components and their respective concentrations to the number of input nozzles and their 

respective internal diameters and geometries [223]. In addition, filament or hollow tube 

diameter may also be tuned by manipulating nozzle configuration, diameter and flow rates. 

Moreover, multiple materials may be mixed to create multiple input reservoirs for the extruder 

to select from in addition to mutli-layer structures with lengths in excess of one metre, which 

may be formed upon the use of multi-axial nozzles [224]. In addition, cells may be added to 

the shell nozzle in order to create cell-laden tubular structures, this would provide the benefit 

of cells being closer to their source of nutrition as opposed to cells in the centre of a filament 

with a tubular scaffold structure, thus aiding cellular long-term viability [225]. 

Coaxial extrusion, as a versatile tissue engineering platform, has the potential to produce 

transplantable tissue filaments and tissues, which may be used for tissue or organ-on-a-chip 

studies, is a viable platform for drug and oncological studies as well as providing a valid model 

to compare 2D and 3D cellular studies, with the added advantage of being able to implement 

cell co-cultures. This change in targeted use may simply be achieved by a change of extrusion 

materials or by modification to extrusion hardware and/or software. 
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2.5. Challenges and limitations of coaxial bio-extrusion 

Due to coaxial bio-extrusion being a nascent field, there are many obstacles to overcome in 

order to realise this technology in a clinical setting. Firstly, due to the need for rapid cross-

linking of the hydrogel scaffold shell material to produce robust scaffolds which will provide 

sufficient mechanical support for core filaments, there is an inherent limitation in materials 

which can be used in the shell nozzle, of which alginate is the predominant choice. Therefore, 

bioink compatibility and formulation remains a major barrier to the progress of this technology 

as a wider array of rapidly cross-linkable materials are required [226]. 

Due to the need for nozzles, in the case of reducing filament diameters, lower nozzle sizes and 

the addition of cells will lead to higher shear stress and damage to cells. This issue becomes 

manifold with the use of multiple nozzles, as careful selection of bioink formulations, 

extrusion flow rates and nozzle sizes will be required for each nozzle [227]. Moreover, as there 

is a requirement for multi-nozzle configurations to fabricate hierarchical structures such as 

nerve, muscle and vasculature, there is a corresponding increase in nozzle fabrication cost, 

which may become prohibitive for clinical use, there is therefore a need to produce low-cost, 

robust, biocompatible nozzles with comparable performance to current commercial options 

[228]. This cost saving will also aid in situations where nozzle blockages and/or corrosion 

necessitate disposal of nozzles in use. 

Furthermore, as coaxial bio-extrusion facilitates facile extrusion of multiple cell types, work 

must be done to optimise media formulations to provide each cell type with sufficient nutrition 

and stimuli [229]. Configurations using minimum essential media and more complex, cell-

specific media combinations have been utilised, however, understanding of co-culture media 

systems is not as developed in comparison to single-cell systems, therefore more work must 

be done to address this issue [230]. 

2.6. Recent advances in coaxial bio-extrusion for tissue fibre 

production 

From 2013 onwards, various advances within the coaxial bio-extrusion field have occurred, 

largely due to advances in understanding of materials coupled with developments in printing 

and extrusion technologies and methodologies. First synthesised in 2000 [231], the use of 

gelatin methacryloyl (GelMA) [232], a semi-synthetic methacrylated version of gelatin 

(hydrolysed collagen), has become common within the coaxial bio-extrusion community due 

its low cost and immunogenicity, room-temperature stability and greater mechanical 

properties in comparison to collagen [233].  
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GelMA is also highly tuneable, whereby its physicochemical properties and hence 

degradability may be controlled by modifications to the synthesis reaction scheme [234] and 

cross-linking process [235]. However, GelMA suffers from inferior biological performance in 

comparison to collagen [236] [237] and low viscosity, leading to the requirement to extrude 

with high concentrations to allow rapid gelation through UV cross-linking, leading to 

limitations in printability (or extrudability) [238] [239]. Furthermore, the cross-linking process 

can be harmful to cell viability if the UV exposure time or cross-linker concentration are not 

suitably controlled [240]. 

Despite these shortcomings, GelMA has been used to extrude high viability, small diameter 

fibres. Shao et al. [241] used modified nozzles to extrude GelMA microfibres of various 

shapes, from straight and wavy to double aligned and double helix configurations, with 

reported acellular fibre diameters under 100 µm. This platform was tested by embedding 

HUVEC cells within GelMA cores, showing cellular proliferation for both straight and helical 

fibre morphologies with an additional demonstration of extruding tubular GelMA structures 

with viable HUVECs present in the lumen; cellular filament diameters were measured at 

upwards of 200 µm (see Figure 2-31). 
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Figure 2-31. Fabrication of GelMA microfibres and its potential applications in tissue engineering. A) The 

schematic of fabrication of the heterotypic GelMA microfibers based on the CRC effect. B) Confocal laser-scanning 

microscopy images of the cell-laden GelMA microfibers revealed the cellular morphology after 10 days of culture.  

C) The morphology of GelMA microfibers changed with increasing of the flow rate ratio (QGelMA/QNa.Alg), and the 

morphological change process of the GelMA microfibers was straight–wavy–helical–thick wavy–thick straight. 

The experimental flow rate conditions were QGelMA/QNa.Alg = 5:400, 10:400, 30:400, 50:150, 60:100 µL min− 1, 

respectively in (i–v). [242]. 

In 2018, bio-extrusion nozzles were 3D printed by Morimoto et al. [243] using a photo-

polymer resin and a commercial stereolithography printer. Termed ‘microfluidic modules’, the 

printed nozzle configuration consisted of two or three nozzle housings which, when combined, 

created a multiple-input modular printing nozzle capable of extruding sub 200-µm, triple-

layered cell-laden collagen fibres within an alginate shell using fluorescently-labe lled 

NIH/3T3 cells. A summary of this work is displayed in Figure 2-32. 
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Figure 2-32. (a) Image of quadruple coaxial co-flow device (CFD) microfluidic device composed of the individua l 

microfluidic modules. (b) Formation of triple-layered alginate gel fibers (use of sodium alginate solution) multi-

layered cell-laden fibres (use of collagen solution with cells) using the CFD for quadruple coaxial flow. (c) Image 

of (c) a cell-laden fibre (day 0) and (d) a cell fibre (day 4) formed with the CFD. (e) Confocal image of a triple -

layered cell-laden collagen in multi-layered cell-laden fibre. Scale bars: (a) 2 mm, (c, d) 500 µm, (e) 100 µm [243]. 

This low-cost and versatile method benefits from allowing full control on printed nozzle 

dimensions and geometries by making simple changes to CAD models in addition to saving 

on nozzle costs in comparison to the use of traditional machined metallic nozzles and 

associated housings. 

2.7. Progress in coaxial bio-extrusion of small diameter 

tissue fibre coaxial bio-extrusion 

With the addition of cells to collagen within core/shell scaffold structures to produce tissue 

filaments, there are many added challenges and considerations to make. Firstly, the porosity 

of the hydrogel scaffold material must be sufficient such that oxygen and all required nutrients, 

cells and growth factors can freely diffuse through the scaffold shell walls in addition to 

migrating through to the core of the extruded ECM filament to make contact with cells at the 

farthest distance from the outer surface of the scaffold, located along the centre line of the 

lumen.  A pictorial summary of these requirements is shown in Figure 2-33. 
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Figure 2-33. Schematic showing diffusion of nutrients and waste through porous hydrogel scaffold into the core of 

an ECM tissue filament.  

Similarly, waste material from cellular metabolism and scaffold degradation in addition to 

dead cells and cellular debris must be swiftly ejected from the hydrogel scaffold material, a 

process which would normally be performed by macrophages within the body. It is imperative 

that no necrotic regions are formed within the bulk of the tissue filament as this can lead to 

major structural and functional failures within the engineered tissue [244]. In bioengineered 

tissues, the diffusion limit of oxygen is in the 100 to 200 µm range; thicker tissues, in the 

absence of vasculature, will be subject to necrosis. It is therefore essential to limit the extruded 

ECM filament diameter to a maximum of 200 µm in cases possessing a lack of vasculature in 

order to avoid tissue necrosis [245].  

Further to tackling the issue of diffusion limitations, coaxial bio-extrusion of fine filament 

diameters may lead to successful fabrication of many fine fibrous tissues within the human 

body which are currently difficult to engineer or are unviable alternatives to gold standard 

surgical autografting. For example, the smallest diameter nerve fibres in the body, 

unmyelinated group C fibres, can range from 0.2 – 1.5 µm in diameter [246] whilst the largest 

fibres, heavily myelinated group A fibres, measure between 1 and 20 µm in diameter, an 

arguably more achievable diameter range for coaxial bio-extrusion in the short-term future. 

Meanwhile, muscle fibres are comparatively larger than nerve fibres, typically measuring 20 

- 100 µm in diameter and represent an easier target filament diameter to achieve [247].  
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The minimal filament diameter achieved using coaxial bio-extrusion is largely determined by 

a combination of extrusion parameters, material rheological properties, nozzle orifice diameter 

and the presence of cells and the corresponding cell seeding density. Therefore, optimisation 

and balance between these aspects must be achieved to improve on current minimal filament 

diameter standards [248] [249]. 

In 2016, Yeo et al. [250] employed a novel aerosol cross-linking process using 10 wt. % CaCl2 

ejected from a humidifier and a pneumatic coaxial bio-extrusion methodology in order to 

fabricate 4.0 wt.% alginate-shelled mesh structures with a minimum diameter of 

approximately 134.0 ± 45.0 µm. The core nozzle internal diameter was 500 µm while the shell 

nozzle possessed an internal diameter of 750 µm. Adipose-derived stem cells (hASCs here) 

were embedded within 2.0 wt. % porcine tendon-derived collagen at a density of 6.7 x 106 

cells/ml and printed within the core of the coaxial nozzle to generate cell-collagen core 

filaments of approximately 300 µm in diameter with high post-print viability (> 90.0%). The 

advantages of using a collagen core over a pure alginate core were also demonstrated by firstly 

differentiating the ADSCs to provide a hepatocyte-like phenotype and subsequently showing 

that the metabolic function of cells within pure alginate was lower than that of a collagen core 

by testing levels of hepatocyte-specific secreted albumin and expression of TDO-2. This paper 

succeeded in showing that ADSCs could be coaxially extruded and retain high viability 

however, the extrusion conditions were apparently not optimal for the aggregation of cells into 

tissue filaments and the minimal filament diameter was above that of the recommended level 

for avascular tissues (see Figure 2-34). 
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Figure 2-34. Optical and fluorescence images of the hASCs-laden mesh structure and control structure. (a) 

Schematic images for designing AC structure and control. Optical and fluorescence (live = green, dead = red) 

images of (b) hASCs-laden structure (AC structure) having core (cell- laden collagen)-sheath (alginate) structure 

and (c) a control with hASCs-laden alginate [250]. 

Furthermore, in 2017, Liang et al. [251] implemented a nozzle-assisted electrohydrodynamic 

coaxial printing platform to fabricate uniform acellular hydrogel filaments of approximately 

80 µm in diameter, using 3% alginate solution within the core of a coaxial nozzle and 3% 

CaCl2 dissolved within a 2% agarose solution (all w/v) as the shell input. By applying a 4.5 

kV voltage to the printing nozzle, the diameter of filaments appeared smaller for all three tested 

nozzles with differing internal diameters (160 – 410 µm) against the non-voltage control cases, 

although no statistical analysis was performed here. By adding rat myocardial cells (H9C2) 

cells, embedded within the alginate solution at 1.0 x 106 cells/ml, 30-layer cell-seeded alginate 

lattices were fabricated, with cell channels measuring between 100 and 200 µm (see Figure 

2-35).  
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Figure 2-35. (a) Schematic of coaxial nozzle-assisted electrohydrodynamic printing for microscale cell-laden 

constructs. (b) Microscopic images of the electrohydrodynamic 3D printed cell-laden constructs with a layer 

number of 30 in total. (c– e) Cell distribution at specific layer of 5, 15 and 25 respectively [251]. 

Viability was claimed to have remained quantitatively above 90% (however no timestamps 

were provided on the accompanying figures). No cellular aggregation was observed and 

individual layer (layers 5, 15 and 25) cellular presence appeared sparse and insufficient for 

aggregation despite achieving suitable filament diameter, which may be a drawback of 

embedding cells within alginate, a non-bioactive material known to limit cell migration, thus 

hindering the ability of cells to aggregate into higher-order tissues [252]. 

A further step forward was taken by Wang et al. in 2019 [253] whereby fine diameter, high-

viability cell-collagen filaments within a 1.0% alginate-5% GelMA (both w/v) cylindrical shell 

were fabricated using a microfluidic chip consisting of glass capillaries of 300 µm internal 

diameter. Dual CaCl2 and UV cross-linking was used to cross-link the alginate-GelMA shell,  

firstly by immersion printing into a CaCl2 bath (1.5%, w/v), followed by irradiation using 405 

nm light for 30 seconds to cure the GelMA component.  

Filaments containing MC3T3-E1 cells were cultured for 9 days and possessed a diameter of 

approximately 70 µm, optimised by manipulating core flowrates on printing GelMA core 

filaments and applying this to collagen (see Figure 2-36).  
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Figure 2-36. (a–c) Images of cell-laden double-layer microfibers after culturing for 3, 6 and 9 days, respectively. 

(d–f) Fluorescence microscope images of live/dead stained MC3T3-E1 cells after 9 days of culture. Scale bars, 400 

µm [253]. 

A further strategy to produce fine diameter cell filaments may be through the use of complex 

coacervation, whereby placing a hydrogel consisting of charged polyions into a liquid bath 

containing ions of opposing charge leads to charge compensation and expulsion of water from 

the hydrogel and subsequent shrinking and reduction in hydrogel size. In 2020, Gong et al.  

[254] placed negatively-charged coaxially-extruded 0.5 – 2.5% (w/v) methacrylated 

hyaluronic acid (HAMA) hollow cylindrical scaffolds within a bath of positively-charged 

2.0% (w/v) chitosan, a polymer derived from the exoskeletons of arthropods [255], (dissolved 

in 1.0% (w/v) acetic acid), leading to the shrinking of the hollow HAMA tubes to 3 - 8 times 

their original control volumes (see Figure 2-37). For example, the inner diameter of coaxially 

extruded HAMA/ 0.5% (w/v) alginate tubes was reduced from 301 ± 3 µm to 37 ± 3 µm.  
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Figure 2-37. (a) Schematics showing the shrinking effect based on charge compensation. (b) Micrographs showing 

the coaxial printing of cannular (tubular) HAMA-based constructs before (top-left) and after (top-right) and 

GelMA-based constructs before (bottom-left) and after (bottom-right) 24 h of shrinkage in 2.0 w/v% HMw (high 

molecular weight) chitosan dissolved in 1.0 v/v% acetic acid aqueous solution. (c) Photograph showing size change 

of fabricated HAMA hydrogel (1.0 w/v%) before (lower) and after (upper) shrinking in 2.0 w/v% MMw chitosan 

dissolved in 1.0 v/v% acetic acid aqueous solution. (d) Micrograph showing live (green)/dead (red) staining of 

MCF-7 cells embedded in GelMA/HAMA constructs following a successive shrinking process. (e) The spreading 

of C2C12 embedded in the GelMA/HAMA constructs before and after shrinking with morphological observation 

of cells for 9 days, stained for F-actin (green) and nuclei (blue). (f) Fluorescence micrograph of MCF-7 cells in 

GelMA/HAMA constructs after single shrinkage, stained for Ki67 (red), F-actin (green), and nuclei (blue) [254]. 

It was predicted that the complex coacervation methodology could be applied to many tissue 

engineering scenarios, including tissue filament fabrication. This approach was also tested 

using GelMA to understand the broadness of applicability of complex coacervation. GelMA 

constructs at a concentration of 5.0% (w/v) shrank to 55% of their original diameters upon 

immersion in the same chitosan solution as the HAMA constructs, thanks to the net negative 

charge of GelMA under neutral pH and acidic conditions [256]. Similarly, shrinking of 

alginate, a negatively-charged polymer, was also demonstrated, whereby 2.0% (w/v) alginate 

cross-linked with 300 mM CaCl2 shrank to between 27.7 ± 1.0% and 37.6 ± 1.2% of original 

volume, depending on the molecular weight of chitosan bath used for complex coacervation.  
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This method was also confirmed to apply in cell seeding applications, using multiple cells 

types, including MCF-7 (human breast cancer cells), C2C12 (mouse skeletal muscle cells) and 

HUVEC cells, with preservation of cell viability in a cell type-dependent manner, using both 

single and successive step (2X) shrinking. 

2.8. Traditional drug testing methodologies 

For accurate study of diseases and pathologies, it is currently essential to use cellular models 

to study tissue response to various drugs employed for the treatment of these ailments, 

primarily in terms of toxicity and efficacy. Figure 2-38 demonstrates the options for cell 

source, culture components and technological advancements towards developing more 

relevant organotypic tissue models for drug development. 

 

Figure 2-38. Schematic representation of the variations in cell sources, culture components and advancements in 

technology toward the development of more appropriate in vitro organotypic tissue models [257]. 

With reference to Figure 2-38, there are a variety of configurations in which cellular models 

may be applied, including two-dimensional monolayers, three-dimensional spheroid (or 

organoid) culture and 3D tissue engineered or bioprinted tissue/organ-on-a-chip devices. 

2.8.1. Cell monolayer testing 

For over a century, conventional in vitro drug testing has relied on the use of cells (either 

primary or immortalised) in monolayer culture to model cellular response to developed 

compounds.  
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Although, these two-dimensional assays are well-established and have contributed significant 

advances in the number of available drugs on the market for a multitude of ailments, there are 

major limitations to their use [258].  

Monoculture studies are devoid of structural complexity and the tissue microenvironment 

required for a truly biomimetic study. Moreover, there is an absence of cell-cell and cell-ECM 

signalling and interaction which hinders the ability of the 2D assay to truly recapitulate the 3D 

in vivo environment [259]. For example, cellular response to anticancer drugs differs between 

2D and 3D environments in that gene expression and cellular migration, proliferation and 

viability, amongst other factors, are all disparate. Furthermore, monoculture studies in 2D are 

known to be labour-intensive, costly and time-consuming [260]. Given these limitations, 

research and development of drug testing is focussed on moving away from traditional 2D cell 

monoculture studies towards more accurate biomimetic environments based on 3D cell 

culture, where more physiologically-relevant results can be obtained. 

2.8.2. Spheroid culture 

Multicellular spheroids, or organoids, hold a substantial advantage over cell monolayer models 

for use in drug toxicity testing, in that they possess innate physiological structure and function, 

providing a more predictable and comparable environment to the body. Moreover, spheroids 

can provide organotypic cell densities, thus the combination of cell-cell and cell-ECM 

interactions are comparable with what would be expected in the body, therefore facilitating 

differentiation and maintenance of phenotype [261]. These high cell densities are essential to 

provide accurate models of diseases such as fibrosis or cancer, wherein disease progression is 

characterised by deteriorations in cell-cell and cell-ECM interactions. Spheroid culture models 

have facilitated the engineering of in vitro fibrosis models of various organs, including heart 

[262], liver [263] and kidney [264]. Additionally, the use of high cell seeding densities in 

cancer models results in engineered oxygen gradients which are comparable with the native 

tumour micro-environment [265]. Examples of spheroids cultured from different cell types 

can be found in Figure 2-39. 
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Figure 2-39. Examples of spheroids generated from different cell types. (a) Representative image of CMs 

(cardiomyocytes) and MSCs (mesenchymal stem cells) differentiated from the same hESC (human embryonic stem 

cell) line when co-cultured as 3D spheroids for day 1 (top) and 7 (bottom). Cardiac spheroid formation was 

dependent on the ratio of MSCs to CMs. Scale bars, 100 μm [262]. (b) bright field images (left panel) and F-actin 

immunostaining (right panel; red, F-actin; blue, DAPI) of the two different cell types seeded in hydrogel. Bottom 

layer: HKC-8 (human kidney proximal tubular cells) spheroids; upper layer: spreading renal fibroblast [264]. (c) 

Representative haematoxylin staining of spheroid paraffin sections of iPSC-HSCs (induced pluripotent stem cell-

hepatic stellate-like cell) with HepaRG (iPSC-HSCs/HepaRG) and pHSCs (primary HSCs) with HepaRG 

(pHSCs/HepaRG) spheroids. Shown are immunostaining and immunofluorescence of PDGFRβ (platelet-derived 

growth factor receptor beta, in red) and CYP3A4 (in green) in iPSC-HSCs/ HepaRG and pHSCs/HepaRG 

spheroids. Scale bars, 50 µm. [263] 

Despite the manifold benefits on use of spheroid cultures it is difficult to control their 

patterning at scale, therefore providing a barrier in introducing heterogeneity and consequent 

tissue function within in vitro cell models. This issue subsequently results in difficulties in 

tracking disease progression and transient tissue response to drugs [266]. However, as coaxial 

bio-extrusion of spheroids has been demonstrated [267] [268], it may also be possible to adapt 

the coaxial bio-extrusion process to implement spheroids in place of single cells. This 

modification will allow a study of engineered tissue with more native-like characteristics. 

Greater control of cellular response to shear stress will be required due to the large sized 

spheroids being susceptible to damage through shear stress [269]. This may be achieved by 

controlling parameters such as bioink viscosity and extrusion velocities. 
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2.8.3. Tissue-engineered drug testing platforms 

Tissue engineering attempts at creating drug testing platforms have focussed on the 

development of tissue or organ chips. These transparent devices are designed to encapsulate 

multiple cell types within miniature three-dimensional biomimetic structures which can 

simulate the function of various tissues or organs of the body. This facilitates tissue-tissue 

interfaces and cellular communication in vitro and the study of physiologically-predictab le 

reactions to various stimuli, such as drugs and biomolecules. Chips may be designed to possess 

pre-defined shapes which can recapitulate the structure of organs, such as the liver sinusoid 

[270] or the proximal tubule of the kidneys [271]. Moreover, chips employ microfluid ic 

technology to provide fluid flow through constructs for the delivery of nutrients and the 

removal of waste products [272] [273]. Figure 2-40 demonstrates the array of tissue chip 

platforms which have been developed from different cell types. 

 

Figure 2-40. Array of tissue chip platforms which have been developed. These include (clockwise from top right) 

a blood–brain barrier, cardiac muscle, kidney proximal tubule, female reproductive tract, vascularized tumour, skin 

epidermis, vasculature, liver, and lung [274]. 

These three-dimensional chip devices benefit from having the potential to provide more 

detailed toxicity data during standard drug screening processes by identifying any unseen 

issues during screening of ‘borderline’ drugs. Borderline drugs may be described as those 

which have demonstrated toxicity of which appears minor or limited and these effects may be 

reduced through further development.  
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Furthermore, tissue engineered chips have the potential to provide more physiologica lly-

relevant data on cell-drug interactions, due to the enhanced level of structural and cellular 

complexity in comparison with standard 2D cellular models [274]. 

Although there is large promise in tissue chip platforms, there are still many limitations to 

overcome. Firstly, organ scaling between systems remains a major challenge. As organ 

systems are required to produce physiologically-relevant outputs which are commensurate 

with other organs in the body, it is imperative that linked miniature organs are of compatible 

size. For example, a linked liver and kidney system will give physiologically irrelevant results 

if the liver module is doubly larger than the kidney system, due to inaccurate scaling. Scaling 

inaccuracies result from the complex nature of translating complex in vivo organs down to the 

micro scale [275] [276].  

In addition, it is difficult for these microfluidic systems to account for and accurately reproduce 

physiological responses which are dependent on circumstances such as age, genetics, 

environment and demographic, amongst many other factors. Moreover, on connecting 

multiple organ systems, there is a requirement for a universal culture medium or blood mimic 

which can provide optimal nutrition and waste removal for many different cell types. Recent 

approaches have included mixing the waste stream from one system with fresh tissue-specific 

media for the next system [277] and adding in barriers between systems which mimic 

endothelial barriers between cells and flowing media [278] [279]. Further technical challenges 

to overcome in order to realise organ-on-a-chip technology include the avoidance of flow-

impeding bubbles into chips, maintaining sterility and predictability, using physiologica lly-

relevant cell types and maintaining their viability, introducing different oxygen levels and 

media flow rates between organ systems [280] [281]. 

2.8.4. Bioprinting and extrusion for drug testing 

Furthermore, bioprinting and extrusion, as a tissue engineering technique, holds the advantage 

of automation, stability, predictability and the ability to produce biomimetic 3D models, 

thereby streamlining the path to regulatory approval during drug development and testing 

[282]. Bioprinting also provides a platform to accurately fabricate functional mini-organs or 

organ-on-a-chip tissue arrays [283] by combining bioprinting and suitable bioinks containing 

cell spheroids with microfluidic chips. In doing so, high-throughput, long-term study of the 

pharmacological and toxicological effects of test drugs on mini-organs can be achieved whilst 

applying physiologically-relevant mechanical forces with real-time monitoring [284]. Figure 

2-41 demonstrates the process of bioprinting cell-laden hydrogels onto microfluidic chips to 

create tissue chips. 
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Figure 2-41. Fabrication of cell-laden hydrogels using bioprinting onto a microfluidic chip. (a) The fabrication of 

a microfluidic chip. Scale bar = 1 mm. (b) Procedure of cell-laden hydrogel bioprinting on a microfluidic chip. 

Scale bar = 1 mm. (c) Abridged general view of the microfluidic chip. (d) Dimensions of the microfluidic 

channel. (e) A completed microfluidic chip integrated with bioprinting is shown. (f), (g) Cell viability was 

identified by a live/dead assay immediately after bioprinting (live cells in green, dead cells in red). Scale bar = 

200 μm [285]. 

Coaxial bio-extrusion of tissue filaments particularly provides a novel method for high 

throughput, low-cost drug testing due to the potential for study of fibrous tissues which can 

contain cells that are aligned along customisable extruded ECM filament fibres, mechanically-

supported and protected by porous hydrogel scaffolds. In doing so, this provides a more native-

like biomimetic environment as opposed to typical tissue engineered, non-anatomically-

relevant patches or chips [286]. In addition, as it is possible to modify the minimal filament 

diameter of coaxial extruded tissue filaments by manipulation of flow parameters, this 

provides a further benefit of the coaxial bio-extrusion platform for drug testing, as different 

fibrous tissue thicknesses may be studied, therefore adding precision to the platform. Finally, 

simultaneous, multi-material, temperature-controlled extrusion and printing adds versatility to 

the platform, facilitating multi-parameter studies. 
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2.9. Conclusions 

To summarise, a literature overview has been performed, which firstly provided background 

information on the field of bioprinting, with an overview of the various bioprinting and 

extrusion modalities and of bioinks and their constituent components, with a detailed overview 

of alginate, collagen and cell configurations which can be utilised. The review progressed into 

a focus on the field of tissue engineering and the associated advantages and disadvantages of 

traditional tissue engineering techniques for filament and fibre production, with a concluding 

remark on how bio-extrusion could overcome these disadvantages, mainly due to the ability 

to precisely and simultaneously deposit multiple combinations of bioinks, which have been 

fine-tuned for optimal biological and physicochemical properties, with spatiotemporal control.  

Furthermore, coaxial bio-extrusion and its benefits were introduced, with benefits such as the 

ability to easily customise filament diameter, number of layers and biological and 

physicochemical properties, amongst others. Additionally, the versatility of this methodology 

in the targeted use of extruded filaments was explained, ranging from tissue engineering, in 

vitro cell studies (2D vs 3D, co-culture), drug development and cancer studies.  

A final section expanded on the variety of cellular drug testing methodologies which may be 

employed to provide analyses of cell and tissue response to various drugs. The benefits and 

limitations of simple 2D models, spheroids, tissue engineering and bio-extruded organ-on-a-

chip models were presented, concluding by demonstrating that bio-extruded models are 

superior systems, in that more biomimetic, anatomically-accurate and easily customisable 

tissue filaments may be fabricated and studied using bioprinting and bio-extrusion 

technologies. 

The coaxial bio-extrusion platform is currently limited in that the smallest diameter which has 

been achieved to date for extruded cell filaments in an ECM-like material is in excess of 50 

µm whilst finer filaments are required to use coaxial extruded filaments as the building blocks 

for the fabrication of higher-order tissues and organs in addition to the need for the production 

of fine fibrous tissues, such as muscle and nerve. The necessity for fine filaments largely rests 

in the need for correct cell and biomaterial positioning to achieve sufficient cell and 

biomaterial alignment, cell signalling, nutrition and vascularisation, leading to the 

development of transplantable tissues, organs and fibres.  

On the basis of the information presented in this review, the overall aim of this work was to 

develop a coaxial bio-extrusion extrusion platform to demonstrate extrusion of fine diameter 

stem cell-laden tissue filaments with the capability to retain long-term viability in culture. 
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Further objectives were to develop a hydrogel scaffold material capable of resisting 

degradation by culture media to maintain tissue filament integrity.  In addition, it was also 

desirable to demonstrate extrusion with multiple cell types and to present an initial assessment 

of the viability of the coaxial extrusion platform for use in drug testing applications, providing 

the benefit of a more natural in vivo-like environment to study drug-cell interactions in 

comparison to traditional two-dimensional methods. 
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3. Materials and Methods 

3.1. Coaxial extrusion  

3.1.1. Hydrogel preparation 

Sodium alginate powder (Protanal LF 10/60 FT, FMC Corporation, Philadelphia, PA, US) was 

dissolved in dH2O, sterile filtered (0.2 µm) and then loaded into a 5ml luer-lock syringe (BD 

Plastipak, UK). 

 

Figure 3-1. (a) Aladdin 300 syringe pump fitted with a 20ml disposable syringe. (b) schematic showing pump and 

extruder connections to the coaxial nozzle housing for the extrusion process. 

The 5ml syringe was installed into a commercial syringe pump (Aladdin 300, World Precision 

Instruments, Stevenage, UK, see Figure 3-1) and connected to the 19G (686 µm) shell inlet of 

the coaxial nozzle housing using polypropylene nozzle fittings and silicone tubing (Cole 

Parmer, Eaton Socon, UK).  

3.1.2. Cell culture 

Rat-derived adipose-derived stem cells (ADSCs) were isolated and donated by the University 

of Glasgow Institute of Molecular Cell & Systems Biology. Cells were cultured in Minimum 

Essential Media (MEM) alpha cell culture media with L-glutamine and phenol red pH 

indicator  (Life Technologies, Paisley, UK) and supplemented with 10% (v/v) fetal bovine 

serum (FBS) (Biosera, Nuaille, France) and 1% (v/v) penicillin/ streptomycin (Corning Life 

Sciences, UK) at 37°C and 5% CO2. After 3 or 4 days in culture, media was removed, non-

adherent cells were removed using Dulbecco’s Phosphate-Buffered Saline (DPBS, modified 

to not contain CaCl2 and MgCl2) (Sigma Aldrich, UK) and fresh media was added. Cells were 

passaged every seven days, at a ratio of 1:2. Once confluence reached 80%, cells were washed 

with DPBS, detached by incubating with tryple express (Life Technologies, Paisley, UK) for 

3 min at 37°C and 5% CO2.  
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The cells were then centrifuged at 200g and 4°C and supernatant was removed by pipetting. 

Cells could then be re-suspended in the chosen biomaterial for extrusion. To achieve high cell 

densities (up to 15 x 106 cells/ml), up to four 150 cm3 (surface area) flasks were utilised at one 

time. 

ADSC cells were subjected to the differentiation protocol as described by Dezawa et. al. [1] 

to display a Schwann cell-like phenotype (dADSCs). At passage 2 dADSCs were cultured in 

MEM supplemented with 1 mM β-mercaptoethanol (Sigma-Aldrich, UK) for 24 hours 

followed by treatment using 35 ng/ml all-trans-retinoic acid.  

ADSC cells were cultured in the differentiated state by the addition of four growth factors to 

ADSC growth media at the following final concentrations: forskolin (14 μM, Sigma Aldrich, 

UK), Recombinant human neuregulin-1 (NRG1-beta 1/HRG1-beta 1 EGF Domain Protein, 

250 ng/ml, R&D Systems, UK), referred to as glial growth factor (GGF), human basic 

fibroblastic growth factor (hBFGF, 10 ng/ml, Sigma-Aldrich, UK) and platelet-derived growth 

factor-AA (PDGF, 5 ng/ml, Merck Millipore, UK). Once confluence reached 80%, cells were 

washed with DPBS, detached by incubating with trypsin in 0.25% EDTA 

(ethylenediaminetetraacetic acid) (Life Technologies, Paisley, UK) for 5 min at 37°C and 5% 

CO2. The cells were then centrifuged at 200g and 4°C and supernatant was removed by 

pipetting. Cells could then be re-suspended in the chosen biomaterial for extrusion.  

3.1.3. Production of collagen hydrogel 

A collagen stock solution was prepared according to an adapted version of a well-established 

protocol [2] [3], using rat tails provided by the Biological Procedures Unit at the University of 

Strathclyde.  

Dialysis tubing was cut to lengths of approximately 50 cm and simmered in a 50% ethanol 

solution on a hot plate in a fume cupboard. The dialysis tubing was then simmered in a solution 

of distilled water containing 10 mM NaHCO3 and 1mM EDTA (both Sigma Aldrich, UK) 

followed by simmering in distilled water and subsequent storing of the tubing in distilled water 

at 4 ⁰C for later use [4]. 

The outer skin of the rat tail tendons was stripped and cut using sterilised forceps and scalpels. 

The tendons were then pulled from the tail and placed in a petri dish containing sterile distilled 

water. The tendons were then weighed and extracted into a 0.5M acetic acid solution (in 

distilled water; Sigma Aldrich, UK) to give a 1% w/v extract (1g tendon in 100 ml 0.5M acetic 

acid). This solution was left for 48 hours at 4 ⁰C.  
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The extract was then filtered using a sterile bottle top filter (0.2 µm). The membrane filter was 

replaced using 4 layers of sterile gauze (to prevent pieces of tendon passing into the filtrate). 

The dialysis tubing was then rinsed in 0.1x DMEM (Dulbecco’s Modified Eagle Medium; Life 

Technologies, Paisley, UK) in distilled water. One end of the dialysis tubing was then tied and 

the collagen solution was poured into the tubing using a sterile filter funnel.  

The open end of the tubing was then tied to seal the collagen solution within the dialysis tubing. 

The closed dialysis tubing containing the collagen solution was then dialysed against the 0.1x 

DMEM solution for 24 hours at 4 ⁰C. 

 

Figure 3-2. Schematic representation of the process, from collagen extraction to cell culture and through 

sterilization [2] 

The collagen solution was then removed from the dialysis tubing and placed into centrifuge 

bottles and sterilised by centrifugation, at 15,350g for 2 hours at 6 ⁰C. The supernatant was 

transferred, by pipetting, into sterilised bottles and 3 ml of this solution was then pipetted into 

3 pre-weighed petri dishes and allowed to dry at 37 ⁰C (see Figure 3-2 for full process). This 

allowed calculation of the collagen solids content within the sterilised stock solution. The 

sterilised stock solution can now be used for biological experimentation purposes [5] [6]. 

3.1.4. Collagen bioink production 

The collagen stock solution was neutralised by adding 200 mM HEPES buffer solution, 

DMEM (x10) in 0.4M NaOH solution (2:1 by volume), 0.1M NaOH solution and 0.1% (v/v) 

acetic acid (all Sigma Aldrich, UK). The solvent for all solutions was dH2O and all solutions 

were sterilised using a 0.2 µm filter (Sartorius Stedim Biotech, Göttingen, Germany).  
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The neutralised collagen solution was then diluted using 0.1% acetic acid to the desired 

concentration [7] [8] [9]. It should be noted that no particular endotoxin (lipopolysacchar ide) 

control measures were employed; it was assumed that the use of sterile equipment ensured the 

absence of endotoxins. 

3.1.5. Extrusion process  

Single cell pellets were suspended in the neutralised collagen solution (100% v/v), in an ice 

bath to prevent collagen self-assembly, by gentle pipetting, to form a bioink. The bioink was 

then loaded into a 1ml luer-slip syringe (BD Plastipak, UK) and fitted to the 27G (210 µm) 

core inlet of a customised stainless-steel coaxial nozzle (Ramé-hart Instrument Company, 

Succasunna, NJ, USA, see Figure 3-3). It should be noted that various core nozzle diameters 

may be used, given the core nozzles are removable and can be screwed into the coaxial nozzle 

housing. 

 

Figure 3-3. Coaxial nozzle components. (a) Stainless steel coaxial nozzle housing, showing horizontal shell inlet 

and vertical core inlet, in which (b) a stainless steel removable core nozzle can be screwed into 

A crosslinking bath of sterile-filtered (0.2 µm) 100 mM calcium chloride solution (in dH2O) 

(Sigma Aldrich, UK) was placed under the coaxial nozzle. Upon the establishment of 

continuous co-flow exiting the coaxial nozzle tip, the coaxial nozzle was submerged in the 

crosslinking bath of calcium chloride. Due to immediate crosslinking upon contact between 

sodium alginate exiting the nozzle tip and the calcium chloride bath, forceps were used to draw 

the flow from the coaxial nozzle through the crosslinking bath. 

Upon the termination of extrusion, fibres were left to crosslink within the CaCl2 bath for a 

specified time (usually 10 min, unless otherwise stated). This allowed the formation of 

mechanically-stable, porous, core-shell cell-hydrogel scaffolds with calcium alginate hydrogel 

shells and cell-collagen cores.  
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In cases where secondary cross-linking was employed, barium chloride (Sigma Aldrich, UK) 

or strontium chloride (Fisher Scientific, UK) were dissolved in dH2O to provide secondary 

cross-linking baths.  

Upon the completion of primary CaCl2 cross-linking, extruded structures were removed and 

washed with phosphate buffered saline, 1x (PBS) (Fisher Scientific, UK) prior to submersion 

in either the BaCl2 or SrCl2 solutions, with further PBS washing on completion prior to 

incubation in culture media. 

Extruded fibres were then cut into smaller sections using forceps and placed into separate wells 

of cell culture plates (Corning Incorporated, NY, USA). Fresh culture media was then added 

to each scaffold and constructs were left to incubate at 37°C and 5% CO2.  

3.1.6. Staining and microscopy 

To analyse collagen fibre morphology and continuity over time, the aforementioned coaxial 

extrusion process was used without the presence of cells in the collagen solution. Extruded 

fibres were removed from the crosslinking bath, washed with DPBS three times and imaged 

(with either 4x or 10x magnification) get parameters using a compound microscope (Brunel 

SP50, Brunel Microscopes, UK) and ScopeImage software (version 9.0, Bioimager Inc., 

Concord, ON, Canada).  

To analyse cell viability, fluorescein diacetate (FDA) and propidium iodide (PI) (both Sigma 

Aldrich, UK) were used as live/dead stains. Culture media was removed from the wells of the 

culture well plate and each well was washed three times with modified DPBS. Small sections 

(~ 10mm) were removed from each cultured fibre and placed into individual wells of a 24-

well plate (Corning Incorporated, NY, USA). DPBS was firstly added to each well followed 

by PI in DPBS, which was added to each well at a concentration of 2 µl/L (stock concentration 

= 1 mg/ml). After 30 minutes of incubation, FDA in dimethyl sulfoxide (DMSO) (stock 

concentration = 2 mg/ml) was added at a concentration of 1 µl/L.  

An inverted epifluorescence microscope (Nikon Eclipse TE300) was used for image 

generation, using Metamorph software (Version 7.1.0.0, Molecular Devices Inc. Sunnyvale, 

CA, USA). FITC and TRITC filters were used to image live and dead cells respectively, at 

magnifications of 40x, 100x and 200x. The following wavelengths were used for these filters: 

FITC excitation = 470 nm, emission = 515-555 nm. TRITC excitation = 540nm, emission 565-

605 nm. ImageJ software was used for image processing and quantitative analysis of viability. 

An example of typical live and dead images can be seen in Figure 3-4 below. 
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Figure 3-4. Typical live/dead images, showing live cells in green (left) and dead cells in red (right), generated using 

ImageJ software.  

Quantitative analysis of viability involved the use of the ‘threshold’, ‘watershed’ and ‘analyze 

particles’ functions within the ImageJ GUI (graphical user interface), whereby separate ‘live’ 

and ‘dead’ images were converted to greyscale images, background pixels were removed, 

pixels were separated into distinct sections and counted using a lower size limit, to separate 

viable (or dead) cells from cell debris. An example of this process is displayed in Figure 3-5, 

using the live image from Figure 3-4. 

 

Figure 3-5. Example of the ‘Threshold’ (a), ‘Watershed’ (b) and ‘Analyze particles’ (c) functions within ImageJ 

software, allowing the conversion of an image into distinct regions, thus allowing quantification of cell viability.  

Cell viability can then be calculated using Equation 3.1: 

 Cell viability =
n (live)

n (live + dead)
 x 100% (3.1) 

 

Where: 

n = number of cells 

OriginPro software (version 2019b, OriginLab Corporation, MA, USA) was used for graphing 

and statistical analysis. 
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3.2. Drug testing 

Hepatoma derived HepaRG cells (HPRGC10; Thermofisher UK) were maintained in 

William’s E Medium with phenol red pH indicator (Fisher Scientific, UK) supplemented with 

10% FBS, 1% penicillin/streptomycin, 1% 100x Glutamax (Fisher Scientific, UK), 5 µg/ml 

insulin, human recombinant, zinc solution (Fisher Scientific, UK), and 50.0 µM 

hydrocortisone 21-hemisuccinate sodium salt (Sigma Aldrich, UK). 

For drug studies, Acetaminophen (APAP), Rifampicin, Prednisolone and Azathioprine 

powders were utilised (Sigma-Aldrich UK). Amiodarone hydrochloride was also utilised 

(Selleck Chemicals UK). APAP solid powder was weighed out using an analytical balance 

(Sartorius 1412 MP8-1, Sartorius AG, Göttingen, Germany) and dissolved in cell culture 

media, to form a stock solution, which was diluted in ten-fold steps to the required 

concentration and added to the wells of a 24-well plate for testing. All other drug powders 

were weighed out and dissolved in DMSO to form stock solutions at 10x the required 

concentration prior to addition to culture media where a ten-fold dilution occurred, to permit 

the required final drug concentration in culture media within the wells of a 24-well plate for 

testing. Culture media containing each drug were then added to coaxial extruded 

collagen/alginate scaffolds containing HepaRG cells, which were within the wells of a culture 

well plate, cut to measure approximately 10 mm in length, therefore controlling the number of 

cells per sample. 

Scaffolds were then placed in an incubator at 37 ⁰C, 5% CO2 for the desired period of time 

prior to live/dead imaging using an inverted fluorescent microscope and performing CYP 

3A4 assays using a conventional plate reader. 

3.2.1. LC50 data fitting 

The dose response sigmoidal curves for acetaminophen and azathioprine were plotted by 

adding the concentration (x-axis) and viability data (y-axis) into the program using the 

‘Logistic’ function within OriginPro software, of which is shown in Equation 3.2. 

 y =  
A1 + A2

1 +  (x/xo)p
+  A2  (3.2) 

Where: 

A1 = Initial y-value 

A2 = Final y-value 

x0 = Centre x-value 

p = Power 
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Due to a poor fit with the Logistic function, the dose-response curve for amiodarone was fitted 

using the ‘DoseResp’ sigmoidal curve fitting equation by adding in concentration and viability 

data to the program, this equation is shown in Equation 3.3. 

 y =  
𝐴2 − 𝐴1

1 + 10(logx0 )p
 (3.3) 

Where: 

A1 = Bottom asymptote 

A2 = Top asymptote 

Logx0 = Central x-value 

p = Variable Hill slope parameter 

3.2.2. CYP 3A4 assay  

The CYP 3A4 assay was performed using the P450-Glo CYP3A4 Luciferin-PFBE cell-based 

biochemical assay (V8902, Promega, UK, see Figure 3-6). In essence, this assay tests the 

levels of CYP3A4 enzyme released by hepatocytes, through luminescence measurements, in 

response to the presence of CYP-inducing drugs, whereby enzyme activity is directly 

proportional to luminescent activity. 

 

 

Figure 3-6. Cell-based P450-Glo™ Assay principle. A P450-Glo™ substrate (proluciferin) enters cells from the 

culture medium. Inside the cell, a P450 enzyme converts the proluciferin to a luciferin product, and luciferin is 

formed and detected with Luciferin Detection Reagent (LDR) [10]. 

The CYP solution was firstly thawed and covered in foil to prevent photolysis.  
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The culture media of each well of the culture plate containing the HepaRG-collagen-alginate 

scaffolds was removed and washed with PBS. Media (320 µl) and CYP solution (0.8 µl) was 

added to each well, in addition to 4 empty wells for control purposes. The plate was then 

incubated at 37 ⁰C, 5% CO2 for 24 hours. 

The luciferin detection agent was prepared by transferring the entire contents of the bottle of 

the reconstitution buffer to the amber bottle containing the Luciferin Detection Reagent. A 

small volume of media (25 µl) was taken from each culture well and was added to wells of an 

opaque white 96-well plate at room temperature. An equal volume of the luciferin detection 

reagent (25 µl) was then added to each well of the 96-well plate to initiate the reaction. A 

typical plate layout is shown in Figure 3-7. 
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Figure 3-7. Example 96-well plate layout, using drug concentrations of 0 – 20 µM, to read for CYP 3A4 activity 

reading using a luminometer. 

The plate was then left for 20 minutes to allow the reaction to process prior to reading 

luminescence using a luminometer (Flexstation 3, Molecular Devices, San Jose, CA, USA) 

with an integration time of 0.5 seconds/well (no filters or fluorescence used). 

3.3. Measuring and statistical analysis 

Filament diameter was calculated by firstly assuming a circular filament cross section. Small 

sections (measuring approximately 10 mm in length) were cut from each sample for measuring 

purposes. 

Diameter measurements were performed using ImageJ software (National Institutes of Health, 

USA) and measurements for each level of magnification were calibrated using an eyepiece 

graticule. Light microscopy images were used for measuring filament diameter in Chapter 4. 
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For the cell-seeded filament images shown in Chapters 5 and 6, brightfield images were used 

to generate filament diameter data. 

With each sample image, where the filament appeared uniform in diameter, the diameter 

measurement of the filament was taken once across the middle of the filament length. In cases 

where the filament did not appear fully uniform in diameter, this measurement was taken once 

across a section of filament which was perceived to be the most representative section. This 

was repeated for all samples to give the mean, sample standard deviation and standard error 

(usually n = 3). The standard deviation for samples taken across many time points was 

calculated as the population standard deviation.  

In a manner similar to measurements for filament diameter, shell diameter and wall thickness 

data displayed in Chapter 4 were found by measuring the outer and/or internal diameter once 

across the mid-section of light microscopy images of samples, where the alginate shell wall 

appeared black in colour. Sample and population means were calculated in the same manner 

as the filament measuring process. 

To statistically compare between multiple groups of data, a one-way ANOVA (analysis of 

variance) was used, with the significance level set to 0.05. Where significance was observed, 

Tukey’s post hoc test was used to compare means. 

To calculate uncertainties in material concentrations, the absolute uncertainty was found by 

finding the square root of the sum of the squared relative errors and multiplying by the final 

concentration, of which is demonstrated in Equation 3.4 below [11]. 

 
u(c) =  √(

u(m)

m
)

2

+ (
u(M)

M
)

2

+ (
u(V)

V
)

2

.  c 
(3.4) 

 

Where: 

u(x) = Measurement uncertainty in parameter ‘x’. 

m = Mass, g 

M = Molecular mass, g/mol 

V = Volume, ml 

c = Final concentration, mM 
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The measurement uncertainty in mass measured ± 0.5 mg; the uncertainty in molecular mass 

measured ± 0.5 mg/mol and the uncertainty in volume ranged from ± 0.5 µl to 0.25 ml, due to 

the use of pipettes and measuring cylinders. 

3.4. Hardware and modifications for coaxial extrusion  

3.4.1. Introduction 

This section is dedicated to the development process of the extrusion platform used to engineer 

core/shell cell-seeded and collagen filaments. The aspects covered here range from the basic 

printer frame and extruder design to the electronics operating firmware. In addition, the 

development of an extruder temperature control system, to control nozzle tip and print bed 

temperature, is also detailed in later sections. It should be noted that the initial aim here was 

to allow three-dimensional printing; however, only one-dimensional extrusion was achieved. 

A pre-assembled Prusa Mk2s three-dimensional (3D) printer (Prusa Research, Prague, 

Czechia) was chosen to serve as the foundation for the extrusion system (see Figure 3-8). The 

frame, stepper motors and power supply unit (PSU) remained as is, whilst the LCD screen and 

electronics board housings were used to house alternative electronics. The Prusa Mk2s printing 

system proves a very versatile platform for modification due to its modular and portable 

nature, in addition to being easily modifiable, with a plethora of open-source hardware and 

software modifications currently available online. 
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Figure 3-8. Modified Prusa Mk2s Printer overview, showing single-syringe configuration in extruder carriage, 

complete with syringe and nozzle heater systems. 

In addition, the moveable extruder housing was redesigned to facilitate the mechanical 

extrusion of syringes containing hydrogels and bioinks, as opposed to the supplied fused 

deposition modelling (FDM) housing, which typically prints using thermoplastic filaments. 

3.4.2. Electronics 

The supplied electronics board with the Prusa Mk2s was the Mini-RAMBo (RepRap Arduino-

compatible Mother Board), designed to be a convenient, all-in-one motherboard capable of 

reliable, high-performance 3D printing (see Figure 3-9). The board was one of many produced 

as a result of the open-source RepRap (rapidly replicating) project [12], aimed at producing 

self-replicating 3D printers. However, the board was not conducive to coaxial printing due to 

the lack of capacity to easily drive further stepper motors. 
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Figure 3-9. Mini RAMBo board supplied with Prusa Mk2s 3D printers. 

A minimum of six NEMA17 stepper motors were required for coaxial printing using the dual-

z axis printer, with the two z-axis motors being driven by the same driver. Upon multiple 

attempts at using the extruder driver to drive two extruders, it appeared simpler to use an 

alternative board, one with the capacity for further extruder motors, if further multi-materia l 

extrusion was required. 

The RAMPS 1.4 board (RepRap Arduino Mega Pololu Shield; Robotdigg.com, Shanghai, 

China) was designed to fit all of the required electronics required for a RepRap at low cost on 

a single, open-source board (see Figure 3-10) [13]. The RAMPS board interfaces with an 

Arduino Mega 2560 microcontroller (Arduino.cc, UK) and, importantly, was designed to have 

ample capacity for expansion, facilitating the use of further motors and cooling fans, amongst 

other uses. 
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Figure 3-10. RAMPS 1.4 board, showing key connectors, with extension pins situated along the bottom row (not 

highlighted). 

The RAMPS board and affixed Pololu A4988 stepper drivers (Pololu Robotics and 

Electronics, Las Vegas, NV, USA; operating with micro-stepping activated at 16 micro-steps 

per step) demand 12V from the PSU whilst the heated bed (Prusa Research, Prague, Czechia) 

runs at 24V. In addition, the RepRap smart 2004 LCD controller (Robotdigg.com, Shanghai, 

China) acted as the user interface, complete with an SD card slot for direct printing using g-

code files. 

3.4.3. Firmware 

The operating firmware of choice was Marlin (Marlinfw.org). This open-source firmware is 

very common in the RepRap world due to its reliability, easy-to-use interface and its ability to 

be customised to meet specific user requirements at an affordable price. To enable bio-

extrusion, the default firmware settings (version 1.1.9) were modified through the open-source 

Arduino Integrated Development Environment (IDE) software (version 1.8.8). The reasons for 

these changes are listed in Table 3-1. 

Table 3-1. Settings changes to ‘Configuration.h’ file within Marlin firmware version 1.1.9 to enable bio-extrusion. 

Note KP = proportional gain of PID controller, KI = integral gain of PID controller, KD = derivative gain of PID 

controller. 

Line Default Modified Notes 

134 #define MOTHERBOARD 

BOARD_RAMPS_14_EFB 

#define MOTHERBOARD 

BOARD_RAMPS_14_EEB 

Activates second 

extruder 

149 #define EXTRUDERS 1 #define EXTRUDERS 2 Allowing use of 

second extruder 
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313 #define TEMP_SENSOR_0 1 #define TEMP_SENSOR_0 5 Activates thermistor 

for extruder 1 

318 #define TEMP_SENSOR_BED 0 #define TEMP_SENSOR_BED 5 Activates thermistor 

for print bed 

367 #define BANG_MAX 255 #define BANG_MAX 64 Limits current when 

using P control to 

approx. 25% 

371 //#define 

PID_AUTOTUNE_MENU  

#define PID_AUTOTUNE_MENU  Activates PID auto-

tuning to user interface 

383 #define DEFAULT_Kp 22.2 #define DEFAULT_Kp 33.59 Kp tuning 

384 #define DEFAULT_Ki 1.08 #define DEFAULT_Ki 4.61 KI tuning 

385 #define DEFAULT_Kd 114 #define DEFAULT_Kd 61.22 KD tuning 

416 //#define PIDTEMPBED #define PIDTEMPBED Activates PID control 

for bed 

434 #define DEFAULT_bedKp 10.00 #define DEFAULT_bedKp 28.30 Bed KP tuning 

435 #define DEFAULT_bedKi 1.04 #define DEFAULT_bedKi 1.04 Bed KI tuning 

 #define DEFAULT_bedKd 305.4 #define DEFAULT_bedKd 511.63 Bed KD tuning 

456 #define 

PREVENT_COLD_EXTRUSION 

//#define 

PREVENT_COLD_EXTRUSION 

Allows room 

temperature extrusion 

457 #define EXTRUDE_MINTEMP 

170 

#define EXTRUDE_MINTEMP 5 Reduces minimum 

software-permitted 

temperature of 

extruders  

611 #define 

DEFAULT_AXIS_STEPS_PER_U

NIT   { 80, 80, 4000, 500 } 

#define 

DEFAULT_AXIS_STEPS_PER_U

NIT   { 100, 100, 400, 397.38 [, 

397.38] } 

Steps/mm values for 

each stepper motor 

882 #define X_BED_SIZE 200 #define X_BED_SIZE 250 Changing print bed X 

axis size 

883 #define Y_BED_SIZE 200 #define Y_BED_SIZE 205 Changing print bed Y 

axis size 

1226 //#define EEPROM_SETTINGS #define EEPROM_SETTINGS Allows saving of new 

settings to memory 

1429 //#define SDSUPPORT #define SDSUPPORT Allows use of SD card 

1532 //#define 

REPRAP_DISCOUNT_SMART_C

ONTROLLER 

#define 

REPRAP_DISCOUNT_SMART_C

ONTROLLER 

Enables LCD 

controller 

Furthermore, to aid system development and control, many software packages were used. To 

create cost-effective 3D-printed parts for the printer, a computer-aided design (CAD) software, 

Autodesk Inventor Professional 2020 (64-bit version, Build 168; Autodesk Inc., San Diego, 

California, USA) was firstly used to design these parts.  
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This resulted in the generation of stl (stereolithography) files. These stl files were then 

transformed into a printable g-code file, used ubiquitously with CNC machines, using an open-

source layer-slicing programme (slic3r v1.2.9; slic3r.org). G-code files are read by printers, 

using removable SD cards, allowing 3D printing. The material of choice was PLA, owing to 

its structural stability at low-cost. When precise control and custom g-code commands were 

required, an open-source software with a graphical user interface (GUI), Pronterface 

(Pronterface.com), was used. 

3.5. Coaxial extrusion schematics 
The coaxial extrusion system was developed through multiple iterations, starting from a 

microfluidic system, to a hybrid extruder-external pump setup to finally having a modular 

extrusion system. This progression in technology was facilitated by developments in 

knowledge of Arduino microcontrollers and g-code programming. 

3.5.1. V1 - Syringe pump and Arduino Micro 

The first iteration of the coaxial extrusion system consisted of the creation of an in-house, 

Arduino Micro-powered (Aduino.cc, UK) syringe pump as the primary (core) extruder, atop 

a steel-framed acrylic box (to allow placement of Arduino pump at height), and the 

aforementioned Aladdin 300 commercial syringe pump acted as the secondary (shell) extruder, 

with these two streams merging within the previously described coaxial nozzle (see Figure 

3-11). The images displayed in Figure 3-11 and Figure 3-12 were created using Fritzing open-

source software (v0.8.7b; Fritzing.org). 
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Figure 3-11. First iteration of the coaxial extrusion system, using a commercial syringe pump and a syringe pump 

extruder for the input streams (image designed using Fritzing v0.8.7b open-source software). 

This system did not utilise print head movement and the only active stepper motors were the 

two extruder motors, therefore only extrusion was possible here (as opposed to printing with 

a movable print head) therefore this system did not allow three-dimensional printing but was 

capable of producing coaxial cell-collagen filaments and provided the foundation for the 

development of the technology, towards a portable modular system with integrated electronics 

to control multiple motors running simultaneously for multi-material coaxial printing.  

On the note of stream synchronisation and line priming, due to there being different tubing 

lengths for each stream and different core/shell flow rates being implemented, the system 

required priming to ensure that the stream exiting the coaxial nozzle possessed both alginate 

and collagen. The nozzle was deemed primed and ready to print when the slightly yellow-

coloured alginate stream exiting the coaxial nozzle tip possessed a red/pink colour. The 

changing colour of the alginate stream was a consequence of mixing with the collagen stream 

prior to immersion in the cross-linking bath. This colour change was assumed to be due to the 

presence of phenol red pH indicator contained in the culture media within the collagen 

solution. 

With this configuration, there was a need to replace the large commercial syringe pump in 

order to use a smaller version, one which could be mounted on the printer frame to facilitate 

portability of the system.  
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Creating a modular and portable system would permit easier transport and configuration of the 

system for operation, such as between a laboratory benchtop and into a sterile environment, 

which is necessary for cell extrusion and printing to avoid cell death due to pathogens in open 

air. 

3.5.2. V2 - Extruder and Arduino Micro 

In the second iteration of this system, a lower footprint in-house fabricated extruder replaced 

the commercial syringe pump, thus improving the portability of the system. The in-house 

fabricated printer extruder consisted of a 3D-printed PLA block affixed with a NEMA17 

stepper motor (bipolar, 200 steps/revolution, rated current = 1.2A, phase inductance = 3,5 mH, 

with lead screw; Robotdigg.com, Shanghai, China) aligned with an 8.0 mm diameter stainless 

steel rod (grade 304) articulating with a linear bearing (Ebay.co.uk, UK), thus allowing 

movement of a 3D-printed PLA piston (see Figure 3-8) to extrude material from a syringe. 

The printer extruder also possessed the syringe temperature control module, which is discussed 

in more detail in section 3.6. Figure 3-12 provides a schematic, which demonstrates the main 

components of this system and associated electrical connections. 
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Figure 3-12. Second iteration of the coaxial extrusion system, separately using the printer extruder and a syringe 

pump extruder for the input streams (image designed using Fritzing v0.8.7b open-source software). 

A limitation of this system was the need to separately activate each extruder due to each 

extruder operating using separate Arduino Micro microcontrollers, thus leading to issues with 

losing some material at the beginning and end of the experiment during activation and 

deactivation of the two extruders. Due to the low volumes and high value of collagen and cells, 

this was a very undesirable system. This issue was particularly an issue at the commencement 

of the experiment where excess alginate at the nozzle tip would lead to a nozzle blockage when 

submerging the nozzle in the cross-linking bath to create tubular alginate shells. It was clear 

that the next stage of development would involve facilitating simultaneous extrusion of both 

streams, allowing commencement and termination of the experiment with the push of a single 

button, to eliminate undesirable material losses. 

3.5.3. V3 - Arduino UNO dual-stepper control 

The third iteration of the extrusion system built on the second by facilitating controlled 

simultaneous dual-motor extrusion, by employing an Elegoo UNO microcontroller 

(Elegoo.com) and two Pololu A4988 stepper drivers (see Figure 3-13).  
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Figure 3-13. Elegoo Uno dual-stepper circuit, illustrating the external Arduino Uno microcontroller and two A4988 

stepper drivers 

This Elegoo Uno circuit permitted simultaneous coaxial extrusion by interfacing each stepper 

motor with each stepper motor driver in the electrical circuit displayed in Figure 3-13 and 

activating the extrusion system with a single Arduino code, thus eliminating material waste 

and nozzle blockage issues caused by excess alginate at the nozzle tip. At this stage, there was 

a desire to take this working circuit and place all components on a convenient single physical 

block with robust connections to avoid accidentally displacing a wire and prematurely ending 

the experiment. In addition, it was also desirable to employ buttons to simply activate the 

system without relying on a wall outlet switch, adding convenience and enhanced usability 

into the system. 

3.5.4. V4 - StepperUNO 

An external supplier (Lechacal.com) independently took the Arduino UNO system and 

assembled it into a standalone system, named ‘StepperUNO’ (see Figure 3-14 below), whereby 

the Arduino UNO and stepper motor drivers (A4988) were combined into a single circuit 

board, with a detachable LCD screen installed into the centre of the board. This allowed the 

integration of the StepperUNO system into the extrusion module to provide portability. It 

should be noted that this system did not allow simultaneous use of the printer XYZ motors, 

therefore if 3D coaxial printing was required, it would be necessary to separately start the 

object g-code file (modified with no extruder movement instructions) along with the 

StepperUNO. 
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Figure 3-14. StepperUNO hardware, showing key hardware features. Note: on-board potentiometer (bottom right) 

was disabled for all extruding operations within this work. 

The Arduino code was adjusted to implement use of the LCD screen, whereby the screen 

would display which motor(s) was selected in addition to the selected rotational direction.  

A limitation of this configuration is that the unit requires connection to a computer to change 

flow rates; however, it is possible to implement analogue changes using the on-board 

potentiometer. 

3.5.5. Stepper motor calibration 

In order to calibrate stepper motor rotational speeds and find their corresponding syringe flow 

rates, a calibration experiment was undertaken, tailored to the previously described 

StepperUNO system. Firstly, the stepper step delay was set to a fixed value within the code 

and a 1 ml BD Plastipak syringe was inserted within a stepper motor-controlled extrusion 

block. The syringe was filled with water (used for convenience) and subsequently dispensed 

into an empty dish and placed on top of a zeroed gravimetric scale. By recording the dispensing 

time, the volumetric flow rate could be calculated by assuming the density of water = 1.0 g/ml. 

A 30 gauge (152 µm) internal diameter tapered nozzle was fitted to the syringe, in order to 

minimise the measuring error by reducing droplet size. By graphing the step delay between 

micro-steps (D) against the volumetric flow rate (Q), an empirical formula to relate these two 

parameters was found and is displayed in Figure 3-15. 
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Figure 3-15. Calibration graph for 1 ml syringe extrusion, including trend line equation, using StepperUNO 

hardware and Arduino software. 

By creating the calibration graph presented in Figure 3-15, an empirical equation for the 

included trend line was found. This allowed the interpolation of the flow rate value and simple 

manipulation of the Arduino code to set desired flow rates, within the given range, from 

approximately 0.04 to 1.27 ml/min. The measurement uncertainty of the aforementioned 

Sartorius weighing scales  was ± 0.5 mg and the measurement uncertainty of the timer (Apple 

iPhone 6S, Apple Inc., Cupertino, CA, USA) was ± 5 ms. The resulting measurement 

uncertainty in volumetric flow rates ranged from ± 0.50 µl/min (1.25%) at Q = 0.04 ml/min to 

± 0.81 µl/min (0.06%) when Q = 1.27 ml/min. 

To find the formula for a 5 ml BD Plastipak syringe, the formula linking the 1ml case was 

manipulated by multiplying by the ratio of the 5ml syringe to the 1ml syringe, in terms of 

ml/mm. 

Table 3-2. Extrusion syringe dimensions for 1ml and 5ml BD Plastipak syringes. 

Syringe size Diameter, mm Length, mm Volume, ml 

(πr2h) 

ml/mm 

(V/L) 

1ml 4.78 58.0 1.04 0.018 

5ml 12.10 45.0 5.17 0.115 

 

 Syringe 
ml

mm
ratio (

5 ml

1 ml
) =  

0.115 ml/mm

0.018 ml/mm
= 6.389 (3.5) 
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 Q (5 ml) = 6.389Q (1ml) (3.6) 

Therefore, by substitution: 

 D (5 ml) =  (
1.44 x 106  x 6.389

Q (5ml)
)

1.01−1

 (3.7) 

 

This formula was successfully tested over a variety of flow rates to confirm experimental 

accuracy prior to implementation.  

The step delay value can be converted into rpm using Equation 3.8 below. 

 rpm =
60

s
min

 x 106 μs
s

S x N x D
  (3.8) 

Where: 

S = steps per revolution (200 here) 

N = number of micro-steps per step (16 here) 

The formula to convert between volumetric flow rate and step delay shown in Figure 3-15 was 

utilised with Equation 3.8 to calculate the minimal and maximal stepper motor operating rpm 

used with each extruder during the coaxial extrusion experiments detailed in subsequent 

chapters. The relationship between flow rate, step delay and rpm is shown in Table 3-3 below, 

applicable to the use of the 1ml syringes described earlier in this chapter. 

Table 3-3. Conversion between volumetric flowrate, step delay and stepper motor rpm using a 1.0 ml disposable 

BD plastipak syringe. 

Q, ml/min D, µs Motor speed, rpm 

0.1 13,097.6 1.4 

6.0 227.3 82.5 

On analysis of the stepper motor rpm values listed in Table 3-3, the highest stepper motor 

operating rpm was 82.5 rpm when using a flow rate of 6.0 ml/min. Given that commercial 

stepper motors do not lose torque until around 300 to 400 rpm, it seemed a safe assumption 

that extruded filaments were not subject to pulsatile flow. Pulsatile flow occurs when the 

stepper motor is operating beyond its operational limits, at higher rpm values, where lead 

screw torque is lost. Pulsatile flow would lead to changing filament or shell diameter, which 

would affect the integrity of diameter measurements made in the subsequent experimental 

chapters of this thesis. 
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3.6. Development of nozzle and bed temperature control 

systems 

This section describes the development of a temperature control system to be implemented 

with the modular coaxial extrusion system. The aim was to facilitate deposition of fine 

diameter heated droplets of agarose solution, a linear polysaccharide with many biologica l 

applications, complete with droplet solidification on contact with a chilled print bed in a 

repeatable manner. 

3.6.1. Background information and theory 

3.6.1.1. Agarose 

Agarose is a non-ionic linear polysaccharide extracted from red algae, consisting of alternating 

repeating units of agarobiose. Agarobiose is a disaccharide consisting of β-D-galactose and 

3,6-anhydro-L-galactose units (see Figure 3-16).  

Agarose is similar to alginate in that it is non-bioactive and is non-biodegradable in humans. 

However, the simple thermal gelation properties of its hydrogels makes agarose attractive in 

bioprinting and extrusion applications to create structures with complex geometries. 

 

Figure 3-16. Agarose disaccharide molecular structure, showing β-D-galactose and 3,6-anhydro-L-galactose units.  

Moreover, agarose hydrogels are thermo-sensitive, exhibiting thermal hysteresis with its 

liquid-to-gel phase transition. The gelation and melting temperature vary depending on 

agarose source and concentration. The melting temperature may range from approximately 70 

to 95 ⁰C and the gelation temperature can range from approximately 25 to 42 ⁰C [14]. Given 

this thermal hysteresis, agarose is notoriously difficult to print and deposit. However, low 

melting temperature agaroses are available, with melting temperatures of around 65 ⁰C. 

Agarose hydrogels are attractive for studies due to the simple thermal gelation mechanism, 

thus there are no requirements for additional cross-linking [15]. The agarose used within this 

work had a gelation temperature of 38.0 ± 2.0 ⁰C. 
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The targeted use of agarose in this work was for the repeatable deposition of agarose droplets 

(sub-50 µm) to be embedded within bacterial samples for analytical purposes using biosensors. 

An important aspect of this work was to create a system facilitating the rapid cooling and 

gelation of deposited liquid droplets, therefore a portable Peltier device-enabled (Ebay.co.uk) 

chilled bed was created in addition to the aforementioned extruder heating system. 

3.6.1.2. The Peltier effect 

On application of current through two different conductive materials connected in series, heat 

may be generated or lost at the electrified junction between these two materials. This is known 

as the Peltier effect. Importantly, the direction of current flow between materials dictates 

whether heat is generated or lost. An image of a typical Peltier device is shown in Figure 3-17. 

 

Figure 3-17. Peltier device, showing inlet wires, which can be reversed to choose which side of the device is cooled 

or heated. 

Modern Peltier devices employ the Peltier effect and are built in a matrix arrangement of 

alternating blocks of p- and n-type semiconductors, sandwiched between thermally-

conductive plates, usually using ceramics such as Alumina (Al2O3). A typical Peltier effect 

circuit is presented in Figure 3-18. 
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Figure 3-18. Peltier effect circuit composed of n- and p-type semiconductors, illustrating the generation of cold and 

hot sides on the same block. 

Consequently, the device operates such that separate hot and cold sides develop and are 

maintained thanks to the high electrical conductivity and low thermal conductivity of the 

semiconductor materials. These thermally polarised sides may then be placed in contact with 

objects in order to apply or remove heat for temperature control purposes. 

3.6.1.3. W1209 thermostat controller 

For basic temperature control, the widely available, low-cost thermostat controller (W1209; 

Amazon UK) was used in conjunction with a Peltier device. The supplied thermistor was 

inserted and fixed in place within the aluminium syringe housing of the extruder configuration, 

feeding temperature information back to the thermostat unit. The thermistor was fitted using a 

grub screw fit and thermal paste was added in the interstitial space between the thermistor and 

housing. The fitting of the thermistor within the aluminium housing is shown in Figure 3-19. 
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Figure 3-19. Location of W1209 thermistor within aluminium syringe housing, where it is locked in place using a 

grub screw. 

A major disadvantage to the W1209 thermostat system was that it only had capacity for simple 

‘bang-bang’ temperature control. ‘Bang-bang’ control simply turns power off once the set 

point has been reached during heating or turns on when the temperature drops below the set 

point during cooling.  

The major operational disadvantage of this setup was that the temperature would swing ± 2.0 

⁰C around the set point of 85.0 ⁰C, when visually inspecting the seven-segment display on the 

W1209 module, across a timespan of approximately fifteen minutes. This error was deemed 

unacceptable in the early stages, as heat loss from the nozzle tip had to be minimised to avoid 

the build-up of excessive temperature gradients between the aluminium housing and the nozzle 

tip. Due to the need for control within 0.5 ⁰C, it was clear that a more precise temperature 

control system was required. 

3.6.1.4. PID control  

A Proportional Integral Derivative (PID) control system was later chosen for the control of 

temperature of the syringe extruder system. PID controllers use feedback control loops to 

constantly calculate the error, e (t), between the set point (desired value) and the current 

variable under study and subsequently applies corrections to manipulate process variables, 

known as control variables, to produce the control function, u (t). This control function is sent 

to an actuator in order to reduce the error to bring the process output, y (t), closer to the set 

point. These corrections are based on three mathematical calculations involving the transient 

error term, namely Proportional (P), Integral (I) and Derivative (D) [16].  
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A simple example of PID control would be increasing the flow of cold water flowing through 

an electronically controlled valve and into a liquid tank to reduce the tank temperature to the 

desired set point. 

PID control was implemented in the extruder heating system by manipulating the 12V pulsed-

width modulation (PWM) current provided to the heating element. PWM simply manipulates 

the period of time that heat is being applied, in a duty cycle, and rapidly switches on and off 

in pulses to control the application of current to the heating element to maintain process 

temperature. PID control was enabled on the Marlin firmware and the PID parameters were 

tuned using the PID auto tune g-code (M301 for extruder, M303 for bed). PID tuning allowed 

control of extruder temperature within ± 0.4 ⁰C (with a target of ± 0.5 ⁰C) with an initial set 

point of 50 ⁰C. This was not tested for other set points, which would affect the stability of the 

PID control system. 

3.6.2. Development of a temperature-controlled extruder  

To facilitate temperature-controlled extrusion it was necessary to integrate a heating system 

within the moveable extruder carriage on the printer frame. An extruder heating system 

requires a heat source, a means of measuring real-time temperature and apparatus for 

controlling the temperature.  

3.6.2.1. Initial heating extruder configuration 

The first iteration of the heating system employed a PLA extruder housing fitted with a widely-

available 50W Peltier device (TEC1-12706) situated between a heat sink (Banggood.com) and 

an in-house fabricated aluminium syringe housing, using zinc oxide-based thermal paste (RS 

Components) to eliminate any air gaps to aid conduction (see Figure 3-20).  

Luer lock tapered-tip stainless steel nozzles, with internal diameter ranging from 0.2 to 0.4 

mm, (Adhesive Dispensing Ltd, UK) were used in conjunction with luer lock syringes to 

dispense 1% (w/v) agarose solution (Carl Roth GmbH, Karlsruhe, Germany) within the 

temperature-controlled extruder system. 
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Figure 3-20. Peltier syringe temperature control module. (a) Front elevation; (b) right side elevation, (c) front 

elevation photo showing steel nozzle locked into syringe contained within aluminium heater housing. 

A water block (Banggood.com) was fitted between the Peltier device and the heat sink, 

facilitating the circulation of water through the water block to dump excess heat in cases where 

cooling the syringe housing below room temperature may have been required, owing to the 

unique nature of a Peltier device being able to heat or cool, depending on input wire polarity. 

The circulation of water would have an effect on temperature stability, therefore if this was to 

be employed, further work would be needed to suitably control the final extrusion temperature, 

Due to the configuration used here, the heat sink effectively acted as a convenient point to 

connect to the aluminium syringe housing, holding the Peltier device and water block in place. 

A tapered stainless steel nozzle was utilised for the extrusion of heated agarose, in order to 

improve the nozzle heat transfer performance in comparison to a blunt nozzle [17] (see Figure 

3-21). 

 

Figure 3-21. Tapered stainless steel luer lock nozzle used for heated extrusion of agarose.  
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It should be noted that the use of an aluminium nozzle would provide significantly greater heat 

transfer however, small diameter aluminium nozzles (target = approximately 200 µm) could 

not be procured for this work, as the aim was to minimise droplet volume. In addition, fluid 

flow is comparably easier with a tapered nozzle than using a blunt needle due to the higher 

shear stresses and velocities in addition to a lower fluid residence time. This situation is 

desirable for acellular extrusion however it is important to reiterate that the inverse is desired 

for cell extrusion due to the propensity for high shear stress to cause cell damage [18] 

3.6.2.2. New extruder carriage and syringe holder design  

With the first iteration employing a Peltier device to control the syringe barrel temperature, 

the syringe barrel Peltier heater temperature was set to 95.0 ⁰C, to melt the agarose. However, 

solidification occurred within the unheated stainless steel nozzle as the nozzle tip averaged at 

36.5 ⁰C, below the average gelation temperature. This tip temperature was measured using a 

digital thermometer (Keplin digital food thermometer, Amazon, UK), in contact with the 

nozzle tip for approximately one minute to allow thermal equilibrium to be reached. 

It was necessary for more heat to be transferred to or retained by the extrusion nozzle in order 

to raise the temperature above the gelation temperature of agarose. Initial attempts involved 

the use of cotton insulation to retain heat within the syringe barrel and the placement of thermal 

paste between the aluminium syringe holder and the syringe barrel, to improve conduction.  

Upon the failure of both methods to avoid agarose gelation within the nozzle, an aluminium 

heating block was fabricated, to be placed over the stainless steel nozzle and fitted using 

thermal paste to eliminate air gaps in order to enhance conduction (see Figure 3-22). This 

configuration succeeded in raising the nozzle tip temperature to an average of 40.0 ⁰C with the 

syringe holder Peltier heater set point temperature at 95.0 ⁰C, this was unfortunately not 

enough to completely avoid agarose gelation within the nozzle. The relatively poor thermal 

conductivity of stainless steel may have been a factor here. 
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Figure 3-22. Extruder heating system with aluminium nozzle cap to mitigate air gap between nozzle and aluminium 

housing. (a) Schematic illustration showing cap placement at bottom of housing, (b) photo showing stainless steel 

nozzle aluminium cap over aluminium housing, with nozzle tip protruding from cap bottom. 

At this stage, it was evident that the nozzle required closer contact heating; however, space 

under the current aluminium syringe-heating block was limited, therefore applying an 

extension block proved very difficult. Therefore, a secondary heating source was required. 

Many options were considered to rectify this issue, ranging from silicone heater mats, coil 

heaters and aluminium nozzles, however, due to the small nozzle base diameter, the wrapping 

of heating elements was not an option. Further, the smallest internal diameter aluminium 

nozzle available on the market was deemed unable to achieve the desired sub-50 µm diameter.  

3.6.2.3. Nozzle heating block  

At this stage, it was decided that a reasonable and convenient option was to employ a nozzle -

heating block. The nozzle heating block system consisted of a 26 x 26 x 10mm block of 

aluminium with holes machined in-house to fit a stainless steel nozzle, cylindrical cartridge 

heater (Amazon.com, UK) and thermistor (cartridge type Semitec 104Gt 100k, E3D-online, 

UK). The cartridge heater and thermistor were linked to PID-controlled programming using 

the RAMPS electronics board of the printer whilst the extruder syringe heater was heated and 

controlled using the previously described Peltier heating module. A schematic representation 

of this configuration is shown in Figure 3-23. 
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Figure 3-23. Extruder heating system with aluminium nozzle heater block, fitted with heat cartridge (red) and 

thermistor (orange) and showing grub screw holes (blue). (a) Schematic plan view of heater block. (b) front 

elevation schematic illustration of complete extruder heating system, (c) photo of nozzle heating system showing 

Peltier device wires in black and red (top left) and heat cartridge (red) and thermistor (white) wires (bottom left) 

(d) schematic nozzle heating block front elevation. 

A final modification to further limit heat loss from the nozzle surface was the embedding of 

an aluminium epoxy putty (RS Components, UK) into the space between the nozzle and the 

nozzle-heating block, to limit heat loss to the environment. With this configuration, the nozzle 

tip temperature increased to an average of 53.5 ⁰C with a nozzle heater set point temperature 

of 90.0 ⁰C. In addition, the nozzle heater set point was lowered to 65.0 ⁰C and the tip 

temperature was recorded to have an average of 42.0 ⁰C, thus remaining above the gelation 

temperature and allowing deposition at a lower nozzle heater set point temperature when 

compared to earlier configurations. 

3.6.3. Cooling bed configuration 

In addition to the nozzle heating system, a chilled printing bed was developed in order to 

provide rapid cooling and gelation of agarose superior to room temperature cooling, with an 

initial target of 5.0 ⁰C. A Peltier device was utilised in order to provide cooling to an aluminium 

plate whilst an aluminium heat sink and 12V DC fan (Banggood.com) were used to remove 

the heat produced by the hot side of the Peltier device. In addition, a water block was also used 

in this configuration to provide capacity for water-based cooling of the hot side, if required. 

The chilled bed was open to the environment; the utilised configuration is displayed in Figure 

3-24.  
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Figure 3-24. Peltier-cooled chilled bed (a) schematic illustration and (b) photo of hardware. 

Different configurations and orientations of the cooling system were considered in the event 

of not achieving sufficiently low temperatures, whereby multiple parallel or stacked Peltier 

devices in addition to multiple fans and heat sinks could be utilised. When the thermostat 

temperature was set to 4.0 ⁰C the bed temperature ranged ± 1.1 ⁰C around the set point using 

simple bang-bang control, measured using the aforementioned digital thermometer for 

approximately one minute of contact time, where the temperature reading has stabilised. 

3.7. Initial testing results  

To deposit agarose droplets, a g-code file was developed, in which a fixed volume of alginate 

would be ejected onto 12 pre-set points onto a glass slide, in a 4x3 array. The aim was to 

deposit equally sized droplets onto the substrate, to analyse droplet size, and to analyse the 

accuracy of the process prior to aiming for fine droplet deposition by modifying the ejected 

volume of agarose in future tests.  

An important parameter which was controlled in these tests was the dwell parameter (S); this 

denotes the period of time between completing extrusion at one point prior to moving to the 

next point. It was imperative to provide enough time for viscous agarose drops to fall or 

coalesce at the nozzle tip prior to moving to the next point, to avoid drops falling outside the 

designated points or to avoid the formation of oversized droplets or agarose-free points, all of 

which are evidenced in Figure 3-25. 
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Figure 3-25. Glass slide showing deposited agarose droplets, with non-uniform sizes and points with an absence of 

agarose, caused by temperature-related nozzle blockage issues. 

Using the latest iteration of the nozzle heating system, limited repeatability of agarose 

deposition was achieved. With the syringe and nozzle heater set temperatures set to 95⁰C, 

deposition would initially facilitate the formation of 1 – 3 uniform droplets, as seen in Figure 

3-25, however, the nozzle would subsequently block, this was assumed to be due to heat 

leaking from the parts of the nozzle not in contact with the aluminium heating block. 

Moreover, due to agarose being retained in the nozzle between the completion of the ejection 

of agarose at one point and moving to the next point and extruding again, it may be this element 

of fluid had sufficient time to be cooled by the surrounding air and solidify within the nozzle, 

hence leading to nozzle blockage. 

Given that the set temperatures could not be increased further, due to boiling of the agarose 

solution, the conclusion was that the hardware required further modification. An attempt was 

made at wrapping a PID-controlled copper wire around the nozzle and affixing a thermistor to 

the nozzle body and subsequently wrapping the nozzle in a heat-insulating tape (see Figure 

3-26). However, this increase in nozzle volume resulted in difficulties in fixing and removing 

the nozzle from syringes in addition to wire unwinding leading to electrical conduction issues, 

with undesired electrification of alginate drops. 
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Figure 3-26. Aluminium syringe heater affixed with coil-wrapped nozzle heater wrapped in insulating tape, 

showing copper and thermistor wires (green). 

Besides further improvements to the nozzle heating approach, it is recommended to use a 

syringe material with high thermal conductivity, such as aluminium in addition to an 

aluminium nozzle. The drawback of this approach is that the syringes are considerably more 

expensive than the standard disposable plastic syringes, however this appears to be the most 

suitable next step in terms of temperature control, as this approach allows considerably more 

heat transfer from the heating systems to the fluid within the syringe and nozzle in comparison 

to the use of plastic syringes.  

Furthermore, also implementing PID temperature control to the syringe heater would provide 

finer syringe temperature control, as opposed to the current simple bang-bang control, which 

would reduce the likelihood of agarose leaking through the nozzle tip due to unwanted 

vaporisation of agarose in the syringe. As the high temperature set points utilised for the 

syringe during this work were up to 95.0 ⁰C, undesirable temperature overshoots were 

experienced once the process temperature reached the set point during bang-bang control (± 

1.5 ⁰C), therefore the actual syringe temperature reached approximately 96.5 ⁰C before natural 

cooling was initiated on the switching off of the heating input. 
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3.8. Conclusion 

To summarise, this section has documented the progression of the development of both the 

coaxial extrusion system to facilitate the extrusion of fine diameter cell-laden collagen 

filaments in addition to the progress in the nozzle heating and bed cooling systems.  

Further work is required in transitioning the extrusion system into a fully 3D coaxial system, 

by adding capacity for the XYZ axis motors to be activated simultaneously with the extruder 

motors. Furthermore, additional work is required to facilitate repeatable agarose droplet 

extrusion in absence of nozzle blockage issues. To that end, it is recommended for future work 

to transition from using plastic (polypropylene), disposable syringes to stainless steel syringes 

or using materials with significantly higher thermal conductivities than polypropylene, to 

avoid the issue of heat leakage between syringe and the environment. 

Given this technological progress, the following chapter utilises the coaxial extrusion system 

described within this chapter to demonstrate the successful production of fine diameter 

collagen fibres contained within hollow, cylindrical alginate hydrogel scaffolds. This 

highlights the versatility of this extrusion platform, in that extrusion of hydrogel droplets and 

collagen filaments which can be seeded with various cell types, with the option of utilising a 

temperature-controlled nozzle, is possible through the implementation of an additional syringe 

pump and a customisable coaxial nozzle system.  
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4. Collagen Filament Extrusion 

4.1. Introduction 

This chapter focuses on the engineering aspects concerned with the extrusion of concentric 

core/shell collagen/alginate scaffolds capable of future cell seeding, thus facilitating the 

fabrication of various cell and tissue filaments. Many aspects of these extruded collagen 

filaments within the core of cross-linked alginate shells were analysed, including diameter, 

morphology and continuity. The key parameters which were analysed include the ratio of flow 

rates between the core and shell nozzles and their magnitudes, crosslinking bath components, 

concentrations and exposure times in addition to collagen concentration.  

The overarching aim of this work was to extrude repeatable, fine diameter, continuous 

collagen filaments of uniform diameter and to produce a parameter control guide in order to 

customise extruded tissue filaments to match patient anatomy but also to provide a foundation 

for future work involving different materials to address the limitations of the current 

configuration. 

There are many parameters which were not studied in this chapter, mainly related to the 

mechanics of alginate hydrogel scaffolds. Porosity and stiffness were identified as key aspects 

to be aware of from the onset of this work and would be addressed on an ad hoc basis.  

4.2. Background information and theory 

4.2.1. Alginate  

As has previously been discussed in Chapter 2, alginate is a natural, biocompatible, water-

soluble polymer capable of cross-linking via G- and M- block ionic bonding using divalent 

cations such as Ca2+ and Ba2+ , to produce highly-tuneable, three-dimensional, mechanically-

stable hydrogels which can be used as an extracellular matrix (ECM) mimic as a cell and tissue 

scaffold material [1].  

It is important to be aware that cross-linked alginate structures may be degraded by various 

ions contained in cell culture media, including phosphate, sodium, potassium and magnesium 

[2]. It is therefore essential that cross-linked alginate structures retain integrity in culture for 

sufficient time to facilitate ECM/cell filament formation and maturation prior to any in vivo 

testing [3].  

Alginate scaffolds may also be dissolved and removed from culture dishes on an ad hoc basis, 

primarily by means of chelation, using EDTA (ethylenediaminetetraacetic acid) [4] and/or 

sodium citrate [5] or enzymatically using alginate lyase [6]. 
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4.2.2. Collagen type I 

Type I collagen is the most abundant collagen type in the human body and is expressed in 

almost all connective tissues and the ECM as a result of its excellent biocompatibility and 

mechanical properties.  

Collagen I is commonly extracted from the collagen fibres within rat tail tendons by 

solubilisation in acetic acid [7] to facilitate in vitro experimentation. Collagen aggregates may 

self-assemble in vitro given neutral pH, suitable ionic strength and room temperature. These 

self-assembled aggregates appear identical to those seen in vivo, therefore allowing accurate 

experimental comparison [8]. Self-assembled collagen gels exhibit excellent biocompatibility 

and can be modelled into many shapes, to mimic various parts of the anatomy.  

However, collagen gels are mechanically weak as they are of low stiffness and elasticity. 

Further, collagen gels biodegrade rapidly, leading to their unsuitability for in vivo studies [9]. 

In many cases, however, the use of tissue-engineered hydrogel scaffolds, such as alginate, or 

collagen cross-linking to mechanically support collagen gels in vitro is essential [10]. In 

addition, collagen is naturally degraded and remodelled by cell-secreted matrix 

metalloproteases (MMPs) specifically collagenases [11] and proteases such as trypsin [12]. 

This gives control of remodelling of the ECM environment to any embedded cells within the 

engineered collagen construct, thus allowing cells to remodel the collagen to their specific 

needs and requirements [13]. 

4.2.3. Shear Stress 

As a fluid flows through a cylindrical pipe, the section of fluid located at the surface boundary 

(walls) of the vessel experiences a frictional force acting in the opposite direction of the flow 

due to the roughness of the surface, Consequently, the element of fluid adjacent to this surface 

layer experiences an equal but opposite force. These equal but opposing forces are known as 

shear forces and the resulting stress is known as the shear stress. As a result of this layer-by-

layer flow retardation, the flow velocity profile ranges from zero at the boundary surface, due 

to the no-slip condition dictating that at a fluid-solid boundary the fluid velocity is zero, until 

a sufficient distance from the surface is reached, such that flow velocity is, arbitrarily, 90.0 to 

99.9% of the undisturbed free stream velocity. The region of fluid affected by this reduction 

of flow is known as the boundary layer. 

For a Newtonian fluid, the shear stress is defined as:  

 𝜏(𝑦) =  𝜇
𝑑𝑢

𝑑𝑦
 (4.1) 



143 

 

Where: 

τ = shear stress 

µ = fluid viscosity 

u = flow velocity  

y = flow height above boundary surface 

Cellular shear stress becomes a major issue with low nozzle diameter. There is a trade-off 

between shear stress and minimal filament diameter whereby decreasing filament diameter by 

using finer nozzle diameters results in an increase in shear stress, resulting in a potential 

reduction in post-extrusion cellular viability when a shear stress threshold is achieved. Short-

term exposure to high levels of shear stress can affect post-extrusion cell viability but also can 

contribute to long-term changes in the proliferation potential of viable cells. It is therefore 

critical that the minimal filament diameter and resulting shear stress are finely balanced to 

achieve optimal filament diameter for a given nozzle diameter without compromising cellular 

viability and phenotype [14]. 

4.2.4. Reynolds number 

The Reynolds number is a dimensionless number which is defined as the ratio between inertial 

and viscous forces experienced by a moving fluid. The calculation of the Reynolds number 

allows prediction of fluid flow patterns 

 𝑅𝑒 =  
𝜌𝑈𝑑

𝜇
 (4.2) 

Where: 

Re = Reynolds number 

ρ = fluid density 

U = average fluid velocity 

d = vessel diameter 

µ = fluid dynamic viscosity 
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Figure 4-1. Flow profiles of a viscous fluid flowing in a cylindrical pipe, showing flow regimes for varying 

Reynolds numbers. 

When Re < 2000 the fluid flow is described as laminar, whereby the viscous forces are 

dominant and the fluid velocity profile for laminar flow is parabolic in nature, as is illustrated 

in Figure 4-1. 

When 2000 < Re < 10,000, the flow is in a transitional state in which turbulent circulating 

currents (eddies) are developing.  

With Re > 10,000, the flow is described as fully-developed turbulent flow where inertial forces 

are dominant and chaotic eddy currents are present, causing some elements of the fluid to 

recirculate and flow in different directions and at different velocities across the cross-section 

of the vessel with the fluid flow in the boundary layer to be unsteady. The flow profile for 

turbulent flow is in the shape of a flattened parabola. Due to the low diameters and flow rates 

used here, the flow regime of collagen and alginate is always laminar. 

4.3. Deriving parameters affecting filament diameter 

4.3.1. Derivation of Navier-Stokes equation 

Assuming a Newtonian, incompressible, viscous liquid flowing in a cylindrical pipe with 

radius, R, of uniform cross-sectional area, A, in the axial ‘z’ direction, as is illustrated in Figure 

4-2 
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Figure 4-2. Laminar flow profile in a cylindrical pipe. 

By applying the principal of conservation of mass, a time-dependent continuity equation may 

be developed. 

To describe the three-dimensional unsteady movement of a viscous fluid, the Navier-Stokes 

equations may be used. These equations are used to describe the relationship between fluid 

pressure, velocity, temperature and density of a moving fluid. These equations arise from the 

application of Newton’s second law of motion in combination with the concepts of 

conservation of mass, momentum and energy. Of particular interest here are the three 

equations describing viscous fluid conservation of momentum. These describe fluid motion in 

the radial (r), angular (θ) and axial (z) directions respectively, and are presented below, in 

cylindrical coordinates. 
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Where: 

ρ = fluid density 

vr, vθ, vz = fluid velocity in the radial, angular and axial directions respectively 

t = time 

r = distance from pipe centre line in radial direction (0 < r < R) 

P = fluid pressure 

gr, gθ, gz = acceleration through application of body forces on fluid in the radial, angular and 

axial directions respectively 

µ = fluid viscosity 

These equations are insolvable in their current form but may be reduced by making a number 

of assumptions: 

 Fluid flow is at steady state, therefore all differentials with respect to time may be 

ignored. 

 The effects of gravity may be ignored by assuming no change in fluid elevation 

throughout the pipe (gr, gθ, gz = 0). 

 There are no radial or angular forces acting on the fluid (vr, vθ = 0). 

 The flow is considered uniform, therefore 
𝜕𝑣𝑧

𝜕𝑧
 = 0, 

𝜕2 𝑣𝑧

𝜕𝑧2
 = 0 

 There is no dependence of vz on the angle θ, therefore  
𝜕2 𝑣𝑧

𝜕𝜃
 = 0 

Upon application of these assumptions, the first of the three equations now simply states 
𝜕𝑃

𝜕𝑟
=

0. In a similar manner, the second equation states 
𝜕𝑃

𝜕𝜃
= 0 

The third equation, describing the axial flow conservation of momentum, is reduced to: 

 
𝜕𝑃

𝜕𝑧
= 𝜇 [

1

𝑟

𝜕

𝜕𝑟
(𝑟

𝜕𝑣𝑧

𝜕𝑟
)] (4.6) 

 

4.3.2. Finding flow velocity distribution  

By taking the simplified Navier-Stokes equation expressed in equation 4.6, it is possible to 

derive the expression for fluid velocity distribution. Firstly, by multiplying both sides by ‘r’ 

and rearranging: 
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𝜕

𝜕𝑟
(𝑟
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By integrating both sides with respect to ‘r’, integrals may be constructed and partial 

differentials may be replaced with Leibniz's notation: 

 ∫
𝑟

𝜇

𝑑𝑃

𝑑𝑧
𝑑𝑟 = ∫

𝑑

𝑑𝑟
(𝑟

𝑑𝑣𝑧

𝑑𝑟
) 𝑑𝑟  (4.8) 

 

Upon integration and rearranging: 

 𝑟
𝑑𝑣𝑧

𝑑𝑟
=

𝑟2

2𝜇

𝑑𝑃

𝑑𝑧
+ 𝐶1 (4.9) 

 

By dividing both sides by ‘r’ and constructing further integrals: 

 ∫
𝑑𝑣𝑧

𝑑𝑟
𝑑𝑟 = ∫

𝑟

2𝜇

𝑑𝑃

𝑑𝑧
+

𝐶1

𝑟
𝑑𝑟 (4.10) 

 

Integration yields: 

 𝑣𝑧(𝑟) =
𝑟2

4𝜇

𝑑𝑃

𝑑𝑧
+ 𝐶1ln(𝑟) + 𝐶2 (4.11) 

 

When applying the boundary conditions, the fluid velocity at r = 0 must be finite, therefore C1 

= 0; C2 is determined when vz = 0 and r is equal to the pipe radius, R, as is dictated by the no-

slip condition: 

 𝐶2 = −
1

4𝜇

𝑑𝑃

𝑑𝑧
𝑅2 (4.12) 

 

Therefore by substitution of C1 and C2 into equation 4.11, the velocity distribution may be 

presented as: 

 𝑣𝑧(𝑟) = −
1

4𝜇

𝑑𝑃

𝑑𝑧
(𝑅2 − 𝑟2) (4.13) 
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This may also be displayed as: 

 𝑣𝑧(𝑟) = −
1

4𝜇

𝑑𝑃

𝑑𝑧
𝑅2 (1 −

𝑟2

𝑅2
) (4.14) 

 

From this equation, it is clear that the velocity distribution forms a paraboloid, whereby the 

maximum fluid velocity is observed at the pipe centreline, where r = 0: 

 𝑣𝑧,𝑚𝑎𝑥 = −
1

4𝜇

𝑑𝑃

𝑑𝑧
𝑅2 (4.15) 

 

4.3.3. Derivation of Poiseuille’s law 

For simplification, let vz = v 

The volumetric flow rate of the fluid may be displayed as [15]: 

 𝑄 = ∫ 𝑣 𝑑𝐴 =  ∫ 𝑣 2𝜋𝑟 𝑑𝑟   (4.16) 

 

By substituting the velocity distribution equation (4.13) into equation 4.16, this equation 

becomes: 

 𝑄 = ∫ −
1

4𝜇

𝑑𝑃

𝑑𝑧
(𝑅2 − 𝑟2)

𝑅

0
 2𝜋𝑟 𝑑𝑟  (4.17) 

 

On integration and application of limits, a rearranged form of the Hagen-Poiseuille equation 

is achieved. 

 𝑄 =  −
𝜋

8𝜇

𝑑𝑃

𝑑𝑧
𝑅4  (4.18) 

 

From this equation, the average fluid velocity can be found: 

 𝑣𝑎𝑣𝑔 =  
𝑄

𝜋𝑅2
= −

𝑑𝑃

𝑑𝑧

𝑅2

8µ
=

1

2
𝑣𝑧,𝑚𝑎𝑥 (4.19) 

 



149 

 

It should be noted that Equation 4.19 states that there is an inverse proportionality relationship 

between fluid velocity/volumetric flow rate and viscosity. By substituting Equation 4.19 into 

equation 4.14, the fluid velocity may be expressed as a function of volumetric flow rate:  

 𝑣(𝑟) = 2𝑣𝑎𝑣𝑔 (1 −
𝑟2

𝑅2
) =

2𝑄

𝜋𝑅2
(1 −

𝑟2

𝑅2
) (4.20) 

 

4.3.4. Equation for coaxial diameters 

When extruding using two fluids within a coaxial nozzle, whereby there is an inner core fluid 

and an outer shell fluid, by employing the fluid velocity distribution equation as a function of 

fluid flow rate, the theoretical coaxial core filament diameter, Dc, may be expressed as a 

function of volumetric flow rate. A schematic of a coaxial nozzle is illustrated in Figure 4-3 

below. 

 

Figure 4-3. Coaxial nozzle cross section showing internal core/shell flowrates and resulting extruded diameters.  

By combining equations 4.16 and equation 4.20, an equation for the core fluid flow rate, Qc, 

can be formulated: 

 𝑄𝑐 =  ∫
2𝑄

𝜋𝑅2
(1 −

𝑟2

𝑅2
) 2𝜋𝑟 𝑑𝑟

𝐷𝑐
2

0
 (4.21) 

 

On integration and rearrangement: 
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𝑄𝑐 𝑅2

4𝑄
= [

𝑟2

2
−

𝑟4

4𝑅2
]

0

𝐷𝑐
2

 (4.22) 

 

By applying the limits of integration and rearranging, a quadratic equation is obtained: 

 𝐷𝑐
4 − 8𝑅2𝐷𝑐

2 + 16𝑅4
𝑄𝑐

𝑄
= 0 (4.23) 

 

Solving this quadratic equation gives: 

 𝐷𝑐
2 = 4𝑅2 (1 ± √(1 −

𝑄𝑐

𝑄
)) (4.24) 

 

Solving for Dc by taking the square root of both sides and eliminating the positive term of the 

quadratic, as Dc < 2R: 

 𝐷𝑐 = √1 − √(1 −
𝑄𝑐

𝑄
) . 2𝑅 (4.25) 

 

This may be re-written to express the core/shell diameter ratio as a function of the respective 

flow rate ratio: 

 
𝐷𝑐

𝐷𝑠

= √1 − √(
𝑄𝑠

𝑄𝑐 + 𝑄𝑠

) (4.26) 

 

Where: 

Ds = shell outer diameter 

Qs = volumetric flow rate of shell fluid 

Equation 4.26 states that the core and/or shell outer diameter may be controlled by simple 

manipulation of the respective flow rates. By increasing the flow rate ratio, there is a 

corresponding decrease in the diameter ratio.  
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This theoretical relationship was validated in practice by Xu et al. [16] by coaxial extruding 

using alginate as the core fluid and CaCl2 solution as the shell fluid to produce calcium alginate 

filaments. However, it should be noted that experimental inaccuracies were present, due to 

effects from the viscosity of the alginate shell fluid, cross-linking effects and transverse 

diffusion occurring within the phase interface [17], resulting in slight deviations from the ideal 

model plot.  

This relationship was additionally demonstrated in practice by Shao et. al [18] using gelatin 

methacryloyl (GelMA), a chemically-modified form of gelatin which is resistant to the thermal 

degradation effects suffered by pure gelatin, as the core fluid [19]. Sodium alginate was used 

as the shell fluid. By manipulating the flow rate of core GelMA solution, sub-100 µm diameter 

acellular filaments were successfully extruded. 

Through the use of modelling software, Williams et. al. [20] demonstrated, using an alginate 

core and a calcium chloride shell solution, that when the shell flow velocity exceeds that of 

the core flow, the core flow begins to accelerate as a result of the transfer of momentum from 

the faster shell fluid. This acceleration results in the contraction of the core fluid, leading to a 

smaller filament diameter (see Figure 4-4). However, it should be noted that this observation 

is affected by the chosen cross-linking conditions. Furthermore, due to the inverse 

proportionality relationship between fluid flow rate and viscosity, as shown in Equation 4.19, 

a lower viscosity core fluid should theoretically lead to a faster fluid flow rate (and velocity) 

for a constant cross-sectional surface area. Therefore, by maintaining the velocity of the shell 

stream above that of the core stream and further increasing Qs, a higher flow rate and greater 

transfer of momentum should be achieved with a comparably lower fluid viscosity, which may 

lead to a smaller filament diameter on momentum-induced acceleration.  
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Figure 4-4. Extruded filament cross sections showing increasing Qs leads to a reduction in core filament diameter. 

With these findings, it therefore seemed viable that this relationship could be applied to 

produce fine diameter collagen filaments. The results of such experiments are detailed in the 

subsequent sections of this chapter. 

4.4. Process description 

Originally developed by Shin et.al [21] by combining glass pipettes with a PDMS 

(Polydimethylsiloxane) chip, coaxial extrusion involves the use of a coaxial nozzle which 

contains two input ports, the outer shell and the inner core, which, when combined, allow 

concentric flow. Whilst Shin et al. used co-flow of an alginate core stream and a CaCl2 solution 

shell stream to produce calcium alginate fibres, Sugiura et. al [22] produced hollow calcium 

alginate tubes by adding sodium alginate in the shell stream, coupled with calcium chloride 

(CaCl2) simultaneously flowing in the core nozzle and extruding into a CaCl2 cross-linking 

bath. 

Monovalent Na+ ions within alginate are displaced by divalent Ca2+ ions to initiate alginate 

cross-linking to produce a porous, mechanically-stable, tubular hydrogel network of calcium 

alginate. These partially cross-linked structures may be further cross-linked in the cross-

linking bath over time; other divalent cations such as Sr2+ or Ba2+ [23][24] may be used in 

place of Ca2+ to tune the alginate shell mechanical properties.  

Onoe et. al. [25] used this platform to fabricate cell-laden filaments using microfluid ic 

apparatus by employing a neutralised, type I collagen solution (acid and pepsin-solubilised rat 

tail-derived) in the core nozzle. Collagen thermal self-assembly occurred within the lumen of 

the tubular alginate scaffolds to produce mechanically-stabilised cell-laden filaments. 
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When cells are suspended within the collagen solution, cell-laden filaments may be produced. 

It should be noted that upon pH neutralisation and prior to extruding, the collagen solution 

must remain at low temperature, by use of an ice bath, for example, and extruded immediately 

to prevent self-assembly as this may lead to collagen gelation and consequential blockage 

within the extrusion nozzle. A detailed schematic of the coaxial extrusion process is found in 

Figure 2-27 whilst an image of extruded filaments may be found in Figure 4-5. 

This versatile methodology allows the addition of further input nozzles, provides a choice of 

cell placement in the core or shell to produce cell filaments or tubular structures, the addition 

of further ECM materials or growth factors and also facilitates the implementation of other 

crosslinking cations, such as Sr2+ and Ba2+  

 

Figure 4-5. Photos showing piles of coaxial extruded alginate scaffolds (a) 90 mm petri dish containing freshly 

cross-linked tubular alginate scaffolds (b) petri dish aligned with glass cross-linking bath. 

In the following experiments, the core nozzle internal diameter (ID) was 27G (203 µm) and 

the corresponding outer diameter (OD) was 22G (406 µm). The nozzle shell ID was 19G (690 

µm) and the corresponding OD was 1070 µm. Alginate concentration in the shell was fixed at 

2.0 ± 0.03% (w/v), due to this concentration providing a good balance between printing 

viscosity, mechanical strength and porosity for cell nutrient and waste diffusion [26] [27]. The 

collagen concentration in the core inlet was initially set to 3.0 mg/ml ± 0.11%, a commonly 

used concentration, as there are difficulties in trying to extrude higher concentrations due to 

higher viscosities, which can lead to printing failure and blocking of small diameter nozzles 

[28] [29]. Calcium chloride cross-linking bath concentration was initially fixed at 100 mM ± 

9.0 µM, a commonly used concentration to cross-link alginate, giving balance between rapid 

cross-linking, mechanical strength and limiting cellular exposure to deleterious concentrations 

of CaCl2 [30] [31]. No post-extrusion crosslinking was initially employed.  
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Printed filaments were submerged and maintained in cell culture media, used to maintain 

cellular viability but used in this chapter to allow comparison between acellular and cellular 

filaments, which are discussed in the next chapter. Cell culture media was changed every 3 to 

4 days (twice per working week). 

4.5. Collagen filament diameter tuning 

This section is dedicated to the experimental investigation of parameter effects on the extruded 

collagen filament diameter in order to inform later cell-seeding experiments to produce fine 

diameter, bespoke tissue filaments. Tested parameters include the effects of flow rate, cross-

linking and collagen concentration, amongst others. 

4.5.1. Shell flow rate and incubation time 

Firstly, to establish the effect of changing the shell nozzle flow rate (Qs) on collagen filament 

diameter, a study was devised in which the core flow rate (Qc) was maintained at 0.1 ml/min 

whilst the shell flow rate was manipulated in order to change the core/shell flow rate ratio 

(Qc/Qs), which was set at three different flow ratios: 1:1, 1:2 and 1:4. This study also allowed 

the analysis of the effect of post-extrusion incubation time in cell culture media on the resulting 

extruded collagen filament diameter. Upon completion of the extrusion process, filaments 

were removed from the cross-linking bath, washed in PBS and subsequently incubated in cell 

culture media over a 14-day period.  
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Figure 4-6. Effect of changing core/shell flow rate ratio on (a) collagen filament diameter over the 14-day 

incubation period. (b) 14-day average filament diameter for each Qc/Qs. (c) Effect of incubation time on filament 

diameter for each tested Qc/Qs. Data points represent mean ± standard deviation (SD) (n =3). (* indicates p < 0.05; 

** indicates p < 0.01 *** indicates p < 0.001). Statistical analysis performed using a one-way ANOVA test with 

Tukey’s post hoc test. Legend in (a) denotes Qc/Qs for each series.  

It was found that there is a significant effect of flow rate ratio manipulation on the 14-day 

average collagen filament diameter for all three cases shown in Figure 4-6 (b) (p < 0.01, one-

way ANOVA with Tukey’s post hoc test). Reducing Qc/Qs from 1:1 to 1:2 significant ly 

reduced the average filament diameter from 367.5 ± 13.2 to 279.8 ± 20.8 µm (p < 0.001). A 

further reduction of Qc/Qs by 0.25, from 1:2 to 1:4, has also been shown to significantly reduce 

the filament diameter, to 216.8 ± 29.1 µm (p < 0.01). The conclusion taken into further 

experiments was that decreasing Qc/Qs leads to a finer collagen filament in the core of the 

alginate shell structure. 
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With regards to incubation time effects, displayed in Figure 4-6 (c), there was no significant 

effect on the diameter of the filaments extruded at a 1:1 flow rate ratio (p > 0.05, one-way 

ANOVA with Tukey’s post hoc test). Using the same statistical testing, a significant difference 

was found between days 1 and 4 for both the 1:2 and 1:4 flow rate ratios (p < 0.05). No further 

significant differences were found between days 4, 7 and 14, indicating filament diameter 

stabilises after a maximum of 4 days when increasing shell flow rates higher than 1:1 up to 

1:4. However, further testing is required to provide a definitive conclusion in this regard. 

 

Figure 4-7. Representative light microscopy images of coaxial extruded collagen/alginate scaffolds using 1:1 and 

1:4 core/shell flow rates at day 1 and day 14 of incubation in cell culture media, showing negligible effect of 

incubation time on filament morphology. Scale bars = 400 µm. 

Incubation effects on filament morphology are illustrated in Figure 4-7, whereby 

representative images show negligible differences between filaments at day 1 and day 14 for  

both 1:1 and 1:4 core/shell flow rate ratios under light microscopy analysis. It is predicted that 

the addition of cells to these filaments would lead to an increase in collagen mass and cell 

number over time, leading to notable effects of incubation time on filament morphology. 

In addition, further tests are required to analyse individual collagen fibril structure and 

alignment, whereby using multi-photon imaging, for example, would provide a more robust 

conclusion.  
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This microscopy technique permits nano-scale visualisation of individual collagen fibril 

morphology, as opposed to the macro scale filaments presented here, which contain many 

fibrils, which may not actually be aligned. 

4.5.2. Incubation and cross-linking time effects 

As hydrogel cross-linking is an integral factor in coaxial extrusion, maintaining scaffold 

integrity and porosity is essential to contain collagen filaments for culture. If the cross-linking 

time is insufficient, scaffolds will degrade too rapidly and be too weak to manipulate, causing 

collagen filaments to fragment in vitro; conversely, if the cross-linking time is too high, 

scaffolds may require a harsher, potentially toxic degradation treatment or may not degrade at 

all in vivo. It was therefore necessary to analyse the effect of post-extrusion cross-linking time 

in a cross-linking bath on collagen filament morphology and, secondly, on filament diameter, 

as there appears to not be any research available on this topic and there may be undocumented 

interactions between cross-linking time and collagen filament diameter. 

Two groups of filaments were extruded into a 100 mM CaCl2 bath and left to cross-link after 

extrusion for either 5 or 10 minutes; a third group was immediately washed following 

extrusion and hence not further exposed to CaCl2 post-extrusion. All filaments were then 

washed in PBS and incubated in well plates containing cell culture media. The core/shell flow 

rate ratio used here was 1:4, for convenience. Filaments were imaged over a ten-day period, 

from day 4 to day 14.  



158 

 

4 7 10 14

0

50

100

150

200

250

300

350

400

C
o

ll
a
g

e
n

 F
il
a
m

e
n

t 
D

ia
m

e
te

r,
 μ

m

Incubation time, Days

 0 Min

 5 Min

 10 Min

 

Figure 4-8. Effect of incubation and cross-linking time on collagen filament diameter within alginate shell, Qc = 

0.05 ml/min, Qs = 0.20 ml/min. Data points represent mean ± SD (n =3).  

Figure 4-8 illustrates no observed significant difference in filament diameter between all three 

cross-linking times used in this experiment (p > 0.05, one-way ANOVA). This was under the 

assumption that the filament cross-section was circular. Filament diameter ranged from 256.3 

± 67.6 µm for the 5-minute case on day 4 to 314.0 ± 23.5 µm on day 10 for the 0-minute 

condition. This indicates that, with a core/shell flow rate ratio of 1:4, alginate shell cross-

linking time has no effect on collagen filament diameter in the core when using the coaxial 

nozzle configuration described in section 4.4. However, it should be noted that some of the 

error bars here measure approximately 25% of the value of the mean, suggesting large 

uncertainty and large confidence interval. Repeating this work with a larger sample size is 

necessary to give a firm conclusion on these observations. 

This assumption was used to inform future experiment planning, in that a day-four 

measurement could be accurately quoted as the true collagen filament diameter for a given 

flow rate manipulation experiment. To confirm this conclusion however, this experiment 

should be performed with other flow rate ratios. 
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Figure 4-9. Day 4 and day 14 representative light microscopy images for three cross-linking conditions showing 

continuous, uniform collagen filaments contained within alginate shells in culture media. Scale bar = 400 µm. 

Under light microscopy, the collagen filaments for all three experimental conditions appeared 

to retain their continuous, uniform morphology across the ten-day period in culture media, as 

shown by Figure 4-9. Additionally, the filaments observed at day 14 are assumed darker as a 

result of staining caused by continuous long-term exposure to phenol red, the pH indicator 

present in the culture media in which the cells were submerged in during the experimental 

period.  

The preliminary conclusions drawn from this experiment were that post-extrusion cross-

linking time of an alginate shell (up to 10 minutes) with 100 mM CaCl2 does not have a 

significant effect on the diameter or uniformity of coaxial extruded collagen filaments. 

However, higher sample numbers are required to provide greater confidence and a robust 

conclusion on these observations. 

4.5.3. Core flow rate tuning 

The effect of changing the core nozzle flow rate (Qc) on collagen filament diameter was also 

investigated. The shell flow rate (Qs) was maintained at 0.5 ml/min whilst the core flow rate 

was increased in increments of 0.1 ml/min, from 0.1 to 0.5 ml/min. This corresponded to 

increasing Qc/Qs in increments of 0.2, from 1:5 up to 1:1 (0.5/0.5).  

This experiment was conducted in order to reinforce the conclusion from the previous 

experiment, detailed in section 4.5.1, that decreasing Qc/Qs would again result in a smaller 

collagen filament diameter but with the manipulation of Qc in this case. The experiment was 

conducted over a five-day period.  
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Figure 4-10. (a) Effect of changing Qc on collagen filament diameter over the five-day experiment, Qs = 0.5 ml/min. 

(b) 5-day average filament diameter for each corresponding Qc/Qs. (c) representative light microscopy images of 

collagen filaments in culture media. Data points represent mean ± SD (n =3). Scale bars = 400 µm. (2:5 ratio case  

omitted from (a) for clarity). 

On analysis of Figure 4-10 (a), it is again observed that decreasing Qc/Qs from 1:1 up to 1:5 

leads to a reduction in collagen filament diameter. It can be seen in Figure 4-10 (b) that the 

five-day average filament diameter significantly increases (p < 0.05) with an increase of Qc/Qs  

by 0.4, from 1:5 to 3:5. The collagen filament diameter at a flow rate ratio of 1:5 measured an 

average of 283.3 ± 10.3 µm, whilst the filament diameter for the 1:1 case was significant ly 

larger (p < 0.001), at 508.3 ± 36.9 µm. Coupling these findings with previous findings, shown 

in section 4.5.1, it can be concluded that reducing Qc/Qs leads to a statistically significant 

change in the extruded collagen filament diameter. 
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4.5.4. Flow rate magnitude effects  

It has been demonstrated that changing Qc/Qs leads to changes in the diameter of extruded 

collagen filaments. Another factor that must be taken into account is the magnitude of the flow 

rates used during coaxial extrusion when fixing Qc/Qs. An experiment was therefore 

undertaken in order to analyse the effect of flow rate magnitude on day 1 (24h post-extrusion) 

collagen filament and alginate shell diameter at an equal flow rate ratio for all cases (1:1 in 

this case). The baseline flow rate used was 0.1 ml/min and this was compared against 0.5 and 

1.0 ml/min to investigate the effect of multiplying the utilised flow rates by five- and ten-fold. 

 

Figure 4-11. Effect of flow rate magnitude at equal flow rate ratio of 1:1 on day 1 collagen filament and alginate 

shell diameter. (a) effect of flow rate magnitude on collagen and shell outer diameter respectively. (b) – (d) 

representative light microscopy images of scaffolds in culture media showing collagen and shell diameters. 

Numbers within figures represent flow rates in ml/min. Data points represent mean ± SD (n =3). Scale bars = 400 

µm. 

It is evident in Figure 4-11 (a) that an increase in flow rate magnitude at a constant flow rate 

ratio leads to an increase in both the collagen filament and alginate shell diameter. The baseline 

collagen filament diameter at 0.1 ml/min was 353.7 ± 19.6 µm, this significantly increased (p 

< 0.001) to 475.0 ± 21.0 µm with a five-fold increase at 0.5 ml/min. There was also a 

significant increase (p < 0.001) of the collagen diameter when increasing the baseline flowrate 

up to 1.0 ml/min, the collagen filament diameter further increased to 517.0 ± 9.5 µm at 0.5 

ml/min.  
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The same statistical trends are observed for the alginate shell diameter. At 0.1 ml/min the shell 

diameter is 578.0 ± 33.0 µm, this significantly increases when comparing to both the 0.5 (p < 

0.01) and 1.0 ml/min (p < 0.001) cases, with a maximum of 851.0 ± 40.7 µm recorded for the 

1.0 ml/min case. The alginate shell diameter is also suspected to start to plateau at flow rates 

greater than 0.5 ml/min as there are no statistically significant differences observed between 

these two measurements. Given this data, it can be concluded that the flow rate magnitude has 

a significant effect on the resulting coaxial extruded collagen filament and alginate shell 

diameters. This observation may be due to the need to maintain continuity, where larger flow 

rates here are transiently distributing larger volumes of material across a fixed cross-sectional 

area (the nozzle outlet). This leads to the deposition of a greater volume of material within a 

fixed space, the consequence of which leads to a greater filament and shell diameter. 

4.5.5. Effect of changing collagen concentration 

On analysis of the work of by Chieh et al. [32], whereby MSC and bone marrow-derived 

stromal cells were embedded in collagen constructs and their transient degradation times were 

studied over time, it was demonstrated that lower collagen construct concentrations resulted 

in a more rapid cell-mediated collagen contraction. It therefore became a focus of study to 

assess if a reduction in collagen concentration would lead to significantly lower filament 

diameters without the presence of cells. Filaments were extruded using 1.0 mg/ml collagen (± 

0.15%) and compared to previous results using 3.0 mg/ml collagen, over a 21-day period of 

incubation. The flow rates used in this experiment were 0.1/0.4 ml/min (Qc/Qs = 1:4).  

  



163 

 

 

Figure 4-12. Effect of changing core collagen concentration on (a) extruded collagen filament diameter within the 

alginate shell using Qc/Qs = 0.1/0.4 ml/min and 3.0 mg/ml. (b) representative light microscopy images of filaments 

on days 1 and 21 of incubation using both 1.0 and 3.0 mg/ml collagen in the core of the coaxial nozzle. Data points 

represent mean ± SD (n =3).  Scale bars = 400 µm. 

On analysis of Figure 4-12 (a), it is clear that there is a major effect of collagen concentration 

on collagen filament diameter from day 7 onwards using Qc/Qs = 0.1/0.4 ml/min. There was 

no significance recorded between each collagen concentration at day 1, however, there was 

major statistical significance found (p < 0.001) between the two collagen concentrations used 

for days 7, 14 and 21, this indicates that the difference in collagen diameter becomes 

significant between days 1 and 7. The day 7-21 average collagen filament diameter for 3.0 

mg/ml collagen was 231.4 ± 14.5 µm; the 1.0 mg/ml equivalent was 31.6% lower, at 158.2 ± 

9.7 µm. The apparent fact that a lower collagen concentration leads to a finer collagen filament 

using the given flow rates was used in further experiments, which were aimed at achieving 

fine diameter collagen and cell filament extrusion experiments.  

Furthermore, the apparent significant difference between filament diameters for the 3.0 mg/ml 

case, between days 1 and 7, is assumed to be the result of using a small sample size (n = 3), 

leading to a poor understanding of the distribution of data. Given that no significant differences 

were observed for the 1.0 mg/ml case, it is predicted that repeating this work with a larger 

sample size would lead to no significant differences in collagen filament diameter between 

each time point for the 3.0 mg/ml case. 

4.5.6. Combining flow rate and collagen concentration effects 

To combine the effect of reducing the core/shell flow rate ratio with the reduction of the 

collagen concentration, a ten-day experiment was devised whereby the core/shell flow rate 

ratio and collagen concentrations were manipulated and studied in tandem.  
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The core collagen flow rate, Qc, was maintained at 0.1 ml/min whilst Qs ranged from 1.0 

ml/min to 6.0 ml/min, in increments of 1.0 ml/min. Collagen solution concentrations of 1.0 

and 3.0 mg/ml were used to allow a comparison between collagen concentrations.  

It should be noted that due to issues with media-induced scaffold degradation on long-term 

incubation in MEM-α (minimum essential medium) culture medium, secondary BaCl2 cross-

linking was employed.  

Tabriz et al. [24] utilised 2 minutes of 60 mM BaCl2 following 10 minutes of 100 mM CaCl2 

cross-linking to extend the stability of 4% (w/v) alginate lattice structures from 3 days to 11 

days.  

On that basis, the following experiment utilised secondary cross-linking with 50 mM BaCl2 

for 2 minutes following 5 minutes of primary cross-linking using 100 mM CaCl2. These 

conditions were implemented in this experiment in order to increase the life of alginate 

scaffolds prior to media-induced degradation, whereby scaffolds would collapse on attempted 

pickup using forceps. 
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Figure 4-13. Effect of shell flow rate and collagen concentration on coaxially extruded core collagen filament 

diameter within 2.0 % alginate shell cross-linked using 100 mM CaCl2 for 5 minutes and subsequently cross-linked 

using 50 mM BaCl2 for 2 minutes. Qc = 0.1 ml/min. Average collagen filament diameter over the ten-day 

experimental period for each Qs using (a) 3.0 mg/ml collagen, (c) 1.0 mg/ml. Ten-day average filament diameter 

for each Qs using (b) 3.0 mg/ml collagen (d) 1.0 mg/ml. (e) Comparison of average filament diameters at each Q s 

using collagen concentrations of 1.0 and 3.0 mg/ml. Data points represent mean ± SE (standard error) (n = 3 for 

(a), (c) and (e); n = 4 for (b) and (d)).  

On analysis of Figure 4-13, significant differences in average collagen filament diameter were 

found on an increase of Qs from 1.0 to 6.0 ml/min, in increments of 1.0 ml/min, corresponding 

to a reduction in the core/shell flow rate ratio from 1:10 to 1:60, using both collagen 

concentrations of 1.0 and 3.0 mg/ml.  

With the 3.0 mg/ml case in Figure 4-13 (a), the largest observed filament diameter was 154.7 

± 9.1 µm, recorded on day 1 for the Qs = 1.0 ml/min case, whilst the smallest observed filament 

diameter was measured at 8.5 ± 0.7 µm (See Figure 4-14 (f)), using Qs = 5.0 ml/min on day 1, 

thus highlighting the significant effect of Qs on the resulting average collagen filament 

diameter. In reference to Figure 4-13 (b), it can be seen that there is a statistically significant 

reduction (p < 0.01, one-way ANOVA with Tukey’s post hoc test) in the ten-day average 

collagen filament diameter when reducing Qs from 1.0 to 3.0 ml/min, whereby the average 

filament diameter reduces from 143.9 ± 8.9 µm at Qs = 1.0 ml/min to 30.7 ± 5.4 µm at Qs = 

3.0 ml/min. In addition, the average diameter reduction effect began to lose statistical 

significance on the transition of Qs from 3.0 to 4.0 ml/min, characterised by the plateauing of 

the 10-day average filament diameter from 4.0 to 6.0 ml/min, where the average filament 

diameter ranged from 20.0 ± 1.9 µm at 4.0 ml/min to 13.2 ± 1.2 µm with Qs = 6.0 ml/min.  
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With regards to the 1.0 mg/ml case, presented in Figure 4-13 (c), the largest filament diameter 

was again found on day 1 for the 1.0 ml/min experiment, at 91.9 ± 5.5 µm, whilst the smallest 

diameter was found using Qs = 6.0 ml/min, at 11.9 ± 0.6 µm on day 1. The plateau effect of 

the ten-day average filament diameter observed with 3.0 mg/ml was also found with 1.0 mg/ml 

collagen, as is presented in Figure 4-13 (d), the effect was also observed on the transition from 

Qs = 3.0 and 4.0 ml/min. The ten-day average collagen filament diameter ranged from 15.2 ± 

2.3 µm with Qs = 4.0 ml/min to 14.0 ± 1.0 µm using Qs = 6.0 ml/min. 

This data suggests that the significant effect of reducing the average collagen filament 

diameter diminishes once Qs exceeds 3.0 ml/min, for both collagen concentrations tested here, 

leading to a plateauing of the resulting average filament diameter. It is predicted that this 

plateauing effect is a result of the core collagen flow velocity peaking, as a result of the core 

acceleration effect caused by the transfer of momentum from the shell alginate stream to the 

core collagen stream. 

On comparison of the ten-day average collagen filament diameter between the two utilised 

collagen concentrations, 1.0 and 3.0 mg/ml, Figure 4-13 (e) highlights that the diameter of the 

1.0 mg/ml case was significantly lower than of the 3.0 mg/ml scenario, in a statistical manner 

(p < 0.001), using Qs = 1.0 and 2.0 ml/min. Due to the aforementioned plateau effect, this 

significant difference was eliminated due to the convergence of the filament diameters when 

Qs ≥ 3.0 ml/min. 
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Figure 4-14. Effect of collagen concentration (1.0, 3.0 mg/ml) on coaxially extruded core collagen filament 

diameter on (a) day 1, (b) day 3, (c) day 7, (d) day 10, within 2.0 % alginate shell cross-linked using 100 mM CaCl2 

for 5 minutes and subsequently cross-linked using 50 mM BaCl2 for 2 minutes. Qc = 0.1 ml/min; Qs =1.0 to 6.0 

ml/min. (e) Representative light microscopy images on day 1 of incubation in culture medium, illustrating 

narrowing of collagen filaments with increases in Qs. (f) Light microscopy image showing sub-10 µm collagen 

filament using 3.0 mg/ml collagen, Qc = 0.1 and Qs = 5.0 ml/min on day 1 of incubation in culture medium. Scale 

bars = 100 µm. Data points represent mean ± SE (n = 3). 

On analysis of the individual time point data displayed in Figure 4-14, comparisons of average 

filament diameters between each collagen concentration have revealed a constant statistically 

significant difference (p < 0.01) unique to use of the lowest tested Qs of 1.0 ml/min for all four 

analysed time intervals (day 1 to day 10). This data indicates that a simple reduction in collagen 

concentration, from 3.0 to 1.0 mg/ml, results in significantly smaller filament diameters across 

a ten-day study. A further significant difference was observed for the 2.0 ml/min case, 

however, this was only observed on days 7 and 10 (p < 0.001)  

This reduction in filament diameter at lower collagen concentrations may be due to lower 

collagen concentrations containing lower masses of collagen in an equivalent volume of 

solution, which allows greater observed filament narrowing as a result of core solution 

acceleration through transfer of momentum from the faster outer shell solution within the 

coaxial nozzle setup. In addition, the significant effect of core narrowing may be absent at 

higher Qs values due to the shell-to-core solution transfer of momentum effect plateauing. It 

is predicted that comparatively smaller filament diameters may be observed for collagen 

concentrations lower than 1.0 mg/ml, however, the concentration must remain sufficient to 

facilitate filament formation and to prevent filament breakup whilst trying to manipulate 

filaments, using forceps for example. 
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In summary, it has been demonstrated that reducing the core/shell flow rate ratio when 

coaxially extruding collagen filaments in the core of cross-linked alginate shells, leads to the 

reduction of the average filament diameter until the filament diameter reaches a minimum (at 

Qs = 4.0 ml/min here) as a result of the limitations of shell-to-core momentum transfer, an 

effect seen for both collagen concentrations of 1.0 and 3.0 mg/ml. In addition, significant 

differences were seen between the ten-day average filament diameter on manipulation of the 

concentration of collagen, between 1.0 and 3.0 mg/ml, until Qs reached a threshold value of 

3.0 ml/min, on the advent of the aforementioned plateauing of filament diameter.  

On analysis of the time point filament diameter data, significant differences between collagen 

concentrations were only observed for Qs = 1.0 ml/min for all time points (day 1, 3, 7, 10), 

indicating that the significant difference found with the ten-day average diameter of the 2.0 

ml/min case was a consequence of significant differences found between collagen 

concentrations on days 7 and 10, therefore demonstrating a limited application when Qs > 2.0 

ml/min. 

Therefore, the effect of reducing the collagen concentration from 3.0 to 1.0 mg/ml to 

significantly reduce the average collagen filament diameter may only be applied in a limited 

manner, where Qs < 2.0 ml/min for the conditions used here. 

4.5.7. Validation of theoretical equation for coaxial diameters 

To analyse the validity of the theoretical relationship between the inlet coaxial flow rates and 

the resulting core and shell filament diameters presented in Equation 4.26, a comparison was 

made between theoretical and experimental data.   
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Figure 4-15. Relationship between coaxial diameter ratio (Dc/Ds) and flow rate ratios (Qc/Qs), with experimental 

data for 1.0 and 3.0 mg/ml collagen core solutions plotted alongside theoretical data. Alginate cross-linking was 

achieved by primary cross-linking using 100 mM CaCl2 for 5 minutes, followed by secondary cross-linking using 

50 mM BaCl2 for 2 minutes. Data points represent mean ± SD (n = 3). 

On study of Figure 4-15, it is clear that the two experimental conditions followed the inverse 

relationship between the coaxial diameter and flow rate ratios, as is dictated by the theoretical 

equation. However, the two experimental plots deviated from the idealised theoretical 

equation, largely due to simplification of the Navier-Stokes equations in order to provide a 

solvable solution.  

Major assumptions which would have resulted in this experimental deviation include the 

assumption that the fluid is Newtonian (viscosity is independent of shear rate), the fluid is 

flowing at steady state (flow rate in = flow rate out), the effects of gravity are negligible and 

there are no radial or angular forces acting on the fluid. In this case, collagen solutions are 

non-Newtonian fluids and steady state through the nozzle may not have been achieved, 

however this was not verified. Moreover, gravity, radial and angular forces would have been 

present and acting on the fluid, thus affecting the nozzle outlet flow rates.  

Further inaccuracies may also have presented by assuming negligible fluid viscosity, as the 

fluid flow rate may be retarded to various degrees by viscosity effects, depending on the 

chosen material.  
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Furthermore, alginate cross-linking effects would also have had an effect on alginate flow rate 

due to the increase in flow-hindering viscosity caused by the cross-linking process and it has 

been shown in this chapter that cross-linking conditions have an effect on alginate shell 

diameter, therefore having an effect on Dc/Ds. Finally, the ability of fluids to diffuse at the 

phase interface in the transverse plain may also have had an effect on resulting coaxial 

diameters. 

As has previously been discussed in section 4.5.6, the two experimental plots, for 1.0 and 3.0 

mg/ml collagen filaments, largely stayed statistically similar, this suggests that the differences 

between these two concentrations of collagen have negligible effects on filament diameter 

ratios for the given flow rate ratio range. Future investigations on the effect of fluid physical 

properties, such as density and viscosity, on the resulting extruded filament and shell diameters 

may allow refinement of the theoretical equation and may provide an informed empirical 

equation to more accurately predict filament and shell diameters based on the chosen fluid(s) 

physical properties. 

4.6. Alginate shell tuning  

This section details the effects of changing various parameters on the resulting extruded 

alginate shell diameter and wall thickness. The tested parameters include the core/shell flow 

rate ratio and various cross-linking conditions, namely cation type, concentration and exposure 

time. A final section provides insight on the requirements for alginate degradation using 

chelation agents. 

The significance of this work lies in the need to limit the alginate shell diameter and wall 

thickness for tissue engineering applications, as this will have an impact on nutrient and waste 

diffusion upon seeding collagen extrusion solutions with cells for tissue engineering purposes. 

It is imperative that shell walls are of an adequate thickness (less than 100 – 200 µm) to 

facilitate unhindered material transport [33] [34]. 

4.6.1. Effect of flow rate ratio on alginate shell diameter 

The work presented in section 4.5 led to the conclusion that reducing Qc/Qs lead to a smaller 

collagen filament diameter within the cross-linked calcium alginate shell. It is also important 

to investigate the effect of manipulating this flow rate ratio on both the alginate shell diameter 

and shell wall thickness for future tissue engineering purposes. 

For the following experiment, Qc was maintained at 0.1 ml/min whilst Qs ranged from 0.1 to 

2.0 ml/min, hence Qc/Qs ranged from 1:1 to 1:20.  
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Extruded filaments were incubated and imaged whilst still in culture media over a seven-day 

period. The hypothesis, according to the theory, was that as Qs increased (with a corresponding 

decrease in Qc/Qs) the shell diameter would increase due to an increase in alginate flow 

velocity with respect to collagen in the core.  

 

Figure 4-16. (a) Effect of changing Qc/Qs on alginate shell outer diameter, (b) seven-day average shell diameter for 

corresponding Qc/Qs values, (c) representative light microscopy images of alginate-shelled scaffolds containing 3.0 

mg/ml collagen cores, illustrating the increasing of shell (and collagen filament) diameter with respective decreases 

in Qc/Qs. Data points represent mean ± SD (n =3). Scale bars = 200 µm. 

It can be seen from Figure 4-16 (a) that decreasing Qc/Qs does indeed lead to a significant ly 

larger alginate shell outer diameter. With reference to Figure 4-16 (b), there was statistical 

significance exhibited between the average alginate shell diameter for all data series tested (p 

< 0.05, one-way ANOVA test with Tukey’s post hoc test). The average shell diameter ranged 

from an average of 606.67 ± 34.6 µm at a flow rate ratio of 1:1 to a significantly higher value 

of 814.25 ± 20.3 µm when Qc/Qs was reduced down to 1:20 (p < 0.001). Given this evidence, 

it was concluded that a smaller Qc/Qs results in a greater alginate shell diameter for the range 

provided in Figure 4-16. It is assumed that this trend would continue until a maximum shell 

diameter is achieved, limited by nozzle diameter and crosslinking-induced swelling. 
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To find the maximal alginate shell diameter on increasing Qs further than the previously-tested 

1:20 Qc/Qs ratio, the range was extended up to 1:60, by fixing Qc at 0.1 ml/min and testing Qs 

between 0.1 ml/min and 6.0 ml/min, with the addition of combined Ca2+ and Ba2+ cross-linking 

(5 minutes, 100 mM CaCl2 followed by 2 minutes, 50 mM BaCl2). The effect of shell flow rate 

on the alginate shell wall thickness was also investigated. It should be noted that there may be 

an effect of changing Qc, whereby the maximal shell diameter may be found in a later 

experiment, using a value other than 0.1 ml/min. 

 

Figure 4-17. Effect of increasing Qs on coaxial extruded 2% (w/v) alginate shell day 1 (a) outer diameter and (b) 

wall thickness using a 100 mM CaCl2 cross-linking bath for 5 minutes followed by secondary cross-linking using 

50 mM BaCl2 for 2 minutes. Qc = 0.1 ml/min with 3.0 mg/ml collagen solution. (c) representative light microscopy 

images of alginate shells for each respective Qs, (shell walls in black). Data points represent mean ± SD (n = 3). 

Scale bars = 400 µm. 

As can be seen from Figure 4-17 (a), the significant enlarging of the shell outer diameter is 

again seen on increasing Qs from 0.1 to 2.0 ml/min (Qc/Qs = 1:1 to 1:20), whereby the diameter 

increased from 731.9 ± 63.9 µm to 887.4 ± 18.4 µm (p < 0.01).  



174 

 

A further significant increase in shell diameter can be seen when increasing Qs from 2.0 to 5.0 

ml/min (p < 0.01), with the shell diameter reaching 1064.6 ± 12.9 µm at 5.0 ml/min. It is 

assumed that this increase in diameter is a result of the need to maintain continuity, caused by 

the higher flow velocity, therefore the shell diameter is consequently larger due to the greater 

volume of alginate being expelled from the nozzle. 

On comparing the diameters between the 3.0 and 6.0 ml/min cases, it is evident that the shell 

diameter has plateaued, emphasised by the lack of statistical significance between these four 

groups. At this stage, it is assumed that the shell alginate stream has reached its maximal 

diameter, limited by the nozzle diameter. 

On analysis of Figure 4-17 (b), there is also a significant effect of increasing Qs on the alginate 

shell wall thickness. On increasing Qs from 0.1 to 3.0, there is a corresponding significant 

increase (p < 0.05) of the wall thickness, from 50.8 ± 6.0 µm to 67.5 ± 0.6 µm. Again, this 

significant increase in wall thickness appears to have peaked between 3.0 and 6.0 ml/min, this 

is due to wall thickness being a further parameter which is intrinsically linked to Qs and of the 

need to maintain continuity on flow rate increases. Interestingly, the magnitude of all alginate 

shell wall thicknesses for all Qs was < 80.0 µm, indicating that diffusion of nutrients and waste 

should not be limited in future cell seeding experiments.  

In summary, it has been demonstrated that there is a significant effect of the shell alginate flow 

rate on the resulting alginate shell diameter and wall thickness upon coaxial extrusion into a 

CaCl2 cross-linking bath (100 mM, 5 min) with further BaCl2 (50 mM, 2 min) cross-linking. 

The alginate shell diameter and wall thickness significantly increased on corresponding 

increases of Qs from 0.1 to 3.0 ml/min, with further increases to Qs, up to 6.0 ml/min, not 

returning further statistically significant increases. It should be noted here that future work 

could investigate the effect of Qc on alginate shell diameter and wall thickness by fixing Qs 

and modifying Qc across a similar Qc/Qs range as drag or momentum-based interactions 

between the core and shell fluid may be present. 

4.6.2. Effects of cross-linking time  

Similar to section 4.5.2, whereby the effect of post-extrusion cross-linking time with 100 mM 

CaCl2 on the diameter of extruded collagen filaments in the core of the tubular alginate 

scaffolds was investigated, this section is focussed on analysing the effect of cross-linking 

time on the diameter and wall thickness of the alginate shell. 
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It was suspected that a longer cross-linking time would lead to a reduced alginate shell outer 

diameter and wall thickness, due to an increase in alginate exposure to Ca2+ ions leading to a 

greater degree of cross-linking, bringing alginate chains in closer proximity, thus leading to a 

closer-packed structure with a reduced capacity to swell in volume. 

Alginate-collagen scaffolds were extruded at a Qc/Qs of 1:4 (0.05/0.20 ml/min) into a 100 mM 

CaCl2 cross-linking bath and either removed immediately post-extrusion (0 min) or allowed 

to further crosslink for five or ten minutes. These extrusions were subsequently drained and 

imaged using light microscopy to record the shell OD and ID. Wall thickness was calculated 

as half of the difference between OD and ID. 

 

Figure 4-18. (a) Effect of post-extrusion cross-linking time using 100 mM CaCl2 on alginate shell outer diameter 

at Qc/Qs = 1:4 (with 3.0 mg/ml collagen cores). (b) representative day 0 (post-extrusion) light microscopy images 

showing coaxial alginate scaffold outer and internal diameters for each cross-linking time condition. Data points 

represent mean ± SD (n =3). Scale bars = 400 µm. 

On analysis of Figure 4-18 (a), the dominant observation was that there was almost no 

statistically significant contribution of post-extrusion crosslinking time using 100 mM CaCl2 

on alginate shell diameter, with the diameter ranging from 613.33 ± 28.1 µm for day 7 of the 

10-min case to 803.0 ± 28.1 µm on day 0 with 0 min post-extrusion cross-linking.  

The only statistically significant difference was found at day 7, between 5 and 10 minutes of 

cross-linking (p < 0.05).  
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However, given that this finding was the only outlier, the overarching conclusion drawn from 

this experiment was that up to 10 minutes of post-extrusion crosslinking with 100 mM CaCl2 

has no effect on the resulting alginate shell diameter over a 14-day incubation period in culture 

media. This data emphasises the rapid cross-linking nature of alginate in that the alginate shell 

diameter appears to be unaffected by cross-linking time and seems to be determined by the 

flow rate of alginate in the shell nozzle and the initial contact of alginate with the cross-linking 

bath when initiating extrusion, as has been previously described. 
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Figure 4-19. Post-extrusion (day 0) alginate shell characteristic lengths when Qc/Qs = 1:4, including calculated wall 

thickness for three cross-linking times using 100 mM CaCl2. Data points represent mean ± SD (n =3). Note: OD = 

outer diameter; ID = internal diameter.  

Figure 4-19 illustrates the characteristic post-extrusion (day 0) dimensions recorded for each 

experimental condition and also includes the calculated shell wall thickness. Statistical 

analysis on calculated wall thicknesses revealed no significant differences between the three 

cross-linking times used here (p > 0.05). This suggests that wall thickness remains unaffected 

by CaCl2 concentration due to the alginate shell swelling in an omnidirectional manner, thus 

whilst the outer and internal diameters change, the wall thickness remains unchanged. 

However, the mean wall thickness did reduce from 159.5 ± 18.6 µm at 0 min to 112.7 ± 20.5 

µm for the 10 min experiment, a reduction of 29.4%.  
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This preliminary data suggests that cross-linking time with 100 mM CaCl2 does not have a 

significant effect on alginate shell wall thickness, however, further experimentation is advised 

to provide a definite conclusion on this matter, data for following days of incubation in culture 

media is required to analyse shell reaction to culture media. 

4.6.3. Effect of cross-linking bath concentration  

The effect of the concentration of the CaCl2 cross-linking bath on the resulting alginate shell 

diameter was studied. The aim was to reduce bath concentration from the initial 100 mM CaCl2 

to find the minimal concentration which could extrude alginate tubes with sufficient 

mechanical strength to be handled without collapsing under their own weight.  

Firstly, a study was performed whereby hollow alginate tubes (100 mM CaCl2 core; 2.0% w/v 

alginate shell) were extruded at incrementally lower bath concentrations of CaCl2. The 

core/shell flow rate ratio (Qc/Qs) was set at 1:4 (0.05/0.20 ml/min). This study found that the 

minimal required concentration was between 25 mM (failed) and 50 mM (succeeded). A 

subsequent study then extruded tubes at three different concentrations of CaCl2 (50, 75 and 

100 mM, all ± 9.0 µM) and aimed to analyse if there was any significant effect of bath 

concentration on alginate shell diameter. Extrusion time was maintained at approximately 

twenty seconds per extrusion in order to control the crosslinking time; no post-extrusion cross-

linking was employed. Shell diameter was analysed both immediately post-extrusion, after 

draining crosslinking CaCl2 solution and washing with PBS in addition to after one day of 

incubation in cell culture media. 
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Figure 4-20. Effects of bath CaCl2 concentration on resulting coaxial extruded alginate (a) shell outer diameter. 

Qc/Qs = 0.05/0.20 ml/min. (b) representative day 0 light microscopy images for each tested bath concentration. 

Data points represent mean ± SD (n =3). Scale bars = 400 µm. 

It can be deduced from Figure 4-20 (a) that reducing the bath concentration results in a larger 

alginate shell diameter. At day 0, increasing the bath concentration from 50 to 100 mM results 

in a 15.8% reduction in shell diameter, from 811.0 ± 4.0 µm to 682.7 ± 21.1 µm. Similarly, 

there is an 18.8% reduction in diameter between the 50 mM and 100 mM cases (753.8 ± 4.5 

µm to 612.0 ± 11.8 µm). Although there were some statistical differences observed when 

changing the bath concentration by 25 mM between the 50 and 75 mM cases on day 0 and also 

between the 75 and 100 mM cases at day 1 (p < 0.05), major differences (p < 0.001) were 

observed both post-extrusion and also on day 1 between the 50 and 100 mM cases.  

These results indicate an inverse proportionality relationship between bath concentration and 

alginate shell outer diameter. When there is a higher concentration of CaCl2, there is a 

proportionally higher concentration of Ca2+ ions present, thus facilitating a higher degree of 

cross-linking between neighbouring alginate chains, resulting in a closer-packed and stiffer 

cross-linked three-dimensional hydrogel structure. It is known that increasing Ca2+ 

concentration when cross-linking alginate leads to a lower swelling ratio [35], as less water is 

absorbed to give a lower final alginate volume (or diameter in this case). 
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Figure 4-21. Post-extrusion (day 0) alginate shell characteristic lengths including calculated wall thickness for three 

cross-linking concentrations using CaCl2. Data points represent mean ± SD (n =3). Note: SD error bar for 50 mM 

wall is too minute to appear visible in image (135.8 ± 1.5 µm). 

The day 0 data displayed in Figure 4-20 has been expanded to also display internal diameter 

and calculated wall thickness for the three cross-linking concentrations utilised, as is shown in 

Figure 4-21. Besides the aforementioned outer diameter effects, similar expected statistically 

significant differences (p < 0.01) were found between 50 and 100 mM CaCl2 for the internal 

diameter, expected as a result of less swelling with the higher concentration. There were no 

observed statistically significant differences between wall thicknesses, with these ranging 

from 111.5 ± 26.6 µm with the 75 mM case to 135.8 ± 1.5 µm when using the 50 mM bath. 

This may again be attributed to equal swelling of the outer and internal diameters, leading to 

a maintenance of the wall thickness for the given cross-linking concentrations. This leads to a 

provisional conclusion that crosslinking concentration using CaCl2 does not affect the 

resulting alginate shell wall thickness.  

4.6.4. Effect of cross-linking cation type  

To provide an initial insight into the effect of various cross-linking conditions on the resulting 

post-extrusion (day 0) alginate shell diameter and wall thickness, an experiment was 

conducted using six different conditions, employing three different divalent cations (Ca2+, Sr2+ 

and Ba2+) for comparison. Both 5 and 10 minutes of cross-linking was employed using 100 

mM CaCl2 (5/10C) and SrCl2 (5/10S) in addition to combining 5 minutes of 100 mM CaCl2 

cross-linking with secondary cross-linking using 2 minutes of 50 mM BaCl2 (5C-2B) or 100 

mM SrCl2 (5C-2S).  
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It was suspected that the use of Sr2+ and Ba2+ would lead to comparatively smaller shell 

diameters and wall thicknesses due to the stronger affinity of alginate for these cations [36], 

thus having a stronger effect on alginate swelling to provide less water absorption, leading to 

shrinkage relative to the exclusive use of 100 mM Ca2+.  

 

Figure 4-22. Effect of cross-linking conditions on coaxial post-extrusion (day 0) 2% alginate shell (with 3.0 mg/ml 

collagen cores) (a) diameter and (b) wall thickness. (c) representative light microscopy images for each 

corresponding cross-linking case. Note: ‘a’ represents statistical significance between 5S and 10C (p < 0.05), 5C 

and 5C-2S (p < 0.001); ‘b’ represents statistical significance between 10S and 5C-2B (p < 0.05), 10C (p < 0.01) 

and 5C, 5C-2S (p < 0.001). Acronyms: 5/10C = 5/10 minutes 100 mM CaCl2; 5C-2B = 5 minutes 100 mM CaCl2 

+ 2 minutes 50 mM BaCl2; 5C-2S = 5 minutes 100 mM CaCl2+ 2 minutes 100 mM SrCl2; 5/10S = 5/10 minutes 

100 mM SrCl2. Data represents mean ± SD. Scale bars = 400 µm. 

As can be derived from Figure 4-22 (a), there was a significant effect of cross-linking 

conditions on the resultant alginate shell diameter. The addition of secondary cross-linking 

using 50 mM BaCl2 to 5 minutes of 100 mM CaCl2 provided a significant reduction in shell 

diameter (p < 0.05), from 880.2 ± 29.4 µm to 811.4 ± 28.3 µm. Moreover, it appears that using 

2 minutes of 100 mM SrCl2 provided a significantly larger diameter of 881.7 ± 17.9 µm (p < 

0.05) relative to the 5C-2B case, demonstrating the stronger affinity of Ba2+ ions to alginate in 

comparison to Sr2+ ions, even with a halved concentration of 50 mM. 

Coaxial extrusion of alginate directly into a 100 mM SrCl2 cross-linking bath provided the 

smallest shell diameters for all cases, with multiple statistically significant differences 

observed (see caption of Figure 4-22).  
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Interestingly, there was no significant difference between using 5 or 10 minutes of cross-

linking time (p > 0.05) using the SrCl2 bath, wherein the shell diameter for the 5S case was 

754.7 ± 17.7 µm whilst the 10S case displayed a similar average diameter of 747.9 ± 13.0 µm. 

As was expected, it is apparent that coaxial extrusion of alginate into a bath of SrCl2, as 

opposed to CaCl2, leads to a smaller diameter alginate shell due to the stronger ionic attraction 

between Sr2+ and alginate, which, according to theory, should be a more robust structure which 

may be more resistant to long-term degradation by various ions contained within cell culture 

media. On this basis, it is predicted that this diameter reduction effect may be further 

pronounced on the use of a 100 mM BaCl2 cross-linking bath. 

On statistical analysis of post-extrusion alginate shell wall thicknesses, there was no 

significant effect of cross-linking conditions on the resulting alginate shell wall thickness (p > 

0.05), with thicknesses ranging from 49.6 ± 4.7 µm for the 5S case to 60.3 ± 9.0 µm with the 

10S condition. All cases indicated favourable wall thicknesses for nutrient and waste diffusion 

for tissue engineering purposes. Given that the alginate shell diameter undergoes significant 

changes with the manipulation of the cross-linking conditions, this surprising result indicates 

that the wall thickness appears to be more determined by the coaxial nozzle diameter and flow 

rate and appears unaffected on post-extrusion analysis under a light microscope. However, 

further work is required to analyse the long-term effect of incubation on the respective wall 

thicknesses. It is suspected that alginate shells subjected to relatively weaker cross-linking 

conditions (5/10C) will degrade quicker when incubated in culture media, resulting in 

comparably smaller shell wall thicknesses over time when compared to the relatively stronger 

cross-linking cases using Sr2+ and Ba2+. 

In summary, it has been demonstrated that the implementation of Sr2+ and Ba2+ for alginate 

cross-linking, both exclusively but also in conjunction with primary CaCl2 cross-linking, 

results in significant changes to the post-extrusion (day 0) cross-linked alginate shell diameter. 

As alginate has stronger affinities for Sr2+ and Ba2+
, in ascending order, these cations appear 

to have a greater effect on alginate swelling and absorb comparatively less water than CaCl2-

only cross-linking due to tighter ionic bonding between neighbouring alginate chains. In 

addition, there was no statistically significant effect of cross-linking conditions on the post-

extrusion alginate shell wall thickness. It is assumed that the wall thickness is largely 

determined by the shell coaxial nozzle diameter and the respective input flow rate. 

To conclude, further work is required to analyse the long-term effects of incubation in cell 

culture media on the alginate shell diameter and wall thickness to inform future tissue 

engineering studies and associated alginate scaffold degradation studies. 
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4.6.5. Alginate degradation  

A pivotal aspect of extrusion and culturing cell and tissue filaments in the core of hollow 

tubular hydrogel scaffolds is that of degradability. It is essential that scaffolds can be degraded 

rapidly and without any adverse toxicity effects caused by the chosen degradation chemical. 

Degradation can be performed partially or fully in vitro prior to in vivo studies. It is therefore 

imperative that the kinetics and toxicity of degradation treatments must be elucidated prior to 

implementation. The most common alginate degradation mechanism involves the cleavage of 

the ionic bonds between Ca2+ (and/or Sr2+ and Ba2+) ions and alginate chains using ionic 

chelation, by means of either EDTA or sodium citrate. A second, less utilised, method is by 

degradation of glycosidic bonds within the alginate chains by enzymatic means, using the 

enzyme alginate lyase.  

Studies were performed in order to determine suitable concentrations and exposure times of 

cross-linked alginate (100 mM bath, no post-extrusion cross-linking) to sodium citrate. 

Extruded collagen/alginate concentric tubular scaffolds were incubated for a specified time, 

culture media was drained, washed with PBS and subsequently exposed to sodium citrate at 

varying concentrations and observed for alginate dissolution over time in static conditions. 

Structures were observed with the naked eye and complete dissolution was determined when 

collagen structures could be observed adhering to the bottom of culture wells, indicating 

absence of any alginate shell. A key parameter to be accounted for in these experiments was 

shell wall thickness. Thicker walls were assumed to require a comparably longer dissolution 

time for a given concentration of the chosen dissolution chemical. The maximum wall 

thickness from all experiments never exceeded 200 µm. 
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Figure 4-23. Light microscopy images illustrating the culture and degradation of collagen/alginate core/shell 

scaffolds which were not subjected to post-extrusion cross-linking using 100 mM CaCl2. Flow ratio = 1:1 (0.1/0.1 

ml/min for (a), 0.1/1.2 ml/min for all others). (a) post-extrusion scaffold showing alginate shell walls (collagen is 

in pre-gel state and thus does not appear under light microscopy). (b) collagen filament contained with alginate 

shell after one day of incubation in culture media. (c) collagen filament in media after degradation of alginate shell 

using 55 mM sodium citrate. (d) lone collagen filament pictured in bottom of drained culture well. Scale bars (a - 

c) = 400 µm; (d) = 1.0 mm. 

With the use of sodium citrate to dissolve alginate shells of an average thickness of 159.3 ± 

26.8 µm, 55 to 110 mM lead to a rapid alginate shell dissolution (<1 min) whilst using 27.5 

mM lead to dissolution within two minutes. An example of the transition of collagen/alginate 

core/shell structures from post-extrusion to scaffold-free collagen filaments is shown in Figure 

4-23. The result of dissolving calcium alginate in under one minute with the commonly-used 

concentration of 55 mM  sodium citrate [37] was favourable for further in vitro studies, 

particularly to aide analyses of fine diameter scaffold-free cell and tissue filaments. A similar 

result (< 1 min degradation time) was obtained using concentrations in the range of 27.5 to 

110 mM EDTA when degrading alginate shells with a comparable wall thickness of 159.5 ± 

18.6 µm (0.05/0.20 ml/min). 
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Both 55 mM sodium citrate and 27.5 mM EDTA are suitable for degrading the calcium 

alginate shells used here within one minute and the combination of low concentration and 

rapid exposure time should cause minimal toxicity to the cells used in further experiments 

(adipose-derived stem cells). A further option which may provide superior to single-chemica l 

alginate degradation is the use of a combination of sodium citrate and EDTA, as has been 

demonstrated by Gaetani et al. [38] to isolate suspended human cardiac progenitor cells. A 

solution of 55 mM sodium citrate and 20 mM EDTA was used for 10 minutes to dissolve 5% 

alginate matrices cross-linked using 102 mM CaCl2 for 5 to 10 min. No deleterious effects on 

cell morphology were reported, therefore it is assumed that this combination may be used for 

the extruded structures detailed here, which should be comparably swifter to degrade due to 

the lower alginate concentration used here. 

It should be noted that alginate structures exposed to further post-extrusion cross-linking using 

100 mM CaCl2 or cross-linking using Sr2+ or Ba2+ ions may require comparably higher 

EDTA/sodium citrate concentrations in addition to longer degradation times due to the 

requirement for the degradation of a comparably higher number of inter-alginate ionic bonds 

with these cases; further studies are required in this regard. 

4.7. Limitations of the coaxial extrusion process 

As alginate is bio-inert, there is no capacity for cellular adhesion when solely using alginate 

as a scaffold material. In such cases where a bioactive shell is desired, there is scope to use 

RGD (Arginine-Glycine-Aspartic acid) modified alginate [39] [40] or to blend alginate with 

an additional bioactive material, such as GelMA [41] or fibrinogen [42] [43].  

The concentrations of collagen used here (1.0 to 3.0 mg/ml) lead to mechanically-weak, non-

physiologically-comparable extruded filaments [44]. These filaments fragment on 

manipulation using forceps and therefore will need to be mechanically-modified for 

transplantation purposes. Otherwise, higher collagen concentrations, which are more 

clinically-relevant, may be tested [45]. 

With respect to flow rate manipulation, further increase of the shell flow rate will lead to the 

failure to produce continuous collagen filaments, due to the acceleration of the core collagen 

stream causing excessive core velocities. Data from previous experiments were analysed to 

find the collagen/shell core/shell flow rate ratio which would show filament discontinuities 

using 1.0 and 3.0 mg/ml. The cross-linking parameters consisted of 5 minutes of 100 mM 

CaCl2 followed by 2 minutes within 50 mM BaCl2.  
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Figure 4-24. Representative light microscopy images showing discontinuous collagen filaments.  Using (a) 1.0 

mg/ml and (b) 3.0 mg/ml, displaying convergence and subsequent formation of discontinuous filament (containing 

3 x 106 HepaRG cells) caused by excessive acceleration of core collagen stream by 2.0% (w/v) alginate shell 

streams. Scale bars = (a) 200 µm, (b) 100 µm. 

With reference to Figure 4-24, it can be seen that using a 1:60 flow rate ratio resulted in 

discontinuities using 1.0 mg/ml collagen whilst using a 1:80 core/shell flow rate ratio resulted 

in the fracturing of the collagen stream using 3.0 mg/ml, caused by shell flow rate-induced 

acceleration by momentum transfer. It can be seen that this fracturing effect is observed using 

a comparatively lower flow rate ratio using the lower collagen concentration. This is assumed 

to be due to the comparatively lower mass of collagen being present, leading to a reduced 

propensity for continuous filament formation. The presence of cells within the 3.0 mg/ml case 

may also have had an effect, however, this image still serves to show that there is an upper 

limit to the shell flow rate in which core filaments will fail to form continuous filaments due 

to excessive induced velocities. 

On the other hand, the use of core collagen flow rates lower than 0.1 ml/min within a 100 mM 

CaCl2 cross-linking bath resulted in the failure of collagen to flow and be narrowed by the fast 

alginate stream. Similarly, the reduction (or cessation) of the alginate shell stream flow rate 

resulted in nozzle blockage, with the formation of cross-linked alginate lumps. This effect was 

first observed at Qs < 0.2 ml/min using 2.0% alginate and a 100 mM CaCl2 cross-linking bath. 

The formation of alginate lumps on flow reduction or halting of flow is assumed to be due to 

the fact that alginate flowing within a CaCl2 cross-linking bath must maintain a certain level 

of momentum to prevent nozzle blockage due to the rapid cross-linking ability of Ca2+ ions 

within a 100 mM CaCl2 bath. 
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Furthermore, a coaxial extrusion setup is inherently limited to the use of two input nozzles, 

however, this system may be adapted to accommodate further nozzles, thus allowing high-

precision fabrication of diameter-controlled, multi-layer cylindrical scaffold structures. In 

addition, the coaxial nozzle used for every experiment within this chapter was fabricated using 

stainless steel. Future nozzles may be designed using computer-aided drawing (CAD) and 3D-

printed using resin polymers. This provides a cheaper nozzle system which provides complete 

control of nozzle internal anatomy and orifice geometry, facilitating the experimentation of 

various flow channel geometries in addition to the implementation of multi-channel nozzles 

[46]. 

Moreover, control of flow rates may also have an influence on resulting filament and shell 

dimensions. On using stepper motors, any transient fluctuations in the power supply to a 

stepper motor (or the corresponding stepper motor driver) could result in changes to motor 

speed, directly affecting material flow rates. As has been demonstrated in this chapter, any 

changes to core/shell material flow rates can impact extruded core/shell diameters. Therefore, 

it is important to control motor power supply as much as possible over the course of the 

extrusion process. Similarly, the control of temperature may also affect extruded material 

diameters due to temperature affecting viscosity and density. As viscosity is defined as the 

resistance of a material to flow, modifications to viscosity may affect flow rates and resulting 

diameters upon extrusion. In a similar manner, changes in density may lead to changes in 

filament or shell volume, therefore affecting apparent diameters. It is therefore imperative to 

control room and nozzle temperature as much as possible. 

4.8. Conclusion  

By taking the findings and conclusions from the experiments given in this chapter, a summary 

to guide the tuning of the alginate shell and collagen core filament diameters is shown in 

Tables 5-1 and 5-2 below, listing the relevant coaxial extrusion parameters and their effects 

on the aforementioned diameters. 
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Table 4-1. Effect of various coaxial extrusion parameters on extruded alginate shell diameter. 

Parameter Effect on alginate shell diameter Notes 

Flow rate 

ratio (Qc/Qs) 

Smaller Qc/Qs leads to larger shell outer 

diameter (and wall thickness) 

Valid for Qc < 3.0 ml/min 

Cross-linking 

time (100 

mM CaCl2) 

Apparently no effect. Tested between 0 and 10 min 

with 100 mM CaCl2,  no 

results for before day 4 

Bath CaCl2 

concentration 

Higher bath CaCl2 conc. results in 

significantly smaller shell diameter 

50, 75, 100 mM CaCl2 tested   

Divalent 

cation type 

Use of Sr2+ and Ba2+ modify day 0 shell 

diameter (but not wall thickness) 

Only tested on day 0, using 

5/10min 100 mM CaCl2, 100 

mM SrCl2 and 100 mM CaCl2 

with 2 min 50 mM BaCl2/ 100 

mM SrCl2 

 

Table 4-2. Effect of various coaxial extrusion parameters on extruded collagen filament diameter. 

Parameter Effect on collagen filament diameter Notes 

Flow rate 

ratio (Qc/Qs) 

Lower Qc/Qs leads to smaller filament 

diameter 

Confirmed from 1:1 to 1:30 

using 1.0 and 3.0 mg/ml 

collagen 

Flow rate 

magnitude at 

equal flow 

rate ratio 

Higher magnitude leads to larger filament 

diameter 

Tested at Qc and Qs = 0.1, 0.5, 

1.0 ml/min  

Collagen 

concentration 

Lower collagen concentration leads to 

smaller filament diameter  

Concentration tested between 

1.0 and 3.0 mg/ml collagen 

solution, valid for Qc < 2.0 

ml/min. 

These tables were used to inform the tuning of alginate shell and core collagen filament 

diameters during coaxial extrusion experiments in the following chapter, which involves the 

use of adipose-derived stem cells to provide a proof-of-concept for the extrusion of fine 

diameter, continuous cell-collagen filaments contained in porous, cross-linked tubular alginate 

scaffolds. 
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5. Coaxial Extrusion of Fine Diameter Cell-laden Filaments 

5.1. Introduction 

This chapter builds on the foundational work presented in Chapter 2 by adding cells to the core 

collagen solution within a coaxial nozzle. In doing so, an in vitro extracellular matrix (ECM)-

mimicking environment is created, facilitating the seeding, aggregation and proliferation of 

dispersed cells along the self-assembled collagen fibrils. This provides a valid platform for the 

in vitro study of cells in a three-dimensional native-like environment, with the goal of 

engineering aligned, transplantable tissue filaments. 

5.1.1. Challenges of adding cells  

On the addition of cells to collagen core filaments during coaxial extrusion and further 

incubation in culture media, alginate shell porosity and wall thickness must be controlled in 

order to facilitate nutrient delivery and waste metabolite removal [1]. As has been previously 

stated, hydrogel shell wall thickness must be < 100 – 200 µm to prevent limitations in 

diffusion-based mass transport in the absence of perfusion culture [2].  

The work in Chapter 2 demonstrated that by controlling cross-linking conditions and the flow 

rate of alginate in the shell of a coaxial nozzle, the post-extrusion wall thickness can be 

controlled to satisfy these requirements for the given coaxial nozzle system diameters (203/690 

µm core/shell).  

5.2. Process description 

The previously-described coaxial process (see Chapter 2) was utilised with the addition of 

adipose-derived stem cells (ADSCs) to the core collagen solution prior to extrusion. Upon 

incubation in culture media, collagen self-assembled to form a gelled filament, thus providing 

a backbone for dispersed cells to attach through integrin receptor binding to RGD (Arginine-

Glycine-Aspartic acid) motifs located on the collagen polymer alpha chains. Over time, viable 

cells may spread and aggregate with nearby cells to form tissue filaments.  

5.2.1. Experimental aims 

The aim of the work presented in this chapter was analyse the effect of extrusion parameters 

on the resulting minimal filament diameter, viability and aggregation ability of ADSCs added 

in the collagen core of coaxial extruded hollow alginate shells, with the aim of producing fine 

diameter, high-viability, continuous cell-collagen filaments capable of further cell 

differentiation to produce transplantable tissue filaments.  
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Early experiments focussed on the control of parameters to observe cellular aggregation and 

alignment into tissue filaments whereas later experiments were concerned with the reduction 

of alginate scaffold and cell filament diameters to ensure adequate porosity for mass transport.  

An additional study investigated the viability of differentiated ADSCs, with a Schwann cell-

like phenotype, to assess the potential of this platform for neural repair applications. 

Efforts were then directed at achieving fine diameter cell filaments through the manipulation 

of input flow rates. On achieving sub-100 µm filaments, it then became important to increase 

the lifespan of viable and continuous filaments prior to in vitro degradation. This was achieved 

through the increase of alginate shell porosity through the manipulation of cross-linking 

parameters. On achieving suitable porosity and cell filament diameter, more attempts at fine 

diameter filaments were made through the manipulation of collagen concentration and cell 

seeding density  

The cells of choice were ADSCs. All culture media was changed every 3 to 4 days (twice per 

week). Day 0 images refer to approximately three hours post-extrusion. Experimentally, 

extruded filaments were primarily analysed using live/dead and brightfield imaging, to assess 

filament diameter and continuity in addition to cell viability over time. 

5.3. Extrusion of ADSCs at high-viability 

With all cell-seeding coaxial extrusion experiments, there were many key observations to 

assess for successful cellular integration and survival within the extruded alginate constructs. 

Firstly, it was necessary to assess post-extrusion cellular viability, as nozzle shear stresses 

were identified as a major barrier to successful cell extrusion. On observation of successful 

extrusion and maintenance of viability, spreading and aggregation of cells into fibres was the 

next key step. This was crucial as it essential for cells to successfully form tissue junctions to 

adjacent cells in order to form a tissue filament along an aligned collagen backbone and to 

maintain overall tissue viability through adequate nutrition and intercellular signalling [3]. 

Early experiments were concerned with the extrusion of ADSCs at high viability and to 

investigate the ability of the cells to spread and aggregate. On progressing from the collagen-

only coaxial experiments there were additional considerations to make. The cell seeding 

density had to be sufficient such that dispersed cells within the collagen filament could spread 

to find neighbouring cells to facilitate aggregation. The cross-linking time had to be sufficient 

to achieve collagen and alginate mechanical stabilisation in addition to achieving sufficient 

porosity to facilitate unhindered nutrient and waste diffusion whilst containing cells and 

collagen within the scaffold core. 
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The aim of this first experiment was to analyse the viability of ADSCs encapsulated within 

the collagen core of alginate shell scaffolds, with the hope of observing high viability and 

cellular aggregation into filaments. The cell seeding density used here was 4.0 x 106 cells/ml 

collagen solution. A 1:1 core/shell flow rate ratio (Qc/Qs) was used, with both Qc and Qs 

equalling 1.0 ml/min.  

 

Figure 5-1. Representative live/dead images of ADSCs encapsulated within the gelled 3.0 mg/ml collagen core of 

2.0% (w/v) alginate scaffolds cross-linked in a 100 mM CaCl2 bath for 10 minutes at a cell seeding density of 4.0 

x 106 cells/ml and core/shell flow rates of 1.0/1.0 ml/min. NC = negative control (hollow alginate shell cross-linked 

by 100 mM CaCl2 core solution); PC = positive control (4.0 x 106 cells/ml in 75% / 25% (v/v) collagen/media  

solution in bottom of culture well). Scale bars = 200 µm. 
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With reference to Figure 5-1, the day 0 live/dead image shows ADSCs dispersed within the 

collagen core, requiring more time to spread and aggregate. Between days 0 and 1, the cells 

appear to contract the collagen filament, as evidenced by the apparent reduction in filament 

diameter. From days 1 to 7, cells remained aggregated and elongated at high viability, 

indicating that, as expected, the ADSCs are in an ECM-like environment conducive to cell 

survival and proliferation. However, the ADSCs do not appear to form a continuous filament 

with cells aggregating to form a tissue-like filament, as is shown by the apparent holes 

throughout the structures, this was attributed to a low cell seeding density and it was concluded 

that further work should use relatively higher concentrations of cells within the collagen core 

solution to observe cellular aggregation. 

0 1 3 7 10

0

10

20

30

40

50

60

70

80

90

100

Incubation time, Days

V
ia

b
il
it

y
, 
%

*
**

**

 

Figure 5-2. Viability of ADSCs encapsulated within the gelled 3.0 mg/ml collagen core of 2.0% (w/v) alginate 

scaffolds cross-linked in a 100 mM CaCl2 bath for 10 minutes at a cell seeding density of 4.0 x 106 cells/ml and 

core/shell flow rates of 1.0/1.0 ml/min. Data represents mean ± SD (n = 3). Statistical analysis performed using a 

one-way ANOVA test with Tukey’s post hoc test. (* indicates p < 0.05; ** indicates p < 0.01. *** indicates p < 

0.001). 

Cellular viability analysis, shown in Figure 5-2, revealed that cell viability was > 92.0% 

throughout the experiment, with a significant increase from day 1 to day 3 (p < 0.01), to a 

maximum of 98.3 ± 0.84% on day 3. Viability then declined in a statistically-significant 

manner (p < 0.05) to a minimum of 92.8 ± 0.64% on day 10.  
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It should be noted here that the absence of dead cells in all live/dead images presented in this 

chapter may be attributed to the washing of constructs prior to imaging, using phosphate-

buffered saline (PBS), leading to the removal of non-adhered dead cells. Therefore, viability 

may only be determined for adhered cells. 

The day 10 image appears largely fragmented and discontinuous, signalling the breakdown of 

the collagen structure, which may have attributed to the fact that the collagen filament diameter 

is > 200 µm, consequently leading to nutrient diffusion being limited and causing the 

formation of necrotic regions and subsequent collagen filament fragmentation.  

Moreover, the increased fragmentation of the cell-collagen structures may be a consequence 

of cellular remodelling of the collagen by release of MMPs (matrix metalloproteinases) [4]. 

The absence of cell filaments was suspected to be a result of low cell-seeding density,  

subsequent experiments were therefore performed at higher cell-seeding densities  

5.4. High cell density study for tissue filament culture 

Upon successful high-viability ADSC seeding within coaxial extruded collagen filaments, the 

next step was to observe aggregation into cell filaments. To achieve this, the cell seeding 

density was increased from 4.0 x 106 cells/ml to 10.0 x 106 cells/ml and further to 15.0 x 106 

cells/ml with further live/dead analyses used to compare results. These density values were 

chosen in reference to similar coaxial extrusion filament-forming work, where Dai et al. [5] 

formed heterogeneous tumour fibres using 10.0 x 107 cells/ml. The higher value of 15.0 x 107 

cells/ml was also trialled to investigate any effects of using a higher concentration. 
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Figure 5-3. Representative live/dead imaging of ADSCs encapsulated within the gelled 3.0 mg/ml collagen core of 

2.0% (w/v) alginate scaffolds cross-linked in a 100 mM CaCl2 bath for 10 minutes at a cell seeding density of 10.0 

x 106 and 15.0 x 106 cells/ml and core/shell flow rates of 1.0/1.0 ml/min. Scale bar = 200 µm. 

On analysis of the results presented in Figure 5-3, the aim of the experiment was achieved 

through the successful culture of ADSC filaments on day 3 for both tested cell densities. The 

general observation for both cases is that the cells begin culture in the dispersed state prior to 

spreading and aggregation into a cell-contracted filament. The major difference between the 

lower cell density of 4.0 x 106 cells/ml used in the previous experiment (section 5.2.1) and 

using  ≥ 10.0 x 106 cells/ml is that the initial aggregation phase results in the formation of a 

cell-collagen filament as opposed to the previously-observed fragmented aggregates. The day 

3 filament diameters measured 136 ± 15.6 µm and 139.8 ± 14.7 µm respectively (mean ± SD), 

in line with the sub-200 µm diameter diffusion requirements discussed in section 5.1.1. 
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Figure 5-4. Viability of ADSCs encapsulated within the gelled 3.0 mg/ml collagen core of 2.0% (w/v) alginate 

scaffolds cross-linked in a 100 mM CaCl2 bath for 10 minutes at cell seeding densities of 10.0 x 106 and 15.0 x 106 

cells/ml and core/shell flow rates of 1.0/1.0 ml/min. Data represents mean ± SD (n = 3). Statistical analysis 

performed using a one-way ANOVA test with Tukey’s post hoc test. 

On comparison of day 1 viability data between the two experimental cases, it can be seen that 

the ADSCs are still in a dispersed state at the lower cell seeding density, however, a filament 

is clearly observed for the higher density of 15.0 x 106 cells/ml, meanwhile, Figure 5-4 shows 

that cell viability can be considered high (> 90%) for both cases (> 96.7%). It can therefore be 

inferred that with the flow rates and nozzle diameters used here, the cell seeding density must 

be > 10.0 x 106 cells/ml to increase the rate of filament formation. Using a higher cell seeding 

density reduces the requirement of cells to spread to facilitate aggregation due to the closer 

proximity of neighbouring cells. Consequently, it can be expected that a higher cell seeding 

density results in a swifter filament formation under controlled experimental conditions. 

However, it should be noted that there were no observed statistically significant differences in 

viability between the two cell seeding densities used here. 

Between days 3 and 7, these filaments degraded into smaller aggregates until day 10. This 

degradation was suspected to be caused by limited nutrient diffusion due to a combination of 

day 1 collagen filament diameter measuring a mean of 517.0 ± 9.5 µm in addition to an alginate 

shell outer diameter of 851 ± 40.7 µm.  
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As a consequence, many cells which were adhered to the collagen filament appear to have died 

between days 3 and 7 due to a lack of sufficient nutrition caused by a large diffusion distance 

from the outer shell to the core of the collagen filaments. This is reflected in the statistically -

significant reduction (p < 0.001) in cell viability for both cell seeding densities used between 

days 3 and 7, from > 93.8 ± 0.63% on day 3 to > 74.5 ± 0.85% on day 7, with a further 

reduction to > 73.3 ± 1.08% observed on day 10. 

Furthermore, cellular MMP remodelling of collagen and alginate degradation may have also 

contributed to cell-collagen filament degradation, however, further experiments first focussed 

on the effect of a smaller collagen filament diameter on cellular filament formation and 

degradation times. 

5.5. Extrusion of Schwann cell-like filaments 

With the successful extrusion and culture of ADSC filaments, the viability and filament-

forming ability of differentiated ADSCs to a Schwann cell-like phenotype (dADSCs) within 

coaxially extruded alginate scaffolds was tested. The core/shell flow rate ratio was maintained 

at 1:1 and the flow rates were halved, from 1.0 ml/min to 0.5 ml/min, as a result of collagen-

only experiments indicating that a reduced flow rate magnitude would result in a lower 

collagen filament diameter.  

With the use of growth factors to maintain the differentiated state of the dADSCs, there were 

economic concerns regarding the cell-seeding density in addition to permeability concerns 

with the molecular weight of the growth factors, listed in Table 5-1.  

Table 5-1. Growth factors used in Schwann-like dADSC culture. 

Growth factor Molecular weight Concentration in media 

Glial growth factor (GGF) 8.0 kDa 250 ng/ml 

Human basic fibroblastic 

growth factor (hBFGF) 

18.0 kDa 10 ng/ml 

Platelet-derived growth 

factor (PDGF) 

24.0 kDa 5 ng/ml 

Forskolin 410.5 Da 5.8 mg/ml 

The initial work here used a cell-seeding density of 15.0 x 106 cells/ml, chosen to provide a 

high probability of cell filament formation whilst providing a baseline to inform future 

experiments. Firstly, a quantitative analysis of viability across the culture period is presented 

in Figure 5-5 below. 
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Figure 5-5. Viability of dADSCs encapsulated within the gelled 3.0 mg/ml collagen core of 2.0% (w/v) alginate 

scaffolds cross-linked in a 100 mM CaCl2 bath for 10 minutes at a cell seeding density of 15.0 x 106 cells/ml and 

core/shell flow rates of 0.5/0.5 ml/min. Data represents mean ± SD (n = 3), Statistical analysis performed using a 

one-way ANOVA test with Tukey’s post hoc test. 

In addition to live/dead images, brightfield images were also taken here. This would provide 

further information on the morphology of formed filaments and to investigate cell spreading 

across extruded collagen filaments.  

 

Figure 5-6. Representative day 0 to 4 live/dead and brightfield imaging of dADSCs encapsulated within the gelled 

3.0 mg/ml collagen core of 2.0% (w/v) alginate scaffolds cross-linked in a 100 mM CaCl2 bath for 10 minutes at a 

cell seeding density of 15.0 x 106 cells/ml and core/shell flow rates of 0.5/0.5 ml/min. Scale bar = 200 µm. 
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On analysis of Figure 5-6, cells are firstly in a dispersed phase at high-viability (96.0 ± 1.85%) 

at day 0 and begin to aggregate from days 1 to 4. From days 1 to 3, cells have spread and 

aggregated with nearby cells across the collagen filament, with viability remaining above 

96.9%, however, a complete cell-collagen filament had not yet formed. Cells at the periphery 

of the collagen filament aligned parallel to the alginate shell inner walls. At day 4, continuous, 

uniform, apparently contracted cell-collagen filaments have formed at high-viability. In 

addition, the mean filament diameter reduced to approximately 44.9% of day 1 diameter (757.2 

± 41.5 µm to 340.3 ± 5.2 µm) as a result of the filament-forming process. This contraction was 

expected, as cellular collagen contraction by cells is a transient process [6].  

 

Figure 5-7. Representative day 5 to 14 live/dead and brightfield imaging of dADSCs encapsulated within the gelled 

3.0 mg/ml collagen core of 2.0% (w/v) alginate scaffolds cross-linked in a 100 mM CaCl2 bath for 10 minutes at a 

cell seeding density of 15.0 x 106 cells/ml and core/shell flow rates of 0.5/0.5 ml/min. Scale bar = 200 µm. 

As is evidenced in Figure 5-7, the cell-collagen filament present on day 4 significant ly 

degraded within 24 hours, from day 5 onwards. Viability remained at 94.0 ± 0.5% on day 5, 

however, no continuous collagen filaments were observed and only fragments of filaments 

were observed. Viability then dropped in a statistically-significant manner to 87.7 ± 2.4% on 

day 7 (p < 0.05) and this continued to decline to a minimum of 80.7 ± 2.5% on day 14. This 

drop in viability appears related to the fragmented appearance of filaments from days 5 to 11, 

indicating nutrient diffusion limitations as a result of the contracted collagen filament diameter 

being > 200 µm (412.6 ± 11.0 µm), cellular remodelling of collagen may also be a contributor 

to this degradation and drop in viability. A further issue may have been the limitation in the 

transport of growth factors across the alginate shell walls.  
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Further experimentation on alginate permeability to large molecules, in the 4.4 to 40.0 kDa 

range, as mentioned in section 5.1.1, is required for further work using Schwann-like dADSCs 

to confirm this. Additionally, a lower filament diameter is also required to eliminate the 

necrotic effects on cells caused by any limitations to nutrient diffusion. 

 

Figure 5-8. Representative day 1 to 14 live/dead imaging of dADSCs encapsulated within the gelled 3.0 mg/ml 

collagen core of 2.0% (w/v) alginate scaffolds cross-linked in a 100 mM CaCl2 bath for 10 minutes at a cell seeding 

density of 15.0 x 106 cells/ml and core/shell flow rates of 0.5/0.5 ml/min. Scale bar = 200 µm. 

Figure 5-8 provides higher magnification images to inform the assessment of cellular 

alignment within the collagen filaments during the aggregation and degradation phases. 

During the aggregation phases (days 1 to 3) cells can be seen to aggregate and align to 

neighbouring cells, however many cells were not aligned parallel to the filament walls, 

suggesting that the collagen fibres within the collagen filament were misaligned and that these 

cells appear unsuitable to be used in any future in vivo work. This cellular misalignment 

continued from the filament phase (day 4) to the degradation phase (day 5 to day 14). 

Interestingly, the day 7 image shows another case where a number of cells aligned parallel to 

the alginate shell, indicating that the alginate shell wall acts as a guide for peripherally-located 

cells. 

To summarise, this experiment has shown successful high-viability coaxial extrusion and 

culture of Schwann cell-like dADSC-collagen filaments at day 4 of culture, with alignment of 

cells at the periphery of filaments parallel to the alginate shell walls but with misaligned cells 

across the cross section of the collagen filament.  
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Further work is required to investigate the filament formation kinetics and long-term viability 

for a collagen filament diameter of < 200 µm, to eliminate any deleterious effects of limited 

nutrient diffusion, in addition to cell-collagen alignment studies in order to minimise the 

presence of misaligned collagen fibres. 

5.6. Modification of cross-linking parameters for increased 

stability 

5.6.1. Tuning of alginate exposure time to calcium chloride 

From earlier ADSC-collagen experiments, it was evident that collagen filaments would 

quickly degrade in vitro, usually within 24 hours. This was suspected primarily due to collagen 

filaments being too large in diameter to facilitate unhindered nutrient and waste diffusion in 

addition to cellular collagen remodelling and alginate degradation by divalent cations in 

media. In response, further ADSC-collagen filaments were extruded at a lower flow rate 

magnitude, at 0.1 ml/min, whilst maintaining the 1:1 Qc/Qs ratio to provide lower diameter 

cell-collagen filaments to aid nutrient diffusion. In addition, the cross-linking time in a CaCl2 

bath (100 mM) was increased, from 10 to 20 minutes, to improve the stability of alginate shells 

in media. These scaffolds were extruded at a cell seeding density of 10.0 x 106 cells/ml. 

 

Figure 5-9. Representative day 0 to 7 live/dead imaging of ADSCs encapsulated within the gelled 3.0 mg/ml 

collagen core of 2.0% (w/v) alginate scaffolds cross-linked in a 100 mM CaCl2 bath for 10 and 20 minutes at a cell 

seeding density of 10.0 x 106 cells/ml and core/shell flow rates of 0.1/0.1 ml/min. Scale bar = 200 µm. 

In addition to the live/dead images, a quantitative summary of cell viability for this experiment 

is presented in Figure 5-10, showing a comparison between the two experimental conditions. 
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Figure 5-10. Viability of ADSCs encapsulated within the 3.0 mg/ml collagen core of 2.0% (w/v) alginate scaffolds 

cross-linked in a 100 mM CaCl2 bath for 10 and 20 minutes at a cell seeding density of 10.0 x 106 cells/ml and 

core/shell flow rates of 0.1/0.1 ml/min. Data represents mean ± SD (n = 3), Statistical analysis performed using a 

one-way ANOVA test with Tukey’s post hoc test. 

With reference to Figure 5-9, high-viability (> 96.3%), continuous filaments were apparent at 

day 1 for both cases after being in a dispersed state on day 0 (3 hours post-extrusion). The 

mean contracted filament diameter of the 10-minute case measured approximately 211.2 ± 

11.0 µm and approximately 206.3 ± 15.8 µm for the 20-minute experiment. As both diameters 

were > 200 µm, this suggested that nutrient diffusion may have been hindered. 

The structures which were cross-linked for 10 minutes also facilitated the support of filaments 

on day 3 at high viability, indicating that cell filaments can be maintained for at least 48 hours 

prior to degradation from day 4 onwards. Conversely, filaments are shown to be in a state of 

degradation from days 3 to 7 for the 20-minute case, with an associated statistically significant 

drop in viability from 93.1 ± 2.18% on day 3 to a minimum of 67.4 ± 0.79% on day 7 (p < 

0.001). This indicates that the alginate scaffold porosity or cell-collagen filament diameter 

may be restricting nutrient and waste diffusion, leading to necrosis in the filament core, as is 

exemplified for the day 4 image with a cluster of dead cells in the core of the remaining 

filament structure.  
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These results suggest that the post-extrusion cross-linking time for scaffolds in 100 mM CaCl2 

should be restricted to < 20 minutes to support filament viability as it appears that the excess 

exposure to CaCl2 may be leading to cell death and filament degradation, from day 3 onwards. 

Nutrient diffusion using these lower smaller diameters may also be aided by reducing the 

cross-linking time to < 10 minutes in addition to the further reduction of collagen filament 

diameter by further core/shell flow rate manipulation.  

Furthermore, cell leakage was observed with both experimental conditions, from days 0 to 4. 

This indicates that cells were leaking through pores in the alginate shells therefore future 

experiments were concerned with further manipulation of cross-linking parameters to balance 

porosity, scaffold media stability and cell-collagen filament viability. 

5.6.2. Implementation of secondary alginate cross-linking using barium 

As cell-collagen filament degradation and cellular leakage from scaffolds was observed, this 

was suspected to be the consequence of alginate scaffold degradation from divalent cations in 

culture media. Work from Tabriz et al. [7] showed that the addition of 60 mM barium chloride 

(BaCl2) for 2 minutes extended the stability of 4% (w/v) alginate cross-linked with 100 mM 

CaCl2 for 10 minutes from 3 days to 11 days with no significant deleterious effects on the 

viability of U87-MG cells. 

Secondary barium cross-linking was therefore employed to improve scaffold stability and 

viability. After initial post-extrusion alginate cross-linking within a 100 mM CaCl2 bath for 

10 minutes, extruded structures were subsequently placed in a 50 mM BaCl2 bath for 1 or 2 

minutes. This provided secondary cross-linking to add further stability to the alginate shell,  

with the aim of reducing porosity to contain the ADSCs within the scaffold core in addition to 

providing further mechanical stability to collagen filaments.  

A concern with the addition of BaCl2 was that nutrient diffusion may have been limited as a 

result of a further reduction of porosity; therefore, live/dead imaging was used to investigate 

the viability of these structures over a seven-day period. The core and shell flow rates were 

maintained at 0.1 ml/min and cell seeding density remained at 10.0 x106 cells/ml. 
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Figure 5-11. Representative day 0 to 7 live/dead imaging of ADSCs encapsulated within the 3.0 mg/ml collagen 

core of 2.0% (w/v) alginate scaffolds cross-linked in a 100 mM CaCl2 bath for 10 minutes with secondary cross-

linking using 50 mM BaCl2 for 1 or 2 minutes at a cell seeding density of 10.0 x 106 cells/ml and core/shell flow 

rates of 0.1/0.1 ml/min. Scale bar = 200 µm, Note: experiment terminated at day 7 due to undesirably slow filament 

formation rate. 

On inspection of Figure 5-11, it is clear that the addition of 50 mM BaCl2 for 1 to 2 minutes 

has resulted in a reduction in the rate of cell-collagen filament formation. For both 

experimental cases, cells were extruded in a dispersed configuration on day 0 and subsequently 

commenced spreading and aggregation until filaments were formed on day 7.  
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Figure 5-12. Viability of ADSCs encapsulated within the 3.0 mg/ml collagen core of 2.0% (w/v) alginate scaffolds 

cross-linked in a 100 mM CaCl2 bath for 10 minutes with secondary cross-linking using 50 mM BaCl2 for 1 or 2 

minutes at a cell seeding density of 10.0 x 106 cells/ml and core/shell flow rates of 0.1/0.1 ml/min. Data represents 

mean ± SD (n = 3). Statistical analysis performed using a one-way ANOVA test with Tukey’s post hoc test. 

On analysis of the experimental cell viabilities presented in Figure 5-12, it is clear that post-

extrusion viability is undesirably low (< 90%). Day 0 viability for the 1-minute case was 76.8 

± 5.3%; meanwhile viability for the 2-minute case was significantly lower, at 67.2 ± 3.0% (p 

< 0.05). Viability significantly recovered on day 1, up to 94.0 ± 0.69% and 95.8 ± 3.92% 

respectively (p < 0.001). This high-viability state was maintained for both cases until 

termination of the experiment, on day 7. In addition, many cells appeared rounded in 

morphology between days 0 and 3 for both cases. This indicates that the addition of BaCl2 

may have stifled the ability of cells and collagen to interact to facilitate cellular elongation, 

spreading and subsequent aggregation. 

Mean day 7 filament diameters were 170.7 ± 8.4 µm and 155.8 ± 12.6 µm for the 1 and 2-

minute cases respectively, indicating that nutrient and waste diffusion should not have been 

significantly hindered from the collagen perspective. However, due to the slow filament 

formation process, it was suspected that the exposure of alginate scaffolds to Ba2+ ions at 50 

mM for 1 to 2 minutes following primary cross-linking with 100 mM CaCl2 for 10 minutes 

was sufficient to significantly reduce scaffold porosity such that material exchange across the 

scaffold walls appeared limited.  
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This limitation may account for the slow rate of filament formation in addition to the 

appearance of dead cells in the core of the day 7 filaments for both cases. 

In response to these results, it appeared that secondary cross-linking of alginate using 50 mM 

BaCl2 for 1 to 2 minutes resulted in significant reduction of the porosity and rate of filament 

formation of CaCl2-crosslinked (10 min, 100 mM) alginate scaffolds whilst avoiding 

deleterious effects on cell viability. These effects, whilst positively containing cells within the 

core of extruded scaffolds at finer diameter and viability, also resulted in an undesirably slow 

rate of filament formation with limited cellular elongation. Future experiments may benefit 

from the stability and porosity reduction offered by secondary cross-linking using BaCl2,  

however, the overall cross-linking conditions used in this experiment appeared too harsh on 

the rate of filament formation and appear to require a reduction in severity to rectify these 

issues. 

5.7. Further experimentation for small diameter filaments 

5.7.1. Extrusion for fine filaments with secondary barium cross-linking 

To improve nutrient diffusion, finer-diameter cell-collagen fibres were extruded, by reducing 

the core/shell flow rate ratio. The core/shell flow rate ratio was reduced to 1:4 and further to 

1:8 by increasing the shell flow rate to 0.4 ml/min and subsequently to 0.8 ml/min whilst 

maintaining the core flow rate at 0.1 ml/min. In addition, there was also an additional revision 

to the cross-linking conditions, in response to earlier experiments, by reducing the post-

extrusion cross-linking time using 100 mM CaCl2 from 10 minutes to 5 minutes with 

secondary cross-linking using 50 mM BaCl2 for 2 minutes. Live/Dead analyses were used to 

analyse resulting filament viability and diameter. 
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Figure 5-13. Representative day 0 to 7 live/dead imaging of ADSCs encapsulated within the 3.0 mg/ml collagen 

core of 2.0% (w/v) alginate scaffolds cross-linked in a 100 mM CaCl2 bath for 5 minutes with secondary cross-

linking using 50 mM BaCl2 for 2 minutes at a cell seeding density of 10.0 x 106 cells/ml and core/shell flow rates 

of 0.1/0.4 and 0.1/0.8 ml/min. Scale bar = 200 µm. 

On analysis of Figure 5-13, it can be seen that the increase in shell flow rate resulted in an 

expected reduction in the cell-collagen filament diameter on day 1, from 98.5 ± 5.2 µm for a 

shell flow rate of 0.4 ml/min to 86.5 ± 3.6 µm for the 0.8 ml/min case. The 0.1/0.4 ml/min 

case produced filaments which retained integrity for at least 48 hours, between days 1 and 3 

prior to degradation between days 3 and 7. Meanwhile, the 0.1/0.8 ml/min case produced 

filaments which successfully retained morphology and viability for 6 days, between days 1 

and 7. 

On comparison of the day 7 images, the filaments extruded at the lower shell flow rate of 0.4 

ml/min were in a degraded form; meanwhile, the higher flow rate case of 0.8 ml/min remained 

in a continuous filament state and may retain this fibrous state for > 7 days. It was assumed, 

according to theory, that the reduction in diameter provided by the increase in the shell flow 

rate was sufficient to facilitate unrestricted nutrient and waste diffusion to support filament 

viability. It was expected that smaller diameter filaments may be extruded with further 

increases to the shell flow rate. 
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Figure 5-14. Viability of ADSCs encapsulated within the 3.0 mg/ml collagen core of 2.0% (w/v) alginate scaffolds 

cross-linked in a 100 mM CaCl2 bath for 5 minutes with secondary cross-linking using 50 mM BaCl2 for 2 minutes 

at a cell seeding density of 10.0 x 106 cells/ml and Qc/Qs = 1:4, 1:8. Data represents mean ± SD (n = 3), Statistical 

analysis performed using a one-way ANOVA test with Tukey’s post hoc test. 

On quantitative analysis of cell viability for the two cases, displayed in Figure 5-14, post-

extrusion viability for both cases was very high (> 97.2%). Viability remained high throughout 

the course of the seven-day experiment, reaching minima on day 7 (> 93.7%), with a 

statistically significant difference between the day 0 and day 7 viabilities for the 1:8 case (p < 

0.05) indicating a slight decline in viability which requires further study with a longer-term 

experiment. In summary, cell viability for both cases across the seven-day experiment was 

acceptably high, demonstrating that the combination of flow rates and cross-linking conditions 

led to high-viability, fine diameter ADSC-collagen filaments. Filaments with lower average 

diameters produced as a result of the increase in shell flow rate appeared to have greater life 

spans, a characteristic which was studied further. 

5.7.2. Combining flow effects with collagen concentration effects 

With reference to previous work in this chapter and in Chapter 2, as it has been demonstrated 

that separately reducing the core/shell flow rate ratio and reducing the concentration of 

collagen apparently lead to a reduction in the coaxial extruded collagen filament diameter. It 

was assumed that these two effects could be combined and studied with the addition of cells 

in the collagen core.  
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Nirmalanandhan et al. [8] seeded collagen constructs with mesenchymal stem cells (MSCs) 

and studied the effect of the cell-to-collagen ratio on collagen contraction over a 168h period. 

The collagen concentration ranged from 1.3 to 2.6 mg/ml whilst the cell seeding density ranged 

from 0.1 to 1.0 x 106 cells/ml. The major finding was that the higher the cell-to-collagen ratios 

led to significantly greater contraction in comparison to the lower ratios. 

Similarly, Chieh et al [9] performed a 14-day study using bone marrow stromal cells seeded 

within collagen constructs to study collagen contraction kinetics. By manipulating the collagen 

concentration between 0.5 and 2.0 mg/ml and using cell seeding densities between 0.1 x 106 

and 1.0 x 106 cells/ml, their findings positively correlated with the findings of Nirmalanandhan 

et al. in that the highest cell density and lowest collagen concentration produced the most rapid 

construct contractions. Interestingly, all constructs contracted to similar final sizes (around 5% 

of initial area). 

5.7.2.1. Effect of flow rate on filament diameter with changing collagen 

concentration 

Given these results, it was assumed that significantly smaller coaxial extruded cell-collagen 

filaments could be cultured using comparatively lower collagen concentrations whilst 

maintaining the cell seeding density. To analyse the diameter and lifespan of these filaments 

over a 21-day culture period, collagen solutions at concentrations of 0.3 (± 0.13%), 1.0 and 

3.0 mg/ml were seeded and coaxially extruded with 1.0 x 106 ADSC/ml. The shell flow rate 

was tested at flow rates between 1.0 ml/min and 6.0 ml/min, in increments of 1.0 ml/min to 

provide an analysis of the combined effect of flow rate ratio and collagen concentration 

manipulation. The core flow rate was maintained at 0.1 ml/min. Live/Dead analyses and 

brightfield microscopy were used to analyse resulting filament viability and diameter over a 

21-day culture period. 
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Figure 5-15. Effect of changing shell alginate flow rate on collagen filament diameter seeded with 1.0 x 106 cells/ml 

within 2.0% w/v alginate shell cross-linked in a 100 mM CaCl2 bath for 5 minutes with secondary cross-linking 

using 50 mM BaCl2 for 2 minutes, Qc = 0.1 ml/min. Cell-collagen filament diameter over 21-day incubation period 

using (a) 0.3 mg/ml, (c) 1.0 mg/ml, (e) 3.0 mg/ml. (b) 21-day average cell-collagen filament diameter using 0.3 

mg/ml, (d) 1.0 mg/ml, (f) 3.0 mg/ml. Data points represent mean ± standard error (SE) ((a), (c), (e) n = 3; (b), (d), 

(f) n = 6). Statistical analysis performed using a one-way ANOVA test with Tukey’s post hoc test.  

Figure 5-15 (a), (c) and (e) track the average cell filament diameter over the 21-day incubation 

period for each tested shell flow rate using the respective collagen core concentrations. 

Additionally, Figure 5-15 (b), (d) and (f) present the corresponding 21-day average filament 

diameter as a function of shell flow rate for each tested collagen concentration.  
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This section serves to provide observations on the highest and lowest filament diameters for 

each collagen concentration used, in addition to analysing and comparing the statistical effect 

of Qs variations on filament diameter. Later sections will seek to analyse the effect of collagen 

concentration on filament diameter and viability. 

Firstly, it should be noted that continuous filaments were not observed at every time interval, 

in this case the recorded diameter was that of the average diameter of any aligned cell 

aggregates present (see Figure 5-16 (d)). On general observation of Figure 5-15, it was found 

that, in accordance with the collagen-only filament results in the previous chapter (see Figure 

4-13), it was also observed that increasing Qs led to a significant reduction in cell-seeded 

filament diameter, for all tested collagen concentrations on increasing the shell flow rate in 

increments of 1.0 ml/min (p < 0.05).  

On analysis of Figure 5-15 (a), using 0.3 mg/ml collagen, the largest recorded filament 

diameter was found on day 21 for Qs = 2.0 ml/min, at 154.1 ± 2.0 µm. It was expected that the 

smallest Qs (1.0 ml/min) would return the lowest diameter; however, this configuration 

returned a similar diameter of 153.0 ± 0.4 µm seven days prior, on day 14. These two values 

appear as outliers; an explanation for these values may be that the samples may have been 

extruded before the core collagen filament experienced acceleration and narrowing due to 

transfer of momentum from the faster shell alginate flow. However, these values may not be 

outliers and may simply be part of the distribution when repeating this work using a higher 

sample number. The overall smallest diameter found was 14.1 ± 1.2 µm for Qs = 6.0 ml/min 

on day 1, however, a continuous filament was not observed here (see Figure 5-16 (c) for 

corresponding image). It should be noted that continuous filaments were only observed using 

Qs = 1.0 to 3.0 ml/min, from days 7 to 21. 

On studying the 21-day average for each Qs, Figure 5-15 (b) illustrates the statistically-

significant effect of increasing Qs on the cell-collagen filament diameter for the 0.3 mg/ml 

case, whereby significant reductions (p < 0.05, one-way ANOVA with Tukey’s post hoc test) 

were observed between the 1.0, 2.0 and the 6.0 ml/min cases. The smallest average filament 

diameter, found for the Qs = 6.0 ml/min case, measured 35.8 ± 5.7 µm. Further, the highest 

average filament diameter for cases where continuous filaments were observed using 0.3 

mg/ml collagen was 67.9 ± 7.4 µm (Qs = 3.0 ml/min, day 10 to 21). 

Studying Figure 5-15 (c), it can be seen that on utilisation of 1.0 mg/ml collagen in the core of 

the coaxial nozzle, the smallest diameter filament channel found was 29.2 ± 1.2 µm, found 

again on day 1 for Qs = 6.0 ml/min.  
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Conversely, the largest filament diameter was recorded for the lowest Qs of 1.0 ml/min on day 

21, at 177.8 ± 3.8 µm, an expected outcome given previous findings. However, this value 

appears as another outlier in comparison to all other filament diameters using the same flow 

rate. Another suspected case whereby the measured samples may have been an initial filament 

segment yet to experience momentum-induced narrowing which is a transient process or a 

result of a low sample number. 

Figure 5-15 (d) provides the 21-day average cell-collagen filament diameters across the Qs 

range of 1.0 to 6.0 ml/min, using 1.0 mg/ml collagen in the core stream. Significant differences 

were found between the 1.0 and 3.0 ml/min cases (p < 0.001), in addition to a significant 

statistical difference found between the highest (6.0 ml/min) and lowest (1.0 ml/min) shell 

flow rates (p < 0.001). The largest average filament diameter, using the lowest Qs (1.0 ml/min) 

was 122.5 ± 12.5 µm whilst the smallest filament diameter was found with the highest Qs (6.0 

ml/min), equalling 46.1 ± 5.2 µm. 

Figure 5-15 (e) tracks the average cell filament diameter over the 21-day incubation period 

using a 3.0 mg/ml collagen core for each tested shell flow rate. The filament diameter for the 

1.0 ml/min case progressively increased from day 1 to day 21, peaking at a diameter of 141.1 

± 2.1 µm on day 21. Meanwhile, the 6.0 ml/min case reached a minimum diameter of 18.3 ± 

0.4 µm on day 7 of culture, representing the smallest continuous filament diameter found for 

this collagen concentration experiment. 

Addressing Figure 5-15 (f), the highest 21-day average filament diameter, using Qs = 1.0 

ml/min, measured 118.8 ± 6.7 µm. Meanwhile, this reduced, in a statistically-significant 

manner (p < 0.001), to 38.1 ± 6.4 µm with Qs = 6.0 ml/min. Significant differences were also 

found between the 1.0 and 2.0 ml/min cases (p < 0.05) and on a further increase of Qs from 

3.0 and 6.0 ml/min (p < 0.01). Collectively, the data in Figure 5-15 has clearly demonstrated 

the significant effect of reducing Qc/Qs on the resulting cell-collagen filament diameter. 

5.7.2.2. Live/dead and brightfield imaging for three collagen concentrations 

Figure 5-16 (a) – (c) presents the representative live/dead and brightfield images across the 

21-day experimental period for all three tested collagen concentrations, thus providing a clear 

visual demonstration of the transition from dispersed cells into cell filaments.  

 



216 

 

 



217 

 

 



218 

 

 

 



219 

 

 

 

Figure 5-16. Representative live/dead and brightfield images over the 21-day experimental timeline for Qs = 1.0 to 6.0 ml/min, 

in 1.0 ml/min increments, using (a) 0.3 mg/ml, (b) 1.0 mg/ml (c) 3.0 mg/ml collagen. Internal scale bars (white) = 100 µm, 

External scale bar (black) = 1.0 mm. (d) Success (+) or failure (-) to produce aggregated cell filaments for the corresponding 

incubation time (day 1 - 21) and shell flowrate (1.0 – 6.0 ml/min) using 0.3, 1.0 and 3.0 mg/ml collagen, (e) Live/dead and 

brightfield images showing the smallest extruded ADSC-collagen filament diameter, achieved on day 7 using 3.0 mg/ml 

collagen and Qs = 6.0 ml/min. Scale bars = 100 µm. 

Figure 5-16 (d) provides information on the ability of filaments to form continuous cell filaments for 

each Qs and corresponding collagen concentration. This allowed a comparison between shell flow rates 

and collagen concentrations on the success to form continuous filaments and their corresponding 

lifespans. For all cases, the earliest continuous filament appearance was day 7, indicating that 7 days 

are required for dispersed cells to aggregate and form a filament for the given cell seeding density. It is 

assumed that a higher cell-seeding density would lead to a more rapid filament formation time. The 3.0 

mg/ml case was the only collagen concentration which facilitated the production of continuous 

filaments for all six tested shell flow rates. Moreover, filaments which successfully formed on day 7 

remained continuous on day 21, proving a minimum filament lifespan of 14 days. The smallest diameter 

achieved for a single continuous filament measured 18.3 ± 0.4 µm, as is presented in Figure 5-16 (e), 

found using 3.0 mg/ml collagen, recorded on day 7 of culture where Qs = 6.0 ml/min. 

5.7.2.3. Comparison between collagen and cell-seeded filaments  

Using the data presented in Figure 5-15, a comparison was made between the ten-day average diameter 

of collagen-only and cell-seeded filaments, using 1.0 and 3.0 mg/ml collagen. This allowed an analysis 

of the effect of cells on the average filament diameter using brightfield microscopy. 



220 

 

 

Figure 5-17. Comparison of ten-day average collagen-only and cell-seeded filament diameters using (a) 1.0 and (b) 3.0 mg/ml 

collagen within 2.0 % (w/v) alginate shell. Qc = 0.1 ml/min. Cell seeding density = 1.0 x 106 ADSC/ml. Data points represent 

mean ± SE (n = 4). 

Figure 5-17 compares the collagen-only and cell-seeded filament diameter over a ten-day incubation 

period, using 1.0 and 3.0 mg/ml collagen respectively. It is clear that the addition of cells leads to a 

significant increase in the average filament diameter (p < 0.05) within the tested shell flow rate range. 

For the 1.0 mg/ml case, significant differences were found between the collagen-only and cell-seeded 

filament diameters for all Qs save the lowest flow rate of 1.0 ml/min (p < 0.05). Further statistically 

significant differences were observed with the 3.0 mg/ml experiment (p < 0.05), with the 2.0 and 6.0 

ml/min cases as exceptions.  

This difference in average filament diameter between collagen-only and cell-seeded scaffolds was 

assumed to largely be a consequence of cell attachment and proliferation on collagen fibrils, leading to 

a larger cross-sectional filament area when cells are seeded and extruded within collagen solutions. It 

is assumed that the increase in filament diameter is proportional to cell-seeding density and this increase 

may continue up to a maximal value, whereby all cell-collagen binding sites are occupied. 

5.7.2.4. Analysing the effect of collagen concentration on filament diameter 

To investigate the effect of collagen concentration on cell filament diameter, the collagen concentration 

data was compared at three time intervals: days 1, 7 and 21. This allowed an analysis of the effect of 

collagen concentration and of the rate of cell-mediated collagen contraction and subsequent 

remodelling. 
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Figure 5-18. Effect of collagen concentration on average cell-seeded filament diameter within 2.0 % (w/v) alginate shell. Cell 

seeding density = 1.0 x 106 ml/min, Qc = 0.1 ml/min. (a) day 1; (b) day 7; (c) day 21. Data points represent mean ± SE (n = 3). 

Figure 5-18 provides a comparison of the day 1, day 7 and day 21 average cell filament diameters using 

the three tested collagen concentrations (0.3, 1.0 and 3.0 mg/ml). On day 1, the 0.3 mg/ml case provided 

the lowest average filament diameter for all Qs values (p < 0.05), indicating that the highest cell seeding 

density/collagen concentration ratio provided the most rapid collagen contraction compared to the 1.0 

and 3.0 mg/ml collagen. The 0.3 mg/ml filaments were significantly smaller (p < 0.05) than the 3.0 

mg/ml filaments on day 1. This difference was also observed on day 7 and day 21 for every Qs case but 

the 4.0 ml/min case on day 1 and the 5.0 ml/min case on days 7 and 21.  
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However, as this significant difference was additionally observed for the higher Qs value of 6.0 ml/min, 

these findings appeared as outliers.  

Overall, given this evidence, the conclusion is that using 0.3 mg/ml collagen leads to significant ly 

smaller filaments in comparison to using 3.0 mg/ml collagen; however, there were no persistent 

statistical differences between the filament diameters of 0.3 mg/ml case and the 1.0 mg/ml. 

Furthermore, there were also no constant statistical differences between the 1.0 and 3.0 mg/ml cases 

over the 21-day incubation period. This leads to a further conclusion that there is no significant 

difference in filament diameter between using 1.0 and 3.0 mg/ml over the course of the 21-day 

experiment. 
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Figure 5-19. Average cell viability over a 21-day incubation period for Qs = 1.0 – 6.0 ml/min in 1.0 ml/min increments. (a) 1.0 

ml/min, (b) 2.0 ml/min, (c) 3.0 ml/min, (d) 4.0 ml/min, (e) 5.0 ml/min, (f) 6.0 ml/min. Data points represent mean ± SD (n = 

3). 

Figure 5-19 displays the average cell viability over the 21-day experiment for each tested Qs, comparing 

each of the three collagen concentrations used at each selected interval. On statistical analysis, when 

comparing both the effect of shell flow rate and collagen concentration on cell viability at each time 

point, there were no statistically significant differences found (p > 0.05, one-way ANOVA). 

Furthermore, day 1 viability for all experiments was ≥ 90.4%, indicating that the chosen shell flow rate 

and collagen concentrations do not significantly compromise cell survival and thus facilitate 

proliferation over the course of the 21-day experiment. The average cell viability over the course of all 

experiments ranged from a high of 97.5 ± 1.3% (1.0 ml/min, 0.3 mg/ml collagen, day 21) to a minimum 

of 85.2 ± 4.5% (6.0 ml/min, 1.0 mg/ml, day 21), indicating favourable culture conditions. 

On addition of ADSCs to the core collagen solution at 1.0 x 106 cells/ml and utilising 3.0 mg/ml 

collagen, fine diameter, high-viability cell-seeded filaments were cultured over a 21-day period. Again, 

there was an incremental decrease in filament diameter with corresponding increases in Qs. The finest 

continuous cell-seeded filament, observed whilst using 3.0 mg/ml collagen, measured 18.3 ± 0.4 µm in 

diameter, using Qs = 6.0 ml/min (day 7). Thus, the theoretical relationship of decreasing the core/shell 

flow rate ratio leading to a finer filament diameter has been demonstrated for both collagen-only and 

cell-seeded collagen filaments using the coaxial extrusion platform described here.  

It was observed that using the chosen cell-seeding density of 1.0 x 106 cells/ml, continuous cell 

filaments were not formed until day 7 of culture for all three studied concentrations of collagen, with 

the highest concentration of 3.0 mg/ml providing the greatest degree of success for filament formation 

relative to the Qs values used, in that all six cases produced continuous, viable filaments on day 7. 
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An explanation may be that as higher concentrations of collagen provide greater mechanical strength, 

largely through hydrogen bonding between amino acid groups located along the collagen molecular 

backbone, there is a greater probability that filaments retain integrity prior to mechanical failure. 

Furthermore, all day 7 filaments retained continuity over a 14-day period, from day 7 to day 21, for all 

three studied collagen concentrations, indicating that formed continuous filaments retained integrity 

and resisted significant breakdown caused by ECM remodelling by cell-secreted MMPs. 

On comparison of cell filament diameters whilst manipulating the collagen concentration, it was 

observed that the lowest concentration of 0.3 mg/ml produced the greatest apparent contraction of 

collagen and thus led to the lowest filament channel diameter on day 1 of culture. The contraction effect 

was at its most significant on day 1 of culture, with comparatively smaller filaments using 0.3 mg/ml 

in contrast to both 1.0 mg/ml and 3.0 mg/ml. In addition to the effect of reducing the core/shell flow 

rate ratio, this combined effect led to the production of fine diameter cell-seeded collagen filaments on 

day 7. However, due to the aforementioned mechanical weakness, the smallest diameter continuous 

filaments of the 0.3 mg/ml case measured 62.2 ± 0.9 µm (Qs = 3.0 ml/min, day 7), comparatively larger 

than the 18.3 ± 0.4 µm filaments (Qs = 6.0 ml/min, day 7) produced using 3.0 mg/ml. This significant 

difference between the 0.3 mg/ml and 3.0 mg/ml filament diameters remained until day 21; however, 

there was no persistent significant difference between the intermediate 1.0 mg/ml case and the 0.3 and 

3.0 mg/ml tests.  

These results suggest that there is an effect of collagen concentration on the rate of collagen contraction 

and filament diameter, particularly on day 1 and, to a lesser extent, across the entirety of the 21-day 

experiment. However, this effect is only significant between a very low, difficult-to-use concentration 

of 0.3 mg/ml and the commonly used concentration of 3.0 mg/ml across the 21-day experimentation 

period. Further studies may benefit from the combined application of a low core/shell flow rate ratio 

and low collagen concentration to provide reductions in filament diameter in addition to potential cross-

linking of low concentration collagen filaments to produce more mechanically-stable filaments. Further 

work will investigate the effect of the manipulation of cell seeding density on filament diameter and 

viability. 

5.7.3. Effect of cell seeding density on filament diameter 

In order to elucidate the effect of cell seeding density on cell-collagen filament diameter, morphology 

and viability, filaments were extruded at a range of cell seeding densities, achieved by manipulating the 

number of cells embedded within neutralised collagen solutions based on cell counting results using a 

haemocytometer. It was hypothesised that an increase of cell seeding density would lead to both a 

greater likelihood for filaments to form and result in a more rapid rate of filament formation and smaller 

filament diameters due to the ability of cells to contract ECM materials as part of the cell-mediated 

remodelling effect.  
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As part of this hypothesis, it was suspected that this diameter reduction effect would be limited in 

application and further increases in cell density would firstly result in an increase of filament diameter, 

as a result of cellular overcrowding and the contractile ability consequently plateauing. Further 

increases in cell seeding density would ultimately lead to nozzle blockage due to insurmountable 

resistances to material flow caused by cell sedimentation and increases in solution viscosity. 

The five chosen seeding densities were 0.1, 0.3, 0.5, 1.0 and 3.0 (all x 106) cells/ml collagen, chosen 

due to limitations in resources in comparison to earlier experiments, where comparably higher cell 

seeding densities were used. This provided a 30-fold increase between the lowest and highest cell 

seeding density, thus providing a large range of study to provide informed conclusions based on the 

results of the study. The collagen solution concentration was fixed at 3.0 mg/ml whilst Qc = 0.1 ml/min 

and Qs = 4.0 ml/min. Extruded structures were cross-linked for 5 minutes using 100 mM CaCl2 with 

further cross-linking using 50 mM BaCl2 for 2 minutes. Test filaments were cultured over a 14-day 

period and analysed on days 1 (24h post-extrusion), 7 and 14 of culture, wherein live/dead and 

brightfield imaging were used to provide quantitative data on cell viability and filament diameter 

respectively. 
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Figure 5-20. Representative live/dead and brightfield imaging across the 14-day experimental period, illustrating the effect of 

cell seeding density on coaxial extruded filament morphology and diameter using 0.1, 0.3, 0.5, 1.0 and 3.0 (all x 106) cells/ml 

collagen. Collagen concentration = 3.0 mg/ml, shell = 2.0% w/v alginate cross-linked in a 100 mM CaCl2 bath for 5 minutes 

with secondary cross-linking using 50 mM BaCl2 for 2 minutes. Qc = 0.1 ml/min, Cs = 4.0 ml/min. Internal scale bars = 100 

µm, external scale bar = 500 µm. 

On analysis of the live/dead and brightfield images presented in Figure 5-20, the common observation 

for all cases is that cells appear in a dispersed state on day 1, with proportionately more cells present 

with higher cell seeding densities. In addition, cells aggregated into either dispersed aggregates or, as 

is the case with the 3.0 x 106 cells/ml experiment, formed aggregated cell-collagen filaments on day 7 

and remained in their relative states on day 14. It is clearly illustrated that when the cell seeding density 

is between 0.1 and 1.0 x106 cells/ml the constructs lacked the ability to form continuous filaments, with 

an apparent transition between dispersed and aggregated states observed on days 7 and 14 for the 0.5 

and 1.0 x106 cells/ml case. On the basis of the evidence provided, it is recommended that the cell seeding 

density be set at ≥ 3.0 x 106 cells/ml to achieve the aggregation of cells along the collagen filament 

backbone to produce continuous cell-collagen filaments, using the provided extrusion and cross-linking 

parameters. 
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Figure 5-21. Effect of changing cell seeding density within 3.0 mg/ml collagen core on coaxial extruded collagen filament 

diameter using 2.0% w/v alginate shell cross-linked in a 100 mM CaCl2 bath for 5 minutes with secondary cross-linking using 

50 mM BaCl2 for 2 minutes. Qc = 0.1 ml/min, Cs = 4.0 ml/min. Average cell-collagen filament diameter on (a) Day 1, (b) Day 

7, (c) Day 14 and (d) 14-Day average. (e) Effect of cell seeding density on cell filament viability. Data points represent mean 

± standard error (SE) (n = 3). Statistical analysis performed using a one-way ANOVA test with Tukey’s post hoc test. 

On the effect of cell density on cell-collagen filament diameter, it appears that there is minimal effect, 

from a statistical perspective. On analysis of Figure 5-21 (a), the diameter for the 0.5 x 106 cells/ml 

presents as statistically larger than all other cases (p < 0.001), with further significant decreases in 

diameter on increasing the cell density from 1.0 x106 cell/ml and further to 3.0 x 106 cells/ml. Given 

this day 1 data, it seems that when using 0.5 x 106 cells/ml cells, these cells simply spread over the 

collagen filament and radially stretch the collagen filament, thus the filament diameter appearing 

relatively larger than lower seeding densities. However, given the day 7, day 14 and 14-day average 

diameter data, this data point seems more likely to be an anomaly, perhaps as a result of experimental 

error.  

There was no apparent statistical effect of cell seeding density on filament diameter on day 7. On day 

14, there was a significant increase (p < 0.05) in filament diameter on increasing the seeding density 

from 0.3 and 0.5 x 106 cells/ml to 3.0 x 106 cells/ml. This indicates that potential cellular overcrowding 

with the highest seeding density appears to have plateaued with regards to cellular contraction and 

remodelling of the collagen filament. Furthermore, there were no statistically significant differences in 

the 14-day average filament diameter.  
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In summary, it appears conclusive from the presented data in Figure 5-21 (a) – (d) that there is no clear 

statistically significant effect of cell seeding density on cell-collagen filament diameter, within the 0.1 

– 3.0 x 106 cells/ml range whilst using ADSCs and 3.0 mg/ml collagen in the core of the coaxial nozzle. 

This indicates that changes to the collagen solution viscosity had negligible effect on the resulting 

filament diameters. 

Finally, in reference to Figure 5-21 (e), cell viability remained high across the 14-day experimental 

period, with a minimum of 85.5 ± 3.2% recorded on day 7 for the 0.3 x 106 cells/ml case. Moreover, 

there was no statistically significant effect of cell seeding density on filament diameter within the tested 

density range. The maximal viability across the experiment of 96.7 ± 3.3% was recorded on day 14 for 

the 0.1 x 106 cells/ml case. Given this data, it was concluded that there is no statistically significant 

effect of changing cell seeding density, within the 0.1 – 3.0 x 106 cells/ml range, on the viability of 

ADSCs adhered to collagen filaments located with a cross-linked alginate shell. 
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5.8. Summary 

To summarise, this chapter began with the demonstration of high viability coaxial extrusion of ADSCs 

within the collagen core of cross-linked alginate-shelled scaffolds with filament diameters measuring 

in excess of 400 µm. On the discovery of these alginate shells being degraded by ions contained within 

culture medium (phosphate, sodium, potassium etc.) within days, the alginate cross-linking parameters 

were modified, from 10 minutes in a 100 mM CaCl2 bath to 5 minutes with the addition of secondary 

50 mM BaCl2 cross-linking for 2 minutes. In doing so, alginate shells retained integrity to facilitate the 

culture of collagen cores for > 21 days. 

By reducing the core/shell flow rate ratio, from 1:10 to 1:60, whilst using 3.0 mg/ml, high viability, fine 

diameter cell-collagen filaments (< 30 µm) were cultured over a 21-day period, with filaments retaining 

continuity and viability for 14 days, from day 7 to 21 on the use of 1.0 x 106 cells/ml. Furthermore, it 

has also been presented that the manipulation of collagen concentration, from 3.0 to 0.3 mg/ml resulted 

in significantly smaller cell-collagen filaments (p < 0.05) across the 21-day period of study. However, 

this application is limited due to the low mechanical strength of the lower concentration of collagen. 

Future work may capitalise on this finding by utilising collagen cross-linking to increase the mechanical 

strength of these inherently weak filaments. 

Finally, it has also been demonstrated that there was no significant effect of manipulating the cell 

seeding density, from 0.1 to 3.0 x 106 cells/ml, on the diameter or viability of the resulting extruded 

cell-collagen filaments, across a 14-day period.  

The work presented in this chapter provides a valuable baseline to understand the various parameter 

effects on the diameter, continuity, and viability of ADSC-collagen filaments contained within tuneable 

porous cross-linked alginate shell scaffolds. Further work may focus on the use of other cell types and 

ECM materials within the core nozzle. Collagen alignment studies may be used to demonstrate the 

applicability of this work for the engineering of fibrous tissues and an investigation on the effect of 

leached cross-linking cations on in vivo applicability would also be very beneficial, in addition to many 

other valuable areas of study. The following chapter focuses on another aspect, namely the validity of 

this coaxial extrusion platform for drug testing applications. 
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6. Extruded Tissue Filaments as a Mini Organ Platform for Drug 

Toxicity Testing  

6.1. Introduction 

On successful coaxial extrusion of fine diameter, high-viability ADSC-seeded collagen filaments within 

fine-tuned cross-linked alginate shells, it was hypothesised that this methodology could also serve as 

the basis for a high-throughput organ-on-a-chip drug testing platform, by testing collagen filaments 

seeded with primary hepatocytes or hepatocyte-like cells, using various hepatotoxic compounds at a 

range of concentrations. There are a few different approaches to drug testing methodologies, of which 

are highlighted in Figure 6-1 below. 

 

Figure 6-1. Illustration showing different cell-based drug testing methodologies, ranging from traditional 2D culture to 3D 

spheroids, microfluidic chips and coaxial extrusion. 

Tissue engineering and bio-extrusion approaches to drug testing provide a substantial advantage over 

traditional 2D cellular models for testing due to the ability to provide cells with a more natural,  

biomimetic in vivo-like 3D environment with limited contact to synthetic materials such as tissue 

culture plastics. Bio-extrusion particularly provides the advantage of automation, stability and 

predictability and can permit the fabrication of multi-material, highly-biomimetic tissue models [1]  

6.1.1. Aims 

By analysing coaxial extruded tissue filament cell viability response to various drugs and comparing 

the acquired LC50 values (lethal concentration which reduces population viability to 50% of negative 

control value) with available published data; this would provide preliminary data to demonstrate the 

validity of this platform for drug testing. A further analysis of cytochrome P450 (CYP450) enzyme 

activity was also performed to provide further insight into the effects of tested drugs on cellular 

metabolic function. 
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The chosen cell line for the studies presented within this chapter was HepaRG, a bipotent human 

hepatoma cell line originally derived from a hepatocellular carcinoma (cholangiocarcinoma) capable of 

terminal differentiation towards either biliary-like or hepatocyte-like phenotype [2]. HepaRG cells are 

capable of expressing most liver-specific functions, such as MRP-2, albumin and phase I, II and III 

enzymes and can be cultivated for several weeks with stable phenotype [3]. Moreover, in contrast to 

other human hepatoma cell lines, including HepG2, HepaRG cells also express many CYP450 enzymes 

[4]. Furthermore, HepaRG cells have successfully been used for experimentation involving a wide 

range of compounds for toxicity studies since their introduction via a first publication in 2002 [5] across 

an array of academic journals [6] [7] [8], thus demonstrating their reliability for application in this work. 

The aim of this work was to analyse the viability of the coaxial extrusion platform, using HepaRG-

seeded collagen core filaments within alginate shells, for use in drug testing applications involving 

HepaRG cells by performing cellular viability testing using various drugs to compare LC50 values with 

those of the literature, with 3D culture values being more desirable due to expected differences between 

3D and 2D culture. The tested drugs were selected based on their published relative hepatotoxicity, 

ranging from prednisolone (non-toxic) [9], to acetaminophen (toxic) [10] and azathioprine (toxic) [11] 

and finally to amiodarone (severely toxic) [12]. The chemical structure of each tested drug is shown in 

Figure 6-2. 

 

Figure 6-2. Chemical structures of compounds used as test drugs within the work presented in this chapter. 

In addition, a CYP450 enzyme activity assay was also performed to analyse cellular metabolic function 

in response to dosing with a well-known CYP450-inducing drug, rifampicin. 
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6.2. Drug testing viability analysis 

HepaRG cells were added to a collagen solution (3.0 mg/ml) and drawn into a 1.0 ml syringe and 

subsequently placed into the core inlet of the extrusion nozzle (see sections 3.1.4 and 3.1.5 for collagen 

preparation protocol). The cell seeding density utilised here was 3.0 x 106 cells/ml, Qc (core nozzle flow 

rate) was 0.1 ml/min; 2.0% (w/v) alginate was used as the shell solution and Qs (shell nozzle flow rate) 

was set at 3.0 ml/min. Extruded structures were cross-linked in 100 mM CaCl2 for 5 minutes, followed 

by secondary cross-linking using 50 mM BaCl2 for 2 minutes. For drug testing, cells were exposed to 

test compounds for 48 hours, between days 5 and 7 of culture, prior to viability analysis on day 7. 

Viability analysis was performed by live/dead assay, using solutions of FDA (Fluorescein diacetate) 

and PI (propidium iodide). Whilst acetaminophen was dissolved directly in warmed media (37 ⁰C), 

azathioprine, amiodarone, prednisolone and rifampicin were firstly dissolved in DMSO (dimethyl 

sulfoxide) prior to dilution to the desired concentration in media, whereby the final concentration of 

DMSO in media was fixed at 0.1% (v/v) in all cases, sufficient to avoid HepaRG differentiation (See 

section 3.2 for further information on drug solution preparation) [13]. Data are presented in the form: 

mean ± SD (standard deviation). 

6.2.1. Drug-free HepaRG extrusion  

Firstly, to understand the ability of HepaRG cells to survive the extrusion process and subsequent 

culture, a 14-day experiment was conducted, in which HepaRGs were combined with collagen in the 

core coaxial nozzle and extruded, where extruded constructs were suspended and incubated in culture 

medium at 37 ⁰C, in the absence of test drugs. 
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Figure 6-3. Live/dead analysis of coaxial extruded HepaRG cell-collagen filaments contained within alginate shells. Collagen 

concentration = 3.0 mg/ml, cell seeding density = 3.0 x106 cells/ml, alginate shells were cross-linked using 100 mM CaCl2 for 

5 min with secondary cross-linking using 50 mM BaCl2 for 2 min. (a) Cell viability at days 0, 1, 7 and 14 of culture. Data 

points represent mean ± SD (n = 3), (b) representative live/dead images for each corresponding day of culture. Scale bars = 

200 µm. 

In reference to Figure 6-3 (a), it can be seen that viability remained acceptably high (> 90%) throughout 

the 14-day culture period, with viability at a minimum of 92.7 ± 4.0% on day 1 and reaching a maximum 

of 97.4 ± 0.9% on day 7. Interestingly, filament diameter (Dc) ranged from 68.9 ± 5.0 µm on day 0 to 

24.4 ± 1.2 µm on day 14, thus demonstrating the findings in previous chapters, which utilised ADSCs 

also hold true for HepaRGs, in that using a low core/shell flow rate ratio provides fine diameter core 

collagen filaments within cross-linked alginate shells. The combination of the high 14-day cell viability 

and sub-100 µm filament minimal filament diameter indicate that, on addition of drugs for testing, 

observed cell death would solely be from these drugs and unaffected by nutrient or waste diffusion 

limitations.  

6.2.2. Acetaminophen 

As a widely-used over-the-counter analgesic drug, acetaminophen (APAP), or paracetamol, is the 

leading cause of acute liver failure in Europe and the US [14]. In patients with chronic liver disease 

(CLD), APAP is considered a frontline analgesic, mainly due to concerns with side effects caused by 

non-steroidal anti-inflammatory drugs (NSAIDs), such as ibuprofen (renal dysfunction), and opioid-

derived substances (dependence and over-sedation) [15] [16]. 
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Figure 6-4. Day 7 HepaRG toxicity data on 48h exposure to 0.1 µM, 1.0 mM, 10.0 mM and 50.0 mM acetaminophen (APAP). 

(a) Cell viability results for corresponding APAP concentrations, (b) LC50 graph with sigmoidal dose-response curve fit 

displaying corresponding equation parameters and LC50 value. Data points represent mean ± SD (n = 3). (c) Representative 

day 7 live/dead and brightfield images showing decreasing cellular viability with increasing APAP concentration. Scale bars 

= 200 µm. Statistical analysis performed using a one-way ANOVA test with Tukey’s post hoc test. (* indicates p < 0.05; ** 

indicates p < 0.01. *** indicates p < 0.001). Note: dead cells in (c) for 50.0 mM case may be on one side due to drift of sample 

in well during image capture. 

On analysis of many publications, Fey et al. reported that the LC50 of APAP on human hepatocytes 

ranged from 0.21 to 28.2 mM, with drug incubation times usually within the 24h – 72h window. On 

application of HepaRGs, Zhang et al. published data suggesting an LC50 of 20.0 mM on dosing 3D-

cultured HepaRG cells with APAP for 24h [17]. In addition, Minsart et al. [18] presented viability data 

suggesting that the LC50 was in the range of 2.0 – 10.0 mM on dosing HepaRG cells with APAP for 

24h. In consideration of these three sources, it was predicted that if the LC50 of the coaxial extruded 

HepaRGs fell within the general 0.21 – 28.2 mM range, that given by Fey et al. but also including those 

of Zhang et al. and Minsart et al., that there would be preliminary validity of these results, worthy of 

further experimentation. 
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On analysis of Figure 6-4 (a), it can be seen that increasing the APAP concentration from 1.0 mM to 

10.0 mM (absolute error in concentration is ± 2.52%)  resulted in a significant decrease in cell viability 

(p < 0.001), from 95.4 ± 0.7% to 61.1 ± 4.4%, on incubation of HepaRGs with APAP for 48h. On 

increasing APAP concentration from 10.0 mM, viability declined further (p < 0.01) and dropped below 

50% on dosing cells with 50.0 mM ± 0.52% APAP.  

On fitting the acquired data to a sigmoidal fit curve, shown in Figure 6-4, the LC50 was calculated as 

17.1 mM, well within the predicated range, based on available published data, indicating the validity of 

the model for drug testing (see section 3.2.1 for information on curve fitting). The major drop in cell 

viability between the 10.0 and 50.0 mM cases is illustrated in the live/dead images presented in Figure 

6-4 (c). 

6.2.3. Azathioprine 

Azathioprine (AZA) is used as an anticancer drug and as an immunosuppressant in addition to being 

used for the treatment of many inflammatory disorders, such as inflammatory bowel disease (IBD) and 

autoimmune diseases [19]. However, AZA has documented hepatotoxicity, whereby hepatotoxicity has 

occurred in patients using AZA for immunosuppressive treatment of IBD [20] and has also occurred in 

rheumatoid arthritis patients [21], amongst many other cases [22]. 
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Figure 6-5. Day 7 HepaRG toxicity data on 48h exposure to 0.1, 1.0, 10.0 and 100.0 (all µM) azathioprine (AZA). (a) Cell 

viability results for corresponding AZA concentrations, (b) LC50 graph with sigmoidal dose-response curve fit displaying 

corresponding equation parameters and LC50 value. Data points represent mean ± SD (n = 3), (c) representative day 7 live/dead 

and brightfield images showing decreasing cellular viability with increasing AZA concentration. Internal scale bars = 200 µm, 

External scale bar = 1.0 mm. 

On culturing rat-derived hepatocytes with AZA for 48h, Tapner et al. [23] presented cellular viability 

data suggesting an LC50 in the range of 2.0 – 5.0 µM. Furthermore, Wu et al. [24] exposed primary rat 

hepatocytes to AZA for 48h and presented an LC50 in the range of 0.5 – 5.0 µM.  

Interestingly, on dosing human hepatocytes with 1.0 – 25.0 µM AZA for 48h, Petit et al. [25] found 

that cellular viability remained above 70%. However, on exposing HepaRG cells to a supra-

pharmacological concentration of 25 µM for 48h, they recorded a decline in viability to approximately 

50% cell viability, hence providing the LC50. Given that there are radical differences between the 

published LC50 values for rat and human hepatocytes with HepaRG cells and that there appears to be 

only one published source for AZA-induced HepaRG toxicity, it was assumed that the best benchmark 

for the results of this study would be the 25 µM presented by Petit et al. 
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With progressive ten-fold increases in AZA concentration added to HepaRG cells, it can be inferred 

from Figure 6-5 (a) that there was a significant effect on viability. On increasing the AZA concentration 

from 0.1 to 10.0 µM (absolute error of concentration is ± 0.20%), viability significantly decreased (p < 

0.01) from 96.8 ± 1.1% to 73.7 ± 7.2%. With a further ten-fold increase in AZA concentration, from 

10.0 to 100.0 µM, viability declined further (p < 0.001) to a minimum of 36.9 ± 6.6%. On fitting this 

data to a sigmoidal dose-response curve, presented in Figure 6-5 (b), the resulting LC50 was calculated 

as 23.1 µM, which was within 7.6% of the benchmark value of 25.0 µM, an acceptable difference given 

the usually wide range of LC50 values for various drugs during toxicity testing and the 3D cell culture 

nature of this study. However, given that the equation fit only intersected two data points, it is 

recommended to revise this work with more data points to provide a greater degree of accuracy. 

6.2.4. Amiodarone 

Amiodarone (AM) is a class III antiarrhythmic drug used to treat a wide array of cardiac arrhythmias 

[26]. The therapeutic use of AM is limited due to the range of side-affects associated with its severe 

toxicity, including pulmonary, thyroidal and hepatotoxicity [27] [28].  
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Figure 6-6. Day 7 HepaRG toxicity data on 48h exposure to 0.1, 1.0, 10.0 and 100.0 (all µM) amiodarone (AM). (a) Day 7 

cell viability results for corresponding AM concentrations, (b) LC50 graph with sigmoidal dose-response curve fit displaying 

corresponding equation parameters and LC50 value. Data points represent mean ± SD (n = 3), (c) Representative day 7 live/dead 

and brightfield images showing decreasing cellular viability with increasing AM concentration. Scale bars = 200 µm. 

On cytotoxicity testing of AM, Gerets et al. [29] published an average LC50 of 56.0 µM (n = 2) on 

exposing cultured HepaRG cells to amiodarone for 48h.  Additionally, Ferreira et al. [30] published 

viability data for HepaRG cells to AM for 72h, with the LC50 falling in the range of 15.0 – 30.0 µM; it 

was expected that the 48-hour LC50 range would be higher, given that a higher concentration would be 

required to induce similar toxicity with a reduced exposure time. In response to these published results, 

it was predicted that if the LC50 was found to be within the 15.0 – 56.0 µM range, the results would 

possess provisional validity, with further, more robust testing being required due to the small number 

of data points presented here. 

The data presented in Figure 6-6 (a) shows a significant fall in cellular viability (p < 0.001) on increasing 

the concentration of AM from 10.0 to 100.0 µM (absolute error of concentration is ± 0.82%), whereby 

viability was reduced from 85.5 ± 3.8% to 23.7 ± 6.4%, with the LC50 evidently falling within this 

range.  
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On fitting the data to a dose-response curve, the LC50 value was found to be 30.4 µM, well within the 

predicted range based on available published data. However, given that this result was obtained with 

3D culture of HepaRG cells, a direct comparison to the published data for 2D (two-dimensional) culture 

should be taken with caution. 

6.2.5. Prednisolone 

Prednisolone (PRD) is a synthetic glucocorticoid (corticosteroid) which is utilised for its anti-

inflammatory and immunosuppressive properties, including for the treatment of chronic obstructive 

pulmonary disease (COPD) [31]. PRD is used in cell culture applications to mimic the effect of 

hydrocortisone on liver function and is also used to alleviate hepatotoxicity in some cases [32] [33]. 

Moreover, PRD is also the current optimal treatment for severe alcoholic hepatitis [34]. Therefore, it 

was assumed that there would be no effect on the viability of the coaxial extruded HepaRG cells on 

adding 0.1 – 100.0 µM to the HepaRG culture medium with subsequent incubation for 48h. 

 

Figure 6-7. Day 7 HepaRG viability data on 48h exposure to 0.1, 1.0, 10.0 and 100.0 (all µM) prednisolone (PRD), (a) day 7 

cell viability results for corresponding PRD concentrations. Data represents mean ± SD (n = 3). (b) Representative day 7 

live/dead images showing no effect on cellular viability with increasing PRD concentration. Scale bars = 200 µm. 

As was expected, Figure 6-7 (a) confirms that there were no statistically significant effects of adding 

0.1 – 100.0 µM PRD on cell viability, with viability ranging from 90.1 ± 4.4% with 0.1 µM to 94.8 ± 

1.4% on using 100.0 µM (absolute error of concentration is ± 0.71%). This data therefore confirmed 

the hypothesis in that PRD does not have any effect on cell viability within the tested concentration 

range and again adds further validity to the application of the coaxial extrusion platform to be used for 

drug testing applications. 
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6.2.6. Summary of toxicity data 

In summary, all three of the hepatotoxic drugs which were tested using coaxial extruded filaments 

containing HepaRG cells, APAP, AZA and AM, achieved LC50 values which fell within ranges, which 

were comparable with values reported in the literature, as is presented in Table 6-1. 

Table 6-1. Summary of literature and achieved LC50 values for known hepatotoxic compounds. Note: multiple cell types used 

for literature values for APAP and AZA. 

Compound Literature LC50 Cell types Achieved LC50 

(HepaRG) 

Acetaminophen 

(APAP) 

0.21 – 28.2 mM Human hepatocytes, 

HepaRG 

17.3 mM 

Azathioprine (AZA) 0.5 – 25 µM  Rat hepatocytes, 

HepaRG 

23.1 µM 

Amiodarone (AM) 15.0 – 56.0 µM HepaRG 30.4 µM 

Given that all cited literature LC50 values were recorded using 2D cell culture protocols and also with 

some sources using cell types other than HepaRG cells, there is a degree of uncertainty in the achieved 

LC50 recorded here. However, given that the LC50 found for all three drugs was within the expected 

range, these results do provide an indication that there is merit in further study and validation of the 

coaxial extrusion methodology for drug testing, as a potential alternative to traditional 2D cell culture 

models, given the aforementioned benefits of the 3D coaxial extrusion platform (automation, enhanced 

biomimicry, customisation etc.). Future work could involve a parallel study to compare between 2D 

and 3D culture experiments to give greater understanding between their differences. 

6.3. CYP assay using rifampicin 

To provide further data on HepaRG function within the coaxial extruded collagen filaments, a test on 

cellular metabolic function was performed by analysis of the cytochrome P450 (CYP450) activity of 

HepaRG cells in response to a CYP-inducing drug. Of the range of CYP450 isozymes responsible for 

the metabolism of most substances within the liver, CYP3A4 provides the largest contribution towards 

the metabolism of marketed drugs [35]. Therefore, a commercial assay kit to analyse the CYP3A4 

activity of HepaRG cells in response to a common CYP3A4-inducing drug, rifampicin, was utilised. It 

should be noted that each sample measured approximately 10 mm in length, in order to ensure an equal 

volume of cell-collagen filaments per well as it was not possible to normalise CYP activity to the mass 

of cell-only protein due to the presence of collagen. 

The assay involved the use of a proluciferin substrate, which is converted from a non-reactive derivative 

of luciferin into luciferin by action of CYP3A4. Luciferin then reacts with luciferase within a 

subsequently added detection reagent solution in a reaction, which is luminescent. As luminescent 

activity is directly proportional to CYP3A4 activity, this provides a measure of the CYP activity of each 

tested sample (see Figure 3-6).  
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It should be noted that cell culture media was used to suspend filaments prior to gathering luminescence 

data (as opposed to using cell lysate).It was assumed that the provided 24 hours was sufficient to permit 

CYP3A4 diffusion from cells and into the cell culture media. 

Rifampicin, or rifampin, (RIF) is an antibiotic commonly used to treat tuberculosis [36] [37] but also 

has a powerful induction effect of CYP3A4. The RIF induction concentration used in published CYP 

studies is usually in the 5.0 – 50.0 µM range [38] [39] [40]. The chosen RIF concentrations for the 

following CYP3A4 assay were 10.0, 25.0 and 50.0 µM and were compared to a baseline negative 

control with no RIF added to allow an analysis of RIF concentration on CYP activity. 

 

Figure 6-8, Day 7 CYP 3A4 assay results on dosing HepaRG cells with 10.0, 25.0 and 50.0 (all µM) rifampicin (RIF) for 48h 

with live/dead and brightfield images for 25.0 µM case. (a) Effect of RIF concentration on CYP 3A4 activity on dosing 

HepaRG cells for 48h. Data represents mean ± SD (n = 3). (b) Representative day 7 live/dead and brightfield images on dosing 

HepaRG cells with 25.0 µM rifampicin for 48h. Scale bars = 200 µm. 

Firstly, as is displayed in Figure 6-8, it can be seen that HepaRG CYP3A4 activity was induced by all 

three tested RIF concentrations (absolute error of concentration is ± 3.29%). The lowest tested 

concentration of 10.0 µM provided an increase in CYP activity of 475.0 ± 150% relative to the negative 

control case. Activity significantly increased (p < 0.01) to 1125.0 ± 173.2% on use of 25.0 µM. On 

application of 50.0 µM, there was no further significant increase in relative CYP3A4 activity, calculated 

at 1200.0 ± 86.6%, therefore indicating that 10.0 – 25.0 µM is a suitable concentration range for future 

CYP-induction studies involving coaxial extruded HepaRG cells. In summary, as CYP induction of 

HepaRG cells contained within coaxial extruded collagen filaments has been demonstrated using 

concentrations of rifampicin within the published range, this provides a further indication that the 

extrusion methodology may provisionally be suitable as a drug testing platform. 
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6.4. Conclusion 

In summary, this chapter aimed to provide data on the suitability of the coaxial extrusion platform for 

use in drug testing applications. It has firstly been demonstrated that HepaRG cells can survive for a 

14-day period post extrusion at high viability and fine diameter, thus facilitating the subsequent drug 

testing experiments, whereby the aim was to perform cytotoxicity assays and compare LC50 values with 

available published values. Three hepatotoxic agents were tested, acetaminophen, azathioprine and 

amiodarone, whilst prednisolone was chosen as the positive control substance. 

LC50 values were found for all three agents (APAP: 17.3 mM; AZA: 23.1 µM; AM: 30.4 µM) and all 

three were within the expected ranges, given available published data, in 2D cell culture studies. 

However direct comparisons to published data were difficult due to variations in cell type, drug 

incubation time and culture conditions (2D vs 3D). The positive control case also performed as 

expected, with up to 100.0 µM prednisolone having no effect on cellular viability. 

Finally, a test of HepaRG cytochrome P450 metabolic activity produced results indicating that the 

HepaRG cells were capable of CYP3A4 induction and provided a 1125.0 ± 173.2% increase relative to 

the negative control case on use of a commonly used concentration of 25.0 µM rifampicin. 

To conclude, it has been demonstrated that the coaxial extrusion platform holds initial viability for drug 

testing applications. However, additional work is required to give a more robust evaluation, in which 

this could include testing of secretion rates of various hepatocyte-specific compounds such as albumin, 

the most abundant plasma protein which is an important carrier molecule of endogenous and exogenous 

chemicals [41] [42], transferrin, an iron-carrying glycoprotein [43], and cerruloplasmin, a copper-

carrying ferroxidase enzyme [44]. 

In addition, immunostaining may also be performed, to detect the presence of various hepatocyte 

markers, such as cytokeratin 18, a cytoplasmic filament protein found in human hepatocytes, MRP2 

(multi-drug resistance protein 2), a biliary canalicular transporter protein, and ZO-1 (zona occludens-

1), a tight junction protein which permits intercellular communication between hepatocytes [45] [46] 

[47]. Additional studies may also analyse known hepatotoxic effects such as glutathione depletion and 

lactate dehydrogenase release [48]. 
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7. Research Assessment and Recommendations for Future Work 

7.1. Research Summary 

Provided the aim of this research was to develop a 3D coaxial extrusion platform for the production of 

high viability, fine diameter tissue filaments capable of survival for multiple weeks, there have been 

various advances presented within this work. Multiple approaches to tune alginate hydrogel shells have 

been explored to balance stability and porosity and have resulted in successful long-term (> 20 days) 

culture of ADSC and HepaRG cells embedded within extruded collagen tissue filaments, up to sub-25 

µm minimal filament diameter, whilst maintaining high viability (> 90%). In addition, preliminary 

nozzle tip and printing bed temperature control modules have been developed, with PID control 

employed for nozzle temperature control. Finally, the potential of coaxial extruded collagen filaments 

for drug testing has been demonstrated, by cytotoxicity testing of various known hepatotoxic 

compounds using HepaRG cells with a further demonstration of expected metabolic function using a 

CYP enzyme assay. 

Given these advances, there were many issues encountered, hindering progress at various stages of the 

work. These include the fact that 3D coaxial printing was not achieved (as only extrusion was employed 

here), due to difficulties in coding of the popular Marlin firmware. Furthermore, as has been previously 

stated, the use of collagen as the sole extracellular matrix (ECM) material contained within the core of 

extruded core/shell filaments was significantly hindered by its inherent low mechanical strength. 

Therefore, testing of other attractive ECM materials such as hyaluronic acid, fibrin and GelMA could 

have addressed this issue. 

On developing the nozzle temperature control system, despite progress with the technology and array 

coding, due to the issue of heat leakage and insufficient heat transfer to the nozzle tip when utilising 

disposable plastic syringes, low-cost, repeatable deposition of liquid agarose was not achieved. It is 

suspected that the use of an all-in-one high thermal conductivity syringe-nozzle system would achieve 

this goal, albeit at a significantly greater cost. 

Despite the progress in fine diameter extrusion of ADSC-collagen, and subsequently HepaRG-collagen, 

filaments, much of the earlier, higher filament diameter experiments presented in Chapter 5 would have 

benefitted from the developments of the collagen-only extrusion work displayed in Chapter 2. This 

disparity is due to these tests running simultaneously, however, in hindsight; it may have been optimal 

to perform all collagen-only work prior to any cell seeding attempts, due to the additional porosity and 

fine filament diameter requirements (sub-200 µm) associated with the use of cells and tissues. 

On assessing the provisional viability of the coaxial extrusion platform for drug testing, the presented 

cytotoxicity tests would have benefited with many more data points to provide a more accurate dose-

response curve to compare to available literature.  
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Moreover, although the performed CYP450 enzyme assay provided a high CYP response on rifampicin 

induction of HepaRG cells, further tests with normalisation to the cell protein content would have 

provided a greater degree of accuracy and validity.  

The overall aim of this research was to use 3D coaxial extrusion to fabricate high-viability, fine diameter 

tissue filaments capable of long-term survival within robust, porous alginate hydrogel scaffolds. This 

objective has successfully been achieved and summaries of the key findings are presented below. 

 The theoretical prediction which dictated that the core/shell flow diameter ratio would change 

on changes to the corresponding coaxial nozzle core/shell flow rate ratio has been proven for 

collagen filament extrusion using alginate shells. Deviations from the idealised plot were due 

to various assumptions, such as treating the fluids as Newtonian, neglecting the effects of 

viscosity and gravity to solve the Navier-Stokes equations 

 

 Key extrusion parameters such as flow rate magnitude, core/shell flow rate and collagen 

concentration have been manipulated in order to tune core collagen filament diameter in order 

to aid nutrient diffusion and long-term cell survival. 

 

 Fine diameter ADSC-collagen filaments have been extruded and cultured with maintenance of 

high viability over a 21-day period on modification of alginate core/shell flow rate ratio and 

collagen concentration, with combined calcium barium cross-linking to maintain scaffold 

integrity. 

 

 The finest average filament diameter achieved during the culture of acellular collagen filaments 

measured approximately 8.5 ± 0.7 µm whilst the smallest diameter of cell-seeded collagen 

filaments was approximately 18.3 ± 0.4 µm, achieved using adipose-derived stem cells at a 

seeding density of 1.0 x 106 cells/ml. In both cases, 3.0 mg/ml collagen was used as the core 

fluid. 

 

 The application of the coaxial extrusion platform to extrude and culture different cell types 

whilst maintaining fine diameter and high viability for 14 days has been demonstrated on the 

use of human hepatoma HepaRG cells. 

 

 The viability of the coaxial extrusion platform as a drug testing platform has been initially 

assessed by performing hepatotoxicity testing of HepaRG cells using various known toxic 

agents and obtaining LC50 values similar to available published data. An additional assay of 

CYP450 enzyme activity further validated this platform by demonstrating strong CYP3A4 

activity on induction with rifampicin, a known CYP3A4 inducer. 
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To conclude, a coaxial extrusion platform was created, wherein fine diameter (sub-20 µm) collagen 

filaments containing adipose-derived stem cells were fabricated and cultured, retaining high 

viability (> 90%) over multiple days (> 21 days). This achievement was aided by the tuning of 

material flow rates, alginate shell cross-linking parameters and collagen concentration. Finally, fine 

diameter collagen filaments containing human hepatoma HepaRG cells (sub-25 µm) were also 

extruded and cultured at high viability for 14 days. These HepaRG-containing filaments were also 

exposed to different hepatotoxic compounds at varying concentrations to obtain LC50 values 

comparable to literature, thus providing preliminary validation of the coaxial extrusion system to 

be used as a drug testing platform. 

7.2. Future Work Recommendations 

Given the research assessment, there are various aspects of this work which may be further explored in 

order to address the issues and concerns raised. Firstly, on the issue of extrusion hardware, upgrading 

the operating firmware to facilitate 3D coaxial printing (as opposed to simple extrusion) is a major issue 

to address, due to the need for the extruder to move in order to facilitate the deposition of filaments onto 

a print bed or at the point of care, to create desired geometries, 

On the subject of core/shell flow rate tuning for fine filament diameters, it would be desirable to 

investigate the effect of different nozzle diameters on extruded filament diameter. It is predicted that it 

may be possible to print finer filaments using smaller diameter nozzles than those used within this work. 

Similarly, using different concentrations, molecular weights and viscosities of alginate in the shell may 

also lead to finer filament and alginate shell diameters, as would the blending of collagen and alginate 

with other materials. These modifications would affect the rheological properties of extruded materials ,  

which may result in reduced filament diameter through the transfer of momentum experienced during 

the coaxial extrusion process. 

Given the many presented approaches to alginate tuning, further work to quantify porosity and long-

term alginate degradation and associated cation leakage would be highly valuable to balance alginate 

stability and porosity with cell-mediated degradation and any resulting deleterious effects on cell and 

tissue function. 

Due to the aforementioned limitations of using collagen as the only ECM material, this work may 

benefit from experimentation using blends of collagen and bioactive hydrogel to combine the natural 

biocompatibility of collagen with the desirable mechanical properties of synthetic hydrogel; collagen 

cross-linking may also provide a synergistic effect in these studies. In addition, bioactive hydrogels may 

also aide in this pursuit, with materials such as RGD-alginate and methacrylated hyaluronic acid 

showing promise. These blends may be extruded using multi-nozzle and multiple input extrusion 

hardware, which may provide further opportunities in the creation of bioinks with desirable properties.  

It is also imperative that cells can remain at high viability when placed within engineered constructs. 
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Moreover, this work may be built upon by studies using differentiated stem cells, in situ differentiation 

of stem cells or co-culture using multiple cell types. In doing so, further progress towards extrusion and 

culture of transplantable tissue filaments will be made, especially in the case of neural tissue fibres 

where neurons and glial support cells are interdependent. Such studies may also benefit from the 

addition of growth factors to ECM core or hydrogel shell materials in order to induce or maintain desired 

phenotype. Studies on the alignment of cells along ECM filaments will also be essential to ensure 

desired tissue function. 

On further investigating the potential of the coaxial extrusion platform for drug testing purposes, in 

addition to testing more hepatotoxic compounds with additional data points, further work will be 

required to test hepatocyte-specific function, ranging from albumin, glucose and transferrin secretion 

to immunohistochemical analyses to assess markers such as cytokeratin 18, MRP2 and ZO-1. Moreover, 

further hepatotoxic effects which may be studied include lactate dehydrogenase release and glutathione 

depletion. These common tests have been identified as it is important that the functionality of extruded 

hepatocytes or hepatocyte-like cells is not impaired as a result of the extrusion process, in order to 

validate the use of coaxial extrusion (or 3D coaxial bioprinting) for drug studies, over traditional tissue 

engineering methodologies. It should be noted that in vitro tests are currently considered simpler to 

perform than using 3D tissue models, largely due to the lack of understanding on 3D cell culture and 

difficulties in achieving sufficient vascularisation in engineered tissue constructs. 

In the long-term future, given that the aforementioned technical challenges can be solved, the coaxial 

extrusion platform may be employed in a clinical manner to provide bespoke, on-demand tissues and 

organs to patients in need, using their own cells as feedstock. This demonstrates the potential to save 

many lives, such as in cases where donor tissues are not readily available (perhaps due to donor 

mismatches), in cases where bespoke tissues are required due to complex geometries or with 

immunocompromised patients, where tissue rejection can be fatal.  

The coaxial extrusion platform could be developed into a medical device by developing the technology 

in adherence to international standards, such as ISO 13485 and 14971, and gain approval for 

commercialisation by the MHRA in the UK and/or the FDA in the USA, amongst other regulatory 

agencies in the world. Part of this approval process would require strict control of the sterility and 

endotoxin control of implants, amongst other tests designed to prevent or minimise potential harm to 

patients. On successful approval, there is an option to open-source or subsidise the technology across 

the world, to provide access to underprivileged communities, whereby the hardware and associated 

computer code could be easily reproduced by health boards with prohibitively low budgets. This could 

be accomplished by using readily available technologies such as 3D printers and using off-the-shelf 

parts, such as sensors, microcontrollers and other electrical components in addition to stock materials 

such as metals and plastics, in forms such as sheet and bar. 


