Chapter 1

Introduction




1.1 DNA

Deoxyribonucleic acid (DNA) is a nucleic acid which contains the genetic
information used in the development and functioning of all known living organisms.
All the information needed to synthesise other components of a cell such as proteins,
enzymes and RNA molecules is derived from DNA. Chemically, DNA is a
biopolymer built from monomers called nucleotides. Each nucleotide contains a
pentose-2-deoxyribose sugar, a phosphate group and one of the purine (fused five-
and six membered heterocyclic compounds) or pyrimidine (six membered rings) bases
(Figure 1). There are four bases which are present in deoxyribonucleotides: adenine
(A), guanine (G) (purine bases), cytosine (C) and thymine (T) (pyrimidine bases)
(Figure 2). In the structure of a nucleotide the phosphate group is joined by a
phosphodiester bond with the C5 position of deoxyribose, and the purine or
pyrimidine base is connected from a ring nitrogen to the C1 position of the pentose

ring. A moiety which lacks the phosphate is called a nucleoside (Figure 1) [1-4].
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Figure 1:  Structure of deoxyribose (A), nucleoside (B), nucleotide (C). Base- one of the purine
or pyrimidine bases.

The backbone of DNA is made from 2-deoxyribose molecules joined together by
phosphodiester bonds between 5’ phosphate group of one nucleotide and 3’ hydroxyl
group of a second nucleotide. Each of the DNA strands has two asymmetric ends: 3’
end with free hydroxyl group and 5 end with terminal phosphate group (Figure 3).
The numbers refer to carbon atoms present in the 5 member deoxyribose ring.

Inside living organisms, DNA is usually present as a pair of two antiparallel,
complementary strands which form a double helix structure stabilised by hydrogen
bonds between the purine and pyrimidine bases and by ©- m stacking interactions
between adjoining bases. Watson and Crick found that each type of base in one strand

can form hydrogen bonds only with one type of base in the second strand: adenine



only bonds with thymine by two hydrogen bonds, while cytosine only bonds with
guanine by forming three hydrogen bonds (Watson-Crick base pairing, Figure 4) [1-
4].
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Figure 2:  Purine and pyrimidine bases present in DNA strands.

The hydrogen bonds between bases in complementary DNA strands can easily
break down and reform. This reversible and specific interaction between base pairs is
crucial for DNA replication and translation [1-3]. The two complementary strands that
form the DNA double helix are called the coding strand and the template strand.

During DNA replication the two strands of the double helix separate and two new
strands, complementary to the original coding and template strands, are formed in a
complicated process involving enzymes: helicases (which allow separation of the
strands), polymerases (which can add free deoxyribonucleotides to 3’ ends of newly
forming strands) and primases (which are responsible for formation of primers, short
oligonucleotides which can start formation of a new strand). Both strands are
synthesised in the 5’ to 3’ direction which means that the strand complementary to the
original 3°-5’ strand is formed continuously, while the strand complementary to the
original 5’-3” strand is formed in small fragments which are then joined together by
DNA ligases. In the replication process two identical copies of original double helix
are formed [1-3]. The replication process is used in the lab through polymerase chain
reaction (PCR), a technique which allows amplification of DNA across several orders

of magnitude. During the PCR process, a mixture containing the DNA to be



amplified, the four types of deoxyribonucleotides, the enzyme-Taq polymerase,
primers complementary to the DNA to be amplified and buffers containing Mg*" ions
is heated to 95°C which causes the denaturation of the DNA strand. The temperature
is then lowered to 37-50°C which allows attachment of primers to the separated DNA
strands. In the next step the reaction mixture is heated to 72°C, and strands
complementary to the original DNA strand are formed in the presence of Taq
polymerase. Identical copies of DNA to be amplified are formed. The process can be
repeated several times with a large number of copies of the original DNA sample to

be obtained [1].
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Figure 3:  Structure of a single stranded DNA backbone; Base-one of the purine or pyrimidine
bases.

Transcription is a process of formation of an RNA copy of the DNA coding strand.
RNA (ribose nucleic acid) is almost identical to DNA but has a 2’ hydroxyl group on
the ribose sugar. In the DNA transcription process the two strands of DNA double
helix separate, but only the strand complementary to the template and identical to the
coding strand is formed. This copy of the coding strand is called messenger RNA
(mRNA). The function of mRNA is to carry genetic information from DNA to the
ribosomes (complexes of RNA and proteins), where proteins are synthesised through

a process called translation. The sequence of nucleotides in mRNA determines the



sequence of amino acids in the proteins. Every three base sequence in mRNA is called
a codon and is specific for a particular amino acid. There are also three ‘stop’ codons
which signal that the synthesis of the protein is finished. In the translation process
transfer RNA (tRNA), which carries amino acids, reads the genetic information from
mRNA. tRNA contains an anticodon, formed by three nucleotides, with sequence
complementary to a specific codon found in mRNA. tRNA carries amino acids in the

order dictated by the mRNA to the ribosomes where the protein chains are produced.
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Figure 4: The two types of Watson-Crick base pairing possible. Top: The formation of two
hydrogen bonds between adenine and thymine. Bottom: The formation of three
hydrogen bonds between guanine and cytosine.

1.2 Traditional DNA detection methods

Sequence specific DNA detection is a vital area of life science research due to its
application in the diagnosis of pathogenic and genetic diseases [5-12]. Hybridisation
of two single stranded oligonucleotides to form a double stranded DNA and its
dissociation into two single strands is essential to DNA detection assays. Many

detection techniques rely upon hybridisation of labelled (radioactive, fluorescent,



chemiluminescent) oligonucleotide probes to a complementary target [5, 7, 8-12]. The
sensitivity of the techniques depend mainly upon the specific activity of the labels
attached to the oligonucleotide probes. There are also detection techniques which rely
upon enzymes to generate colorimetric, fluorescent or chemiluminescent signals,
although the colorimetric methods are restricted due to their poor sensitivity [12].

Radioactive labels offer high sensitivity, however their use has also numerous
disadvantages, such as: disposal problems, health risks, low stability of radioactively
labelled probes and requirements of specially trained personnel [6, 9, 12].

Chemiluminescent labels offer an increase in the sensitivity and a decrease in the
time required for DNA detection when compared with radioactive labels [10, 12]. The
other advantage is that the technique requires little instrumentation [10]. The biggest
disadvantage of using chemiluminescent labels are the complicated procedures
involving numerous reagents that are needed to generate the luminescent
intermediates [11].

Fluorescent labels are the most commonly used labels in DNA detection assays.
These labels are relatively inexpensive and easy to use. Their biggest disadvantage is
that fluorescence spectra produced tend to have broad overlapping outputs thus
limiting multiplexing capacity of the technique. Quantitative measurements are
challenging because of low fluorescence intensities and susceptibility to
photobleaching [12].

The biggest overall disadvantage of traditional DNA detection assays is that they

all require amplification of the genetic material present in the original sample by PCR.

1.3 Nanoparticle based methods for DNA detection

Nanoparticle based DNA detection methods offers numerous advantages over
traditional DNA detection assays, such as: rapid detection, good selectivity, a
colorimetric response and little or no instrumentation [5, 7, 13-15]. These methods are
based upon hybridisation of two sets of oligonucleotide functionalised metallic
nanoparticles, containing different DNA strands, to a target which is complementary
to both probes. The target crosslinks nanoparticles by hybridisation which can be
monitored with the naked eye (solution will change colour if hybridisation occurs), by
UV-Vis spectroscopy or by surface enhanced (resonance) Raman scattering

(SE(R)RS). Due to their unique optical properties (surface plasma resonance



absorption, resonance light scattering) and the possibility of easy modification of their
surface, gold and silver nanoparticles are commonly used in nanoparticle based DNA

detection assays [15, 16].

1.3.1 Gold nanoparticle probes

Due to their unique optical properties, a variety of surface coatings possible and
their biocompability, gold nanoparticles are commonly used in nanoparticle based
methods for detection of DNA, proteins or enzyme activities [16]. The optical
properties of metallic nanoparticles depend upon the collective oscillation of electrons
across the nanoparticle surface, which are in resonance with the incident
electromagnetic radiation (surface plasmon resonance). For gold nanoparticles the
resonance frequency of this oscillation lies in the visible region of the electromagnetic
spectrum. Due to their high surface area to volume ratio nanoparticles are very
sensitive to any changes occurring in their environment, such as: surface
modification, aggregation or change of dielectric properties of the surrounding
medium [16, 17]. Changes in the nanoparticle’s environment lead to colorimetric
changes of their colloidal solution [16].

After the synthesis of gold colloid, the nanoparticles are surrounded by a weakly
bound layer of charged ligand (e. g. citrate), which provides the repulsive forces
between nanoparticles necessary to prevent uncontrolled aggregation of the
nanoparticle solution [8, 18, 19]. In order to use gold nanoparticles in biomolecule
detection assays, the nanoparticle surface has to be modified. Many ways to achieve
this exist, such as: electrostatic interaction, specific recognition (antibody-antigen,
biotin-avidin) or covalent coupling [13, 16, 21-25, 28, 29, 39]. Electrostatic
adsorption is a very simple process however the binding is usually not strong enough
to use prepared probes in biological studies that require several washing steps, use of
solutions with high salt concentration and a long incubation. The other disadvantage
of this method is non-specific interaction of analytes with the nanoparticle surface
which decreases the detection sensitivity [16]. Covalent binding offers numerous
advantages when compared with other surface modification methods, such as high
stability of prepared probes and good selectivity [16]. Colloidal gold can be stabilised
with numerous molecules containing thiol, disulfide or thioester, such as: thiolated or

disulfide modified oligonucleotides, alkanethiols, thiolated ethylene glycol [13, 16,



21-25, 28, 29, 39]. Gold nanoparticles functionalized with thiolated oligonucleotides
and aggregation of these conjugates induced by hybridization of the probes to the
complementary target DNA strand has been well characterized. These type of probes

are commonly used in colorimetric DNA detection systems.

1.3.1.1 Unmodified nanoparticle based DNA detection

The use of unmodified gold nanoparticles in DNA detection assays has been
reported in the literature [8, 27]. This method is based on the fact that single- and
double- stranded DNA (ssDNA and dsDNA) have different electrostatic properties.
Single stranded DNA can uncoil and expose its bases, which promote the adsorption
on to the nanoparticle’s surface. With the negative phosphate backbone sufficiently
distant, attractive Van der Waals forces between the bases and metal surface make
DNA adsorption possible [8, 27]. Double stranded DNA has a stable double helix
geometry, so the uncoiling needed to expose the bases is not possible. Repulsion
between the negatively charged phosphate backbone and the layer of negatively
charged stabilising ligands (e. g. citrate) on the nanoparticle surface prevents the
adsorption of dsDNA on to the gold surface [8]. In the DNA detection system
described by Li et al. [8] 0.2 M NaCl in 10 mM phosphate buffer (0.2 M PBS) and
gold nanoparticles were added to a solution containing ssDNA with or without
complementary target. If there was only ssDNA present in the sample the
oligonucleotides adsorb to the nanoparticles stabilising them, resulting in the
nanoparticle suspension remaining red in colour after addition of the salt/buffer
solution. If there was a double stranded DNA present in the sample, fast aggregation
of nanoparticles, and a red to blue colour change was observed. This is due to the
dsDNA not adsorbing to the nanoparticle and the addition of the salt screens the
repulsive interactions between nanoparticles and causes aggregation. The presence of
dsDNA in this system can also be detected by fluorescence spectroscopy. When a
fluorescent label is added to the ssDNA the addition of nanoparticles causes
adsorption of the oligonucleotide to the gold surface and fluorescence quenching is
observed (due to the fluorescence quenching ability of the metal surface). If dsDNA is
present in the solution the adsorption of DNA on the metal surface does not occur and
the fluorescence persists [8]. Single base mismatches can be detected by allowing the

dsDNA from solutions containing perfectly complementary and mismatched target to



dehybridize in water, without salt, for 2 mins before addition of gold colloid and
salt/buffer solution. An obvious colour difference was observed between perfectly
matched and imperfect samples due to the lower binding strength for mismatched than

for perfectly matched dsDNA [8].

1.3.1.2 Thiolated oligonucleotide functionalized gold nanoparticles probes

In order to functionalize gold nanoparticles with oligonucleotides, a thiol modified
single stranded DNA (ssDNA) is added to the nanoparticle solution, then left for
approximately 6 hrs [6, 21]. Then, concentrated phosphate buffer is added to obtain a
final buffer concentration in the sample of 10 mM [6]. Due to the electrostatic
repulsions between negatively charged phosphate backbones of the thiolated ssDNA,
the number of oligonucleotides which will attach to the nanoparticle surface depends
strongly on the ionic strength of the immobilization solution [23, 24]. To achieve high
DNA surface coverages, high NaCl concentration should be used due to its screening
effect. However, addition of a large amount of salt may destabilise the nanoparticles
and cause their irreversible aggregation. Therefore, during preparation of
nanoparticles functionalized with thiolated oligonucleotides, time consuming, slow,
salt-aging steps are employed [6, 23]. The other problem which has to be overcome
during preparation of oligonucleotide functionalised nanoparticles is that of non-
specific adsorption of ssDNA on to the metal surface. Thiolated oligonucleotides can
interact with the metal surface not only through the gold-sulphur bond, but also via
the amine groups present in the DNA bases. To prevent this non-specific
oligonucleotide adsorption, mercaptohexanol can be added to ssDNA modified gold
nanoparticles. Mercaptohexanol can displace some of the non-specifically adsorbed
oligonucleotides and make the thiolated ssDNA bind to the gold surface only via a
metal-sulphur bond. The amount of the mercaptohexanol added and the reaction time
need to be precisely controlled, because excessive displacement of thiolated
oligonucleotides may result in destabilised nanoparticles [23]. The amount of
thiolated oligonucleotides which will attach to gold nanoparticles depends strongly
upon salt concentration, type of DNA spacer (region between recognition sequence
and thiol modifier), the length of DNA strand, base sequence and the nanoparticle size

[23, 24].



After surface modification the gold surface absorbance band is usually slightly red
shifted and a decrease in the band intensity is also observed. The observed signal
lowering is due to a decrease in the concentration of nanoparticles during the workup
of the oligonucleotide functionalized nanoparticles. The red shift is caused by the
surface modification, however it might also be caused by the change in dielectric
constant around the nanoparticles (the conjugates are usually resuspended in PBS, the
bare nanoparticles in water), or by centrifugation steps which may affect size

distribution (Figure 5) [7, 22].
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Figure 5: UV-Vis spectra of gold nanoparticles and gold nanoparticle functionalized with

thiolated 12-base oligonucleotides in 0.3 M PBS [7].

1.3.1.2.1 Cross-linking DNA detection system

In a typical nanoparticle-DNA detection system two sets of oligonucleotide
functionalized nanoparticles are synthesised. The two sets of nanoparticles are
functionalised with a DNA sequence that is half complementary to a target
oligonucleotide. The nanoparticle probes are mixed in a 1:1 molar ratio followed by
the addition of the complementary target. The target cross-links the nanoparticles by
hybridisation, which results in nanoparticle aggregation and thus a red-to-purple
colour change is observed (Figure 6) [5, 6, 7, 20, 13, 21, 22]. Due to the steric reasons
and the high negative charge of the DNA backbone on the nanoparticle surface the
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hybridisation process can be slow at room temperature, however it can be affected

rapidly by warming it at 50°C for 5 mins [6], or 70°C for 5-10 mins [21].
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Figure 6: Hybridization of two gold nanoparticles probes in the presence of complementary

target DNA [21].

The hybridisation process can be visualised not only with the naked eye (red to
purple colour change), it can also be monitored by the UV-Vis spectroscopy. A
mixture of gold nanoparticles with oligonucleotides immobilised on the surface
appears red in colour and has a strong absorbance at about 520 nm. When a
complementary target is added to the solution containing two types of oligonucleotide
functionalised nanoparticle probes, reversible aggregation of nanoparticles is
observed-the solution appears purple in colour. Formation of the aggregates leads to a
red shift of the gold surface plasmon band from 520 nm to 574 nm (Figure 7) [7, 13,
21].
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Figure 7: UV-Vis spectra of a solution of DNA functionalized (12 bases) nanoparticle probes

and of a solution containing two oligonucleotide functionalised nanoparticle probes
in the presence of a 24 base complementary target [7].

The optical properties of gold nanoparticles are strongly dependent upon the
distance between nanoparticles and can be controlled by controlling the length of the
target DNA molecule used to cross-link the nanoparticles by hybridisation. Mirkin et

al. [22] prepared two batches of 15.4 nm gold nanoparticles functionalised with
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thiolated 12 base long ssDNA. One of three different target sequences was then added
to the solution containing both probes. Each of the targets had 12 base sticky ends and
a spacer containing 0, 24 or 48 bases. The formation of aggregates was followed by
monitoring the surface plasmon band in the UV-Vis as a function of time. It was
found that the rate of hybridisation was dependent on the length of the complementary
target used. Addition of the shortest target, without spacer bases exhibited the largest
changes on the UV-Vis spectrum at the fastest rate (Figure 8).
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Figure 8: Changes in the UV-Vis spectra as a function of time for samples containing two types
of oligonucleotide functionalised gold nanoparticles probes and a complementary
target containing 24, 48 or 72 bases [22].

1.3.1.2.1.1 Melting properties of DNA linked Au nanoparticles aggregates

The DNA linked gold nanoparticle aggregates can be dispersed by heating them
above the duplex melting temperature (Tm) [6, 7, 13, 21, 25]. The
hybridisation/denaturation process can be observed by monitoring the absorbance at
260, 520 or 650-700 nm as a function of time [7, 21]. The melting profiles of duplex
DNA strands supporting the polymeric network of gold nanoparticles exhibit
extraordinary sharp transitions when compared to unlabelled or conventional
fluorophore labelled DNA. The observed sharp transitions are due to the dense
loading of oligonucleotides, which increases binding sites between nanoparticles, and
a subsequent cooperative mechanism of dehybridisation due to the presence of
multiple DNA target strands [13, 25]. The melting properties of DNA linked
nanoparticle aggregates depends on: density of oligonucleotides on the nanoparticles
surface, nanoparticle size, salt concentration and interparticle distance [21, 25].

The high DNA surface coverage offers many advantages, such as high stability of

formed conjugates, especially at elevated salt concentrations and increased
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hybridisation efficiency. In terms of melting profiles Tm value decreases and the

melting transition broadens when the probe density decreases [21, 25].
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Figure9: The effect of: |- probe oligonucleotide density, Il-nanoparticle size, Ill-salt

concentration, 1V- nanoparticle distance (different length of target DNA); V-probes
orientation (1- head to head, 2-head to tail, 3-tail to tail) on melting properties of
nanoparticle aggregates [21].

The size of nanoparticles used for probe preparation also has influence on the
melting profiles of formed duplexes. Jin et al. [21] found in their study that melting
transitions were sharper for larger nanoparticles, which is caused by higher
oligonucleotides surface density (Figure 9). Hurst and co-workers [25] observed that
in the case of large gold nanoparticles (150 nm), at high salt concentration (1M),
formation of one base pair connection (G-C) between nanoparticles exhibited melting
transition typical for duplexes formed by longer sequences (>10 bases) between two
types of small nanoparticles probes. This is caused by the ability of larger
nanoparticles to form more DNA linkages due to their lesser curvature. Numerous
weaker interactions can lead to a cumulative interaction strong enough to induce
aggregation of nanoparticles. Free DNA strands (not attached to metallic
nanoparticles) which contain only one base pair complementary region won’t
hybridise under the same conditions [25]. It was found that 4-8, 6-19, 8-33 additional

bases has to be added to free DNA duplex to reach the Tm values similar to the one of
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aggregates formed from 15, 60 or 150 nm gold nanoparticles functionalised with only
3 base pairs. This is caused by the possibility of three dimensional hybridisation on
the nanoparticles surface, which is not possible for free DNA in solution (in this case
only a single DNA duplex can form) [25].

Increase in the salt concentration of the solution containing two types of
oligonucleotide functionalised nanoparticles probes and a complementary target
causes an increase in hybridisation rate. It also influences the melting profiles of the
gold nanoparticle probes. When the salt concentration increases it stabilizes the
duplexes on the nanoparticle surface, which causes an increase in the Tm value
(Figure 9). The screening effect of the salt minimizes electrostatic repulsions between
oligonucleotide functionalized nanoparticles which allows more hybridisation events
to take place [21].

The interparticle distance is also an important factor which may cause changes in
the melting profiles of oligonucleotide functionalised nanoparticle probes. In the
experiment designed by Jin et al. [21], four different complementary target sequences
containing 0, 10, 20, 30 base length spacers between recognition sequence and thiol
functionality were added to a solution containing two types of oligonucleotide
functionalised gold nanoparticles probes. It was found that the Tm increased when the
length of the spacer increased, and also there was a linear relation between Tm value
and the spacer length (Figure 9). In another experiment designed by the same group
the interparticle distance was changed, not by changing the length of target DNA, but
by placing the nanoparticles at a different position on the oligonucleotide (3’ or 5°), so
when hybridisation occured the nanoparticles were in different orientation to each

other: head to head, head to tail or tail to tail (Figure 10).

A B C

Figure 10:  Different orientations of gold nanoparticles probes hybridised to complementary
target: A-head to tail, B-head to head, C-tail to tail.
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This experiment confirmed that Tm increases when interparticle distance increases
(Figure 9). It was concluded that electrostatic interactions which are sensitive to
interparticle distance are the dominant factor which has an influence on Tm value
when the distance between nanoparticles changes [21].

Detection of a single base mismatch, a one base deletion or a one base insertion is
possible in the previously described nanoparticle based DNA detection system. When
an imperfect target is used in this DNA detection assay both precipitation and changes
in surface plasmon resonance are observed upon hybridisation. Formed aggregates
also exhibit sharp melting profiles, however, observed Tm values are lower for

duplexes formed in the presence of imperfect targets (Figure 11) [7].
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Figure 11:  Thermal dissociation curves for Au nanoparticles probes with fully complementary
and imperfect targets [7].

1.3.1.2.1.2 Northwestern Spot Test

The hybridisation process in a cross-linking nanoparticle based DNA detection
system can also be monitored by spotting aliquots of a mixture containing gold
nanoparticle-DNA aggregates onto a reverse phase silica gel plate (Northwestern Spot
Test). In the presence of complementary target a blue spot appears after drying on the
silica plate. After heating the solution above the duplex dissociation temperature and
spotting the aliquot on a reverse phase silica plate, the spot is red (the rehybridization

process is not occurring on the solid support even in the temperatures below Tm of a
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duplex). The Northwestern spot test can also be used to distinguish between fully
complementary and imperfect targets containing one base-pair mismatches, one base
insertion or one base deletion when the probes are orientated in a tail-to-tail
arrangement. If they are aligned in head to tail fashion the discrimination between
fully complementary and imperfect targets is not possible [7]. In the presence of non-

complementary target the spot remains red [6, 7].

1.3.1.2.2 Non cross-linking DNA detection system

Despite aggregation of oligonucleotide functionalised nanoparticles in the cross-
linking system described above, hybridisation of nanoparticle probes to
complementary target without a cross-linking mechanism has also been reported in
the literature [26, 41, 43-45]. Sato and co-workers [26] indicated that addition of
target complementary in sequence and length to poly (N- isopropylacrylamide)
particles or 15 nm Au nanoparticles functionalised with one type of oligonucleotide
caused rapid aggregation of particles at high salt concentration. In the absence of the
complementary target or presence of imperfect target no colour change was observed.
The opposite behaviour was observed by Baptista and co-workers [41, 43-45]. This
group reported that after addition of target complementary in sequence and the length
to gold nanoparticles functionalised with thiolated oligonucleotides no colour change
was observed, however the aggregates were formed in the presence of imperfect
target. The differences observed were explained by different nature of the targets used
in the experiments (complementary target [26], clinical DNA sample containing

complementary target [41, 43-45]).

1.3.1.3 Multiple thiol modified oligonucleotide - gold nanoparticles probes

Although thiol modified oligonucleotide functionalised gold nanoparticles are
commonly used as probes in DNA detection assays, there are some disadvantages of
those probes under conditions such as: high NaCl concentrations (0.3 — 1 M);
treatment with biological buffer additives such as dithiothreitol (DTT), a stabiliser for
polymerase enzyme in the PCR process, and prolonged or cycled temperatures [15,
28, 30]. A study with fluorophore labelled oligonucleotides indicated that DTT and

mercaptoethanol displace alkylthiol capped oligonucleotides from the nanoparticle
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surface [28]. It was also found that gold nanoparticles larger than 30 nm in diameter,
when functionalised with mono-thiolated oligonucleotides slowly decompose at
elevated temperatures (40-90°C) and in high salt concentration buffers (0.3 - 1 M)
[28].

Stakenborg and co-workers [29] proposed the use of mercaptohexanol or 1-
mercapto-6-hexyl tri (ethylene) glycol as backfilling molecules, which should be
added to oligonucleotide functionalised nanoparticles to increase their stability. It was
found that addition of these molecules reduced non-specific adsorption of DNA on the
nanoparticles and also led to more radial configuration of the attached DNA. Prepared
probes were more stable at higher salt concentrations, however their thermal stability
was lower (when compared to thiolated oligonucleotide functionalised nanoparticles),
which might be caused by lower numbers of DNA strands attached per nanoparticle,
and by the fact that some of the oligonucleotides might be removed from the metal
surface after heating [29]. The use of other molecules to increase the stability of
oligonucleotide functionalised nanoparticles has also been reported. For example
Zhao et al. [31] proposed the use of deoxynucleotides for that purpose and Claridge
and co-workers [32] covered the nanoparticles with a polymeric layer before addition
of oligonucleotides. The use of deoxynucleotides increased the stability towards
higher salt concentration, but this stability was weakened or destroyed at higher
temperatures [31]. The biggest disadvantage of the technique suggested by Claridge
was irreversible formation of the polymer coating on the nanoparticles surface which
might hinder the attachment of oligonucleotides to the gold nanoparticles [32].

Dougan et al.[15] found that oligonucleotide modified with the inexpensive,
commercially available, simple disulphide - thioctic acid enhanced the stability of
metallic nanoparticles when compared with mono-thiol oligonucleotide functionalised
nanoparticles. In their approach, the N-hydroxysuccinimidyl ester of thioctic acid was
reacted with the 3” or 5” functionalised terminal amine group of ssDNA. Thioctic acid
modified oligonucleotides were attached to the surface of gold nanoparticles using a
standard protocol similar to the attachment of thiol modified ssDNA, however the salt
aging process was much faster (2 days, 5 days for thiol modified oligonucleotides)
and the process much less time consuming. To compare the stability of thiol- and
thioctic acid modified oligonucleotide functionalised gold nanoparticles the probes

were treated with DTT at 40°C.
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Figure 12:  UV-Vis spectra showing degradation of Au-(a) thiolated DNA (1 min intervals) and

(b) thioctic acid modified oligonucleotide (10 mins intervals) conjugates upon
treatment with DTT [15].

It was found that the probes prepared with thioctic acid modified oligonucleotides
were far more stable towards precipitation than the nanoparticles functionalised with
thiolated oligonucleotides (Figure 12). This enhancement in the stability of the formed
conjugates is caused by the fact that the reduced thioctic acid-dihydrothioctic acid
binds to the gold surface through both sulphur atoms and forms a stable monolayer on
the nanoparticle surface [15]. In other experiments performed by the same group [15]
the oligonucleotide surface coverage was compared for the probes prepared with
thiolated and thioctic acid modified oligonucleotides. It was found that less DNA
strands attach to gold nanoparticles when disulphide modified ssDNA was used for
probe preparation. So when the conjugate stability is not an issue the yield of the
conjugation process can be improved by the use of alkyl-thiolated oligonucleotides
[15]. Letsinger et al. [30] described the use of a steroic cyclic disulphide
(epiandrosterone) to modify oligonucleotides before their attachment to the gold
nanoparticle surface. The stability of the prepared probes was compared to the
stability of probes prepared with oligonucleotides functionalised with mercaptohexyl
or acyclic disulphide. It was found that probes prepared in the presence of cyclic
disulphide were much more resistant to attack by DTT than standard probes prepared
with thiol or acyclic disulphide modified ssDNA. The reaction of acyclic disulphide
with gold probably involves the cleavage of the S-S bond. Oligonucleotides
containing this kind of modification will be linked to gold nanoparticles surface
through a single S-Au bond, and they will exhibit similar stability as the probes
prepared with thiolated oligonucleotides [30].
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Further enhancement in the conjugate stability was observed when a trithiol was
used as a terminal modification of oligonucleotides [28]. The use of trithiol modified
oligonucleotides to functionalise large (>30 nm) gold nanoparticles make it possible
to form conjugates which are stable enough for use in hybridisation based DNA
detection assays. It was not possible when thiolated oligonucleotides were used for
that purpose [28]. Although there is a big difference in the stability of the gold
nanoparticle probes prepared in the presence of thiol, cyclic disulphide and trithiol
modified oligonucleotides, all of them can be used in nanoparticle based DNA
detection systems. The melting properties of nanoparticle aggregates formed from all
kinds of probes are qualitatively the same [28]. It can be concluded that the type of
molecule used to modify oligonucleotides before their addition to gold colloid has a
big influence on the probe’s stability but has very little effect on the hybridisation and
melting properties of the formed conjugates [28].

1.3.1.4 Oligonucleotide conformation on gold nanoparticles surface

It is well known that oligonucleotides modified with thiolated moieties can bind
strongly to the gold nanoparticle surface by forming a covalent bond between sulphur
and the metal surface, however non-specific secondary interactions between
oligonucleotides and nanoparticles also occur. All nucleosides have free functional
groups, such as amine or carbonyl groups, that could act as a ligands for the gold
nanoparticle surface. The phosphate groups along the phosphate backbones can
electrostatically bind to nanoparticles as well (Figure 13) [33-35]. Non-specific
oligonucleotide absorption causes a decrease in surface coverage, which may lower

the stability of the formed conjugates.

Figure 13:  Non-specific absorption of oligonucleotides on nanoparticles surface (left),
nanoparticle functionalised with thiolated oligonucleotides specifically, via S-Au
bond (right) [33].
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One of the ways to prevent non-specific adsorption of oligonucleotides onto the
nanoparticle surface is to add mercaptohexanol to ssDNA-Au nanoparticle conjugates.
It destabilises the DNA adsorption via bases and changes the conformation of DNA
on the nanoparticle surface to be more suitable for hybridisation. Mercaptohexanol
concentration and reaction time need to be controlled to achieve the desired effect; too
long reaction times and too high mercaptohexanol concentrations may cause
significant displacement of oligonucleotides from the nanoparticles surface [35].

It was found that the coverage of gold nanoparticles with oligonucleotides is
strongly dependent upon the sequence of ssDNA used. Oligonucleotides rich in
thymidine exhibit higher surface coverages and also higher stability, when compared
with conjugates prepared with oligonucleotides rich in other types of bases [33].
Numerous experiments indicate that the affinity of a single nucleoside for Au
nanoparticles surface is biggest for cytosine and guanine, smaller for adenine, and the
smallest for thymine. Oligonucleotides with high G and C content have a tendency to
wrap around nanoparticles. In case of oligonucleotides rich in A and T this tendency
is significantly reduced. The surface coverages observed for the conjugates prepared
with oligonucleotides rich in A and T are much higher that those observed for gold
nanoparticles prepared with ssDNA containing more G and C. Higher surface
coverages increases the stability of the formed conjugates at higher salt concentrations
[33-35]. Storhoff et al. [33] compared the stability of gold nanoparticles
functionalised with oligonucleotides containing only one type of nucleobases (A, C,
T, G). The surface coverage and stability of the probes prepared with ssDNA
containing only T was much higher than for any other conjugates. Increase in the
number of bases present in the oligonucleotides from 5 to 15 caused a further increase
in the stability of the conjugates. The stability of Au nanoparticles functionalised with
oligonucleotides containing other types of nucleobases were insensitive to length of
ssDNA used for probe preparation [33].

To increase the surface coverage of Au nanoparticles probes a spacer containing a
few T or A bases can be added to oligonucleotides between the thiol functionality and
recognition sequence [15, 36]. The increase in surface coverage is not the only benefit
of using spacers. The spacer distances the recognition sequence from the
nanoparticles surface which increases the hybridisation efficiency due to a decrease in
the steric hinderance caused by competing oligonucleotides [36]. Dougan et al. [15]

reported that the surface coverage of Au nanoparticles functionalised with thioctic
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acid modified oligonucleotides is smaller than for standard Au-thiolated DNA
conjugates. When the oligonucleotides containing a poly T spacer were used a
significant increase in the surface coverage for conjugates containing thioctic acid
modified oligonucleotides was observed. The surface coverage of those conjugates
was higher than the one observed for standard thiolated probes. The increase in
surface coverage caused the increase in the stability of the conjugates towards high
salt concentration. When a poly A spacer was used, the surface coverages of the
probes prepared with thiolated or thioctic acid modified oligonucleotides were
similar, however thioctic acid modified probes were more stable towards
precipitation. It can be concluded that the presence of spacer bases and their type has

a big influence on surface coverage of the conjugates produced [15].

1.3.2 Silver nanoparticle probes

The application of gold nanoparticles functionalised with oligonucleotides in DNA
detection has been widely characterised [5-38]. Silver nanoparticles exhibit 100 times
greater extinction coefficient than gold nanoparticles, which offers a significant
increase in sensitivity, when absorption spectroscopy is used to detect them [15, 36-
38]. Unfortunately, the same synthesis procedure cannot be used for the preparation of
oligonucleotide functionalised silver nanoparticles as it can for gold. Addition of salt
to a silver nanoparticle suspension in the same increments as used during gold
nanoparticle probe preparation causes irreversible aggregation of nanoparticles. One
of the ways to overcome the stability issues is to cover the silver surface with a thin
layer of gold; Ag/Au core-shell nanoparticles exhibit the chemical stability of gold
and the optical properties of silver nanoparticles [5, 37-40]. Thompson et al. [36]
reported that preparation of stable oligonucleotide functionalised silver nanoparticles
is possible when the following protocol is used: alkylthiol modified oligonucleotides
were added to silver nanoparticles solution. After 24 hrs of equilibration 60mM
phosphate buffer was added to obtain a final buffer concentration of 10 mM and the
sample was allow to equilibrate for further 24 hrs. Small portions of salt were then
added every 24 hrs to obtain a final salt concentration of 0.3 M. In the protocol
proposed by Vidal [37] thiolated oligonucleotides were added to silver nanoparticles,
then the pH was adjusted from 6 to 5 by addition of NaH,PO,4 (pH=4.1). After 24 hrs,
salt was added in 3 steps (every 8 hrs). It was found that the pH is a very important
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factor during the functionalisation process. The charge of the oligonucleotide depends
on the pH. Lowering the pH during probe preparation allows more ssDNA to adsorb
onto the silver surface, thus increasing the stability of the conjugates. At lower pH,
oligonucleotides have a less stretched conformation which allows them to pack more
closely on the metal surface due to lower electrostatic repulsion between
neighbouring strands [37].

Modification of silver nanoparticles with oligonucleotides causes a red shift and a
slight broadening of the surface plasmon band (Figure 14). The similar effect was
observed for Au nanoparticles after surface modification [36]. Silver nanoparticle
probes can be used for sequence specific DNA detection in the same format of a
sandwich assay as their gold counterparts. When two sets of silver nanoparticle
probes containing different DNA strands were mixed together in a 1:1 molar ratio,
and target complementary to both probes was added, the probes hybridised to the
target, which caused aggregation of the nanoparticles [36, 38].
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Figure 14:  UV-Vis spectra of silver nanoparticles and silver nanoparticles modified with 5’-
thiol modified oligonucleotide (22 bases) [36].

The hybridisation process can be monitored by the naked eye, (the colloid will
change colour when aggregation occurs) or by UV-Vis spectroscopy (the silver
surface plasmon band broadens and decreases) (Figure 15) [36, 37, 38].

Silver nanoparticle probes exhibit sharp melting transitions similar to the ones
observed for gold nanoparticle conjugates. It had been attributed to increased
cooperativity of the melting process, due to the presence of multiple linkages in the
nanoparticle aggregates network [37, 38]. Lee et al. [38] investigated the influence of
salt concentration on the melting properties of oligonucleotide functionalised silver

nanoparticles. The same effect was observed as for gold nanoparticles probes,
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addition of salt causes an increase of Tm value due to enhanced screening which

decreases the electrostatic repulsions between the oligonucleotides [38].
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Figure 15:  Changes on the UV-Vis spectrum of the sample containing two silver nanoparticle
probes in the presence of fully complementary target, the probes are in a tail to tail
orientation [36].

Detection of single base mismatches is possible in a silver nanoparticle based
DNA detection system by comparing the melting profiles of the conjugates formed in
the presence of fully complementary and imperfect target. When the duplex is formed
in the presence of a mismatched target, a decrease in Tm value is observed (Figure

16) [36].
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Figure 16: Melting profiles of silver nanoparticle probes in the presence of a fully
complementary target and a target containing 1 base mismatch [36].

When thioctic acid modified oligonucleotides were used to prepare silver
nanoparticle probes, an increase in the stability of the conjugates was observed.

Addition of DTT solution to the silver nanoparticle probes prepared with thiolated
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oligonucleotides caused very fast precipitation of nanoparticles. When thioctic acid
modified oligonucleotides were used with silver nanoparticles the addition of DTT
caused aggregation of the nanoparticles at a much slower rate (Figure 17) [15].
Although the stability of nanoparticles functionalised with thioctic acid modified
oligonucleotides is higher, the surface coverages observed for those kind of
conjugates are lower than those observed for thiolated DNA-Ag probes. The use of
spacer bases has a big influence on gold nanoparticle surface coverages. Similar
behaviour was observed for silver nanoparticle probes. The incorporation of a poly T
spacer to thioctic acid modified oligonucleotides caused the increase in surface
coverage from 21.1 to 331 pmol/cm” [15]. When a poly A spacer was used for the
same purpose a much smaller increase in the surface coverage value was observed

(21.1-105.7 pmol/cm?) [15].

(a) b) 04
M, 0.35 n,
' ".L 0.3 I
& 1 - - | \."I'
E [l E 028 ."l —_
€ U N— £ 02 §
g e Y N e
3 9 2 NS RS
e 04 {4 s .
e - o — .
———— 0.05 | —_— —
M — T T — 1 0 T T T T
300 400 s00 600 o 80 200 400 500 800 700 200
Wavalength (rim) Wavalength (rim)

Figure 17:  UV-Vis spectra showing degradation of Ag-(a) thiolated DNA (1 mins intervals)
and (b) thioctic acid modified oligonucleotide (10 mins intervals) conjugates upon
treatment with DTT [15].

1.3.3 Mixed metal nanoparticle probes

Due to their unique optical properties gold and silver nanoparticles have been
widely used for the development of new biomolecule detection techniques and
biomedical applications [5-8, 13-25, 27-33, 36-40, 42-45]. Gold nanoparticles can be
easily functionalised with thiolated oligonucleotides, however their optical properties
are weaker than the one observed for silver nanoparticles. On the other hand silver
nanoparticles exhibit very strong optical properties but their low stability make it
difficult to functionalise them with oligonucleotides [36-45]. Preparation of mixed

metal nanoparticles gives the opportunity to combine the most beneficial properties of
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gold and silver nanoparticles and prepare the metallic nanoparticles which exhibit
optical properties of silver but chemical stability of gold nanoparticles [5, 39-45].
Synthesis and use of mixed metal nanoparticles for the detection of DNA in a
sandwich assay format had been reported by many authors [5, 37-45].

Ag/Au core-shell nanoparticles exhibit chemical stability of gold nanoparticles and
optical properties of silver nanoparticles. They can be prepared by passivation of
silver nanoparticles with bis-(p-sulfonatophenyl)-phenylphosphine (BSPP). The gold
shells are then grown on the Ag surface by treating them with HAuCl; and sodium
borohydride at 0°C. The diffusion of gold atoms to silver nanoparticles is possible in a
thermally activated process, lowering the temperature at which the shell is growing
allows to avoid alloying [5, 39]. The extinction spectrum of Au/Ag core shell
nanoparticles is very similar to the one of silver nanoparticles. The only difference is
slight dampening of the silver plasmon band (10%) and the presence of a small gold
plasmon band at 500 nm, when there is one layer of Au on the Ag surface. If there are
two monolayers of gold formed on silver nanoparticles the silver surface plasmon
band is dampened by about 50% and the gold surface plasmon band exhibits a more
intense peak at the same wavelength. If the Au/Ag alloys are formed then the surface
plasmon band of the obtained nanoparticles is red shifted, and broadened (Figure 18)
[5, 39].
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Figure 18:  Extinction spectra of Ag core (black), and Ag/Au core-shell nanoparticles with a
shell thickness of one monolayer (red) and two monolayers (blue). The inset shows
Ag/Au core shell nanoparticles with a shell thickness of monolayer and Ag/Au alloy
nanoparticles [5].
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Au/Ag core-shell nanoparticles can be functionalised with thiolated
oligonucleotides in the same way as their gold counterparts. Oligonucleotide
functionalised Au/Ag core shell nanoparticles exhibit stability of ssDNA modified
pure gold nanoparticles and can be resuspended in buffers containing up to 1 M NaCl
concentration. Au/Ag alloy nanoparticles do not exhibit such stability and irreversibly
aggregate under comparable conditions [5, 39]. Au/Ag core-shell nanoparticles after
functionalisation with oligonucleotides can be used for the detection of specific DNA
sequences. Unfortunately no distinct colour change is observed in this system.
Formation of aggregates causes only darkening of the nanoparticle solution. The
hybridisation process can be monitored by spotting the aliquot of the mixture
containing both probes and the target on a C;s reverse-phase TLC plate. In the
presence of complementary target a yellow-to-brown colour change is observed. In
the case of the Au/Ag core-shell nanoparticles similar changes are observed in the
UV-Vis spectrum upon hybridisation as in the pure gold system-the plasmon
resonance band is dampened and red shifted (Figure 19) [5, 39].

Aggregates formed from Au/Ag core shell nanoparticles can be dispersed by
heating them above the Tm of the formed duplexes. These type of probes exhibit
similar sharp melting profiles as their pure gold counterparts (Figure 19) [5, 39].
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Figure 19:  Melting curve of aggregates formed from hybridized oligonucleotides modified
Ag/Au core shell nanoparticles in 0.3 M PBS; the insert shows the changes in the
UV-Vis spectrum in the same system [39].

In the experiment performed by Cao et al. the effect of salt concentration on melting
behaviour of aggregates formed from oligonucleotide functionalised gold and Au/Ag

core-shell nanoparticles was compared. It was found that both investigated systems
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have very similar melting behaviour. This is probably due to the fact that
nanoparticles used in this study have similar diameters, and similar surface coverages.
The increase of salt concentration causes in both cases the increase of Tm value

(Figure 20) [5, 39].
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Figure20:  Thermal denaturation curves of aggregates formed from hybridized
oligonucleotide modified (A)-Ag/Au core-shell, (B)-Au nanoparticles (a-0.1 M
NacCl, b-0.3 M NaCl, c-0.5 M NaCl) [5].

The use of Au/Ag core-shell nanoparticles for the detection of specific DNA
sequences had also been reported in the literature. Lim and co-workers [40]
synthesised Au/Ag core-shell nanoparticles which are very stable at high temperatures
and at high salt concentration. In their protocol gold nanoparticles were functionalised
with thiolated oligonucleotides at first, then the silver shell was grown on the gold
nanoparticle surface in the presence of hydroquinone and AgNOs. Spacers need to be
incorporated within the thiolated oligonucleotides used for Au nanoparticles
functionalisation to give enough space for the silver shell to grow on the gold surface
without covering the recognition sequence. The concentrations of oligonucleotide
functionalised Au nanoparticles and AgNOs3 during the silver shell growth process has
to be strictly controlled. If it is not, large, anisotropic microparticles without
biorecognition properties might be formed. This is due to covering the recognition
sequence in the silver shell. High stability of the nanoparticles synthesised using this
method is probably due to the fact that the DNA strands are in this case embedded in
the silver shell, not just attached to Au surface [40]. Formation of a silver shell on the

gold surface causes a red to orange colour change.
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Figure 21:  UV-Vis spectrum of Au/Ag core shell nanoparticles with different silver shell
thickness (a-the thinnest silver shell, e-the thickest silver shell) [40].

The UV-Vis spectrum of Au/Ag core shell nanoparticles is strongly dependent
upon the thickness of the silver shell. The thicker the shell the more the plasmon band
is shifted to a shorter wavelength and the silver plasmon band becomes dominant

(Figure 21) [40].
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Figure 22:  Sharp melting transitions observed from aggregates formed from Au/Ag core-shell
nanoparticles probes in the presence of a complementary target. The insert shows
UV-Vis spectra of the same probes with (blue line) and without (red line) target
[40].

DNA embedded Au/Ag core-shell nanoparticles can be used as probes in a cross-
linking DNA detection system. This process can be monitored by the naked eye
(orange to dark blue colour change is observed), on a reverse phase TLC plate
(spotting the aliquot of the solution containing both probes and a complementary
target affords a grey spot) and by UV-Vis spectroscopy (red shift and dampening of

the surface plasmon band is observed) (Figure 22). Sharp melting transitions were
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also observed from the aggregates. The aggregation of the nanoparticles was not
observed in the presence of non-complementary or mismatched targets [40].

Doria [41] and Link [42] reported the use of alloy nanoparticles, which can be
easily synthesised in a one step citrate co-reduction process, for the detection of
specific DNA sequences. Alloy nanoparticles exhibit an intense, single, surface
plasmon resonance band as silver nanoparticles (Figure 18) [5, 41] and they can be
modified with thiolated oligonucleotides as gold nanoparticles [41]. Cao et al. [5]
reported difficulties during preparation of oligonucleotide functionalised Au/Ag alloy
nanoparticles. The alloy nanoparticles used in his study contained only 16% of Au.
Doria and co-workers [41] suggested that increasing the proportion of Au during the
citrate co-reduction process may help overcome the observed difficulties. Alloy
nanoparticles prepared using the method described by this group contained more Au
(47%), thus the gold availability on the nanoparticles surface increased and the
nanoparticles could be easily functionalised with thiolated oligonucleotides using the
same protocol as for gold nanoparticles [41]. The modification of the surface of alloy
nanoparticles with oligonucleotides causes a red shift of the surface plasmon
resonance peak, analogous to what has been observed for their pure gold counterparts
after functionalisation with thiolated ssDNA [41].

Au/Ag alloy nanoparticles functionalised with thiolated oligonucleotides have
been used as probes in a non-cross-linking DNA detection assay. In the presence of
complementary target the probe solution remained yellow and no changes in the
position of the surface plasmon band was observed in the UV-Vis spectrum. In the
absence of target or in the presence of non complementary target, a yellow-to-blue

colour change and a red shift of the surface plasmon band was observed [41-43].

1.4 DNA detection by SERRS

1.4.1 Raman Spectroscopy

Raman spectroscopy, similar to infrared spectroscopy, is a spectroscopic technique
which detects vibrations in molecules and allows the identification of substances from
characteristic fingerprint spectra obtained [46]. There are several possible ways for
light to interact with matter: the light can be absorbed, scattered or pass through the

material. The photon is absorbed only when its energy corresponds to the energy gap
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between the ground and excited states of a molecule. Light absorption is used in
numerous spectroscopic techniques such as: X-ray absorption, infrared absorption,
electronic absorption, fluorescence emission or vacuum ultraviolet spectroscopy. In
order to be scattered from a molecule, the incident photon does not need to have
energy which matches the difference between energy levels in a molecule. When the
light is scattered from a molecule most scattered photons have the same energy as the
incident photons. This commonly occurring process is known as the elastic light
scattering or Rayleigh scattering. Rayleigh scattering does not involve any energy
change. A small fraction of light can be inelastically scattered from a molecule. In this
process energy is transferred from the incident photon to the molecule or from the
molecule to the scattered photon. As a result the scattered photons have different
energy than the incident photons. The process of inelastic light scattering is known as
the Raman effect. When the laser interacts with electrons of a molecule it causes
polarization of the electron cloud and virtual states with energy dependent upon the
frequency of light source used are created. At room temperature most molecules are
present at the lowest energy vibrational levels. The type of Raman scattering in which
the absorption of energy from incident photon to molecule causes promotion of the
molecule to a higher energy vibrational state is called the Stokes scattering. Some
molecules can be present in excited vibrational states. When the light is scattered from
a molecule in an excited state, energy transfer from the molecule to the scattered
photon occurs. This process is known as the anti-Stokes scattering (Figure 23). The
anti-Stokes scattering is a much weaker process than the Stokes scattering, although
both spectra contain the same frequency information [46-47].

Raman scattering causes changes in vibrational, rotational or electronic energy of a
molecule. The energy difference between the incident and scattered photon is equal to
the energy of a vibration of the scattering molecule. Vibration needs to cause a change
in the polarizability of the electron cloud of the molecule in order to be a source of
intense Raman scattering, thus symmetric vibrations give the greatest scattering. In
contrast, in infrared spectroscopy which is a vibrational technique as well, the most
intense absorption is observed from the vibrations which cause changes in the dipole
moment of the molecule, so asymmetric vibrations give the most intense response.
Due to that selection rule Raman scattering and infrared spectroscopy are often used
as a complementary techniques which, when used together, allow for better

vibrational characterization of a molecule. The only exception from the above
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selection rules are centrosymmetric molecules, which do not have bands active in

both Raman scattering and infrared spectroscopy (mutual exclusion rule) [46, 47].
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Figure 23:  Diagram of Rayleigh and Raman scattering [46].

A plot of the intensity of scattered light versus energy difference is a Raman
spectrum. Raman spectroscopy is commonly used in chemistry, since vibrational
information is very specific to the chemical bonds present in the molecule. It therefore

provides a fingerprint by which specific molecules can be identified [46-47].
1.4.2 Surface Enhanced Raman Scattering (SERS)

Although Raman spectroscopy is a very powerful tool for characterizing the
physical and chemical properties of materials, this method suffers from a number of
limitations, such as very weak signals and fluorescent interference which is usually
much more intense and can swamp the weak Raman signal. Surface enhanced Raman
scattering (SERS) is a more sensitive form of Raman spectroscopy in which the
Raman active molecule of interest is in close contact with a suitable, roughened metal
surface [46, 49, 50-52]. Large signal enhancement is attributed to high
electromagnetic fields associated with surface plasmon resonances at the interstices
between nanoparticles (hot spots) [48].

This technique was reported for the first time by Martin Fleischman and co-
workers in 1974, when strong Raman signals from pyridine adsorbed on a silver

electrode were observed [46, 49]. SERS gives an enhancement factor of 10° in
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scattering efficiency when compared with normal Raman scattering [46, 49]. Many
different metals can be used for enhancement, however gold and silver are the most
commonly used [51].

SERS offers numerous advantages when compared with normal Raman Scattering:
higher sensitivity; fingerprint spectra obtained in this technique make it possible to
identify components of a mixture without extensive separation procedures. The other
advantage of using of metal surfaces for enhancement is the fluorescence quenching

ability of the metals used [51].

1.4.3 Surface Enhanced Resonance Raman Scattering (SERRS)

Surface enhanced resonance Raman scattering (SERRS) is an extremely sensitive
form of Raman spectroscopy in which a coloured molecule is adsorbed onto a suitable
roughened metal surface. The combination of surface enhancement provided by
adsorption of the analyte on a metal surface, and a molecular resonance from the
chromophore which is present in the molecule of interest gives a vibrational spectrum

with very high sensitivity (Figures 24 and 25).
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Figure 24:  The SERRS process involving adsorption of a coloured analyte on to the silver
nanoparticle covered in a citrate surface layer [53].

In order to observe enhancement, the molecule needs to be adsorbed on to the metal
surface and the excitation frequency of the light source has to be close to the
absorption maximum of the dye and the plasmon of metal surface [46, 49, 53]. Many

metals can be used to provide the surface, such as gold, silver, copper, aluminium,
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however it was observed that silver, especially silver nanoparticles are a source of the
largest enhancement [46, 49, 53]. Further development indicated that after
aggregation of nanoparticles the observed SERRS signal is even more intense [ 50,
58, 67]. The experiments performed by Faulds et al. [58] indicated that during the
aggregation process a wide range of differently sized aggregates is formed, however
only clusters which have a plasmon resonance close to the excitation frequency will
cause the signal enhancement. SERRS gives an enhancement factor of 10" over

normal Raman scattering and gives the possibility of detection on a single molecule

level [46, 49, 53].
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Figure 25:  Jablonsky diagram of: Raman scattering (1-anti-Stokes, 3-Stokes), Rayleigh
scattering (2), pre-resonance Raman scattering (4), resonance Raman scattering (5)
and fluorescence (6). A-ground electronic state, B-excited electronic state, C-virtual
energy levels.

The enhancement provided by the surface is explained by resonance between the
optical fields and the surface plasmon resonance of the metal nanoparticles which
enhances the electromagnetic field. The biggest enhancement was observed for
electromagnetic ‘hot spots’ which are defined as interstices in a SERS substrate e. g
nanoparticles (electromagnetic enhancement) [54-55]. Further enhancement observed
in the presence of a molecule which is in resonance with the excitation frequency of
the light source is explain by a chemical enhancement mechanism attributed to a

charge-transfer interaction of molecules adsorbed on the metal surface [54-55].
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Due to the sharp fingerprint spectra produced SERRS allows identification of the
components of a mixture without separation. This techniques offers numerous
advantages over other commonly used analytical tools, such as fluorescence: the
power required to obtain scattering is low, the sensitivity is at a single molecule level
and there is the possibility of analysing aqueous samples as water is a weak Raman
scatterer. An additional advantage of SERRS is the ability of metal surfaces to quench
any fluorescence produced so a wide range of fluorophores including fluorescent dyes
can be used to prepare SERRS active analytes [46, 53]. One of the most important
limitations of SERRS is the need to adsorb the analyte on the metal surface and the
fact that not all molecules give a good SERRS signal. One of the ways to overcome
this is to add a strong SERRS label to the analyte. A wide range of different
chromophores can be used for that purpose due to the fluorescence quenching ability
of the metal surfaces [46, 53].

Nowadays most DNA detection methods are based upon hybridisation of
fluorescently labelled oligonucleotides to complementary targets and the detection of
the product by fluorescence spectroscopy [5, 7-12, 51, 56]. This commonly used
technique has numerous disadvantages such as the fact that the spectra produced tend
to have broad overlapping outputs which make it impossible to identify components
of a mixture without separation. The other drawback of this technique is requirement
to amplify the number of DNA copies present in the original sample by PCR, which
increases the risk of contamination and false-positive results [50, 51, 56, 63]. SERRS
offers numerous advantages over fluorescence spectroscopy, such as sensitivity at a
single molecule level and also, due to the fingerprint spectra obtained, the
identification of the components of a mixture is possible without separation [56, 57,
63, 70]. Faulds et al. compared detection limits of fluorescence spectroscopy and
SERRS and found that the SERRS detection limits were at least three orders of
magnitude lower than the one observed for fluorescence spectroscopy [56]. Therefore
this indicates that SERRS can be a more sensitive technique and can be a very

powerful tool for biomolecular diagnostics [51, 56, 63].

1.4.4 Detection of specific DNA sequences by SERRS

In order to obtain a SERRS a coloured molecule of interest has to be immobilised

on a suitable, roughened metal surface. DNA does not meet the requirements for
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SERRS due to the lack of a visible chromophore in its structure and also the presence
of the highly negatively charged phosphate backbone which prevents electrostatic
interaction with the metal surface [49, 53, 54, 59, 63, 64, 66, 67, 70, 79, 80, 85].
Barhoumi et al. [52] reported that the SERS signal might be obtained from Au
nanoshells functionalised with thiolated oligonucleotides after heating the probes to
95°C to ensure extended conformation of DNA on the nanoparticles surface, however
regardless of the oligonucleotides composition and sequence the spectra obtained

were dominated by adenine signals even for strands with low adenine content.

1.4.4.1 Preparation of SERRS active DNA

To obtain a SERRS signal from a DNA sequence a coloured molecule has to be
attached to a DNA strand and also some form of positive charge needs to be present in
solution to screen the electrostatic repulsions between the negatively charged
phosphate backbone and the metal surface, to allow electrostatic adsorption of DNA.
The other way to attach DNA to nanoparticles is to modify the DNA strand with a
label containing group which will bind strongly to the nanoparticles surface, e. g
thioctic acid for gold nanoparticles or benzotriazole for silver nanoparticles [49, 53,
59, 63, 64]. Either a non-sequence specific intercalator or a specific label covalently
attached to a unique probe can be used as a coloured label [49, 53, 54, 59, 63, 64, 66,
67,70, 79, 80, 85].

1.4.4.1.1 Intercalating dyes

In the case of the DNA intercalation, a ligand of appropriate size and chemical
nature fits itself between the DNA base pairs or in the minor groove of double
stranded DNA. When double stranded DNA is present in the solution containing
intercalator, the dye will intercalate between base pairs. When oligonucleotide
functionalised nanoparticles are used as probes, the dye, when intercalating, will
adsorb on the metal surface which will be a source of a strong SERRS signal. The
disadvantage of using intercalating dyes is that sequence specific information is not
generated and also there is no discrimination between DNA bound intercalator, and

the intercalator adsorbed on the metal surface but not complexed to the DNA [49, 70].
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1.4.4.1.2 Electrostatic adsorption of dye labelled DNA on to the metal surface

Covalent attachment of a dye to a DNA strand offers numerous advantages over
the use of intercalating dyes, such as a large number of commercially available
fluorophores and dyes which can be used for this purpose (the metal surface will
quench any fluorescence produced) and generation of sequence specific information
[49, 59]. If the fluorophore used is negatively charged then the overall charge of the
oligonucleotide is negative and the electrostatic adsorption of DNA on to the
nanoparticle surface is not possible. Some kind of charge neutralising agent, e. g.
spermine or poly-L-lysine has to be added to the solution to reduce the DNA charge.
The use of spermine, which is also an aggregating agent has an additional advantage.
It will cause aggregate formation, thus providing maximum enhancement in SERRS.
The neutralisation of the DNA backbone is not sufficient enough to electrostatically
adsorb oligonucleotides modified with a negatively charged label on the nanoparticles
surface and modified DNA bases such as propargylamine modified 2’-deoxyuridine
need to be incorporated into the DNA as well. These modified bases contain primary
aliphatic amine groups which are protonated at physiological pH [59, 63, 66, 70, 79,
80]. Previously it was recommended to use 6 modified bases in order to obtain a
SERRS signal from the oligonucleotide functionalised with a negatively charged label
[59, 63, 66, 70]. McKenzie et al. [59] compared the SERRS signal obtained from
silver nanoparticles functionalised with oligonucleotides modified with a negatively
charged dye and containing zero, one, two, four or six 5-aminopropargylamine-2’-
deoxyuridine bases. Spermine was used as a charge neutralising agent. It was found
that the intensity of the SERRS signal increases when the number of modified bases
present in DNA backbone increases, however for low probe concentrations, the
oligonucleotides containing 4 or 6 modified bases gave the same analytical response
as the probe which contained only two propargylamine modified bases. It was
concluded that incorporation of two modified bases to oligonucleotides is the
preferred modification in order to obtain an intense SERRS signal from the probe
containing a negatively charged dye (Figure 26 A) [59, 63].

These two actions (the use of charge neutralising agent and the incorporation of
propargylamine modified bases into DNA backbone) will change the overall DNA
charge to positive and allow the electrostatic adsorption of modified DNA on to the

nanoparticle surface [49, 79, 80].
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Figure 26:  Preparation of SERRS active DNA by electrostatic adsorption of dye labelled
oligonucleotides to nanoparticle surface, A- when negatively charged dye is used,
B-when positively charged dye is used, C-when positively charged nanoparticles
are used.

If a positively charged dye is used to modify oligonucleotides, the incorporation of
modified bases into the DNA backbone is not necessary, however a charge
neutralising agent should be used to make adsorption of oligonucleotides on to the
nanoparticles surface possible. If spermine is used as a charge neutralising agent it
will cause nanoparticle aggregation thus increasing the SERRS signal intensity
(Figure 26 B) [49, 59].

A different approach of obtaining a SERRS signal from dye labelled DNA was
reported by Gill and co-workers [71]. Positively charged cetyl trimethyl ammonium
bromide (CTAB) coated silver nanoparticles were mixed with Rhodamine 6G labelled
single stranded DNA in Tris-Tween buffer. The addition of the negatively charged
oligonucleotide to the solution containing positively charged nanoparticles caused
slow aggregate formation due to the reduced electrostatic repulsions between the
nanoparticles and the development of a SERRS signal with time. In order to reduce
electrostatic repulsions between the positively charged nanoparticles, molecules
containing multiply carboxyl groups [citrate-(3 carboxyl groups), EDTA-(4 carboxyl
groups)] were used in a similar manner as spermine. It was found that addition of a

charge neutralising agent increased the aggregate formation rate. It was noticed that
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the efficiency of EDTA, which contained more carboxyl units was better. The use of
positively charged silver nanoparticles offers several advantages over the assays based
on negatively charged nanoparticle probes. A wide range of positively and negatively
charged dyes can be used to functionalised oligonucleotides without the need of
incorporation of modified bases into the DNA backbone which lowers the cost of
probe preparation. Also, polycarboxyls used as a charge neutralising agents do not
interact with oligonucleotides (polyamines such as spermine adsorb onto DNA

molecules) (Figure 26 C) [71].

1.4.4.1.3 Covalent attachment of dye-labelled DNA on to the metal surface

SERRS active oligonucleotide functionalised nanoparticles can also be prepared
by adsorption of thiolated or disulphide modified dye labelled oligonucleotides on
metallic nanoparticle surfaces using the well known sulphur-Au (or Ag) surface
chemistry [63, 54, 67, 78]. When this approach is used there is no need for
incorporation of modified bases into the DNA backbone, or the use of an aggregating
agent as the addition and hybridisation of the functionalised nanoparticles to a target
oligonucleotide causes aggregation [67, 78]. This approach is commonly used in
SERRS based DNA detection assays [60, 64, 68, 73, 74].

In order to prepare SERRS active oligonucleotide functionalised nanoparticles a
custom made label containing a Raman active tag and a surface complexing group
which will replace the weakly bound layer of charged ligands initially used to
stabilise nanoparticles may be used [49, 50, 53]. The use of such a label causes the
formation of a protective layer on the nanoparticle surface, thus increasing the
stability [61]. For example benzotriazole, which binds strongly to silver nanoparticles
can be made into an azo-dye form in such a way that it will still have additional
chemical functionality (phosphoramidite, maleimide or COOH group) which will
allow attachment of an oligonucleotide to the label [53, 56, 63]. The synthesised label
contains a Raman active fluorophore-azo dye, a surface complexing group-
benzotriazole, and a chemical functionality for biomolecule attachment [53]. Similar
approach was presented by Mackenzie and co-workers [65]. Trifunctional linkers
containing thioctic acid to allow adsorption of the label on the metal surface, a Raman
active tag and a free carboxyl group which can be reacted with biomolecules of

interest were synthesised (Figure 27) [65].
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Figure 27:  Label allowing preparation of SERRS active nanoparticles for biomolecules
detection.

The formed conjugates exhibit very high stability, offer the possibility of conjugation
with different types of biomolecules and can be used in a wide range of biological and
bioanalytical applications [65].

Doering and co-workers [72] proposed a slightly different approach allowing the
preparation of SERRS active, stable gold nanoparticles. Core-shell nanoparticles
containing a gold core for optical enhancement, reporter molecule (organic dyes
containing an isothiocyanate group or multiple sulphur atoms to allow adsorption on
gold surface) for spectroscopic signature and a silica shell for protection and
conjugation purposes were synthesised. The nanoparticles were stable in aqueous
electrolytes and organic solvents and gave a strong SERRS response however the use
of such probes for biomolecule detection has not been reported [72].

A different approach in order to obtain SERRS active silver nanoparticles with
possibility of functionalising them with biomolecules was presented by Cormack et
al. [61]. A Raman active label was synthesised by reacting the anhydride unit of a
commercially available copolymer of styrene and maleic anhydride with a SERRS
active benzotriazole based azo dye. The chromophore contained an ethylamine
fragment with a free carboxyl group which was used for biomolecule attachment. The
presence of the benzotriazole unit within the label allowed the attachment of
macromolecules to the silver nanoparticles surface. The label was synthesised in such
a way that the more hydrophobic part of the polymer containing the azo dye and the
benzotriazole was located in close proximity to the silver surface. The more
hydrophilic part containing the carboxylate groups pointed outwards allows multiple

attachment points for biomolecules. The nanoparticles exhibited very high stability at
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high NaCl concentrations and gave permanent, intense SERRS signal even after
storing them for one month [61].

Wang and co-workers [62] prepared a mixed monolayer of a Raman label,
containing an aromatic thiol or disulphide, and antibody on gold nanoparticles.
However they noticed that exchange of the weakly adsorbed antibodies was occurring
between the nanoparticles labelled with different Raman tags which gave false results.
To overcome this problem they synthesised a bifunctional Raman label containing a
source of strong Raman scattering, a disulphide group which allows the adsorption of
the label on gold nanoparticles surface and a succinimidyl group which could be
reacted with a biomolecule of interest, in this case an antibody. In an alternative
approach, in order to eliminate the time consuming label synthesis process a mixed
monolayer of two commercially available thiolates was prepared on a gold
nanoparticle surface. One of the thiolates contained succinimidyl functionality to
allow biomolecule (antibody) attachment, the other one contained a strong Raman
scatterer. Covalent attachment of the antibody significantly minimizes the possibility
of antibody exchange between nanoparticles. Probes prepared in the described method
gave a strong SERRS response and offered the possibility of detection of components

of a mixture without extensive separation procedures [62].

1.4.4.2 Homogenous DNA detection assay

A homogenous assay which allows detection of multiple targets in a short time was
proposed by MacAskill et al. [81]. The method is based upon the much stronger
affinity ssDNA has to a metallic nanoparticle surface compared to the one observed
for dsDNA. When fluorescently labelled single stranded DNA is present in the silver
nanoparticle suspension oligonucleotides will adsorb on to the silver nanoparticles
surface which will be a source of Raman scattering. However when a target
complementary to the labelled sequence is added to the system, dsDNA, which will
not adsorb strongly on the silver surface, is formed, thus a decrease in the intensity of
SERRS signal is observed. The method was used to detect methicilin-resistant
Staphylococcus aureous (MRSA). The identification of the absence or presence of the
MRSA was possible within 3 hours; the conventional culturing methods used for that

purpose required 48 hrs [81].
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1.4.4.3 Indirect DNA detection

The vast majority of SERRS based DNA detection assays rely upon the observed
enhancement of SERRS signal when Raman active dye functionalised nanoparticle
probes hybridise to a complementary target (Figure 28).

Vo-Dinh et al. [73, 74] reported detection of the HIV Gag Gene [73] and breast
cancer susceptibility gene BRCA 1 [74, 77] by SERRS. In order to detect the HIV
gene, the capture DNA strand was bound to a polystyrene substrate, then PCR
amplified target modified with cresyl fast violet (CFV) was added. The polystyrene
substrate was then covered with a thin layer of silver. When the CFV labelled probes
hybridised to the capture strand bound to the polystyrene support, strong SERRS
signals were observed [73]. A similar method was used within the same group to
detect the breast cancer BRCA 1 gene. In this case the capture strand was covalently
attached to a glass plate covered with a thin layer of silver. After addition of
Rhodamine 6G, Rhodamine B or Rhodamine 110 labelled oligonucleotides, strong
SERRS signals were observed if the hybridisation of the dye labelled strand to the

strand attached to silver coated glass plate occurred [74, 77].
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Figure 28:  Typical SERRS based DNA detection assay.

Cao and co-workers reported that for 13 nm Au nanoparticles functionalised

with thiolated, dye modified oligonucleotides no SERRS signals were obtained,
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however coating of those probes with a layer of silver (Ag", hydroquinone) resulted in
a strong SERRS response from several dyes used in this study (Cy 3, Cy 3.5,
TAMRA, Texas Red, Rhodamine 6G) [64]. Six different DNA sequences and two
RNA targets with a single nucleotide polymorphism were successfully detected using
this method. Stokes et al. [67] indicated that careful selection of chromophore used
for oligonucleotide modification make it possible to obtain strong SERRS signals
from thiolated oligonucleotide functionalised Au nanoparticles without covering them
with a layer of silver. In that experiment the detection limits of gold and silver
nanoparticles with oligonucleotides modified with commercially available dyes (Cy
3.5, Cy 5.5, Bodipy, TR-X, Rox, Cy 5) were compared. It was found that when the
light source excitation frequency is in resonance with the molecular chromophore
present within the probe, the signal intensity observed from Au nanoparticles is
greater than the one observed from silver nanoparticles. The use of non-toxic gold
nanoparticles in the place of silver in SERRS based DNA detection assays gives the
possibility of using this technique in a wide range of molecular biodiagnostics
applications [67]. Creation of stable, non-toxic probes allowing the detection of the
biomolecules inside living organisms is currently one of the biggest challenges of the
molecular diagnostics. Biocompatible, stable, SERRS active gold nanoparticle probes
open up the possibility of in vivo, real-time detection of the biomolecules of interest.
A similar DNA detection assay was presented by Mahajan et al. [83]. FAM
labelled, thiolated oligonucleotides were immobilised on a gold surface. When Cy 3
modified complementary target was added the intensity of FAM signals on the
observed SERRS spectrum decreased, however new bands assigned to Cy 3 appeared.
When the target was removed during denaturation only FAM signals were observed.
The hybridisation/denaturation process was repeated several times and the same
spectroscopic changes were observed in each case. Detection of mutations and single
nucleotide polymorphisms using the same assay were presented by the same group. In
the experiment, adsorption of thiolated oligonucleotides on the gold surface was
followed by treatment with mercaptohexanol to ensure an upright DNA conformation
and prevent non-specific binding. Fluorescently labelled, complementary or
mismatched targets were then added and strong SERRS signals were observed upon
hybridisation. In order to detect mismatches the temperature was slowly increased
while SERRS spectra were recorded. By plotting the intensity of a SERRS band

versus temperature, Tm of the duplexes can be found. The Tm of duplexes formed in
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the presence of imperfect targets is lower than the one observed for dsDNA formed in
the presence of fully complementary target, thus the mutations and single nucleotide
polymorphisms can be easily detected in the SERRS melting system [83].

A mixed metal SERRS DNA detection system, where two different sequences are
immobilised on different type of metallic nanoparticles was reported by the Graham
group [84]. 13 nm Au nanoparticles were functionalised with thiolated
oligonucleotides and the Raman reporter-malachite green isothiocyanate. A second
probe was prepared by functionalisation of 13 nm Au or 35 nm Ag nanoparticles with
thiolated oligonucleotides only. Addition of a complementary target to the solution
containing the dye coded Au probe and the oligonucleotide functionalised silver
nanoparticles caused a significant increase in the intensity of the SERRS signal. In a
similar experiment, where two sets of gold nanoparticle probes were used, addition of
a complementary target caused only small changes in the SERRS spectrum. It was
concluded that gold-gold plasmon resonance coupling is not as effective as gold-silver
or silver-silver plasmon resonance coupling. The mixed metal system offers numerous
advantages over previously used single metal assays. It was confirmed that only one
of the probes has to be modified with reporter molecule and due to higher stability
and better known surface chemistry it is more advantageous to use gold nanoparticles
for that purpose. Silver nanoparticles provide much better enhancement effects than
their gold counterparts [84].

Thuy and co-workers [82] reported an easy to use, rapid and robust SERS based
DNA detection assay, where gold nanoparticles functionalised with thiolated
oligonucleotides were used, but the presence of a fluorescent label or precise
temperature control was not necessary. Two sets of gold nanoparticles functionalised
with different, thiolated sequences were prepared. One of the oligonucleotides used
contained a photolinking group (5-carboxylvinyl-2’-deoxyuridine) which reacts with
the cytosine present in the second strand after UV radiation exposure. When two
probes were mixed together in cacodylate buffer, which acted as hybridisation buffer
and Raman reporter molecule, and the complementary target added, the target cross-
linked the nanoparticles by hybridisation. After exposure of the sample to UV
radiation covalent bonds between the oligonucleotides attached to the gold
nanoparticles were formed by photoligation. The SERS signal from cacodylate ions
present in interspaces between nanoparticles was successfully detected. When one

probe, target DNA or UV exposure was absent SERS signal was not produced [82].
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In other approach presented by Graham et al. [50, 60] silver nanoparticles were
modified with a benzotriazole based azo-dye first, then thiolated oligonucleotides
were added to form the conjugates. Two sets of dye coded oligonucleotide
functionalised nanoparticles containing different probe sequences but the same
chromophore were prepared. When a target complementary to both probes was added
to the solution, controlled aggregation of the nanoparticles caused by hybridisation of
the probes to target occurred and an enhancement of the intensity of SERRS signal
was observed [60]. The use of different dye-coded nanoparticles functionalised with
different probe sequences allowed the identification of multiple targets within the
same sample [60]. The biggest disadvantage of the presented method is the possibility
of irreversible aggregation of the nanoparticles after addition of hydrophobic, often
positively charged dyes to the silver nanoparticles. A method which overcomes this
problem was reported from the same group. McKenzie et al. [68] functionalised silver
nanoparticles with thiolated, poly-ethylene glycol (PEG) modified oligonucleotides at
first. These stable conjugates were then incubated in aqueous solution of SERRS
active dye. The use of the PEG spacer increased the surface coverage and stability of
the probes and prevented their non-specific aggregation in the presence of the dye [68,
69]. Such probes were successfully used in a SERRS based DNA detection system
[68]. A similar approach was used in the Irudayaraj group for the simultaneous
detection of eight DNA sequences in a mixture. The only difference is that non-
fluorescent Raman tags, such as 4-mercaptopyridine were used for probe preparation
[76]. Aggregation of metallic nanoparticles after addition of Raman active dyes to
their suspension might be beneficial in order to obtain SERRS active probes for

biomolecules detection.

1.4.4.4 Overall summary

SERRS is a very powerful technique, which can be used for the detection of
biomolecules. It offers numerous advantages over the methods commonly used for
that purpose, such as higher sensitivity (detection of single molecules was reported by
many authors [49-53, 55-57, 67, 70, 78, 81]) and the possibility of the detection of
components of a mixture without extensive separation procedures. The biggest
problem which has to be overcome in order to use this technique for DNA detection is

to prepare SERRS active DNA. This can be achieved by adsorption of DNA on a
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suitable metal surface, and addition to DNA strand a Raman active molecule. Many
ways to prepare such probes exist, e. g. electrostatic adsorption of dye labelled
oligonucleotides on nanoparticles surface in the presence of charge neutralising agent
[49, 59, 63, 66, 70, 79, 80], covalent attachment of thiolated, dye modified
oligonucleotides to Au or Ag nanoparticles surface [54, 64, 67, 73, 74, 78, 83, 84], the
use of multifunctional labels, which contain a Raman active tag, a surface complexing
group and a conjugation site allowing biomolecules attachment [65] or formation of
mixed monolayers of thiolated oligonucleotides and molecules containing Raman
reporters [50, 53, 56, 60, 63, 68, 69, 76] on nanoparticles surface. The number of
techniques allowing preparation of SERRS active probes for biomolecules detection
and the advantages of this technique over other, traditional detection assays make it a

very powerful tool in molecular biodiagnostics.

1.5 SERS as a tool for pH sensing.

Development of a nanosized, optical probe capable of providing information about
the changes in the chemical environment inside living cells is a very important area of
cell biology and biochemistry research [88, 89, 94]. The pH values inside different
compartments of a cell varies due to their specific functions. Also the pH value inside
some organelles, such as endosomes can also change over time. It was reported that
acidification of endosomal pH plays a central role in numerous pathologies such as
cystic fibrosis, kidney diseases and certain types of cancer. The possibility to measure
the chemical changes inside living cells would allow improved understanding of the
biochemistry of diseases [87, 88, 94, 95].

The use of SER(R)S measurements inside cells is of growing interest. This kind of
measurement enables spatial resolution allowing the chemical probing of intracellular
structures. The collection times are suitable for studying cellular processes and many
stable probes and labels can be used which increases the multiplexing ability of the
technique [87, 97]. Many authors reported that gold and silver nanoparticles can be
used as nanosensors after their introduction inside living cells [55, 87-93, 95, 99].
Biocompatible gold nanoparticles introduced into cells deliver enhanced Raman
signals of the biological molecules present in the cell. This can allow information to
be obtained about structures present within the cell. Both gold and silver

nanoparticles, after labelling them with a Raman active tag, can be used to analyse
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intracellular structures by observing the SERS spectra of the reporter molecules used
as probes [87-93, 95]. Metallic nanoparticles functionalised with reporter molecules
exhibiting pH dependent SERS signals can be used as an intracellular pH meter [55,
87, 88, 89, 95, 98, 99]. Numerous Raman active molecules have been used to prepare
such probes. The use of 4-mercaptobenzoic acid, whose carboxyl group will
dissociate at higher pH values, as a pH sensing molecule has been reported in the
literature (Figure 31) [55, 87, 95, 98, 99]. Kneipp et al. [55, 87, 95] functionalised
gold nanoparticles with 4-mercaptobenzoic acid. Plotting the ratio of intensity of
COO' stretching mode at 1423 cm™ (which can be used to indicate the dissociation of
carboxyl group) against the intensity of aromatic ring vibrations at 1076 cm™ versus
pH value of the surrounding solution allowed the generation of a calibration curve,
which was used to detect the pH value inside living cells [55, 87, 95, 98]. The use of
the intensities of two peaks within the same SERRS spectrum allows quantitative
measurement without any corrections regarding cellular background [55, 87]. The

sensor allowed detection of a pH range between 5.8 and 7.6.

R

Figure 29:  Photomicrograph of NIH/3T3 cell after incubation with nanoparticle probes (left);
pH map of the same cell (middle), SERS spectra collected in different parts of the
cell (right) [87, 95].

4-mercaptobenzoic acid functionalised gold nanoparticles were introduced into the
cell line NIH/3T3 by fluid-phase uptake. It was reported that nanoparticle probes after
incubation with the cell usually accumulate in endosomes and lysosomes [87, 93, 95,
140]. The SERRS spectra were then collected from the cell area, which allows
creation of a pH map of a cell (Figure 29) [87, 95]. It was reported that the pH value



inside endosomes decreases with incubation time with the SERS active probe, which
was explained by endosome maturation after probe uptake. Creating the pH map of
the same cell after different incubation times with nanoparticle based probes allows
better understanding of physiological and metabolic processes within the cell. For
example this method make it possible to follow the pathway of all endocytosed
materials.

The use of 4-mercaptopyridine as a pH sensing Raman reporter has been reported
in the literature as well (Figure 30) [85, 88, 90]. Jensen et al. [88] attached 4-
mercaptopyridine to silica-gold core-shell nanoparticles, then recorded the SERRS
spectra of such probes in buffers with pH values between 1.5-9. The biggest changes
in the intensity at different pH values were observed for the Raman peaks at 1000 cm’
' (increases when pH decreases due to greater aromaticity of protonated form of 4-
mercaptopyridine), 1100 cm™ (increases when pH increases due to increased double
bond character of the C-S bond), 1610 cm™ (decreases when pH increases, due to
protonation of 4-mercaptopyridine) and 1575 cm™ (increases when pH increases, the
peak is derived from non-aromatic C=C vibrational modes in non-protonated
molecule) [88, 90]. In order to obtain pH curves the ratios of the intensities of the
peaks at 1000 cm™ and 1100 cm™ or 1610 cm™ and 1575 cm™ were plotted against
the pH value of the buffer. The use of silica-Au core-shell nanoparticles

functionalised with 4-mercaptopyridine allowed the analysis of pH between 3-7 [88].

[
NH, N/
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Figure 30:  pH sensing molecules; (1) 4-mercaptobenzoic acid, (2) 4-mercaptopyridine, (3) 2-
aminothiophenol, (4) 2-ethynylpyridine

SH
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Nowak-Lavato and co-workers reported the use of 4-mercaptopyridine as a pH
sensing molecule for the detection of intracellular pH in RBL-2H3 cell [90]. A mixed
layer of 4-mercaptopyridine (pH sensing molecule) and 2, 4-[I-dinitrophenol-L-
Lysine (targeting molecule, DNP) was created on Au-Ag core-shell nanoparticles.
SERRS signals obtained from DNP were very weak, even after its adsorption on the
enhancing surface, so its contribution to the nanoprobe SERRS spectrum was very
mild. The described sensor allowed detection of pH values between 4.5-7.5 [90].

2-aminothiophenol is another Raman active molecule which, after its adsorption on
metallic nanoparticles surface has been used for pH sensing [89]. The use of silver
borohydride nanoparticles functionalised with 2-aminothiophenol for detection of
intracellular pH in pancreas carcinoma cells was reported by Wang and co-workers
[89]. SERS spectra of the nanoprobes were taken at 20 different buffers with pH
values between 3-8. Taking the intensity of the 1505 cm™” band (benzene ring
vibrations) with respect to the 1390 cm™ band (NH, rocking mode, intensity increases
when pH of the surrounding medium increases) at different pH values allowed
preparation of a pH calibration curve, which was then used to find the pH value inside
the cell [89]. The nanosensor made it possible to analyse pH values between 3 and 8
[89].

The described nanosensor allows detection of pH values between 3 and 8,
however the detection of more acidic or alkaline pH values was also reported in the
literature [86, 91]. Lim et al. [86] reported the use of 15 nm gold nanoparticles
functionalised with 2-ethynylpyridine to detect the pH between 12-14. The use of
those probes inside living cells has not been reported. Lee and co-workers used yeast
is0-1-cytochrome ¢ attached to silver nanoparticles to detect pH dependent structural

changes.
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1.6  Aims of the work

The aim of this work is to prepare novel, SERRS active nanoparticle probes which
can be used to detect specific DNA sequences in a sandwich assay format. This
involves the design and the synthesis of multifunctional linker molecules containing a
surface seeking group (thioctic acid) allowing attachment to the nanoparticle surface;
a conjugation site-free functionality (carboxyl group), which could be reacted with
biomolecules of interest; a PEG unit, which reduces non-specific interactions and

increases the stability of formed conjugates and a Raman reporter (Figure 31).

Raman tag

Figure 31:  The structure of the linker.

Four different linkers containing fluorescent (aminofluorescein, fluorescein,
TAMRA) or non-fluorescent (BHQ) Raman tag; a PEG unit of different length;
thioctic acid as a surface complexing group and a free carboxyl group allowing
conjugation of the linkers to biomolecules, were designed. Addition of such a linker
to nanoparticles should increase nanoparticle stability and will also give the
opportunity to attach DNA strands to prepared conjugates and therefore make it
possible to obtain SERRS signals from oligonucleotide functionalised nanoparticles,
which are usually not SERRS active (in case of metallic nanoparticles functionalised
with thiolated oligonucleotides).

Two different coupling chemistries, commonly used for bioconjugates preparation
involving the use of N-(3-dimethylaminopropyl)-N’-ethyl carbodiimide hydrochloride
(EDCHCI) with N-hydroxysulfosuccinimide (sulfo NHS) and a novel method which
uses 4-(4,6-dimethoxy-1,3,5-triazin-2-yl)-4-methylmorpholinium chloride (DMT

MM) for amide bond formation, will be assessed.
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Prepared SERRS active oligonucleotide functionalised nanoparticles will then be
used as probes in a hybridisation based DNA detection assay.

An additional aim of this work is to design nanoparticle based, pH sensitive, SERS
active probe allowing intracellular pH detection by SERS. As it was found that
nanoparticles are taken up by the cells, then trapped in endosomes, formation of such
a probe would allow the monitoring of the acidification of endosomal pH, which is
thought to play a central role in a number of pathologies including cystic fibrosis,
kidney diseases and certain types of cancer. pH sensitive, SERS active probes offering
the opportunity of conjugation of such a probe to biomolecules will also be prepared,
as it was found that attachment of nuclear localization sequences or cell penetrating
peptides to the metal surface make it possible to deliver nanoparticles inside other

than endosomes components of a cell.
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Chapter 2

Synthesis of SERRS active metallic

nanoparticles
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This chapter describes the synthesis of four different multifunctional linkers
(aminofluorescein linker, fluorescein linker, TAMRA linker and BHQ linker), which
can be used to functionalize metallic nanoparticles (gold and silver) in order to make
them SERRS active. The preparation and full characterisation of the linker-

nanoparticle conjugates is also presented within this chapter.

2.1 Introduction

Development of simple, sequence specific DNA detection methods is a vital area
of life science research due to its application in the diagnosis of pathogenic and
genetic diseases [5-15]. The majority of traditional DNA detection methods are based
upon detection of PCR amplified genetic material by fluorescence spectroscopy. The
biggest disadvantages of this technique are the need for amplification of the number
of DNA copies present in the original sample and the fluorescence spectra produced
tend to have broad overlapping outputs thus limiting the multiplexing capacity of the
technique [12]. An alternative to traditional DNA detection assays is based on
hybridisation of silver or gold nanoparticles functionalized with oligonucleotides
complementary to the target. These probes offer numerous advantages such as: rapid
detection, colorimetric response, good selectivity and little or no instrumentation
required [5, 7, 13-15]. The hybridisation of the probes to a complementary target can
be monitored by UV-Vis spectroscopy or by surface enhanced resonance Raman
scattering (SERRS) [49, 53, 70]. In this method primary enhancement is provided by
a suitable, roughened metal surface. An additional enhancement comes from the
chromophore within the analyte, which results in a very high sensitivity of the
detection method, which allows detection of components in a mixture without the
need for extensive separation procedures [46, 49, 53, 56, 60, 70, 80].

Due to the fluorescence quenching ability of metal surfaces, a wide range of dyes
and fluorescent labels can be used as Raman tags [49, 53, 56, 78]. Due to different
combinations of properties (absorption and emission maxima, different functional
groups present within molecules, polarity, micro-environmental dependence of
fluorescence) fluoresceins and rhodamines are the most commonly used fluorescent
markers [100-102]. Rhodamines exhibit great photostability and pH insensitivity from
low to neutral pH [100]. The biggest advantages of the fluoresceins are their high

chemical and physical stability and commercial availability, however their
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fluorescence is pH dependant and they exhibit relatively high photobleaching [102-
108]. The broad fluorescence emission spectrum is another general drawback of
fluorescent dyes[101]. The use of non-fluorescent Raman active labels, such as Black
Hole Quencher (BHQ), offers numerous advantages, such as: lower background
fluorescence, an increase in signal to noise ratio and higher sensitivity [109].

In order to covalently attach oligonucleotides to the surface of metallic
nanoparticles, sequences can be modified with either a surface complexing group [54,
64, 67, 73, 74, 78, 83, 84] or a label which contains a surface complexing group, a
Raman active tag and a conjugation site for biomolecule attachment can be added to
nanoparticles at first, then it can be reacted with biomolecule of interest [65]. Surface
seeking groups are specific chemical functionalities, which can bind strongly to the
metal nanoparticles surface and replace the weakly bound layer of charged ligands
present from nanoparticle synthesis, which stabilize the colloidal nanoparticles. In the
case of gold and silver nanoparticles, oligonucleotides are most commonly
functionalized with alkylthiols before their addition to nanoparticles [13, 16, 21-25,
28, 29, 38, 39, 110]. Further studies indicated that the use of a cyclic disulphide [15,
30] or trithiol [28] in place of an alkylthiol increases the stability of the formed
conjugates[15, 28, 30]. However the hybridisation properties of the oligonucleotide
functionalized nanoparticle conjugates prepared with monothiol, cyclic disulphide or
trithiol modified oligonucleotides are comparable [28, 38].

Many different methods to obtain SERRS active oligonucleotide functionalized
metallic nanoparticles have been reported in the literature e.g. electrostatic adsorption
of dye labeled oligonucleotides on to the nanoparticles surface [49, 59, 63, 66, 70, 79,
80]; covalent attachment of oligonucleotides modified with mono- or multithiols and
Raman active dyes [54, 64, 67, 73, 74, 78, 83, 84]; the use of multifunctional labels
containing a Raman reporter molecule, a surface complexing group and free
functional groups which allow the attachment of biomolecules [65] or formation of
mixed monolayers of thiolated oligonucleotides and Raman reporters or molecules
containing Raman active units [50, 53, 56, 60, 63, 68, 69, 76].

In order to use the stability of the cyclic disulphide linker within a SERRS
approach, a specific resonant chromophore needs to be incorporated within the linker.
This has to be done in such a way as to ensure that the label is close enough to the

surface to experience enhancement whilst still allowing attach of a specific
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oligonucleotide probe to the nanoparticles. This would produce a nanoparticle with a
permanent SERRS signal and DNA hybridisation capabilities.

In this work four different linkers containing a cyclic disulphide (thioctic acid), a
resonant chromophore (i.e. either a fluorescent dye such as 6-aminofluorescein,
fluorescein, tetramethyl rhodamine-TAMRA or a non-fluorescent label such as Black
Hole Quencher-BHQ), a conjugation site (free carboxyl group) and polyethylene
glycol (PEG) unit (3 mer or 4lmer) were synthesized and then used to pre-
functionalize gold and silver nanoparticles ready for future bioconjugation. The
conjugates had a permanent SERRS signal and exhibited very high stability and could
be stored for several weeks at room temperature. The linkers molecules could be
stored in a dry form for several months without any observable decomposition. The
presence of the free carboxyl group within the linker offers the possibility to react the
conjugates with biomolecules, such as amino modified DNA, to form nanoparticles
with a permanent SERRS signal and DNA hybridisation capabilities. A significant
increase in the SERRS signal would be observed following target DNA hybridisation.
This new class of linkers offers improved preparation of dye tagged nanoparticles and

simplifies the often lengthy procedures commonly used.

2.2 Synthesis of linkers which can be used to pre-functionalise metallic

nanoparticles

SERRS active oligonucleotide functionalised metallic nanoparticles can be
prepared by covalent attachment of a label containing a Raman reporter molecule and
a chemical functionality, suitable for reaction with the sequence of interest. Four
different linkers allowing preparation of such probes have been synthesised. Each of
the linkers contain thioctic acid which allows covalent attachment to gold and silver
nanoparticles via two metal-sulphur bonds, one of the available fluorescent or non-
fluorescent Raman reporters and a free carboxyl group which can be reacted with
amino modified DNA or other biomolecules. A PEG unit (3 mer or 41 mer) is also
included which prevents non-specific adsorption of oligonucleotides on the metal

surface, increases aqueous solubility and the stability of the conjugates [65, 69].
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2.2.1 Synthesis of linkers containing a fluorescent dye as a Raman reporter

Three different linkers containing fluorescent dyes as the Raman reporter were
successfully synthesised: fluorescein linker (F), aminofluorescein linker (Af) and
TAMRA linker (T). Fluorescein and TAMRA linkers were synthesised around a
lysine core which was chosen due to the presence of three functional groups within
the molecule which could be easily functionalised by the use of well known peptide
coupling chemistry. The use of the lysine during synthesis of the aminofluorescein
linker was not necessary because 6-aminofluorescein itself contains two functional
groups: an aromatic amine which can be reacted with thioctic acid and a phenol
group, which after simple modification can be reacted with polyethylene glycol. All
fluorescent linkers contained 3 PEG units within the structure which was proven to
increase the stability of the gold and silver nanoparticles conjugates formed with the

use of such a linker [65, 69].

2.2.1.1 Synthesis of the 6-aminofluorescein linker (Af)

The synthesis of the aminofluorescein linker is outlined in the Figure 32. In the
first stage of the synthesis 6-aminofluorescein was locked into its fluorescent form. It
is well known that fluoresceins can exist in a fluorescent quinoid form, and a non-
fluorescent lactoid form. The equilibrium between these two forms is reflected in
fluoresceins pH dependent fluorescence. To overcome the tautomerization problem
the fluorophore can be locked into its quinoid form by conjugation of its 2° carboxylic
group with a nucleophile (secondary amine [102, 107, 110] or alcohol [102, 107, 108,
111]). Because it was reported that the esterification of the 2’carboxyl group of
fluorescein gives an excellent yield [107, 111] this method was chosen to lock 6-
aminofluorescein into its fluorescent form. In the first step of synthesis of Af,
esterification of 6-aminofluorescein in refluxing acidic ethanol afforded an ester (1).
The aim of the next step was to introduce a carboxylic functionality to the molecule.
This can be achieved by alkylation of the 3’ phenol group using tert-butyl
bromoacetate in the presence of N, N’-diisopropylethylamine (DIPEA) or potassium
carbonate [108, 111]; coupling of 3’O-(hydroxyalkyl) fluorescein methyl esters with
dimethoxytrityl protected hydroxyalkyl chlorides under basic conditions [111] or
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alkylation of the 3’ phenol group of fluoresceins methyl ester under Mitsunobu
conditions [111].

S,

AN

S

Figure 32:  Synthesis of the 6-aminofluorescein linker (6); (i) EtOH, H,SO,, 99%; (ii)
BrCH,COOtBu, K,CO; DMF, 56%; (iii) TFA, DCM, 52%; (iv) tert-butyl-12-
amino-4, 7, 10-trioxadodecanoate, HATU, DIPEA, DMF, 25%; (v) thioctic acid,
DIC, DCM, 97%; (vi) TFA, DCM, 98%.
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The reaction described by Burchak et al. [107] has been shown not to involve an
aromatic amine group and proceeds selectively on the 3’ phenol group of
aminofluorescein and also gives an excellent yield [107]. This method was used to
introduce the carboxyl group into ester (1). Alkylation of molecule (1) with tert-butyl
bromoacetate in the presence of potassium carbonate in DMF followed by the
cleavage of the tert-butyl ester using TFA in DCM afforded compound (3). The free
carboxyl group of the new moiety was then coupled with tert-butyl-12-amino-4, 7,
10-trioxadodecanoate in the presence of O-(7-azabenzotriazol-1-yl)-N, N, N’, N’-
tetramethyluronium (HATU) and DIPEA to form molecule (4), which was then
acylated with thioctic acid in the presence of N, N’-diisopropylcarbodiimide (DIC) to
form, after cleavage of tert-butyl ester group, the desired aminofluorescein linker (6)
in 7% overall yield (Figure 32). The details of the synthesis of the aminofluorescein

linker are described in section 6.1.1.

2.2.1.2 Synthesis of the fluorescein linker (F)

Two linkers with different geometries but containing very similar chromophores
(aminofluorescein and fluorescein), the same surface complexing group and PEG (3
mer), but different geometry were synthesised to check the influence of the linker
geometry on the obtained SERRS signal. Fluorescein and 6-aminofluorescein have
very similar chemical structures, however fluorescein contains only one functional
group (phenol), therefore the linker has to be synthesised around the lysine core. The
aminofluorescein linker has a linear structure with the chromophore placed between
the surface complexing group and PEG, thus after attachment of the linker onto the
nanoparticles the label will be closer to the metal surface. Where as the use of
multifunctional molecules during synthesis of the fluorescein linker changes the
geometry of the obtained linker to a T-shaped with the chromophore placed further
away from the surface seeking group.

The fluorescein linker was synthesised around the lysine core. In the first stage of
the synthesis fluorescein was locked into its fluorescent, quinoid form using the same
chemistry as during the aminofluorescein linker synthesis — its 2’ carboxyl group was
esterified with ethanol to form ester (7). Alkylation of the 3’ phenol group of the ester
with tert-butyl bromoacetate in the presence of potassium carbonate, followed by

cleavage of the tert-butyl ester group by TFA afforded the fluorescein derivative (9)
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(Figure 33). In the next step of the synthesis Fmoc-Lys(Boc)-OH was reacted with
tert-butyl-12-amino-4, 7, 10-trioxadodecanoate in the presence of DIC to form

molecule (10) (Figure 34).

(i)

(iii)

Figure 33:  Synthesis of the 2-{9-[2-(ethoxycarbonyl)phenyl]-3-oxo0-3H-xanthen-6-yloxy}acetic
acid (9); (i) EtOH, H,S0,, 75%; (ii) BrCH,COOtBu, K,CO3, DMF, 62%; (iii) TFA,
DCM, 57%.

Chemoselective deprotection of the N-Boc group is a very important
transformation in chemical synthesis. There are a large number of available reagents
which allows this transformation. These include strong acids (TFA, HCI, HBr, H,SO,,
HNOs) or Lewis acids (ZnBr;, BF;3Et;,0) [112, 113]. The deprotection can also be
achieved under thermal [112] or neutral conditions (In, Zn) [113]. The biggest
disadvantage of the above procedures is the lack of selectivity- these methods will
remove both the N-Boc and tert-butyl ester groups from the protected molecules.
Other disadvantages include: high acidity, strong oxidizing conditions, long reaction
times and low yields [112, 113]. The selectivity problems can be overcome by the use
of bismuth (III) chloride in a mixture of acetonitrile and water (50:1, v/v) at 55°C
[113]. Under these conditions BiCls selectively removes N-Boc groups in the presence
of tert-butyl esters. This method was used in the next step where the N-Boc group was
selectively cleaved from molecule (10) in the presence of BiCls;. The primary amine

group was then reacted with thioctic acid in the presence of DIC to form molecule
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(12). The Fmoc group was then removed from molecule (12) by the use of 20% of

piperidine in acetonitrile (molecule 13, Figure 34).
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Figure 34: Synthesis of the tert-butyl 15-amino-25-(1, 2-dithiolan-3-yl)-14, 21-dioxo-4, 7, 10-
trioxa-13, 20-diazapentacosan-1-oate (13); (i) tert-butyl-12-amino-4, 7, 10-
trioxadodecanoate, DIC, DCM, 92%; (ii) BiCl;, CH3CN/H,0, 31%; (iii) thioctic
acid, DIC, DCM, 29%; (iv) 20% piperidine, CH3;CN, 92%.

Coupling of the fluorescein derivative (9) with tert-butyl 15-amino-25-(1, 2-
dithiolan-3-yl)-14, 21-dioxo-4, 7, 10-trioxa-13, 20-diazapentacosan-1-oate (13) in the
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presence of HATU and DIPEA followed by the cleavage of the tert-butyl ester
afforded the fluorescein linker (15) with an overall yield of 3% (Figure 35). The
details of the synthesis of the fluorescein linker are described in sections 6.1.1 and

6.1.2.

(ii)

Figure 35: Synthesis of the fluorescein linker (15); (i) HATU, DIPEA, DMF, 60%; (ii) TFA,
DCM, 57%.

2.2.1.3 Synthesis of the TAMRA linker

TAMRA contains only one reactive group (COOH) available for further
conjugation, thus the TAMRA linker, similarly to the fluorescein linker, was
synthesised around the lysine core. The synthesis of the TAMRA linker is presented
in Figure 36. In the first step of the synthesis of the TAMRA linker Fmoc-Lys(Boc)-

OH was coupled with tert-butyl-12-amino-4,7,10 trioxadodecanoate in the presence
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of DIC to produce the amide (10) (Figure 34). After cleavage of the Fmoc group in
the presence of piperidine in acetonitrile, (16) was coupled with thioctic acid in the

presence of DIC. Both the N-Boc and tert-butyl groups were removed from (17) using
TFA in DCM (1:1) giving (18).

@ QJﬂ Gi)

(iv)

Figure 36:  Synthesis of the TAMRA linker (19); (i) 20% piperidine, CH3CN, 92%; (ii) thioctic
acid, DIC, DCM, 85%; (iii) TFA, DCM, 89%; (iv) TAMRA SE, 37%.
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In contrast to fluoresceins, which exist in a non-fluorescent lactoid form at acidic
pH, rhodamines can exist in a fluorescent quinoid form at neutral and acidic pH. The
non-fluorescent lactoid form exists only at basic pH [100]. A large number of
rhodamine conjugates are synthesized from 4’ or 5’ activated rhodamine derivatives
(active ester, acid chloride) [101, 102]. In the synthesis of this TAMRA linker the
succinimidyl ester of 5-tetramethyl rhodamine (TAMRA SE) was used. This molecule
was coupled with (18) to give the desired TAMRA linker (19) with 27% overall yield
(Figure 36). The details of the synthesis of the TAMRA linker are described in section
6.1.3.

2.2.2 Synthesis of a linker containing a non fluorescent Raman tag (BHQ) and a
highly stabilizing PEG unit

Due to the fluorescence quenching ability of metallic nanoparticles a wide range of
commercially available fluorescent dyes can be used as Raman active reporters during
preparation of SERRS active, oligonucleotide functionalised gold and silver
nanoparticles. However the use of a non-fluorescent Raman reporter for that purpose
offers higher sensitivity due to the lower fluorescence background and hence an
increased signal to noise ratio [109]. Therefore Black Hole Quencher (BHQ), was
chosen as a non-fluorescent reporter molecule to synthesise a linker which could be
used for pre-functionalisation of gold and silver nanoparticles.

The BHQ linker was synthesised around a lysine core in a similar way as the
fluorescein and TAMRA linkers. In the first step of the synthesis the Fmoc group was
selectively cleaved from 2-(N-Boc), 6-(N-Fmoc)-diamino caproic acid, by the use of
20% piperidine in acetonitrile. The primary amine group of molecule (20) was then
reacted with 1-{[(5-dithiolane-3-yl)pantanoyl]oxy}-2, S-pyrrolidinedione to form,
after deprotection of the Boc group using TFA in DCM, molecule (22). In the next
step compound (22) was reacted with BHQ succinimidyl ester (BHQ SE) giving the
dye linked cyclic disulphide (23) (Figure 37).

To ensure the high stability of the formed conjugates, highly stabilising PEG (41
mer) was chosen to be incorporated within the linker structure. The use of such a big
molecule in chemical synthesis makes the purification of obtained products difficult
and very time consuming. One of the ways to overcome this is to perform the
synthesis on a solid support. Solid phase synthesis offers the possibility of very

simple purification of formed products by filtration. This technique was used to
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perform the synthesis of the BHQ linker.

Wang resin, which can be easily reacted with succinic anhydride to form free
carboxyl groups available for further conjugation, was used as a solid support in the
synthesis of the BHQ linker. The ester linkage formed in this process has a good
stability to various reaction conditions, but it can be easily removed with
trifluoroacetic acid. Additionally, a carboxyl group is formed at the end of the
synthesised molecule when it is cleaved from the solid support. In the case of the
BHQ linker, this process delivered reactive functionality, allowing for the subsequent

attachment of biomolecules.
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Figure 37:  Synthesis of the 6-[5-(1, 2-dithiolan-3-yl)pentanamido]-2-(4-{[4-(1E)-(2, 5-
dimethoxy-4-{[4-nitrophenyl]diazenyl}phenyl)methyl]amino}hexanoic acid (23); (i)
20% piperidine, CH3CN, 99%; (ii) 1-{[(5-dithiolane-3-yl)pantanoyl]oxy}-2, 5-
pyrrolidinedione, DCM, 46%; (iii) TFA/DCM, 99%; (iv) BHQ SE, DCM, Et;N,
76%.
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Figure 38:  Synthesis of the BHQ linker (27); (i) succinic anhydride, DMAP, DCM; (ii) O, O’-
Bis-(2-aminopropyl)  polypropylene  glycol-block-polyethylene  glycol-block
polypropylene glycol 1900 (PEG 41) DIC, DCM; (iii) 6-[5-(1, 2-dithiolan-3-

yl)pentanamido]-2-(4-{[4-(1E)-(2, 5-dimethoxy-4-{[4-
nitrophenyl]diazenyl}phenyl)methyl]lamino}hexanoic acid (23), DIC, DCM; (iv)
109% TFA/DCM.

In the first step of the solid phase synthesis, Wang resin was reacted with succinic
anhydride in the presence of 4-dimethylaminopyridine (DMAP) to form solid support
(24) containing a free carboxyl group. This group was then reacted with O, O’-Bis-(2-
aminopropyl) polypropylene glycol-block-polyethylene glycol-block polypropylene
glycol 1900 (PEG 41) to form (25). In the next step of the synthesis the primary
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amine groups on the surface of the modified resi

2-dithiolan-3-yl)pentanamido]-2-(4-{[4-(1E)-(2,

n (25) were coupled with  6-[5-(1,
5-dimethoxy-4-{[4-

nitrophenyl]diazenyl} phenyl)methyl]Jamino } butanamido)hexanoic acid (23) in the

presence of N, N’-diisopropylcarbodiimide (DIC). The newly formed BHQ linker
(27) was cleaved from the solid support by the use of 10% TFA in DCM (Figure 38).

The details of the synthesis of the BHQ linker are described in section 6.1.4.

2.3 Preparation of linker functionalised nanoparticles

All the synthesized linkers were used to functionalize the following types of

nanoparticles: citrate stabilized Au (18, 50 nm), citrate stabilized Ag (40 nm) and

EDTA stabilized Ag (40 nm). Experimental details regarding preparation of linker-

nanoparticle conjugates are given in section 6.3.1. The plasmon band of all the

nanoparticles was red shifted (usually 2-4 nm)

after addition of the linkers, which

confirmed the modification of the nanoparticle surface (Figure 39). The attachment of

the linker onto the nanoparticles causes an increase of their size, thus a red shift of the

plasmon band is observed. The lowering of

modification with the BHQ linker is due to

the 50 nm Au surface band upon

the workup of the functionalized

nanoparticles which required a few washing and centrifugation steps resulting in the

loss of some material.
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Figure 39:  Red shift of 18 nm Au gold surface band observed after addition of the TAMRA
linker (left, 4 nm); 50 nm gold surface plasmon band observed after addition of the

BHQ linker (right, 2 nm).

Number of linkers molecules attached to each type of nanoparticles was calculated

using the method described by Demers et al. [110] (Table 1). A solution of

dithiothreitol (DTT) in alkaline phosphate buffer was used to displace the linker

molecules from the nanoparticle surface. Then the fluorescence spectra of the

supernatants obtained after nanoparticles centrifugation were obtained. The amount of
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linker molecules which were attached per nanoparticle was calculated by dividing the
linker concentration (obtained from the calibration curve created by taking the
fluorescence spectra of linker solutions with know concentrations) by the nanoparticle
concentration (calculated from the Beer-Lambert equation for the samples prior to

DTT addition). The experimental details are described in section 6.4.1.

The number of 6-aminofluorescein linkers attached to 50 nm gold nanoparticles
and BHQ linkers attached to each type of nanoparticles used could not be calculated
using the described method. In the case of the BHQ linker the reporter molecule used
for linker synthesis is not fluorescent and could not be quantified in the same way as
for fluoresceins. Addition of DTT to the solution containing 50 nm Au nanoparticles
functionalized with the aminofluorescein linker did not cause aggregation of the
nanoparticles, so DTT did not displace the linker from the nanoparticle surface, even
at a concentration four times higher than the one used to displace the other linkers
from nanoparticles surface (Figure 40). This indicates the stability of this particular

linker.
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Figure 40:  UV-Vis spectrum of 50 nm gold nanoparticles functionalized with 6-
aminofluorescein linker after addition of DTT (0.4M concentration in the sample).
Spectra were taken every 60 mins for 48 hrs.

The highest surface coverage was obtained for all types of nanoparticles
functionalized with the TAMRA linker. This might be due to the presence of the
positively charged dye in the structure. Positively charged molecules will be attracted
by the negatively charged nanoparticle surface, so more linker molecules can be
adsorbed on to the metal surface. In the case of neutral fluorescein and
aminofluorescein linkers this additional, electrostatic force is not present, thus less

linker molecules are attached to the metal surface. The observed differences in the
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surface coverage observed for different linkers might also be caused by different

packing geometries on the metal surface.

Both types of silver nanoparticles used in this study after functionalisation with all

types of linkers were not stable in buffers, e. g. 10 mM phosphate buffer or 0.1M

PBS. 50 nm Au nanoparticles functionalized with TAMRA or fluorescein linkers

were not stable under these conditions as well.

18 nm gold nanoparticles

functionalized with either of the four linkers, and also 50 nm Au nanoparticles

functionalized with 6-aminofluorescein and BHQ linkers were stable in 0.1M PBS for

several weeks and could be easily reacted with amino-modified DNA under

commonly used conditions.

Table 1:  Number of linker molecules attached to each type of nanoparticle used.

. Type of No of linker molecules attached per | Surface coverage
Linker - . 5
nanoparticles one nanoparticle [pmol/cm?]
18 nm Au 298429 93+9
. 6- . Ag citrate 42024282 139+21
aminofluorescein
AgEDTA 1653+158 5445
LIt A 90+33 28410
) S i £ 32484220 1077
fluorescein
A5 el 2145:388 7012
AEEDTA 57862 1544
18 nm Au 8100324 2547102
50 nm Au
TAMRA 2927+787 890+26
Ag citrate 114000+2080 378069
AgEDTA 5613940 18531

2.3.1 SERRS of formed conjugates

SERRS spectra of all the linker-nanoparticle conjugates were taken at three

different laser excitation frequencies: 514, 633 and 785 nm. Experimental details are

described in section 6.4.5.
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2.3.1.1 Excitation at 514 nm

Good SERRS spectra at 514 nm were obtained for the aminofluorescein linker
conjugates, however very weak SERRS signals were obtained from the nanoparticles
functionalized with the fluorescein linker under the same excitation frequency (Figure
41). Fluorescein and 6-aminofluorescein have very similar chemical structures,
however their respective linker geometry is different which causes variations in the
SERRS response. In the case of the 6-aminofluorescein linker, the fluorescent label is
closer to the metal surface so it experiences a larger enhancement and gives a better

SERRS signal. In both cases stronger signals were obtained from silver nanoparticles.
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Figure 41: SERRS spectra of all types of nanoparticles investigated functionalised with the
fluorescein (F) and 6-aminofluorescein (Af) linkers at laser excitation frequencies
of 514 and 633 nm (A- Af at 514 nm, B- Af at 633 nm, C- F at 514 nm, D- F at 633
nm). In the case of the fluorescein linker conjugates spectra were taken from
aggregated samples (sat. NaCl was used as an aggregating agent). SERRS spectra
of aminofluorescein conjugates were taken from non-aggregated samples.

No SERRS signals from the TAMRA linker conjugates were obtained at 514 nm,
while only very weak SERRS signals from all the BHQ linker conjugates (Figure 42,
44 and 45) were obtained. The excitation frequency of the light source used was not

close enough to the absorption maximum of the chromophores present within these
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linker structures (557 nm for TAMRA, 579 nm for BHQ), thus only a poor SERRS

response was obtained

A A , 5 wi W .‘I‘M
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. — 633 nm " e
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Figure 42:  SERRS spectra of 18 (A) and 50 (B) nm Au nanoparticles functionalised with the

BHQ linker at 514 and 633 laser excitation frequencies. Spectra were taken from
aggregated nanoparticles. Sat NaCl was used as an aggregating agent.

2.3.1.2 Excitation at 633 nm

All types of nanoparticles functionalized with the TAMRA linker gave the

strongest SERRS response at a laser excitation frequency of 633 nm (Figure 43).
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SERRS spectra of the TAMRA linker (T) functionalised nanoparticles at 633 nm.
All spectra except Ag EDTA T and 50 nm Au T were taken from not aggregated
NPs, sat. NaCl was used as an aggregating agent.

SERRS signals using an excitation of 633 nm were also obtained for the nanoparticles

functionalized with aminofluorescein and fluorescein linkers, however the signal was

much weaker for the fluorescein linker conjugates (Figure 41). The observed

difference in the signal intensities obtained from these linkers, containing very similar
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chromophores, is again due to the different geometries of these linkers. A similar
trend was observed at 514 nm. SERRS signals were obtained from all types of

nanoparticles functionalized with the BHQ linkers at 633 nm (Figures 42, 44, 45).
2.3.1.3 Excitation at 785 nm

None of the conjugates formed with the fluorescent TAMRA, fluorescein or
aminofluorescein linkers gave SERRS signals with a laser excitation frequency of 785
nm. This was due to the fact that the excitation frequency of the light source used was
far removed from the absorption maximum of the chromophores present within the
linkers (557 nm for TAMRA, 495 nm for aminofluorescein and fluorescein) and the
plasmon of the metal colloids (400 nm for Ag, 520 nm for Au). Both types of silver
nanoparticles, when functionalized with the BHQ linker gave a SERRS response at
785 nm, however the addition of an aggregating agent (sat. NaCl) was necessary to
obtain the signal (Figure 44 and 45). It has been reported that formation of
nanoparticle aggregates causes significant increase in the intensity of SERRS signals

[50, 58, 67].
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Figure 44: SERRS spectra of Ag EDTA stabilised nanoparticles functionalized with the BHQ
linker at different laser excitation frequencies. All spectra were taken from
aggregated nanoparticles-sat NaCl was used as an aggregating agent.

70



5000

2500

bl
=
w
s
@
-
=

60000

1350

S, 40000 -
.‘5 Raman shift [cm-1]
=
2
= it
20000 -+ < —514nm
—— 633 nm
785 nm
0 ;
850 1350 1850

Raman shift [cm-1]

Figure 45: SERRS spectra of Ag citrate stabilised nanoparticles functionalized with the BHQ
linker at different laser excitation frequencies. All spectra were taken from
aggregated nanoparticles-sat NaCl was used as an aggregating agent.

2.3.2 Zeta size and zeta potential of the linker-nanoparticle conjugates

The sizes of the nanoparticles were measured using the technique of the Dynamic
Light Scattering (DLS). Experimental details are described in section 6.4.3. This
technique measures the Brownian motion of the nanoparticles and relates them to
their size. The nanoparticles are illuminated with laser light, and the fluctuations of
the scattered light analysed. The nanoparticle diameter obtained by this technique is
called the hydrodynamic diameter and is the diameter of the sphere which has the
same translational diffusion coefficient as the particle being measured. The value for
this coefficient depends on the size of the particle core, surface structure and the type
and concentration of the ions present in the sample. The sizes obtained by DLS are
often bigger than those measured by electron microscopy which only visualises the
conductive particle core [117-119].

The extinction coefficient values of bare gold and silver nanoparticles, indicated in
the synthetic method used for their preparation, were used in all calculations. The
DLS technique was used to compare the sizes of different types of linker conjugates.
As expected the hydrodynamic diameter of both types of Au nanoparticles slightly

increased after attachment of a linker. Interestingly the size of linker modified silver
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nanoparticles (citrate and EDTA stabilized) was smaller than the size of the bare
silver nanoparticles. This is probably due to the fact that the electrostatic and steric
repulsion potential of the modified nanoparticles is higher than the one for bare
nanoparticles. Therefore the repulsion force between linker-nanoparticle conjugates is
larger than the same force between citrate or EDTA capped nanoparticles. Linker
functionalized silver nanoparticles are better separated from each other than
unmodified silver nanoparticles, thus the decrease of the hydrodynamic diameter is
observed after surface modification. No change in the zeta size of the conjugates was
observed for 18 nm Au and Ag EDTA nanoparticles after functionalisation with the
fluorescein linker and also 18 nm Au nanoparticles functionalized with the TAMRA

linker (blue color in the Table 2).

Table 2: Zeta average size of formed conjugates.
. Type of Zeta average size of Zeta average size of linker
Linker . . . . .
nanoparticles colloid [nm] functionalized nanoparticles [nm]

18 nm Au 46.70+0.94 50.90+0.70

50 nm Au 51.63+0.25 54.13+1.25

6-aminofluorescein
Ag citrate 87.00+1.87 78.40+1.97
AgEDTA 58.46+1.00 55.93+1.56
18 nm Au 46.70+£0.94 46.1£0.61
. 50 nm Au 50.10+0.36 53.33+0.60
fluorescein

Ag citrate 87.00+1.87 83.30+1.70

AgEDTA 58.46+1.00 59.33+1.14

18 nm Au 53.43+0.55 52.93+1.95

TAMRA 50 nm Au 50.10+0.36 70.40+1.83
Ag citrate 87.00+1.87 77.80+2.02

AgEDTA 58.46+1.00 56.40+0.20

18 nm Au 46.70+£0.94 50.13£2.25

50 nm Au 51.63+0.25 54.13+1.25

BHQ -

Ag citrate 87.00+1.87 84.56+4.76

AgEDTA 58.46+1.00 58.30+1.74

The concentrations of the samples were as follows: 18 nm Au conjugates: 7.9510"° M, 50 nm Au
conjugates 2.52:10™"" M, silver nanoparticles conjugates 310" M. The samples were resuspended in
water.
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To confirm that linker molecules were attached to silver nanoparticles, the size
of Ag citrate colloid and Ag citrate-BHQ conjugates were measured by differential
centrifugal sedimentation (DCS). DCS is a powerful technique allowing measurement
of nanoparticles in the range of 2 nm-80 microns. The advantages of this method are:
high resolution capability, high sensitivity and accurate, reproducible results. This
method is based on the fact that particles, which have a different density than the fluid
in which they are suspended, sediment at rates which depend on the gravitational field
strength, density difference, fluid viscosity, particle size and shape. Inside the DCS
instrument the particles are centrifuged at constant speed and temperature. All the
parameters are thus constant, except the time required for the particles to settle a
known distance in a fluid of known viscosity and density. This time is measured and

the particle size can then be calculated [131].
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Figure 46:  DCS graph of Ag citrate nanoparticles and Ag citrate-BHQ conjugates.

A DSC graph of Ag citrate colloid and Ag citrate-BHQ conjugates is shown in
Figure 46. A silver density of 10.5 g/cm’® was used to calculate the nanoparticle sizes.
It can be concluded that the size of the modified silver nanoparticles is smaller than
the size of bare Ag citrate nanoparticles, however the same density value was used to
calculate this value. In reality the density of the BHQ linker layer on the nanoparticles

surface is much lower than the density of silver. Thus if the correct density value for
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the coating could be known, the real size of the nanoparticles could be calculated.
Based on the fact that the density of Ag citrate-BHQ conjugates is significantly lower
than the density of Ag it can be concluded that the conjugates are actually larger than

the bare Ag nanoparticles.

Table 3: Zeta potential of linker-nanoparticle conjugates.
Linker Type of Zeta potential of Zeta potential of linker
nanoparticles colloid [mV] functionalized nanopatrticles [mV]
18 nm Au -37.749.0 -44.7+8.1
6- 50 nm Au -34.3+4.0 -47.942.9
aminofluorescein Ag citrate -33.443.6 -35.6+5.5
AgEDTA -37.0+4.7 -40.3+5.4
18 nm Au -34.5+9.0 -29.4+3.4
. 50 nm Au -29.546.0 -26.74£2.2
fluorescein

Ag citrate -33.4£3.6 -35.1+£3.8
AgEDTA -37.0+4.7 -42.4£3.0
18 nm Au -56.3+6.5 -24.8+5.6
TAMRA 50 nm Au -34.3+4.0 -27.0£3.5
Ag citrate -33.4£3.6 -22.2429
AgEDTA -37.0+4.7 -22.04£3.5
18 nm Au -34.5+9.0 -31.2+6.5

50 nm Au -29.546.0 -41.5+

BHQ .

Ag citrate -33.4£3.6 -38.9+4.3
AgEDTA -42.443.0 -29.4+4.2

The concentrations of the analyzed samples were as follows: 18 nm Au conjugates: 2.6510™'° M, 50 nm
Au conjugates: 8.410™'% M, silver nanoparticles conjugates 1:10™"" M. The samples were resuspended in
water.

Zeta potential is used to asses the charge stability of disperse colloidal systems.
Metallic nanoparticles have a layer of weakly bound charged ligands on their surface
present from their synthesis. This surface charge has a big influence on the
distribution of ions present in the sample. Their presence results in the formation of a
layer around the nanoparticles which is different than the bulk solution. When the
nanoparticles move, this hydration sphere is moving as a part of the particle. The zeta

potential is a measure of the potential at this layer when the nanoparticle is moving in
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the bulk solution. Nanoparticles with high zeta-potentials of the same charge sign will
repel each other and confer stability to the dispersion [120]. If the zeta potential value
approaches zero the nanoparticles will be unstable and will tend to aggregate.

Experimental details regarding the measurements of zeta potential of prepared
conjugates are described in section 6.4.3. High zeta-potential values obtained for most
of the linker-nanoparticle conjugates prepared indicate that the modified nanoparticles
exhibit high stability. For 18 nm Au nanoparticles functionalized with the TAMRA
linker the zeta potential changes from -56.3 to —24.8 mV after surface modification,
which is caused by addition of the positively charged reporter moiety. The same
behavior was observed for other types of conjugates prepared with the TAMRA

linker.

2.4 Conclusions

Four different linkers (aminofluorescein, fluorescein, TAMRA and BHQ), which
can be used to functionalize gold and silver nanoparticles to: increase their stability,
make them SERRS active and also give the opportunity for attachment of
biomolecules, were successfully synthesized with good yields. All the synthesized
linkers were used to functionalize the following types of nanoparticles: 18 nm citrate
stabilised Au, 50 nm citrate stabilised Au, 40 nm citrate stabilised Ag and 40 nm
EDTA stabilised Ag. All the conjugates were successfully prepared however
differences in conjugates stability were observed. Both types of silver nanoparticles
used in this study, functionalized with any of the linkers were not stable in the buffers
usually used for conjugation of linker modified nanoparticles with DNA. Similar
behavior was observed for 50 nm gold nanoparticles functionalized with TAMRA and
fluorescein linkers. All other prepared conjugates were stable in 0.1 M PBS for
several weeks and could be easily reacted with amino-modified DNA under
commonly used conditions.

Aminofluorescein and fluorescein linkers contain within their structures very
similar fluorescent dyes, however the geometry of these compounds is different. It
was observed that the linker geometry has influence on the intensity of the SERRS
signal obtained from the system and also on the number of linker molecules attached
to metallic nanoparticles surface. Both fluorescein and aminofluorescein linker

conjugates gave SERRS signals at 514 nm and 633 nm, however the intensity of the
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signals was higher for aminofluorescein linker conjugates. Despite the very similar
chemical structures of the fluorescent dyes used for the synthesis of these linkers, the
geometry of the compounds was different. In the case of the aminofluorescein linker,
adsorption onto the nanoparticle surface results in the label being closer to the metal
surface. Therefore it experiences a larger enhancement and thus more intense SERRS
signals are obtained. The number of linker molecules which attached to nanoparticles
surface was significantly higher for the aminofluorescein linker when compared with
the fluorescein linker. Observed difference can be explained by different geometry of
synthesized linkers. The aminofluorescein linker is significantly smaller so more
molecules can be packed on to the metal surface.

The highest surface coverage values were obtained for the TAMRA linker
conjugates. This can be explained by the presence of positively charged dye within
TAMRA linker, which is attracted by the negatively charged surface of the
nanoparticles. TAMRA linker conjugates gave good SERRS response at 633 nm.

All types of conjugates formed with the BHQ linker gave a good SERRS response
at a laser excitation frequency of 633 nm. Additionally, both types of silver
nanoparticles used, after functionalisation with this linker gave intense SERRS signals
at laser excitation frequencies of 514 and 785 nm.

The DLS measurements of the hydrodynamic diameter of bare nanoparticles and
after linker attachment confirmed the surface modification. The zeta potential values
measured for all types of conjugates indicate that they exhibit high stability. Less
negative zeta potential values observed for all types of nanoparticles after TAMRA
containing linker attachment is a direct result of the linker containing a positive
charge.

The presence of a free carboxyl group within the synthesized linkers makes it
possible to conjugate linker functionalized nanoparticles to amino-modified
oligonucleotides or other biomolecules of interest. Oligonucleotide functionalized
nanoparticles can then be used as probes for the detection of specific DNA sequences

in a sandwich assay format.
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Chapter 3

Preparation of SERRS active, oligonucleotide

functionalized nanoparticles
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This chapter describes the preparation of nanoparticle-linker-oligonucleotide
conjugates by coupling linker terminal COOH group with amino-modified
oligonucleotides. The following DNA sequence was used in all experiments described
within this chapter: 5> AAA AGC TAA GTC T 3’(strand 1, Appendix A). The strand
was modified with C6 amino-modifier on the 5° end. The properties of the prepared

conjugates are also described within this chapter.

3.1 Introduction

In order to prepare SERRS active, oligonucleotide functionalized nanoparticles the
terminal COOH groups of the linker-nanoparticle conjugates was reacted with amino-
modified oligonucleotides. Many different coupling reagents can be used to form an
amide linkage between the carboxyl group of one molecule and the primary amine
group of a second molecule. Carbodiimides, such as N, N’-dicyclohexylocarbodiimide
(DCC); N, N’-diisopropylcarbodiimide (DIC); N-(3-dimethylaminopropyl)-N’-ethyl
carbodiimide  hydrochloride = (EDCHCI); 1-cyclohexyl-3-(2-morpholinoethyl)
carbodiimide (CMC) are the most commonly used [2, 121].
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Figure 47:  Two step formation of an amide bond in the presence of EDCHCI and NHS.

Due to the fact that DIC and DCC are insoluble in water they can not be used
during bioconjugate preparation which usually requires the use of aqueous buffer
solutions. EDC'HCI is a water soluble carbodiimide commonly used to form an amide
linkage between biomolecules and the surface of a nanoparticle. Additionally the

isourea side product formed during this reaction is also water soluble, which
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simplifies purification. The biggest disadvantage of this reaction is the very fast
hydrolysis (a few seconds) of the active ester (0-acylisourea) leaving group formed in
the reaction of EDC'HCI with the carboxyl group, while the reaction of this active
group with primary amines is very slow [121]. One of the ways to overcome these
problems is to use EDC'HCI with N-hydroxysulfosuccinimide (sulfo NHS) [65, 121].
In the first stage of this coupling reaction a sulfo-NHS ester of a moiety containing a
carboxyl group is formed. This hydrophilic, reactive group is water soluble, is slowly
hydrolyzed in an aqueous environment and rapidly leaves in the presence of primary
amines allowing the creation of stable amide linkages between the activated carboxyl
group and attacking nucleophile (NH;) (Figure 47). The coupling reaction has to be
performed in a suitable buffer system to ensure its maximum efficiency [121],
however the use of the buffers might be problematic when the coupling reaction is
performed on the surface of metallic nanoparticles. If the nanoparticles to be
conjugated to DNA are not stable enough the addition of the buffer may cause their
irreversible aggregation.

1-cyclohexyl-3-(2-morpholinoethyl) carbodiimide (CMC) is also a water soluble
carbodiimide, however the possibility of side reactions with sulfhydryl groups,
phenols, alcohols and other nucleophiles which lead to the formation of unreactive
covalent complexes and fast hydrolysis of the active ester group formed during its
reaction with the COOH group make it difficult to use during bioconjugate
preparation. The use of CMC with sulfo-NHS has not been reported in the literature
[121].

N, N’-carbonyldiimidazole (CDI) is another zero-length crosslinker allowing
formation of amide linkages between carboxylic acids and primary amines. The
formation of the activated carboxylic acid must take place in dry organic solvents, the
presence of more than 0.1% of water in the reaction mixture causes fast hydrolysis
and inactivation of the active intermediate. The conjugation reaction might be
performed in an aqueous environment, however the use of organic solvents for that
purpose provide greater yields [121].

Kunishima and co-workers described the use of another amide bond forming
reagent - 4-(4,6-dimethoxy-1,3,5-triazin-2-yl)-4-methylmorpholinium chloride (DMT
MM) [122, 123]. DMT MM allows simple, one-step condensation of carboxylic acids

and amines in water and alcohols (Figure 48) with yields much higher than those
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observed for the same coupling reaction performed in the presence of EDCHCI or

DCC [122, 123].

Figure 48:  Mechanism of DMT MM activated amidation of carboxylic acids.
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Another advantage of using this reagent is the possibility of performing the coupling
reaction in water, thereforce DMT MM could be used to prepare biomolecule
functionalized metallic nanoparticles when stability problems occur.

Two different chemistries allowing conjugation of amino-modified
oligonucleotides to the terminal carboxyl groups of linker molecules attached to the
nanoparticle surface were investigated. The first requires the use of EDCHCI and
sulfo NHS and is most commonly used for conjugation of biomolecules to free
functional groups attached to the nanoparticle surface [121]. The other, novel method
uses the less costly, more efficient DMT MM approach in a simple, one-step
condensation of the free carboxyl group of the linker attached to the nanoparticle
surface with amino-modified DNA. This reaction was performed in different solvent
systems in order to optimize its conditions. DMT MM has not previously been used
for the preparation of bioconjugates. This new method offers an improved ease of
synthesis of dye tagged nanoparticles and simplifies the often lengthy procedures

commonly used.

3.2 Synthesis of oligonucleotide functionalized nanoparticles

In order to react the linker functionalized nanoparticles with amino-modified
oligonucleotides, the linker modified nanoparticles prepared as described in section
2.3 were resuspended in 0.1 M PBS, pH = 7.6. Then EDCHCI and sulfo NHS were
added to the reaction mixture. After 30 mins of activation, amino-modified
oligonucleotides were added to the reaction mixture and the sample allowed to react
for 16 hrs at room temperature. The sample was then centrifuged, the supernatant
removed and the pellet resuspended with 0.1 or 0.3 M PBS. The experimental details
are described in section 6.3.3.

All silver nanoparticles functionalized with the different available linkers were not
stable under the conditions used for the EDC'HCI and sulfo NHS coupling reaction.
The same behavior was observed for 50 nm Au nanoparticles functionalized with
fluorescein and TAMRA linkers. 18 nm Au nanoparticles functionalized with all
types of prepared linkers and 50 nm Au nanoparticles functionalized with
aminofluorescein and BHQ linkers were stable under these conditions and could be

conjugated to amino-modified ssDNA in the presence of EDCHCI and sulfo NHS.
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The number of DNA strands attached to each type of conjugate was calculated
using the DNAse I method described by McKenzie et al. (Table 4) [124].
Fluorescently labeled oligonucleotides (Strand 1, Appendix A was used in all
experiments) were used during probe preparation. The sequence used contained C6
amino-modifier on the 3° end and TAMRA or FAM on the 5’ end. Sequence modified
with TAMRA was used for quantification of number of DNA strands attached to
nanoparticles functionalized with fluorescein and aminofluorescein linkers, whereas
strand modified with FAM was used for quantification of number of oligonucleotides
attached to nanoparticles functionalized with TAMRA and BHQ linkers. DNAse I,
which catalyses the hydrolysis of phosphodiester linkages in the DNA backbone, was
added to the samples. Hydrolysis of any bond along the oligonucleotide attached to a
nanoparticle will cause the release of the fluorescent dye into the bulk solution.
Dividing the concentration of the fluorescent dye in the bulk solution (which is the
same as the concentration of oligonucleotides attached to the surface of the
nanoparticles) by the nanoparticles concentration within the same sample, allows the
number of DNA strands attached to one nanoparticle to be quantified. This assumes
100% efficiency of the DNAse I [124]. The experimental details are described in
section 6.4.2.

It was found that the highest surface coverage was obtained for TAMRA linker
functionalized 18 nm gold nanoparticles. For the same type of gold nanoparticles
functionalized with fluorescein, aminofluorescein and BHQ linkers the number of
DNA strands attached to the conjugates was found to be much lower. In the case of
fluorescein and aminofluorescein linkers the results suggest that some nanoparticles
are not functionalized with oligonucleotides at all. The higher surface coverage
observed for the TAMRA linker conjugates is probably due to the larger number of
terminal COOH groups, available for conjugation. It was previously shown that
significantly more TAMRA linkers were attached to the nanoparticles, compared with
fluorescein and aminofluorescein linkers (Chapter 2.3). For larger gold nanoparticle
conjugates more DNA strands were attached to the nanoparticles functionalized with
BHQ linker than the same type of nanoparticles functionalized with the

aminofluorescein linker.
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Table 4:  No of DNA strands attached to formed conjugates in the presence of EDCHCI, sulfo
NHS and DMT MM.
No of DNA strands Surface coverage
Type of conjugate Coupling agent attached to one 2 g
. [pmol/cm?]
nanoparticle
18 nm Au Af EDCHCI, sulfo NHS 0.31+0.01 0.097+0.004
DMT MM 0.51+0.03 0.16+£0.009
50 nm Au Af EDCHCI, sulfo NHS 9.36+1.53 0.23+£0.04
DMT MM 11.33£3.75 0.28+0.09
. EDCHCI, sulfo NHS - -
Ag citrate Af DMT MM . :
EDCHCI, sulfo NHS - -
Ag EDTA Af DMT MM* 63.04=0.17 2.09+0.007
18 nm Au F EDCHCI, sulfo NHS 0.16+0.036 0.026+0.006
DMT MM 0.18+0.028 0.029+0.005
EDCHCI, sulfo NHS - -
50 nm Au F DMT MM . :
. EDCHCI, sulfo NHS - -
Ag citrate F DMT MM - -
EDCHCI, sulfo NHS - -
SLERAVA E DMT MM* 144.42+11.55 478038
18 nm Au T EDCHCI, sulfo NHS 9.48+0.29 1.54+0.05
DMT MM 9.23+0.53 1.50+0.008
EDCHCI, sulfo NHS - -
50nmAuT DMT MM . -
. EDCHCI, sulfo NHS - -
Agcitrate T DMT MM - -
EDCHCI, sulfo NHS - -
AgEDTAT DMT MM* 1646174 54.42+5.75
EDCHCI, sulfo NHS 1.25+0.19 0.21+0.03
I LS LG, DMT MM 0.69+0.07 0.1120.013
EDCHCI, sulfo NHS 32.2+1.41 0.81£0.04
il A EEL DMT MM 73.36£20.31 1.87+0.55
- EDCHCI, sulfo NHS - =
o izl IR0 DMT MM* 18.7123.64 0.62+0.13
EDCHCI, sulfo NHS - =
Ag EDTA BHQ DMT MM* 9.05+1.92 0.30£0.06

Af-Aminofluorescein linker, F-Fluorescein linker, T-TAMRA linker, BHQ-BHQ linker; *-coupling

reaction was performed in water.

In the next experiment the same oligonucleotide functionalized conjugates were
prepared in the presence of DMT MM. DMT MM was synthesized following the
protocol described by Kunishima et al. [122, 123]. 2-chloro-4, 6-dimethoxy-1, 3, 5-
triazine (CDMT) was reacted with N-methylmorpholine (NMM) in THF at room
temperature. The product (DMT MM) was then filtered off and used without further
purification (Figure 49). The experimental details are described in section 6.1.6.

The conditions used for the DMT MM coupling reaction were similar to those used
for amide linkage formation in the presence of EDCHCI, sulfo NHS. Linker
functionalized nanoparticles prepared as previously described (Chapter 2.3) were

resuspended in 0.1 M PBS pH = 7.6. Amino-modified oligonucleotides and DMT
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MM dissolved in water were then added. The reaction mixture was allowed to react
for 16 hrs, then the samples were centrifuged, supernatants were discarded and the
pellets resuspended in 0.1 M or 0.3 M PBS. It has been reported that DMT MM is
also effective when the amide bond formation reaction is performed in water [122,
123]. Therefore conjugation of linker functionalized nanoparticles, not stable in
phosphate buffer, with amino-modified DNA was performed in water. The
experimental details are described in section 6.3.4. In the case of Ag citrate
nanoparticles functionalized with aminofluorescein, fluorescein and TAMRA linkers
and also 50 nm Au nanoparticles functionalized with TAMRA and fluorescein linkers,
addition of ssDNA to the conjugates resuspended in water caused irreversible
aggregation of the nanoparticles. The oligonucleotide functionalized nanoparticles

could not be prepared.

~o ~
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Figure 49:  Synthesis of the DMT MM.

The number of DNA strands attached to each type of conjugate was quantified
using the DNAse I method [124]. Experimental details are given in section 6.4.2. It
was observed that for smaller gold nanoparticles both amide bond forming reagents
exhibit similar effectiveness. In the case of 50 nm Au nanoparticles more DNA
strands attached to the particles when DMT MM was used. In the case of the BHQ
linker, the surface coverage obtained for probes prepared in the presence of DMT
MM was more than twice that observed for conjugates prepared with EDCHCI, sulfo
NHS. The opportunity of performing the coupling reaction in water makes it possible
to conjugate Ag EDTA nanoparticles functionalized with all linker types and also Ag
citrate nanoparticles functionalized with BHQ linker, with oligonucleotides.

Unfortunately the oligonucleotide functionalized nanoparticles were not stable in the
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buffers which are usually used for DNA hybridisation, thus they can not be used as
probes for detection of specific DNA sequences. In the case of silver nanoparticles
functionalized with the linkers containing fluorescent Raman labels within their
structure the short PEG unit (3 mer) was found not to be stabilizing the nanoparticles
enough. The use of longer PEG was required to stabilize these bigger nanoparticles.
Low numbers of DNA strands attached to the BHQ-silver conjugates indicate that
there was a low number of the BHQ linker moieties immobilized on the metal surface,
thus low numbers of COOH groups, available for conjugation, were present on the
surface. This causes the low stability of the BHQ-silver conjugates in the
hybridisation buffer.

It was reported that DMT MM is more effective as an amide bond forming reagent
if the reaction is performed in alcohols, such as methanol, ethanol or isopropanol.
Methanol can not be used as a solvent during functionalisation of nanoparticles with
oligonucleotides because DNA is not soluble in MeOH and would precipitate from
the reaction mixture. To compare the effectiveness of DMT MM in different solvent
systems, BHQ functionalized 50 nm gold nanoparticles were reacted with amino-
modified oligonucleotides in the following solvent systems: 10% MeOH in water,
water and 0.1 M PBS pH=7.6. The pH of the solvent may influence the effectiveness
of the amide linkage formation by DMT MM, therefore the coupling reaction was also
performed in 0.1 M PBS pH=7.0. Experimental details are given in section 6.3.4. The
number of DNA strands attached to each type of conjugate was calculated using the
DNAse I method (Table 5) [124]. It was found that the highest surface coverage was
obtained when the coupling reaction was performed under neutral conditions and in
water.

In order to check if a similar effect would be observed for nanoparticles
functionalized with a linker containing a fluorescent dye and a shorter PEG unit 18
nm Au nanoparticles functionalized with the TAMRA linker were reacted with
oligonucleotides in the presence of DMT MM in water. The number of DNA strands
attached to one nanoparticle was calculated using the DNAse I method [124]. It was
found that the surface coverage obtained for the conjugates prepared under these
conditions was more than twice (3.71+0.57) that observed for conjugates prepared in

the presence of DMT MM in phosphate buffer (1.50+0.008).
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Table5:  Number of DNA strands attached to 50 nm Au nanoparticles functionalized with the
BHQ linker in different solvent systems.

Solvent used for amide bond No of DNA strands attached ,
. . . Surface coverage [pmol/cm?]
formation reaction to one Au nanoparticle
0.1M NaCl in 10mM phosphate
57.6+20.24 1.106+0.50
buffer pH=7.0
0.1M NaCl in 10mM phosphate
73.36+20.31 1.866+0.55
buffer pH=7.6
10% MeOH in water 50.92+9.55 1.27+0.24
water 139.9+11.17 3.495+0.27

In most of the cases the number of DNA strands which attached to one
nanoparticle in the presence of DMT MM, when the coupling reaction was performed
in water, was about two times higher than the number of oligonucleotides attached in
the presence of the same coupling agent in phosphate buffer. The lower yield of the
conjugation reaction performed in the phosphate buffer might be caused by the
screening effect of the salt ions present in the reaction mixture. DMT MM was found
to be a more efficient, less costly amide bond formation reagent which offers the
opportunity for the preparation of oligonucleotide functionalized nanoparticles in a
simple one-step process performed in water.

Due to the very low DNA surface coverages obtained for 18 nm Au-
aminofluorescein and 18 nm Au-fluorescein, these linkers were reacted with amino-
modified DNA before their attachment to nanoparticles. A similar experiment was
performed for TAMRA and BHQ linkers. The reactions were performed in the
presence of EDC'HCI / sulfo NHS and DMT MM under the same conditions as those
used for the conjugation of amino-modified oligonucleotides to linker functionalized
nanoparticles. The products were purified by HPLC. In all cases a new peak,
corresponding to a moiety which absorbs at 260 nm and also at the absorbance
maximum of the dye incorporated within the linker structure, appeared on the
analytical chromatogram, however the MALDI of the purified products did not
indicate their presence at the expected molecular masses. The experimental details are
described in section 6.3.6. It was concluded that the conjugation reaction worked,
however its efficiency was very low, thus the presence of the expected products was
not confirmed by MALDI. This is probably caused by the formation of hydrogen

bonds within the linker structure, which results in the terminal COOH groups not
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being available for the conjugation reaction. This method was not used to prepare

oligonucleotide functionalized nanoparticles.

3.3 Properties of oligonucleotide functionalized nanoparticles
3.3.1 Gel electrophoresis

One of the ways which allows confirmation of DNA attachment to nanoparticle
based probes is gel electrophoresis. Gel electrophoresis is a powerful technique
widely used in the separation of DNA of different sizes. In this method, charged
particles migrate in a porous matrix (for example agarose gel) under an electric field.
Particle mobility depends on their charge and size. If the change in charge dominates
the change in size then the mobility of Au nanoparticles increases (addition of
negative charge) or drastically decreases (addition of positive charge). In the case of
negatively charged Au particles the attachment of negatively charged DNA molecules
causes an increase of size which is seen as a retardation of the nanoparticle band on
the gel [125-130].

1.5% agarose gels were prepared, then loaded with all prepared conjugates (linker-
nanoparticle, DNA-linker-nanoparticle) as well as bare gold and silver nanoparticles
in order to compare their mobility. All gels were run in 0.5xTBE (Tris/Borate/EDTA

buffer) for 60 mins at 120 mV. Experimental details are described in section 6.4.4.

3.3.1.1 The BHQ linker conjugates

Figure 50 shows the agarose gel of all the BHQ linker conjugates. As expected
non-functionalised gold nanoparticles aggregated in the loading wells and did not
move in the gel. This is caused by the low stability of colloidal nanoparticles in
buffers or the solutions containing high salt concentrations. The mobility of both
types of gold nanoparticles functionalised with the BHQ linker was slightly lower
than the mobility of the same conjugates after DNA attachment. The addition of
negative charge (in this case DNA) has in this case greater influence on nanoparticle
mobility than the increase of the size of the conjugates, thus bands 3 and 6 moved
slightly further in the gel than bands 2 and 5 (Figure 50).

Surprisingly both types of silver nanoparticles used in this study did not aggregate
after loading them onto the agarose gels. Silver citrate nanoparticles were seen to

aggregate slowly while moving through the gel (Figure 50, band 7) forming a long,
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green band. The change of colour from yellow to green indicates that aggregation of
nanoparticles had occurred. Bare Ag EDTA nanoparticles did not aggregate under the

gel electrophoresis conditions used.

2 3 4 8 9 10 11 12

Figure 50:  Agarose gel of all the BHQ conjugates: 1- 18 nm Au colloid, 2- 18 nm Au-BHQ, 3-
18 nm Au-BHQ-DNA, 4- 50 nm Au, 5- 50 nm Au-BHQ, 6- 50 nm Au-BHQ-DNA, 7-
Ag citrate, 8- Ag citrate-BHQ, 9- Ag citrate-BHQ-DNA, 10- Ag EDTA, 11-
AgEDTA-BHQ, 12- AQEDTA-BHQ-DNA.

Silver citrate-BHQ conjugates have a higher mobility in the gel compared to the
same nanoparticles after oligonucleotide conjugation, which would indicate that the
increase of size is the more dominant factor influencing the particle mobility, than the
addition of negative charge (DNA) to the modified nanoparticles.

Functionalisation of Ag EDTA nanoparticles, with the BHQ linker, led to a
decrease in the mobility of the conjugates in the agarose gel, which was seen as a
retardation of the band 11 (Figure 50). This is due to an increase in the physical size
of the conjugates. The addition of negatively charged DNA to Ag EDTA-BHQ

conjugates increases the mobility of the prepared probes in the agarose gel.
3.3.1.2 The aminofluorescein linker conjugates
Figure 51 shows the agarose gel of all the aminofluorescein linker conjugates. In

the case of 18 nm Au-Af-DNA two bands were observed on the gel. One of them

corresponds to 18 nm Au nanoparticles functionalized with the aminofluorescein
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linker, the second corresponds to the same conjugates after oligonucleotides
attachment. The results obtained are with close agreement to the data presented in
Table 4, indicating that after conjugation of 18 nm Au functionalised with the
aminofluorescein linker to oligonucleotides, the oligonucleotides are attached only to
some part of the nanoparticles. Nanoparticles functionalized with the linker were also
present in the sample. For larger Au nanoparticles functionalized with the
aminofluorescein linker only small change in the mobility of the conjugates was
observed after conjugation to oligonucleotides. This is due to the fact that there is a
very small amount of DNA attached to the probes (Table 4, Chapter 3). Addition of
the aminofluorescein linker to Ag EDTA nanoparticles decreased the mobility of
these nanoparticles, due to an increase in size of the conjugates, however attachment

of the oligonucleotides (negative charge) caused it to increase.
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Figure 51:  Agarose gel of all the aminofluorescein conjugates: 1- 18 nm Au colloid, 2- 18 nm
Au-Af, 3- 18 nm Au-Af-DNA, 4- 50 nm Au colloid, 5- 50 nm Au-Af, 6- 50 nm Au-
Af-DNA, 7- AGEDTA colloid, 8- AQEDTA-Af, 9- AGgEDTA-Af-DNA.

3.3.1.3 The fluorescein linker conjugates

The fluorescein linker Au nanoparticle conjugates were similar to the case of the
aminofluorescein linker conjugates, due to the very low number of DNA strands
attached to the nanoparticles, no mobility difference prior to and after oligonucleotide
attachment was observed (Figure 52). The mobility of the fluorescein linker-Ag
EDTA conjugates was lower than the mobility of bare silver nanoparticles, which is

caused by the increase of the size of the nanoparticles after linker attachment.
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Addition of oligonucleotides (negative charge) to the conjugates increased their

mobility.
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Figure 52:  Agarose gel of formed fluorescein and TAMRA linker conjugates: 1, 7- 18 nm Au
colloid, 2- 18 nm Au-F, 3- 18 nm Au-F-DNA, 4, 10- AgEDTA colloid, 5- AQEDTA-
F, 6- AQEDTA-F-DNA, 8- 18 nm Au-TAMRA linker, 9- 18 nm Au-TAMRA linker-
DNA, 11- AGEDTA-TAMRA linker, 12-AgEDTA-TAMRA linker-DNA.

3.3.1.4 The TAMRA linker conjugates

In the case of 18 nm Au TAMRA conjugates, aggregation of most of the
nanoparticles loaded into the wells occurred, which was probably caused by the low
stability of the conjugates under the gel electrophoresis conditions. The mobility of
the TAMRA functionalised nanoparticles was lower than the mobility of the same
size of Au nanoparticles functionalised with the fluorescein linker. This difference is
caused by the addition of positive charge (TAMRA linker), which usually leads to the
retardation of the band on the gel [127, 128]. Due to the small amount of DNA
attached to Au-TAMRA conjugates, no big difference in the mobility of gold
nanoparticles functionalized with the TAMRA linker, before and after addition of
oligonucleotides, was observed.

The mobility of the Ag EDTA nanoparticles after surface modification with the
TAMRA linker was lower than the mobility of the same type of nanoparticles
functionalised with the fluorescein linker (bands 5 and 11, Figure 52) which is caused
by the presence of positive charge within the TAMRA linker structure. Similarly as
for other Ag EDTA conjugates, addition of the TAMRA linker to silver nanoparticles
caused a decrease in the nanoparticle mobility while the addition of oligonucleotides

caused its increase.
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3.3.2 Zeta particle size and zeta potential

The hydrodynamic diameter of oligonucleotide functionalized nanoparticles was
measured using DLS (Table 6). The experimental details are described in section
6.4.3. For most of the conjugates a small increase in the hydrodynamic diameter was
observed after DNA attachment. For Ag EDTA-Af-DNA, Ag EDTA-BHQ-DNA and
Ag citrate-BHQ-DNA conjugates a large increase in the hydrodynamic size was
observed after conjugation of oligonucleotides. In the case of 18 nm Au-F-DNA, Ag
EDTA-F-DNA and 18 nm Au-BHQ-DNA no difference in the hydrodynamic

diameter was observed after oligonucleotides attachment (blue color in Table 6).
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Figure 53:  DSC graph of Ag citrate nanoparticles and Ag citrate-BHQ-DNA conjugates.

The results indicate that small aggregates (dimers, trimers) were formed during
conjugation of Ag EDTA-Af, Ag EDTA-BHQ and Ag citrate-BHQ to
oligonucleotides. The size of the Ag citrate-BHQ-DNA conjugates was measured by
DSC (Figure 53). A silver density of 10.5 g/ml was used to calculate both samples
sizes. Based on the fact that the density of the oligonucleotide functionalized
nanoparticles is significantly lower than the density of Ag nanoparticles it can be
concluded that the DNA functionalized nanoparticles are larger than bare Ag citrate

nanoparticles.
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Table 6:

Zeta average size of the conjugates.

Zeta average Zeta average size Zeta average size of
. Type of . g of linker oligonucleotide-
Linker : size of . . . ;
nanoparticles - functionalized linker-nanoparticle
colloid [nm] . .
nanoparticles [nm] conjugates [nm]
18 nm Au 46.70+0.94 50.90+0.70 55.7+0.90
50 nm Au 51.63+0.25 54.13+1.25 56.40+0.26
6-aminofluorescein
Ag citrate 87.00+1.87 78.40+1.97 -
AgEDTA 58.46+1.00 55.93+1.56 94.65+8.98
18 nm Au 46.70+0.94 46.1£0.61 47.37+0.83
. 50 nm Au 50.10+0.36 53.33+0.60 -
fluorescein
Ag citrate 87.00+1.87 83.30+1.70 -
AgEDTA 58.46+1.00 59.33+1.14 59.73+3.44
18 nm Au 53.43+0.55 52.93+1.95 57.17+5.08
TAMRA 50 nm Au 50.10+0.36 70.40+1.83 -
Ag citrate 87.00+1.87 77.80+2.02 -
AgEDTA 58.46+1.00 56.40+0.20 67.67+0.81
18 nm Au 46.70+0.94 50.13+£2.25 50.73+1.81
50 nm Au 51.63+0.25 54.13+1.25 57.87+0.40
BH
Q Ag citrate 87.00+1.87 84.56+4.76 144.33+10.7
AgEDTA 58.46+1.00 58.30+1.74 93.70+5.51

The concentrations of the samples were as follows: 18 nm Au conjugates: 7.9510"° M, 50 nm Au
conjugates 2.52:10""" M, silver nanoparticles conjugates 310" M. The samples were resuspended in
water.

The zeta potential values were measured for all types of DNA-linker-nanoparticle
probes (Table 7). Experimental details are described in section 6.4.3. Most of the
oligonucleotide functionalized nanoparticles have a high negative zeta potential,
which indicates that the probes are stable, however in the case of all the Ag EDTA-
linker conjugates, a large decrease in zeta potential after oligonucleotide attachment
was observed. This indicates that the stability of oligonucleotide functionalized Ag
EDTA nanoparticles is very low. Addition of 10 mM phosphate buffer to the probes
caused their irreversible aggregation. Closer to zero zeta potential values indicate the

reduction of colloid stability.
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Table 7: Zeta potential of linker-nanoparticle conjugates.

Zeta Zeta potential of Zeta potential of
. Type of potential of linker oligonucleotide-linker-
Linker . - : . ;
nanoparticles colloid functionalized nanoparticle
[mV] nanoparticles [mV] conjugates [mV]

18 nm Au -37.749.0 -44.7+8.1 -46.0+8.5

6- 50 nm Au -34.34+4.0 -47.9+2.9 -21.8+6.3
aminofluorescein | Ag citrate -33.443.6 -35.6£5.5 -

AgEDTA -37.0+4.7 -40.3+5.4 -13.2+£5.1

18 nm Au -34.549.0 -29.443.4 -32.1+1.7
. 50 nm Au -29.546.0 -26.7£2.2 -

fluorescein

Ag citrate -33.4+3.6 -35.1+£3.8 -

AgEDTA -37.0+4.7 -42.443.0 -13.1£5.3

18 nm Au -56.3+6.5 -24.8+5.6 -30.5+3.6
TAMRA 50 nm Au -34.3+4.0 -27.0£3.5 -
Ag citrate -33.4+3.6 -22.242.9 -

AgEDTA -37.0+4.7 -22.04£3.5 -8.7+3.3

18 nm Au -34.549.0 -31.246.5 -32.0+£3.2

50 nm Au -29.5+6.0 -41.5+ -32.742.3

BHQ -
Ag citrate -33.4+3.6 -38.9+4.3 -28.0£2.0
AgEDTA -42.4+3.0 -29.4+4.2 -8.1+5.4

The concentrations of the analyzed samples were as follows: 18 nm Au conjugates: 2.65107'° M, 50 nm
Au conjugates: 8.410™'% M, silver nanoparticles conjugates 1:10™"" M. The samples were resuspended in
water.

3.3.3SERRS

In order to compare the intensity of SERRS signals obtained from linker-
nanoparticle conjugates, with the intensity of the signal obtained from the same
conjugates after oligonucleotide attachment, SERRS spectra were taken using
excitation at 633 nm, which was proven to be the most suitable for all linkers
investigated (Chapter 2). The concentration of the probes were as follows: 7.56x10™"!
M for 50 nm Au and both types of silver nanoparticles used and 3.25x10”M for 18
nm Au. All experimental details are given in section 6.4.5.

The intensity of SERRS signals obtained from 18 nm Au-Af-DNA conjugates is
higher than the intensity of the signals obtained from the same conjugates prior to

oligonucleotide attachment (Figure 54).

93




400 ~

——18 nm Au Af
o —— 18 nm Au Af aggr
g —— 18 nm Au Af DNA
£ 150
18 nm Au Af DNA
|
e M |
0 | m Al 1
5 100 2500
Raman shift [cm-1]
650 -
— 50 nm Au Af
> 400 - ——50 nm Au Af aggr
é 50 nm Au Af DNA
= n 50 nm Au Af DNA aggr
150 - |
|
I h 4,;“"“”»,' 'Jllf I|l¢1flt WAt ; I, “I* i |,| ”IMM[JHTM% '{""{ ll lPrI'
0“'1 |“|‘.1~~rl' Ral l« Ryl U‘ll'“il‘ i
54%’ 1 1500'*"'% "£
Ram an shift [cm-1]
1900 -
1650 -
1400 - ——Ag EDTA Af
> 1150 - — AgEDTA Af aggr
2]
c
g 900+ — AGEDTA Af DNA
~ 650 -
AgQEDTA Af DNA
400 ~ aggr
150 \IAA‘ | '-y[‘ \ { +"f~ S b AL
O,“‘W W-‘-an"d T n"‘whm’w 1»“’%*& e b
500 1000 1500 2000 2500
Raman shift [cm-1]
Figure 54:  SERRS spectra of the aminofluorescein linker (Af) conjugates using excitation at

633 nm; Au/Ag Af- nanoparticles functionalized with the aminofluorescein linker;
Au/Ag Af DNA- nanoparticles functionalized with the aminofluorescein linker
conjugated to oligonucleotides; aggr.-aggregating agent (sat. NaCl) was added to
the sample in order to obtain max. enhancement.
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The change in the intensity of SERRS signal after oligonucleotide attachment

might be explained either by formation of aggregates during conjugation of the

oligonucleotides, or by a change in the orientation of the linker on the nanoparticle

surface after addition of ssDNA in such a way that vibrational modes within the

Raman reporter molecule will experience stronger or weaker surface enhancements.
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Figure55: SERRS spectra of the TAMRA linker (T) conjugates at 633 nm; Au/Ag T-

nanoparticles functionalized with the TAMRA linker; Au/Ag T DNA-
nanoparticles functionalized with the TAMRA linker, conjugated to
oligonucleotides; aggr.- aggregating agent (sat. NaCl) was added to the sample in
order to obtain max. enhancement.
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Figure 56:
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SERRS spectra of the BHQ linker conjugates using excitation at 633 nm; Au/Ag
BHQ- nanoparticles functionalized with the BHQ linker; Au/Ag BHQ DNA-
nanoparticles functionalized with the BHQ linker, conjugated to oligonucleotides;
aggr.- aggregating agent (sat. NaCl) was added to the sample in order to obtain
max. enhancement.
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The surface selection rule of SERRS states that the component of the dipole
moment perpendicular to the surface will be excited more strongly than the parallel
component [134]. The increase of the intensity of the CH stretching modes of the para
substituted aminofluorescein aromatic ring between 1100 and 1600 cem’ [135]
indicate that attachment of DNA to aminofluorescein linker functionalized gold
nanoparticles changes the orientation of the linker on the surface from tangential to
normal, thus increasing the observed SERRS signal. The DLS measurements (Table
2, Chapter 2) did not indicate the formation of aggregates during the preparation of 18
nm Au-Af-DNA. Thus it can be concluded that the observed signal enhancement was
probably caused by the change of orientation of the linker on the nanoparticle surface
after oligonucleotide attachment, so that the Raman reporter molecule present within
the linker experiences a stronger surface enhancement.

Similar results were obtained from 18 nm Au-T (Figure 55) and 50 nm Au-BHQ
conjugates (Figure 56), and also Ag EDTA-T conjugates after addition of aggregating
agent (Figure 55).

For larger Au-Af conjugates, stronger SERRS signals were obtained from the
conjugates prior to oligonucleotide attachment (Figure 54). Addition of
oligonucleotides to 50 nm Au-Af conjugates may alter the orientation of the Raman
reporter molecule on the surface in such a way that it experiences weaker surface
enhancement, which lowers the intensity of the observed SERRS signal.

DLS measurements (Table 2, Chapter 2) indicated that small aggregates were
formed during conjugation of Ag EDTA-Af to oligonucleotides, which resulted in a
very strong SERRS signals observed for Ag EDTA-Af-DNA (Figure 54). Similar
results were obtained for Ag citrate-BHQ-DNA conjugates (Figure 56). A small
difference in the intensity of SERRS signal was observed for 18 nm Au-Af, 18 nm
Au-T, 18 nm Au-BHQ, 50 nm Au-BHQ and Ag EDTA-T conjugates after
conjugation to oligonucleotides which is another indication that this change is
occurring due to surface orientation effects, not due to aggregate formation. When the
aggregates are formed much stronger signal enhancement is observed.

SERRS signals obtained from all types of oligonucleotide functionalized
fluorescein linker conjugates (Figure 57) were very weak. Therefore, SERRS is not
the best method to monitor hybridisation of fluorescein linker probes to a
complementary target. Very weak SERRS signals were also observed for 18 nm Au-

BHQ conjugates (Figure 56).
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SERRS spectra of the fluorescein linker (F) conjugates at 633 nm; Au/Ag F-
nanoparticles functionalized with the fluorescein linker; Au/Ag F DNA-
nanoparticles functionalized with the fluorescein linker, conjugated to
oligonucleotides; aggr.- aggregating agent (sat. NaCl) was added to the sample in
order to obtain max. enhancement.

3.4 Conclusions

Two different methods allowing conjugation of linker-functionalized nanoparticles

to amino-modified oligonucleotides were investigated: traditional, requiring the use of

the commonly used EDC'HCI, sulfo NHS reagents; and a novel one, which uses DMT

MM as an amide bond forming reagent. It was found that for smaller gold

nanoparticles functionalized with all linkers both coupling chemistries used (under the

same conditions) exhibit similar effectiveness. For 50 nm Au-linker conjugates DMT

MM, used under the same conditions as EDCHCI, was much more effective. The
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DMT MM coupling reaction can be performed not only in buffers, but also in water or
alcohols. In order to find optimal conditions for amide formation the reaction was
performed in water, phosphate buffer (pH=7.0 and pH=7.6) and in 10% MeOH in
water. It was found that the greatest yield was obtained when the coupling reaction
was performed in water.

Due to the low stability of the silver nanoparticle-linker conjugates in the buffers
usually used for amide linkage formation it was not possible to form the conjugate in
the presence of EDC'HCI, sulfo NHS. When DMT MM was used as a coupling agent,
the oligonucleotide conjugation reaction could be performed in water, thus this
method allows preparation of oligonucleotide functionalized silver nanoparticles.

DMT MM, a less costly, more efficient amide bond forming reagent, allows
reaction of the terminal COOH of the linkers attached to the metallic nanoparticles
with amino-modified DNA in a simple, one step process, which is most effective
when water is used as the reaction solvent. The use of this method allows the stability
problems that occur during attachment of oligonucleotides to silver nanoparticles in
the presence of EDCHCI to be overcome. This new method offers improved ease of
production of dye tagged nanoparticles and simplifies the often lengthy procedures
commonly used.

Both, gel electrophoresis and DLS confirmed that there was DNA attached to all
the oligonucleotide-linker-nanoparticle conjugates. Gel electrophoresis also
confirmed covalent attachment of linkers on to the metal surface. It has been reported
in the literature that only covalent attachment of a molecule to nanoparticle surface
causes changes in the nanoparticle mobility in agarose gel [127]. If molecules, for
example oligonucleotides, are electrostatically bound to nanoparticles surface the
mobility of bare nanoparticles is the same as the mobility of nanoparticles with
oligonucleotides electrostatically attached to their surface.

Most of the conjugates had a high, negative zeta potential indicating their high
stability. The only exceptions were oligonucleotide functionalized AgEDTA
nanoparticles which had low, negative zeta potential values. These probes were not
stable and addition of 10 mM phosphate buffer caused their irreversible aggregation.

For most of the oligonucleotide functionalized nanoparticles, a small increase in
the intensity of the SERRS signal after oligonucleotide attachment was observed. This
was caused by a change in orientation of the Raman reporter molecule (built within

the linker structure) with respect to the nanoparticle surface, after oligonucleotide
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attachment, in such a way that the label experienced stronger surface enhancement.
DLS measurements indicated that a large increase in the intensity of SERRS signal
observed for Ag EDTA-Af and Ag citrate-BHQ conjugates after oligonucleotide
attachment was caused by the formation of small aggregates during the conjugation
process.

All types of fluorescein linker conjugates and 18 nm Au-BHQ-DNA conjugates
gave no SERRS signal using an excitation of 633 nm. It was concluded that SERRS is
not a suitable technique to monitor hybridisation of such probes with their
complementary target.

Due to the low stability of all synthesized Ag-linker-DNA conjugates, and also 50
nm Au nanoparticles functionalized with the TAMRA or the fluorescein linkers and

conjugated to oligonucleotides, these probes were not carried forward to further work.
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Chapter 4

Hybridisation assay
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This chapter describes the use of the following conjugates: 18 nm Au-
aminofluorescein linker-DNA; 50 nm Au-aminofluorescein linker-DNA; 18 nm Au-
fluorescein linker-DNA; 18 nm Au-TAMRA linker-DNA; 18 nm Au-BHQ linker-
DNA and 50 nm Au-BHQ linker-DNA, as a probes in the detection of specific DNA

sequences in a sandwich assay format.

4.1 Introduction

In a nanoparticle aggregation based DNA detection assay involving SERS gold
or silver nanoparticles are functionalized with specific DNA sequences. When two
probes containing different DNA strands are mixed together in a 1:1 molar ratio and
target complementary to both probes is added, the target cross-links the nanoparticles
by hybridisation. This process can be monitored by the naked eye (a colloid will
change color upon aggregation), by extinction spectroscopy (usually broadening and a
red shift of the metal surface plasmon band is observed) or by SERRS (aggregation of
nanoparticles causes an increase in the intensity of the SERRS signal) [5-7, 13, 15,
20-22, 28, 30]. Gold and silver nanoparticles functionalized with thiolated [5, 7, 13,
20-22, 35] or multithiol modified [15, 28, 30] oligonucleotides are most commonly
used as probes in the detection assay described above. Due to the lack of Raman
reporter in this kind of conjugate, the hybridisation process can not be monitored by
SERRS. In order to make this kind of detection possible, Raman active nanoparticles
conjugated to oligonucleotides need to be used as probes. Many ways that allow their
preparation are described in the literature [53, 54, 56, 60, 61, 63, 64, 67, 72, 74, 77,
78, 81, 82]. The use of a linker containing thioctic acid as a surface complexing
group, a Raman tag and a free carboxyl group for amino-modified DNA attachment

was chosen for that purpose within this work.
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Figure 58:  Preparation of oligonucleotide functionalized nanoparticles.

The oligonucleotide functionalized nanoparticles were prepared by addition of one

of the synthesized linkers (aminofluorescein, fluorescein, TAMRA, BHQ) to colloidal
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nanoparticles (Au or Ag), then the terminal COOH group of the linker was conjugated
to amino-modified DNA in the presence of the amide linkage forming reagent-DMT
MM, which was found to be much more efficient than commonly used for that
purpose EDCHCI / sulfo NHS (Figure 58). All experimental details are described in
sections 6.3.1, 6.3.3 and 6.3 4.

In a typical hybridisation assay two sets of prepared nanoparticle probes were
mixed in a 1:1 molar ratio. Then complementary or non-complementary target was
added. In the presence of complementary target aggregation of the nanoparticles
occurs, which causes the increase of the intensity of the SERRS signal observed from
the system, and also a decrease and a red shift of the metal surface plasmon band. If
non-complementary target is used the changes in the SERRS or extinction spectrum

obtained from the system are not observed (Figure 59).
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Figure 59:  Schematic representation of the hybridisation assay.

Oligonucleotide functionalized nanoparticles, prepared in this work, were used as
probes in the hybridisation assay outlined in Figure 59. The hybridisation of the
probes to complementary target was investigated for three different probe
orientations: head to tail, head to head and tail to tail (Figures 60 and 61). If not
otherwise stated the same DNA sequences, as presented on Figures 60 and 61, were
used to functionalize linker-nanoparticle conjugates in all experiments. Each of used

sequences contained 3 adenine spacer between the C6 amino modifier and the
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recognition sequence. Amine modification was incorporated either on the 5’ or on the
3’ end of oligonucleotides, dependent upon the orientation of the probes to each other
during their hybridisation to the complementary target. In order to check if used
sequences hybridize to complementary target, melting analysis (at 260 nm) of the
samples containing two probes and complementary target in hybridisation buffer (0.1
M PBS), were performed. It was found that for all sequences used melting curves
characteristic for oligonucleotides in solution were obtained. The concentration of the
probes was kept constant for each type of nanoparticle conjugate in all experiments:
for 18 nm Au nanoparticles probes 1.62 nM, for 50 nm Au nanoparticles probes

3.78x107'! M.

TARGET: 5° AGA CTT AGC TAG CTT CCC AT 3°
STRAND 1: 5 AAAAGC TAAGTCT 3
STRAND 2: 5" AAAATGGGA AGC T3’

l 5" AGA CTT AGC TAG CTT CCC AT 3’ 1] 5" AGACTT AGCTAG CTT CCC AT 37
3" TCT GAATCG ATC GAA GGG TA TCT GAA TCG J‘\I( GAA GGG TA
Al A A . A
A

A A A
A AS A AS

11 s acacrr AGe TAG CTT CCC AT 3’
3" TCT GAA TCG ATC GAA GGG TA 5°
AMA

oo

Figure 60:  DNA sequences used in the hybridisation experiments. I-probes orientated in a
head-to-tail fashion, Il-probes orientated in a tail-to-tail fashion, Ill-probes
orientated in a head-to-head fashion.

The concentration of complementary or non-complementary targets used was the
same as the concentration of oligonucleotides attached to the nanoparticle surface, e.
g. if it was calculated that 10 DNA strands attached to one nanoparticle the target
concentration was ten times higher than the nanoparticle concentration. The
experiments were also performed for target concentrations the same as the

nanoparticle concentration, and also 10, 50, 100, 500 and 1000 times higher in
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concentration, however it was found that the best results in all cases were obtained
when the amount of target used was equal to the amount of DNA strands attached to
the nanoparticle probes.

The following DNA sequences were used as non-complementary targets in all
experiments: 5° AGG GGA GAT TCA GTG TGG TG 3’ for probes prepared with
sequences 1 and 2 (Figure 60) and 5> TTC TTT ACA TCT GGG AGC GG 3’ for
probes prepared with sequences 3 and 4 (Figure 61). All hybridisation experiments
were performed in 0.1 M PBS pH=7.2. All experimental details regarding

hybridisation assay, are described in section 6.5.

TARGET: 5" TAC GAG TTG AGA ATC CTG AAT GCG 37
STRAND 3: 5" AAATCT CAACTC GTA 37
STRAND 4: 5" AAA CGC ATT CAG GAT 37

I 5" TAC GAG TTG AGA ATC CTG AAT GCG 3° [l 5" TAC GAG TTG AGA ATC CTG AAT GCG ¥
3' ATG CTC AAC TCT TAG GAC TTA CGC ATG CTC AAC TCT [TAG GAC TTA CGC
A A A L A

A
A5

o606 o

ll] 5" TAC GAG TTG AGA ATC CTG AAT GCG 37
3' ATG CTC AAC TCT[TAG GAC TTA CGC 5’

AA
AN A

o0

Figure 61:  DNA sequences used in the hybridisation experiments. I-probes orientated in a
head-to-tail fashion, Il-probes orientated in a tail-to-tail fashion, Ill-probes
orientated in a head-to-head fashion.

4.2 Hybridisation assay

The following oligonucleotide functionalized nanoparticles were used as probes in
the nanoparticle aggregation based DNA detection assay: 18 nm Au-aminofluorescein
linker-DNA; 50 nm Au-aminofluorescein linker-DNA; 18 nm Au-fluorescein linker-
DNA; 18 nm Au-TAMRA linker-DNA; 18 nm Au-BHQ linker-DNA and 50 nm Au-
BHQ linker-DNA. Ag EDTA nanoparticles functionalized with all types of linkers
synthesised and also Ag citrate nanoparticles functionalized with the BHQ linker,
could be conjugated to amino-modified DNA, when DMT MM in water was used as a

coupling agent. However, the oligonucleotide functionalized silver nanoparticles were
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not stable in buffers usually used for DNA hybridisation, thus they were not used as
probes in the DNA detection assay. The gold nanoparticle probes were prepared by
addition of the linker to gold nanoparticle suspension followed by the conjugation of
the linker terminal COOH group with amino-modified DNA, in the presence of DMT
MM, in water. The conjugates were used as probes in DNA detection assay outlined
in Figure 59. All the experimental details regarding probes preparation and

hybridisation assay are described in sections 6.3.1, 6.3.4 and 6.5.

4.2.1 The TAMRA linker probes
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Figure 62: Changes on the UV-Vis spectra observed with time for the samples containing two
18 nm Au-T-DNA (sequences 1 and 2) probes (1.62 nM) and complementary or
non-complementary target (4.0510® M) for different probes orientations.
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The changes observed in the extinction spectra after addition of complementary or
non-complementary target to the solution containing two 18 nm Au-T probes
conjugated to the sequences 1 and 2 (Figure 60) are shown on Figure 62.

When the probes were situated in a head to tail or a head to head fashion no
changes in the extinction spectra after addition of complementary target were
observed. The control samples did not differ from the samples containing both probes
and perfect target. When the samples were orientated to each other in a tail-to-tail
fashion, addition of the complementary target caused a decrease, broadening and
small red shift (4 nm) of the gold surface plasmon band. The colour of the sample
changed slightly after 20 hrs after addition of the fully complementary sequence,
however no purple colour indicating aggregates formation was observed. No changes
in the gold surface plasmon band and in the colour were observed for the sample
containing non-complementary target. The melting analysis of the tail-to-tail sample
were performed by monitoring the absorbance at 260 and 520 nm as a function of
time (Figure 63). The expected Tm value for the sequence used is 62°C. No sharp
melting profile typical for aggregates formed during hybridisation of nanoparticle

probes to complementary target was observed.
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Figure 63:  Melting profiles of aggregates formed from 18 nm Au-T-DNA (sequences 1 and 2)
probes in tail to tail orientation at 260 nm and 520 nm. 3 cycles of heating were
performed for each sample.

The changes in the intensity of the SERRS signal obtained from tail-to-tail sample

after addition of complementary and non-complementary target are presented on
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Figure 64. No increase of the signal intensity after addition of complementary target
was detected. The changes in the signal intensity for the sample containing the fully
complementary sequence are similar to the changes observed for the control sample.

Similar results were obtained for other probe orientations investigated.
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Figure 64:

Changes in the intensity of the SERRS signal (at 633 nm) observed after addition of target
(complementary (A) or non-complementary (B)) to the solution containing two 18 nm Au-T-
DNA (sequences 1 and 2) probes hybridizing to the target in a tail to tail fashion. The bottom
graph shows changes in the intensity of the peak at 1356 cm™ with time, after addition of

complementary and non-complementary target.

18 nm Au-T conjugated to sequences 3 and 4 (Figure 61) were used as probes in
experiments similar to those described above (probes and targets concentrations and
all hybridisation conditions were the same as in hybridisation assay performed with
the use of 18 nm Au-T functionalized with sequences 1 and 2). The changes observed
in extinction and SERRS spectra after addition of complementary or non-
complementary target are shown in Appendix B and summarised in Table 8.

No big difference in the position and intensity of gold plasmon band for samples
containing complementary target and control samples were noted (Figure BI,
Appendix B). No significant difference in the intensities of the SERRS signals
obtained from samples containing fully complementary and imperfect sequence were
observed (Figure B2, Appendix B). Additionally, melting profiles obtained by
monitoring the absorbance at 260 and 520 nm as a function of temperature did not

confirm formation of nanoparticle aggregates in the sample containing both probes

108



and complementary target (Figure B3, Appendix B), thus it can be concluded that

detection of specific DNA sequence by the use of 18 nm Au-T-DNA probes was not

successful. Similar observations were noted for all probes orientations investigated.

Table 8: Changes observed in the extinction and SERRS spectra after addition of
complementary or imperfect target to the solution containing 18 nm Au-T-
DNA (sequences 3and 4) .
Changes Changes Melting analysis
Probes Taroet observed in the | observed in the
orientation g UV-Vis SERRS 260 nm 520 nm
spectrum spectrum
Decrease of the No significant Sharp Sharp
gold plasmon melting melting
head to head compl. .. | changes
band, no red shift observed curves not | curves  not
observed. ' observed. observed.
Decrease of the No significant Sharp Sharp
non- | gold plasmon melting melting
head to head .. | changes
compl. | band, no red shift curves  not | curves  not
observed.
observed. observed. observed.
Decrease of the o s Sharp Sharp
. gold plasmon melting melting
head to tail compl. .. | changes
band, no red shift curves not | curves  not
observed.
observed. observed. observed.
Decrease of the No i Sharp Sharp
. non- | gold plasmon melting melting
head to tail . | changes
compl. | band, no red shift curves not | curves  not
observed.
observed. observed. observed.
Decrease of the No significant Sharp Sharp
. . gold plasmon melting melting
tail to tail compl. .. | changes
band, no red shift observed curves  not | curves  not
observed. ' observed. observed.
tail to tail non- Decrease of the No significant Sharp Sharp
compl. | gold plasmon melting melting
.. | changes
band, no red shift observed curves  not | curves  not
observed. ' observed. observed.

Probes concentration: 1.62 nM, target concentration: 4.05x10°M; SERRS experiments were performed
using excitation at 633 nm. Spectra presented in Apendix B.

4.2.2 The aminofluorescein linker probes.

The changes observed in the extinction and SERRS spectra, after addition of

complementary or non-complementary target to the solution containing
aminofluorescein linker probes, are shown in Appendix C and summarized in the
Table C1, Appendix C.

In the case of the gold nanoparticles functionalized with the aminofluorescein
linker and conjugated to sequences 1 and 2 no red shift, decrease or broadening of
gold surface plasmon band and no red to purple colour change, indicating aggregate
formation, were observed after target addition (figures C1 and C3, Appendix C).
Similar was observed for smaller gold nanoparticles conjugated to sequences 3 and 4

(Figure C5, Appendix C). Addition of complementary target to the samples
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containing two 50 nm Au-Af-DNA (functionalized with sequences 3 and 4) caused a
small decrease of gold plasmon band, however no red shift was observed. Similar
changes were noted when an imperfect target was used in place of fully
complementary sequence (Figure C7, Appendix C). Similar behavior was noted for all
probes orientations investigated.

It can be concluded that no significant differences in the extinction spectra, allowing
discrimination between samples containing fully complementary and non-
complementary target were noted.

As observed previously (Chapter 3), SERRS signals can be obtained from 18 nm
Au-Af-DNA and 50nm Au-Af-DNA, thus the changes in the samples containing two
sets of gold nanoparticles probes after addition of complementary or non-
complementary target were monitored by this technique. The lack of SERRS signal
from the system indicates that no aggregates were formed and the hybridisation of the
probes to the fully complementary target did not occur. The same observations were
noted for both sizes of gold probes used and for all probe orientations investigated
(head to tail, head to head and tail to tail) (Figures C2, C4, C6 and C8, Appendix C).

It was found that no aggregates were formed after addition of complementary
target to the solution containing two types of the aminofluorescein linker
functionalised gold nanoparticles (18 and 50 nm) conjugated to DNA (sequences 1
and 2; 3 and 4), thus no melting analysis of those samples were performed.

For both types of Au-Af-DNA probes investigated no red to purple colour change,
no significant changes on UV-Vis spectra and no SERRS signals were observed when
target complementary in sequence and length was added to the sample containing two
sets of gold probes. It can be concluded that Au-Af-DNA conjugates can not be used

as a probes in this DNA detection assay.

4.2.3 The fluorescein linker probes

The changes observed in the extinction spectra, after addition of complementary or
non-complementary target to the solution containing fluorescein linker probes, are
shown on Figures D1 and D3 and summarized in Table D1, Appendix D. It was found
that no SERRS signals were obtained from fluorescein linker functionalized gold

nanoparticles conjugated to oligonucleotides, thus SERRS was not used to monitor
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the changes in the sample containing the fluorescein linker probes and the
complementary or imperfect target.

For the samples containing probes (Au-F-DNA-sequences 1 and 2), which, after
hybridisation are orientated to each other in a head to tail or head to head fashion,
addition of complementary target caused the change of the colour of the solution from
red to purple within 10 (for head to tail orientation) or 8 (for head to head orientation)
hours (Figure D1, Appendix D). This colour change can be attributed to formation of
nanoparticle aggregates, which leads to a red shift in the surface plasmon resonance
from 525 to 539 nm in the case of probes orientated to each other in a head to tail
fashion and from 527 to 537 nm for the probes orientated in a head to head fashion.
The red shift of the gold surface plasmon band is accompanied by its broadening and
significant decrease. The small value observed for the red shift could indicate that
small nanoparticle aggregates are formed during the hybridisation process, which
might be explained by the fact that very few DNA strands were attached to the
nanoparticle probes (0.2 on average) used in the experiment. Formation of large, three
dimensional aggregates is not possible in this case. In the presence of non-
complementary target only a small red shift (2-3 nm), slight broadening and
decreasing of gold plasmon band was observed for both probe orientations. The lack
of aggregation observed in the presence of non-complementary target could indicate
that the aggregation process observed in the presence of perfect target is driven by
hybridisation of the probes in a sequence specific manner.

For the sample containing probes, which, after hybridisation, are orientated to each
other in a tail to tail fashion, no colour change was observed within 48 hrs after
addition of complementary or non-complementary target. Only a small red shift (2
nm), slight broadening and decrease of gold plasmon band is observed in both cases
in extinction spectra (Figure D1, Appendix D). The hybridisation of the probes to
complementary target did not occur.

Melting analysis of the solutions with resuspended aggregates were performed by
monitoring the absorbance at 260 and 520 nm as a function of temperature (Figure
D2, Appendix D). Unfortunately, the melting behaviour typical for the nanoparticle
aggregates formed by hybridisation of oligonucleotide functionalised probes to fully
complementary target was not observed. This indicated that aggregate formation
observed for head to tail and head to head orientated samples was not likely to be

driven by hybridisation of the probes to the complementary DNA sequence. Detection
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of the specific DNA sequence by the use of 18 nm Au-F-DNA probes was not
successful.

A similar experiment was performed for 18 nm Au-fluorescein linker-DNA
conjugated to sequences 3 and 4 (Figure D3, Appendix D). Unfortunately significant
changes in the extinction spectra taken from the samples containing both probes (at
different orientations) and complementary target or red to purple colour change, were
not observed. It can be concluded that addition of fully complementary target to the
solution containing two types of nanoparticle probes did not cause formation of the
aggregates through hybridisation of the probes to the complementary target. The use
of 18 nm Au-F-DNA conjugates as probes for detection of a specific DNA sequence
was not successful. Due to the lack of aggregate formation the melting analysis of the

samples containing both probes and complementary target was not performed.

4.2.4 The BHQ linker probes

The changes observed in the extinction and SERRS spectra, after addition of
complementary or non-complementary target to the solution containing the BHQ
linker probes, are shown on Figures E1-E8 and summarized in Table E1, Appendix E.

For both types of gold nanoparticles used for Au-BHQ-DNA (sequences 1, 2, 3 and
4) preparation and for all probe orientations investigated, no changes in the extinction
spectra taken from the samples containing complementary or non-complementary
target were observed (Figures E1, E2, E5 and E6, Appendix E). In all cases the
expected colour change indicating formation of aggregates by hybridisation of the
probes to fully complementary sequence was not observed.

No changes in the SERRS spectra allowing discrimination between samples
containing fully complementary target or imperfect sequence were noted (Figures E3,
E4, E7 and E8, Appendix E). It can be concluded that for both types of probes used
and for all orientations investigated addition of target did not cause hybridisation of
the probes to the complementary strand and nanoparticle aggregates were not formed
in a sequence specific manner.

Melting analysis of the samples containing Au-BHQ-DNA probes and
complementary target were not performed as it was noted that nanoparticle aggregates

were not formed during hybridisation experiments.
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4.2.5 Other performed hybridisation experiments

The experiments described within this chapter are only a small part of all

hybridisation assays performed. The following alternative strategies were also used

(for the following linker-nanoparticle conjugates: 18 nm Au-Af; 50 nm Au-Af; 18 nm
Au-F; 18 nm Au-T, 18 nm Au-BHQ; 50 nm Au-BHQ):

Probe preparation-conjugates prepared by coupling of linker functionalized
nanoparticles to amino modified oligonucleotides in the presence of DMT
MM in 0.1 M PBS buffer (pH=7 and pH=7.2) or EDC'HCI, sulfo NHS in 0.1
M PBS (pH=6.0 in first step, pH=7.2 in second step) were also used as a
probes in DNA detection assay investigated within this work. Experimental
details are described in Sections 6.3.1, 6.3.3 and 6.3.5. In order to increase the
yield of the conjugation reaction the amide bond forming reaction was
performed twice for the same probes: after conjugation of linker
functionalized nanoparticles to ssDNA, prepared probes were centrifuged,
washed with water, then centrifuged again. Resuspension of the probes in
water or buffer (dependent upon type of coupling agent used) was followed by
second addition of DNA and coupling agent to the samples. Unfortunately no
significant change in the number of DNA strands attached to the linker-
nanoparticle conjugate was observed.

Preparation of mixed layer of linker and thiolated DNA on the
nanoparticles surface-the synthesized linkers were used as Raman tags in the
approach similar to the one described previously in the literature [50, 60, 68].
Gold nanoparticles were functionalized with thiolated oligonucleotides first
(with and without salt ageing), then the linker was added. Experimental details
are described in Section 6.3.2. It was observed that after addition of the linker
the nanoparticles started to slowly aggregate. The aggregation was faster in
solution with higher salt concentration. It was concluded that the linker
displaces the oligonucleotides from the nanoparticles which results in
aggregation of the colloid.

Target concentration-the concentration of complementary and non-
complementary targets used in the experiments were as indicated, for each

type of linker-nanoparticle conjugates, within this chapter, however
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concentrations the same as probes concentration, and 10, 50, 100, 500 and
1000 times higher than probes concentrations were also used. Experimental
details are described in Tables 10 and 11 in Section 6.5.

Hybridisation buffer- different hybridisation buffers, such as 0.1 M PBS
(pH=7.0; pH=7.2); 0.3 M PBS (pH=7.0; pH=7.2) [5, 7, 21, 22, 36, 37, 60, 76,
81]; 50 mM NaCl in 1xTris EDTA pH=7.5 [52] were also used in DNA
detection experiments performed with the use of all types of probes prepared.
Experimental details are given in Section 6.5.

Hybridisation conditions-after addition of complementary or non-
complementary target to the solution containing two types of nanoparticle
probes functionalized with different DNA strands the samples were either
heated to 75°C for 5-10 mins [21, 22, 82] or to 95°C for 5-10 mins [44, 52], or
frozen on dry ice [5, 20], as it was proven that it will remove secondary
structures and improve hybridisation efficiency. The samples were also allow
to hybridize to the targets at 37°C or at room temperature. Experimental
details are given in Section 6.5.

Preparation of mixed monolayers of linkers on the nanoparticles surface-
in order to increase the number of DNA strands which attach to the
nanoparticle surface (Au and Ag) and increase the stability of silver
nanoparticles probes in hybridisation buffers mixed monolayers containing 25,
50 or 75% of one of the synthesized linker and 75, 50 or 25% of Peg 41 TA
linker (the same as the one used for pH sensing probes preparation-Chapter 5)
or Peg 11 TA linker (prepared in similar way to Peg 41 TA linker but with the
use of shorter Peg unit) or short, thiolated oligonucleotide (SH AAAAA) or
thiolated Peg [SH-(CH;)o-CH,0-(C,H40),-CH,-CH,-OH) was formed on all
types of metallic nanoparticles used. Formation of such mixed monolayers on
metal surface should reduce the number of linker molecules, which attached to
metal surface, thus improve linker packing geometry and availability of linker
COOH groups for conjugation with amino-modified DNA. Experimental
details are described in section 6.3.2. Conjugates prepared in such a way were
then reacted with amino modified oligonucleotides in the presence of DMT
MM or EDCHCI (experimental details are given in section 6.3.5), then used

as probes in hybridisation assay. Formation of a mixed monolayer on the
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nanoparticles surface did not increase the stability of the silver nanoparticle
probes and did not improve significantly the number of DNA strands
conjugated to linkers attached to nanoparticle surface.

e Spacer bases -single stranded, amino modified DNA without a spacer or
containing 3 or 10 A spacer between the amino modifier and recognition
sequence were used for probe preparation.

e Probe concentration-the probe concentrations were kept constant in all
extinction experiments performed, however concentrations 2 and 3 times
higher were used in SERRS experiments. Experimental details are given in
Section 6.5.

e Different DNA sequences-all sequences used are listed in Appendix A

Unfortunately similar results were obtained in all experiments. Addition of
complementary target to the solution containing two probes mixed in a 1:1 molar ratio
did not cause red-to-purple colour change; broadening, decreasing and red shifting of
gold plasmon band or increase of the intensity of SERRS signal obtained from the
system, which would indicate that the nanoparticle aggregates were formed. This is
probably caused by the fact that very few DNA strands attached to each type of
conjugate. Low numbers of oligonucleotides attached to nanoparticles functionalized
with trifunctional, Raman active linkers allowing attachment of biomolecules to
nanoparticles surface by reacting free linker COOH groups with amine group of
molecule of interest have been reported in the literature. McKenzie et al. [65, 124]
found that the number of oligonucleotides attached to the linker functionalized 15 nm
Au nanoparticles vary between 0.3-24.5 strands per one nanoparticle dependent upon
the type of linker used. Those results are in close agreement with data obtained within
this work-it was found that number of DNA strands attached to 18 nm Au
nanoparticles functionalized with BHQ, aminofluorescein and fluorescein linkers
varies between 0.2-0.7 strands per one nanoparticle. About 25 oligonucleotides
attached to one 18 nm Au-T nanoparticle, when the coupling reaction is performed in
the presence of DMT MM in water. The use of the probes prepared by conjugation of
oligonucleotides to multifunctional linker molecules attached to metallic nanoparticles

surface was not reported in the literature.
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4.3 Conclusions

The following nanoparticle probes were used in a DNA detection assay based upon
formation of nanoparticle aggregates by hybridisation of the probes to a
complementary target: 18 nm Au-F-DNA, 18 nm Au-Af-DNA, 50 nm Au-Af-DNA,
18 nm Au-T-DNA, 18 nm Au-BHQ-DNA, 50 nm Au-BHQ-DNA. Conjugation of the
linker functionalized Ag EDTA nanoparticles to amino-modified oligonucleotides
was also possible, however the conjugates were not stable in buffers usually used for
DNA hybridizations [zeta potential values measured for oligonucleotide
functionalized Ag EDTA conjugates were very low (Table 7, Chapter 3) indicating
the low stability of the colloidal suspension] thus they were not used as probes in the
DNA detection assay. All probes used in the experiments were prepared by
attachment of the linker to the nanoparticle first, then linker terminal COOH groups
were conjugated to amino modified, single stranded DNA in the presence of DMT
MM in water. Conjugates prepared in such a way were assessed for their ability to
detect specific DNA sequences. In a typical experiment two probes containing
different DNA strands were mixed in a 1:1 molar ratio, then target complementary to
both probes (or non-complementary for control samples) was added. The samples
were heated for 5 mins at 75°C, then allow to hybridize at room temperature.
Hybridisation experiments described in this Chapter were performed in 0.1 M PBS,
pH=7.2; probes concentration was kept constant (1.62 nM for 18 nm Au probes,
3.78x10"" M for 50 nm Au probes), target concentration was dependent upon number
of DNA strands attached to each type of the probes. The changes occurring in the
samples after addition of fully complementary or imperfect sequence were monitored
by UV-Vis spectroscopy and by SERRS (Experimental details are described in
Section 6.5).

For all types of probes investigated addition of complementary target to the
solution containing two nanoparticle probes functionalized with different DNA
strands did not cause the expected increase in the intensity of SERRS signal obtained
from the sample. Additionally, only very weak or no signals at all were obtained. The
red shift, broadening and decreasing of the gold plasmon band in extinction spectra
indicating nanoparticle aggregate formation were also not observed in most of the
cases. Changes in extinction spectra were noted for samples containing 18 nm Au-F-

DNA and 18 nm Au-Af-DNA, however sharp melting transitions characteristic of
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nanoparticle aggregates formed by hybridisation of oligonucleotide functionalized
nanoparticles to complementary targets were not obtained indicating that the
aggregates were formed rather due to the low stability of the probes in DNA
hybridisation buffer rather than by hybridisation of the probes to the target in a
sequence specific manner.

The lack of the changes as indicated by extinction and SERRS spectra and no red-
to-purple colour change observed for the samples containing complementary target
make it impossible to discriminate between the samples containing fully
complementary and imperfect DNA sequence. The use of the nanoparticle conjugates
as probes for the detection of specific DNA sequences was not successful.

Metallic nanoparticles functionalized with thiolated or multithiol modified
oligonucleotide are most commonly used as probes in a sandwich assay format
allowing detection of specific DNA sequences [5, 7, 15, 23, 28, 110, 124]. It was
found that the DNA surface coverage obtained for such probes is much higher than
the one observed for the probes investigated within this work. For gold nanoparticles
functionalized with thiolated oligonucleotides the surface coverage varies between
12-20 [15], 13-50 [23], 15-35 [110] pmol/cm® dependent on the type of sequence
used. When thioctic acid modified oligonucleotides were used to functionalize gold
nanoparticles the surface coverage was found to be 7-60 pmol/cm? dependent on the
type of sequence. When the trithiol is used in the place of cyclic disulphide 80-130
DNA strands attached to one Au nanoparticle [28]. The DNA surface coverage for
silver nanoparticles functionalized with Raman tag and thiolated oligonucleotides was
found to be 35 pmol/cm® [60, 68]. These values are much higher than the surface
coverage values obtained in this work (0.02-2 for all types of Au nanoparticle
conjugates used in investigated DNA detection assay).

Low numbers of DNA strands attached to the nanoparticle surface might be caused
by non-specific adsorption of DNA on the nanoparticle surface, however it shouldn’t
be a problem when the metal surface is protected by a layer of linker molecules. Large
numbers of linker molecules attached to the nanoparticle surface (Table 1, Chapter 2)
could indicate that more than a monolayer of linker molecules is formed on the metal
surface. The linker molecules can be orientated in the layer in such a way that most of
the linker COOH groups are not available for conjugation with the amino-modified

oligonucleotides. When a smaller amount of linker was added to nanoparticles prior to
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oligonucleotide attachment the nanoparticles were unstable and irreversibly
aggregated after addition of DNA and the coupling agent.

Low yield of conjugation of terminal linker COOH groups to amino-modified
DNA might also be caused by a folded structure of the oligonucleotides used, which
would change the charge density on DNA molecules and could impair conjugation
process. The possibility of formation of folded secondary structures was checked for
all ssDNA strands used in hybridisation experiments using Professor M. Zuker’s
mfold software. It was found that formation of folded structures is possible for strands
1,2,4, 8 and 14 at 0.1 M NaCl concentration (Appendices A and F). For the rest of
the sequences folding is not possible under the same conditions. Adamcik et al. [148]
reported that in solution at very low salt concentration DNA does not form secondary
structures, thus it can be concluded that no folded DNA structures are formed when
linker functionalized nanoparticles are conjugated to oligonucleotides in water, in the
presence of DMT MM. Due to the fact that low DNA surface coverage values were
obtained for all types of linker functionalized nanoparticles conjugated to sequences
able and not able to form folded structures it was concluded that the possibility of
formation of secondary structures is not the main reason causing low yield of
investigated conjugation process.

Very low yield of reaction of all linkers synthesized with amino-modified
oligonucleotides were also observed when the coupling reaction was performed
before attachment of the linker to nanoparticle surface. This may be caused by the
formation of hydrogen bonds within the linker structure, thus the terminal COOH
groups may be hidden and not available for conjugation reaction.

It can be concluded that due to the very low number of DNA strands attached to
the linker-nanoparticle conjugates, they can not be used for detection of specific DNA
sequences either by extinction spectroscopy or by SERRS. Addition of
complementary target to the solution containing two probes functionalized with
different DNA sequences did not cause formation of larger nanoparticle aggregates by
hybridisation of the probes to complementary target.

The linkers can act as SERRS nanoparticle labels on their own right. Additionally,
due to the presence of the terminal COOH group which allows attachment of the
biomolecules, they can be useful for tagging antibodies and proteins. The low number

of biomolecules attached to the nanoparticles may be beneficial for some applications.
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Chapter 5

SERS as a pH sensor
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One of the aims of this thesis is to develop SERS active, pH sensitive probes,
which could be used for the detection of intracellular pH. This chapter describes
preparation of such probes and their use for the detection of pH inside HelLa and

macrophages cells.

5.1 Introduction

Acidification of endosomes is thought to play a central role in a number of
pathologies, including cystic fibrosis, kidney diseases and certain types of cancer [87,
88, 94, 95]. Thus the development of novel optical probes capable of providing
information regarding changes to the chemical environment inside living cells may
allow understanding of the biochemistry of diseases [87-89, 94, 136, 137]. Detection
of such intracellular changes is a vital area of biochemistry and cell biology research.

SERRS is a very sensitive, spectroscopic technique capable of providing
chemically specific information based on the unique vibrational modes of molecule
adsorbed on enhancing surface. It can be applied to the study of biological systems as
the low laser powers and short collection times make the technique suitable for
studying biological processes. Furthermore the high multiplexing capability due to the
large number of available probes and labels is another advantage of this spectroscopic
tool. SERRS also enables spatial high-resolution analysis, facilitating chemical
probing of intracellular structures [87, 97, 137, 140, 142]. Many different metals can
be used to provide surface enhancement, however gold and silver nanoparticles are
most commonly used for that purpose [51, 142].

Sharing a similar size range to many common biomolecules, metallic nanoparticles
can be used to prepare probes for biosensing and bioimaging in cell and molecular
biology research [138, 140, 141, 142, 143, 144]. It was reported that gold and silver
nanoparticles can be used to deliver enhanced SERS signal from biological molecules
present inside living cells. Additionally metallic nanoparticles functionalised with a
reporter molecule, after incubation with the cells, were found to be capable of
highlighting the intracellular structures by obtaining the SERS signature of Raman
active label used for probes preparation [55, 87-93, 95, 99, 138, 139]. When
nanoparticles are functionalised with a reporter molecule which exhibits pH
dependent SER(R)S responses, such probes can be used as intracellular pH sensors. A

number of Raman active molecules, including: 4-mercaptobenzoic acid [55, 87,93,
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95, 98, 99], 4-mercaptopyridine [85, 88, 90] and 2-aminothiophenol [89], have been
reported in the literature as potential pH probes. pH sensitive nanoparticles can be
introduced into living cells, allowing the detection of intracellular pH. It has been
reported that upon incubation nanoparticle probes are taken up by the cells by an
endocytotic mechanism and analysis has suggested they remain trapped in endosomes
and lysosomes. As such nanoparticle pH probes may be used to monitor the
acidification of endosomal pH, an important marker for the early detection of some
pathogenic diseases [87, 93, 95, 137, 140].

Diagnosis of disease phenotypes, identification of drug candidates and treatment of
diseases could all be significantly improved if efficient transport of materials, such as
nanoparticle based probes to the cell nucleus was possible [138, 139, 140]. Many
strategies allowing delivery of metallic nanoparticles into the cell nucleus exist, such
as: conjugation of cell penetrating peptides, such as TAT to the nanoparticle surface,
which forms biocompatible probes able to cross cell and nuclear membranes and
accumulate inside cell nucleus [138, 140, 141]; formation of a mixed monolayer of
nuclear localization sequences (NLS) and PEG or cell penetrating peptide on the
nanoparticle surface [139-141]; interaction between transferrin and its receptor [140];
the use of transfection reagents, such as polyethyleneimine; incorporation of
nanoparticles inside or on the surface of liposomes [140] and physical methods
(sonoporation, genegun, microinjection) [140]. In order to detect the pH values inside
other cell organelles, such as the nucleus, a mixed monolayer of a pH sensitive Raman
reporter and a molecule, which can be conjugated to cell penetrating peptides or other
molecules allowing the conjugate to cross cell and nuclear membranes, need to be

prepared.

5.2 2-aminothiophenol and 4-mercaptopyridine as pH sensing molecules

Two molecules exhibiting a pH dependent SERS signal were used within this work
to functionalise gold (18 nm) and silver (Ag citrate and Ag EDTA) nanoparticles: 4-
mercaptopyridine and 2-aminothiophenol. Probes were prepared by addition of a
1x10™ M solution of pH sensitive Raman reporter to gold or silver colloid. After 16
hours of incubation the probes were centrifuged. The supernatants were discarded, the
pellets washed with water, centrifuged (20 mins, 6500 rpm), then resuspended with
phosphate buffers with a pH range from 3 to 8 and incubated for a further 16 hours
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(experimental details are described in Section 6.6.1). Then SERS spectra of all probes
were taken using a laser excitation frequency of 633 nm. 5 samples of each kind were

incubated in each of the buffers; SERS spectra were recorded in triplicates.
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Figure 65:  SERS spectra of Ag EDTA nanoparticles functionalised with 4-mercaptopyridine
at different pH values (A) (inset shows peaks which intensities were used to prepare
titration curves); titration curves obtained (B, C).

In the case of the 4-mercaptopyridine functionalised nanoparticles, the largest
changes in the SERS spectra were observed for the following peaks: 1000 cm™ (when
pH increases the intensity decreases due to greater aromaticity of the 4-

mercaptopyridine protonated form), 1100 cm™ (the intensity increases when pH
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increases due to increasing double bond character of the C-S bond), 1610 cm ™ (due
to the protonation of 4-mercaptopyridine the intensity decreases, when pH increases)
and 1575 cm ' (the intensity increases when pH increases, this peak corresponds to
non-aromatic C=C vibrational modes in non-protonated molecule) [85, 88, 90].

The titration curves for 4-mercaptopyridine based pH sensing probes were
prepared by plotting the ratio of the intensities of the peaks at 1000 and 1100 cm™ or
1610 and 1575 cm™ versus pH of the buffer in which the probes were incubated
(Figure 65, B and C; Figure 68, B and C; Figure 70, B and C).

If the pKa values of all protons present in the analyte are known then the shape of
pH titration curves can, in principle, be predicted using the Henderson-Hasselbach

equation which is defined as:

pH = pKa + log [A]/[HA]
pOH = pKb + log [BH']/[B]

where: A-acid, B-base, pKa=-logKa, pKb=-logKb, Ka-the acid dissociation constant,
Kb-the base dissociation constant [2]. However, attempts to apply this equation to fit
the data obtained here were unsuccessful. One possible reason for this is due to the
fact that both pH sensing molecules used (4-mercaptopyridine and 2-
aminothiophenol) after adsorption on to the metal surface are not titrated. They are
equilibrated at different pH buffers and then the structural changes of the molecules
adsorbed on the metal nanoparticle surface are detected by SERS. The Henderson-
Hasselbach equation is usually used to calculate the concentration of [H+]/[OH-] ions,
which has to be added to the analyte solution in order toachieve the pH of the solution
equal to the pKa value of the proton present within the analyte.

Both types of silver nanoparticles used, after adsorption of 4-mercaptopyridine on
their surface, allow detection of pH values from 2-5 (Figure 65, B and C; Figure 67, B
and C), however the intensity of SERS signal obtained is much higher for Ag EDTA
probes. Interestingly gold nanoparticles functionalized with the same pH sensing

molecule allowed detection of pH values from 6 to 8.
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Figure 66: SERS spectra of Ag EDTA nanoparticles functionalised with 2-aminothiophenol at
different pH values (A) (inset shows peaks which intensity was used to prepare
titration curve); titration curve obtained (B).

The intensity of SERS signals obtained from Au probes is much lower than the one
observed for silver nanoparticles functionalised with 4-mercaptopyridine. Results
indicate that the type of nanoparticles used for the probe preparation have a big
influence on the sensor detection range. It can be concluded that due to the very
strong SERS signal obtained from Ag EDTA nanoparticles functionalised with 4-
mercaptopyridine, and the ability of detection for more acidic conditions, this type of
nanoparticle was chosen as most suitable to use along with this pH sensitive Raman
reporter in order to prepare probes for pH sensing.

For nanoparticles functionalised with 2-aminothiophenol the biggest changes in the
SERS spectrum were observed for the peaks at 1505 cm™ (benzene ring vibrations)
and 1390 cm” (NH, rocking mode, the intensity of the band increases when pH
increases). The titration curve for 2-aminothiophenol based probes was prepared by
plotting the ratio of the intensities of peaks at 1505 and 1390 cm™ against pH of the
buffer in which the probes were incubated (Figure 66 B, 68 B and 70 B).
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Figure 68:

SERS spectra of Ag citrate nanoparticles functionalised with 4-mercaptopyridine
at different pH values (A) (inset shows peaks which intensities were used to prepare
titration curves); titration curves obtained (B, C).
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SERS spectra of Ag citrate nanoparticles functionalised with 2-aminothiophenol
at different pH values (A) (inset shows peaks which intensities were used to
prepare titration curve); titration curve obtained (B).
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Figure 69: SERS spectra of 18 nm Au nanoparticles functionalised with 4-mercaptopyridine at

different pH values (A) (inset shows peaks which intensities were used to prepare titration
curves ); titration curves obtained (B,C).
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Figure 70:  SERS spectra of 18 nm Au nanoparticles functionalised with 2-aminothiophenol at different
pH values (A) (inset shows peaks which intensities were used to prepare titration curve);
titration curve obtained (B).
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Ag EDTA nanoparticles functionalised with 2-aminothiophenol allows the detection

of pH values between 5-7. The Ag citrate and 18 nm Au nanoparticles functionalised

with the same pH sensitive Raman reporter were unable to allow detection of pH

values of the surrounding medium (Figures 68 and 70).

Due to higher intensity of SERS signals obtained from probes containing 4-

mercaptopyridine and its broader pH detection range only 4-mercaptopyridine was

carried forward to further work.

5.3 Nanoparticles with mixed monolayer of Peg 41-TA linker and 4-

mercaptopyridine.
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Figure 71:

Synthesis of the PEG 41-TA linker (31); (i) succinic anhydride, DMAP, DCM; (ii)
O, O’-bis-(2-aminopropyl)-polypropylene glycol-block-polyethylene glycol-block-
polypropylene glycol 1900, DIC, DCM; (iii) thioctic acid, DIC, DCM; (iv) 10%
TFA/DCM.

When nanoparticles are incubated with cells they are believed to be taken up by

the cell through an endocytotic mechanism. Further analysis suggests, that the
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nanoparticles, after passing the cell membrane, remain trapped in endosomes. The
exposure of nanoparticles into cell medium during their incubation with the cells can
also have a big influence on nanoparticle uptake due to numerous non-specific
interactions between nanoparticles and cell medium components. One of the ways to
overcome those non-specific interactions is to functionalise the nanoparticles surface
with PEG. Many authors have reported that covering the nanoparticle surface with
PEG can impair nanoparticles uptake [140, 145, 146], however conflicting reports
indicate that the uptake of PEG modified nanoparticles into cells is possible [140].
Additionally it was reported that formation of a mixed monolayer of cell penetrating
peptide or NLS and PEG on the nanoparticle surface can significantly improve the
nanoparticle uptake [140, 147] and make it possible to deliver nanoparticles into the
cell nucleus [138-141].

In order to prepare pH sensing nanoparticles, which could be delivered to the cell
nucleus a mixed monolayer of PEG 41-thioctic acid linker (Peg 41-TA) and pH
sensitive Raman reporter-4-mercaptopyridine was formed on Ag EDTA nanoparticles
surface. Experimental details are described in Section 6.6.2. The use of PEG 41-TA
prevents non-specific interactions of nanoparticles with proteins present in cell
medium, and also, due to the presence of a free COOH group within the linker
structure, allows conjugation of prepared pH sensitive probes to biomolecules, such as
peptides or DNA.

Wang resin, which is commonly used for solid phase synthesis, was chosen as a
solid support during PEG 41-TA linker synthesis. It was used in a similar way during
the BHQ linker synthesis. In the first step of the synthesis the resin was reacted with
succinic anhydride in the presence of DMAP to form modified resin (28). Terminal
COOH groups of (28) were then reacted with O, O’-bis-(2-aminopropyl)
polypropylene glycol-block-polyethylene glycol-block polypropylene glycol 1900
(PEG 41) to form (29). In the next stage of the synthesis primary NH, groups present
on the solid support (29) were reacted with thioctic acid in the presence of DIC to
form the modified support (30). Newly formed PEG 41-TA linker (31) was cleaved
from the resin by the use of 10% TFA in DCM (Figure 71). All experimental details
are described in Section 6.1.5.

In order to prepare a mixed monolayer of 4-mercaptopyridine and PEG 41-TA on a
Ag EDTA surface a solution containing 75 or 50% of 1x10~ M 4-mercaptopyridine
(in MeOH) and 25 or 50% of PEG 41-TA (1x10” M in MeOH) was added to Ag
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EDTA nanoparticles. The samples were allowed to react for 16 hrs, then they were
centrifuged. The pellets were washed with water, before incubation in one of the
phosphate buffers (pH between 2-8) for 16 hrs. Experimental details are given in
Section 6.6.2. SERS spectra of all prepared samples (5 of each kind were incubated
in each of the buffers) were taken in triplicate using a laser excitation frequency of

633 nm.
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Figure 72:  SERS spectra of Ag EDTA nanoparticles functionalised with 25% of PEG 41-TA
and 75% of 4-mercaptopyridine using excitation at 633nm. The inset shows peaks
taken into account during preparation of titration curves.

The intensity of SERS signals obtained from the probes prepared by formation of
the mixed monolayer containing 25 or 50% of PEG 41-TA linker and 4-
mercaptopyridine on Ag EDTA nanoparticles is similar to the intensity of SERS
signals obtained from Ag EDTA-4-mercaptopyridine probes (Figures 65, 72 and 74).
Titration curves for those probes were prepared in the same way as for Ag EDTA
nanoparticles functionalised with 4-mercaptopyridine. The ratios of the intensities of
the peaks at 1000 and 1100 cm™ or 1610 and 1575 cm™ versus pH value of the buffer

in which the samples were incubated were plotted (Figures 73 and 75).
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Figure 73:  Titration curves obtained from the probes prepared by formation of mixed
monolayer of 4-mercaptopyridine (75%) and PEG 41-TA (25%) on Ag EDTA
surface.
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Figure 74:  SERS spectra of Ag EDTA nanoparticles functionalised with 50% of PEG 41-TA
and 50% of 4-mercaptopyridine using excitation at 633nm. The inset shows peaks
taken into account during preparation of titration curves.
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Figure 75:  Titration curves obtained from the probes prepared by formation of mixed
monolayer of 4-mercaptopyridine (50%) and PEG 41-TA (50%) on Ag EDTA
surface.

It can be concluded that the formation of mixed monolayer of 4-mercaptopyridine
and PEG 41-TA linker on Ag EDTA surface does not cause any changes to the
sensitivity of the prepared pH sensor. The pH sensing range of the probes containing
PEG 41-TA and 4-mercaptopyridine is the same as the one observed for Ag EDTA
nanoparticles functionalised with 4-mercaptopyridine only. All prepared pH sensing
probes allow detection of pH values between 2 and 5. Similar results were obtained
for pH sensitive probes with monolayers containing 25 and 50% PEG 41-TA linker
on their surface. When monolayer contains 50% PEG 41-TA linker there is a
possibility of conjugation of the probe to a larger number of biomolecules of interest,
thus pH sensitive probes with monolayer containing 50% of PEG 41-TA linker and

50% of 4-mercaptopyridine were carried forward to further work.
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5.4 Oligonucleotide functionalised nanoparticles as a probes for pH sensing

It has been reported that conjugation of nanoparticles to cell penetrating peptides
or NLS’s make it possible to deliver the nanoparticles into cell nucleus [138-141]. In
order to check if addition of biomolecules (in this case ssDNA) did not cause any
changes in the pH sensing range of the prepared sensor a mixed monolayer of 4-
mercaptopyridine (50%) and PEG 41-TA (50%) was formed on Ag EDTA

nanoparticles.
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Figure 76:  SERS spectra of Ag EDTA nanoparticles functionalised with 50% of PEG 41-TA
and 50% of 4-mercaptopyridine after oligonucleotides attachment using excitation
at 633nm. Inset shows peaks taken into account during preparation of titration
curves.

The terminal COOH groups of the PEG 41-TA linker were conjugated to amino
modified ssDNA (5> AAA TTC TTC TAC G 3’) in the presence of DMT MM in
water. The prepared oligonucleotide functionalised nanoparticles were washed with
water in order to remove non-conjugated oligonucleotides. Experimental details
regarding preparation of pH sensitive probe conjugated to oligonucleotides are
described in Section 6.6.3. The nanoparticles were then incubated in phosphate
buffers with a pH range from 2 to 8. SERS spectra of all samples (in triplicate) were
taken using excitation at 633 nm. The titration curves were prepared in the same way
as previously described for Ag EDTA-4-mercaptopyridine and Ag EDTA-4-
mercaptopyridine/PEG 41-TA probes.

The intensity of SERS signal obtained from oligonucleotide functionalised Ag
EDTA-4-mercaptopyridine/PEG 41-TA (50/50) probes is slightly lower than the
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intensity of SERS signals obtained from the same probes prior to oligonucleotide

attachment (Figures 72 and 74).
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Figure 77:  Titration curves obtained from oligonucleotide functionalised Ag EDTA-4-
mercaptopyridine/PEG 41-TA (50/50) pH sensing probes.

Similarly as for Ag EDTA-4-mercaptopyridine and Ag EDTA-4-
mercaptopyridine/PEG 41-TA probes titration curves obtained for oligonucleotide
functionalised Ag EDTA pH sensing probes allows to detect pH values between 2 and
5 (Figure 77), however error bands calculated for those probes are bigger than the one
calculated for the probes in the absence of oligonucleotides. It might be caused by the
fact that oligonucleotides contain a lot of Lewis base sites within their structure, thus
the competitive protonation of those sites with the 4-mercaptopyridine may occur.

A similar experiment was performed using 18 nm Au nanoparticles as a SERS
template. Mixed monolayers of 50% 4-mercaptopyridine and 50% PEG 41-TA was
prepared on the nanoparticle surface, before the terminal COOH group of the linker

was conjugated to the same DNA sequence as the one used for preparation of
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oligonucleotide functionalised Ag EDTA probes. Again DMT MM in water was used
as an amide linkage forming reagent. The intensity of SERS signals obtained from
oligonucleotide functionalised Au nanoparticles was much higher than the intensity of
the SERS signals obtained from the probes which lack oligonucleotides (Figure 69
and 78). Such a big increase of the intensity is probably caused by formation of small
aggregates (dimers, trimers) during oligonucleotides conjugation. Change of the
orientation of Raman active molecule on nanoparticles surface causes only small
changes of the intensity of SERS signals observed from the system. This assumption
was confirmed by DLS and zeta potential measurements (Table 9). A large increase of
the hydrodynamic diameter of the functionalised nanoparticles was observed after
conjugation of 18 nm Au-4-mercaptopyridine-PEG 41 (50/50) to amino modified
DNA. The increase of the size is accompanied by the decrease of zeta potential value,

indicating that the nanoparticle suspension is not stable.
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Figure 78:  SERS spectra of 18 nm nanoparticles functionalised with 50% of PEG 41-TA and
50% of 4-mercaptopyridine after oligonucleotides attachment using excitation at
633nm. Inset shows peaks taken into account during preparation of titration
curves.

Interestingly, the pH sensing range of 18 nm Au-4-mercaptopyridine/ PEG 41-TA-
DNA [2-5 (Figure 79)] differs significantly from the pH sensing range of 18 nm Au
functionalised with 4-mercaptopyridine only [6-8 (Figure 69 C)]. However the error
bands calculated for 18 nm Au pH sensing probes are much bigger than the one

calculated for oligonucleotide functionalised Ag EDTA pH sensitive probes, thus it
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can be concluded that Ag EDTA-4-mercaptopyridine based probes offer better

sensitivity and will be used as probes in a further work in this area.

Table 9: Zeta particle size (diameter) and zeta potential of formed 18 nm Au based pH
sensing probes.

Zeta particle size | Zeta potential
Type of probes
yPeoTP [nm] [mv]
18 nm Au 36.50+1.54 -34.54£9.0
18 nm Au-4-Mercaptopyridine 41.97+2.31 -31.845.3
18 nm Au-4-Mercaptopyridine/PEG 41-TA (50/50) 51.20+2.43 -41.6+6.6
Oligonucleotide functionalised 18 nm Au-4-
Mercaptopyridine/PEG 41-TA (50/50) 92.15+26.6 -21.543.3
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Figure 79: Titration curves obtained from oligonucleotide functionalised 18 nm Au-4-

mercaptopyridine/PEG 41-TA (50/50) pH sensing probes.

5.5 pH sensing inside cells
In order to use pH probes to detect a pH value inside cells, Ag EDTA

nanoparticles functionalised with 4-mercaptopyridine were incubated with

macrophages (white blood cells responsible for the immune response through
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phagocytosis) for 24 hrs, at 37°C, 5% CO,. The cells were fixed by the use of 5% of
paraformaldehyde. Experimental details are described in Section 6.6.4. The bright-
field image and corresponding SERS map of the cells after incubation with pH
sensing probes are shown in Figure 81. The presence of intense SERS signals
(represented by bright colours) were obtained from some parts of the cell indicating
that during incubation the silver nanoparticle sensing probes were uptaken by the

cells.

(A

(B)

Figure 80: Bright-field image of macrophages after incubation with silver sensing probes
and fixing (A). (B) SERS map of the same macrophages as in (A). Courtesy of Dr
Ross Stevenson and Maartje Geboers.

The SERS map presented in Figure 80 B was created by taking the SERS spectra,
using an excitation frequency of 633 nm, for each pixel of the map. The brighter areas
visible on the map can be assigned to the places within the cell where more intense
SERS signals are obtained (Figure 81 B, C and D). Shown by the absence of colour in
Figure 81 A no SERRS signal were obtained when laser beam was focused outside

the cells.
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SERS spectra of the area outside the cell (A), different areas of the same cell (B
and C). Crosshairs indicate where the laser beam was focused. D- scale of the
intensity of observed SERRS signal (plotted for signal at 1000 cm™). Courtesy of
Dr Ross Stevenson and Maartje Geboers.
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Figure 82: pH map of the macrophages cells (bottom) with the scale indicating the value of the
ratio of the intensities of the SERS peaks at 1000 and 1100 cm™. The top graph
helps to visualise the macrophage cell on the pH map. Courtesy of Dr Ross
Stevenson and Maartje Geboers.

In order to create the pH map of the macrophage cells used in this study the ratio of
the intensities of the peaks at 1000 and 1100 cm™ was calculated for each pixel of the
created SERS map (Figure 82). Unfortunately the software used does not allow
calculation of the ratios of the intensities of the peaks of interest only from the areas
where the SERS signal is produced, thus the ratio was calculated also for the areas of
the sample where the SERS active probes were not present. The work on the creation
of new software allowing calculation of the ratio of the intensities of the Raman peaks
only from the parts of the map where the nanoparticles are present is ongoing within
the group and with Renishaw.

Figure 82 indicates that the ratio of the intensities of the peaks at 1000 and 1100
cm™ calculated for the SERS signals obtained from the pH sensing probes present
inside macrophages cells is 0.95 to 1.30. The pH value can be calculated from the
titration curve obtained for the Ag EDTA nanoparticles functionalised with 4-
mercaptopyridine (Figure 65). It was found that the pH value inside macrophage cells

is equal to 3.13 (for the ratio of the peaks intensities equal 1.3-white colour on the
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SERS map) to 4.39 (for the ratio of the peak intensities equal to 0.95-dark blue colour
on the SERS map). It was reported in the literature that pH inside macrophages
endosomes varies between 6 (early endosomes) and 4.7-4.8 (lysosomes) [149-151].
After 24 hours of incubation of the pH probe with the macrophages most of the
nanoparticles were probably present in lysosomes-the dark blue areas on the SERS
map probably correspond to them. Lower pH value was probably detected in the areas
of the cell where nanoparticle probes were not present and SERS signal not detected.
A similar experiment was performed with the use of the same type of pH sensing

probes and human HeLa cells.

QY

(B)

Figure 83: Bright-field image (A) and SERS map (B) of the same HeLa cells after 24 hrs of
incubation with Ag EDTA-4-mercaptopyridine pH sensing probes. Courtesy of
Dr Ross Stevenson and Maartje Geboers.
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Figure 84:

SERS spectra of: the area outside the cell (A), different areas of the same cell (B
and C). D- scale of the intensity of SERS signal (plotted for signal at 1000 cm™)
observed from different areas of the same HelLa cell. Courtesy of Dr Ross
Stevenson and Maartje Geboers.
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The cells were incubated with Ag EDTA-4-mercaptopyridine nanoparticles for 24 hrs
at 37°C, 5% CO,. Then they were fixed for 5 mins by the use of 5% of
paraformaldehyde. The bright-field image and the SERRS map of HeLa cells are
presented in Figure 83.

It can be concluded that fewer nanoparticles were taken up by the HeLa cells than
by the macrophage cells (Figure 80). It can be explained by the fact that macrophages
are specialized phagocytotic cells which protect leaving organisms by ingestion of the
harmful, foreign nanoparticles. Similarly as in the previous experiment when the laser
beam was focused outside the cell area no SERS signals were obtained (Figure 84 A).
Intensities of SERS signals obtained from different parts of the cells differs as well
(Figures 84 B, C and D).

- 06

Figure 85: pH map of the HelLa cells (bottom graph) with the scale indicating the value of the
ratio of the intensities of the SERS peaks at 1000 and 1100 cm™. The top graph
helps to visualize the HeL a cell on the pH map. Courtesy of Dr Ross Stevenson and
Maartje Geboers.

The pH map of the HeLa cells created by calculating the ratios of the intensities of
SERS peaks at 1000 and 1100 cm™ is shown in Figure 85. The value of the ratio of
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the intensities of the peaks taken into account is from 1.05 to 2 for the SERS spectra
obtained from the cell area. The pH value inside HeLa cells, calculated from the
titration curve obtained for the Ag EDTA-4-mercaptopyridine sensing probe (Figure
88) was found to be between 1.39 (red colour on the map) and 3.99 (blue colour on
the map). Similarly as in previous experiment used software calculated the ratios of
the intensities of the peaks of interest for each pixel of the map, not only for the areas
of the cell where nanoparticle probes were present and SERS signal obtained. It was
reported in the literature that the pH value inside HeLLa endosomes varies between
6.5-6.2 (early endosomes), 5.6-5.5 (late endosomes), <4.5 (lysosomes) [152, 153].
After 24 hours of incubation of the cells with nanoparticle probes most of the
nanoparticles were probably present in lysosomes, thus the blue areas on the SERS
map (pH~4) probably correspond to them. Low pH value (1.39) was probably
detected in the areas of the cell where nanoparticle probes were not present and SERS

signal not obtained.

5.6 Conclusions

Two different pH sensitive SERS active molecules: 4-mercaptopyridine and 2-
aminothiophenol were used to functionalise the following types of metallic
nanoparticles: 18 nm Au, Ag EDTA and Ag citrate. Both pH sensing molecules
investigated contain a thiol group within the structure, thus can be easily attached to
the nanoparticles surface via formation of a metal-sulphur bond. SERS active, pH
sensitive probes were incubated in phosphate buffers with pH values differing from 2
to 10, and then SERS spectra of the probes were recorded using a laser excitation
frequency of 633 nm. It was found that the best sensitivity and highest SERS signal
intensity were obtained for Ag EDTA nanoparticles functionalised with 4-
mercaptopyridine, thus this assembly was used in further experiments.

It was reported that conjugation of metallic nanoparticles to cell penetrating
peptides or NLS make it possible to deliver nanoparticles into the cell nucleus [138-
141]. Thus a mixed layer of 4-mercaptopyridine and PEG41-TA linker was formed on
Ag EDTA nanoparticles. Probes prepared in such a way allow the measurement of pH
in the surrounding media and also, due to the presence of free COOH group within the
PEG 41-TA linker structure, allow conjugation of the probes to biomolecules such as

DNA or proteins. Additionally the presence of PEG in the layer formed on
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nanoparticles surface helps to prevent non-specific interactions of the probes with the
components of the cell media. Ag EDTA-4-mercaptopyridine/PEG 41-TA conjugates
were then reacted with amino-modified DNA in the presence of DMT MM in water.
It was found that additional modifications of the surface of Ag EDTA nanoparticles,
such as formation of a mixed monolayer of pH sensing molecule and PEG 41-TA
linker or conjugation of the probes to DNA has no influence on the sensitivity of the
pH sensor. The pH sensing range of Ag EDTA-4-mercaptopyridine, Ag EDTA-4-
mercaptopyridine/PEG 41-TA, Ag EDTA-4-mercaptopyridine/PEG 41-TA-DNA is
the same, with detection possible from pH 2 to 5.

In order to check if the prepared pH sensor allows the detection of intracellular pH,
Ag EDTA-4-mercaptopyridine probes were incubated with macrophages and Hela
cells. It was found that in both cases the nanoparticles were taken up by the cells. The
SERS maps of the cells were than created by taking the SERS spectrum of each pixel
of the map. Calculating the ratio of the intensities of the peaks of interest (in case of
4-mercaptopyridine peaks at 1000 and 1100 cm™) for each pixel of the SERS map
made it possible to create a pH map of the cell. Experiments indicate that after 24 hrs
of incubation of the probes with the cells the nanoparticles were trapped inside
lysosomes. The pH value inside lysosomes of HeLa cell was detected to be 3.99;
inside lysosomes of macrophages cell 4.39. Obtained data are with close agreement
with reported in the literature pH values which were detected inside lysosomes of the
same cell types.

Further work described within this chapter, involving preparation of Ag EDTA-4-
mercaptopyridine/PEG 41-TA probes conjugated to a nuclear localization sequence
peptide and use of such probes to detect the pH value inside the cell nucleus are
currently ongoing within the Centre for Molecular Nanometrology at the University
of Strathclyde.

All experiments described in section 5.5 were conducted by Dr Ross Stevenson

and Maartje Geboers.
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Chapter 6

Experimental
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6.1 Chemistry

General methods

Reagents were purchased from Aldrich, Acros Organics, Alfa Aesar, Ana Spec,
New England BioLabs or Cambridge Bioscience Ltd and used without further
purification. "H NMR and ?C NMR experiments were recorded on a Bruker DPX 400
MHz spectrometer with the appropriate solvent peak as a reference. J values are
quoted in Hertz. Mass spectrometry was carried out as a service by the EPSRC

National Mass Spectrometry Service Centre, Swansea.

6.1.1 Synthesis of the 6-aminofluorescein linker

Ethyl 4-amino-2-(6-hydroxy-3-oxo-3H-xanthen-9-yl) benzoate (1) (Ethyl 2-
(6-hydroxy-3-oxo-3H-xanthen-9-yl) benzoate (7)). H,SO4 (Af: 0.77 ml, 14.4 mmol;
F: 0.80 ml, 15.00 mmol) was added dropwise to the suspension of 6-aminofluorescein
(A1) (1.00 g, 2.88 mmol) or fluorescein (F) (1.000g, 3.0 mmol) in EtOH. After stirring
at reflux for 24 hrs the EtOH was removed under reduced pressure. The residue was
diluted in CHCI; with a few drops of MeOH. Solid NaHCO; was added until gas
evolution ceased. The resulting mixture was filtered, then the organic phase was dried
over anhydrous Na,SO,, filtered and concentrated under reduced pressure. The
residue was subjected to silica gel chromatography eluting with EtOAc, then
MeOH/DCM (1:9) to afford the title compound as a dark orange solid (1) (1.082 g,
99%) or brown solid (7) (0.814 g, 75%).

1: '"H NMR (400 MHz, DMSO) & 0.86 (3H, t, 7.1, CH3), 3.71 (2H, q, 7.1, CH,), 6.43
(1H, s, CH), 6.66 (4H, d, 7.4, 4xCH), 6.78 (1H, d, 8.7, CH), 7.01 (2H, d, 9.7, 2xCH),
789 (1H, d, 87, CH). "C NMR (100.62 MHz, DMSO)
8 13.50, 15.09, 59.62, 61.07, 102.92, 113.57, 113.97, 114.60, 115.15, 130.50, 132.81,
135.81, 152.83, 164.58. HRMS 376.20 [(M+H) "] (C2,H30sN requires 376.62).

7: "H NMR (400 MHz, DMSO) & 0.83 (3H, t, 8.0, CH3), 3.91 (2H, q, 8.0, CH,), 5.75
(1H, s, OH), 7.07 (2H, d, 10.0, 2xCH), 7.22 (2H, s, 2xCH), 7.29 (2H, d, 12.0, 2xCH)),
7.54 (1H, d, 6.0, CH), 7.86 (1H, t, 8.0, CH), 7.93 (1H, t, 8.0, CH), 8.28 (1H, d, 8.0,
CH). °C NMR (100.62 MHz, DMSO) & 13.29, 15.10, 61.11, 61.24, 102.35, 116.13,
120.56, 129.43, 130.15, 130.88, 130.97, 132.62, 133.18, 158.32, 164.50, 171.35.
HRMS 361.11 [(M+H) "] (C2H ;705 requires 361.17).
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Ethyl 4-amino-2-[(6-tert-butoxy-2-oxoethoxy)-3-0x0-3H-xanthen-9-yl]
benzoate (2) (Ethyl 2-[6-(2-tert-butoxy-2-oxoethoxy)-3-0x0-3H-xanthen-9-yl]
benzoate (8)). tert-butyl bromoacetate (Af: 0.47 ml, 3.17 mmol; F: 0.37 ml, 2.48
mmol) was added to the mixture of compounds (1) (1.082 g, 2.88 mmol) or (7) (0.814
g, 2.26 mmol) and K,COs3 (Af:0.44 g, 3.17 mmol; F: 0.34 g, 2.48 mmol) in the
minimum amount of DMF. After stirring for 3 hrs at room temperature the reaction
mixture was diluted with H,O and extracted with EtOAc (3x20 ml). The organic
phase was washed with 1M NaHCO; and sat. NaCl, then dried over anhydrous
Na,SOq, filtered and concentrated under reduce pressure. The residue was subjected
to silica gel chromatography eluting with EtOAc, then MeOH/DCM (1:9) giving 0.79
g (2) or 0.66 g (8) of title compounds as an orange solids (2: 56%; 8: 62%) .

2: '"H NMR (400 MHz, DMSO) & 0.84 (3H, t, 7.1, CH3), 1.43 (9H, s, C(CH3)3), 3.81-
3.89 (2H, m, CH,), 4.86 (2H, s, CH»), 6.21 (1H, s, CH), 6.39-6.45 (2H, m, 2xCH),
6.77 (1H, d, 7.6, CH), 6.90 (3H, m, 3xCH), 7.16 (1H, s, CH), 7.89 (1H, d, 8.7, CH).
BC NMR (100.62 MHz, DMSO) & 13.54, 27.68, 59.62, 81.80, 104.44, 113.42,
129.01. HRMS 490.76 [(M+H)'] (C2sH2307N requires 490.20).

8: '"H NMR (400 MHz, DMSO) § 0.85 (3H, t, 8.0, CH3), 1.42 (9H, s, C(CHs)3), 3.92-
4.05 (2H, m, CH,), 4.87 (2H, s, CHy), 6.44 (1H, s, CH), 6.38 (1H, d, 8.0, CH), 6.80-
6.92 (3H, m, 3xCH), 7.20 (1H, s, CH), 7.50 (1H, d, 8.0, CH), 7.76 ( 1H, t, 4.0, CH),
7.79 ( 1H, t, 8.0, CH), 8.18 (1H, d, 8.0, CH). °C NMR (100.62 MHz, CDCls) & 13.86,
13.92, 28.40, 53.73, 61.74, 104.14, 114.01, 115.33, 122.43, 129.60, 130.08, 130.60,
130.79, 130.91, 131.02, 131.52, 131.61, 132.76, 132.91, 134.38, 135.52, 155.47,
158.01, 165.70, 175.75. HRMS 475.1751 [(M+H) '] (C,sH2707 requires 475.1751).

2-{9-[5-amino-2-(ethoxycarbonyl)phenyl]-3-oxo-3H-xanthen-6-yloxy}  acetic
acid (3) (2-{9-[2-(ethoxycarbonyl)phenyl]-3-oxo-3H-xanthen-6-yloxy}acetic acid
(9)). TFA (3 ml) was added to the solution of 2 (0.79 g, 1.61 mmol) or 8 (0.66 g, 1.40
mmol) in DCM (3 ml). After stirring for 3 hrs at room temperature DCM and TFA
were evaporated. The residue was solidified by addition of diethyl ether, then it was
filtered and washed with the same solvent giving after drying 0.36 g of the title
compound as an orange solid (52%) (3) or 0.33 g of a title compound as a dark

yellow solid (57%) (9).
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3: 'TH NMR (400 MHz, DMSO) & 0.85 (3H, t, 5.7, CH3), 3.82-3.89 (2H, m, CH,), 4.96
(2H, s, CH,), 6.46 (1H, s, CH), 6.55 (1H, s, CH), 6.64 (1H, d, 7.7, CH), 6.81 (1H, d,
7.0, CH), 7.05 (1H, d, 7.2, CH), 7.13-7.16 (2H, m, 2xCH), 7.33 (1H, s, CH), 7.91
(1H, d, 8.7, CH). C NMR (100.62 MHz, DMSO) & 13.54, 59.74, 65.23, 101.16,
103.78, 113.77, 113.97, 115.07, 115.34, 116.42, 131.44, 132.84, 135.55, 152.89,
154.51, 158.69, 164.54, 169.21. HRMS 434.20 [(M+H)"] (C4H200;N requires
434.70).

9: '"H NMR (400 MHz, DMSO) & 0.86 (3H, t, 7.1, CH3), 3.93-4.01 (2H, m, CH,),
4.95 (2H, s, CH,), 6.49 (1H, s, CH), 6.57 (1H, d, 9.6, CH), 6.95-7.04 (3H, m, 3xCH),
7.32 (1H, s, CH), 7.52 (1H, d, 7.6, CH), 7.79 (1H, t, 7.7, CH), 7.87 (1H, t, 7.5, CH),
821 (1H, d, 82 CH). "“C NMR (100.62 MHz,  DMSO)
§ 13.32, 60.96, 65.16, 101.28, 104.22, 114.62, 129.42, 129.83, 130.19, 130.49, 130.71
130.87, 169.26. HRMS 419.40 [(M+H)"] (Ca4H,907 requires 419.20).

tert-butyl  1-{[9-(5-amino-2-ethoxycarbonyl)  phenyl]-3-ox0-3H-xanthen-6-
yloxy}-2-0x0-6, 9, 12-trioxa-3-azapentadecan-15-oate (4). (3) (0.36 g, 0.83 mmol)
was dissolved in small amount of DMF. HATU (0.378 g, 0.995 mmol) and DIPEA
(0.32 g, 2.500 mmol) were added. After stirring for 15 minutes at room temperature
tert-butyl-12-amino-4,7,10-trioxadodecanoate (0.23 g, 0.83 mmol) was added. After
stirring for 3 hrs at room temperature another portions of HATU (0.378 g, 0.995
mmol) and DIPEA (0.32 g, 2.500 mmol) were added. After stirring for another 20 hrs
at room temperature the reaction mixture was diluted with water, then extracted with
Et,0O (3x20 ml). The organic phase was dried over anhydrous Na,SOy, filtered and
concentrated under reduced pressure. The residue was subjected to silica gel
chromatography eluting with MeOH/DCM 1-20% giving 0.142 g of a title compound
(25%) as an orange solid. "H NMR (400 MHz, DMSO) & 0.86 (3H, t, 7.1, CH3), 1.42
(9H, s, C(CHj3)3), 2.40 (2H, t, 6.2, CH>), 2.85 (2H, t, 5.4, CH,), 3.48-3.52 (10H, m,
5xCH,), 3.56 (2H, t, 6.2, CH>), 3.81-3.91 (2H, m, CH»), 4.32 (2H, s, CH), 6.20 (1H,
s, CH), 6.30 (2H, s, NH,), 6.36 (1H, d, 9.7, CH), 6.42 (1H, s, CH), 6.76-6.82 (2H, m,
2xCH),6.89-6.93 (3H, m, 3xCH), 7.88 (1H, d, 8.7, CH). *C NMR (100.62 MHz,
DMSO) 0 13.63,27.76, 35.81, 66.22, 69.65. HRMS 693.3018 [(M+H)",
(C37H44011N; requires 693.3020).
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tert-butyl 1-{9-[5-(1,2-dithiolan-3-yl)  pentanamido]-2-[(ethoxycarbonyl)
phenyl]-3-oxo-3H-xanthen-6-yloxy}-2-0x0-6, 9, 12-trioxa-3-azapentadecan-15-
oate (5). Thioctic acid (0.107 g, 0.210 mmol) and DIC (0.132 g, 0.520 mmol) were
added to the solution of (4) (0.142 g, 0.210 mmol) in DCM. After stirring for 48 hrs at
room temperature the reaction mixture was concentrated under reduced pressure. The
residue was subjected to silica gel chromatography eluting with MeOH/DCM
(0.1:9.9), then (0.5:9.5) giving 0.18 g of title compound as a yellow solid (97%) 'H
NMR (400 MHz, Acetone) 6 0.95 (3H, t, 7.2 CH3), 1.49 (9H, s, C(CH3)3), 1.69-1.75
(6H, m, 3xCH»), 1.90-1.95 (2H, m, CH,), 2.35 (2H, t, 6.5, CH,), 2.45 (2H, t, 6.5,
CH,), 3.11-3.20 (2H, m, CH»), 3.50-3.64 (12H, m, 6xCH»), 3.55 (2H, t, 5.2, CH),
3.95-4.01 (2H, m, CH,), 4.60 (2H, s, CH»), 6.44 (1H, s, CH), 6.48 (1H, s, CH), 6.55
(1H, d, 9.7, CH), 6.79 (1H, d, 8.9, CH), 6.83 (1H, d, 8.6 CH), 6.97-7.07 (3H, m,
3xCH), 8.08 (1H, d, 86, CH). “C NMR (100.62 MHz, DMSO)
5 25.64, 26.28, 26.74, 28.34, 29.41, 29.44, 30.40, 30.43, 70.26. HRMS 881.3327
[(M+H) ] (C45Hs5701,N,S; requires 881.3347).

1-(9-{5-[5-(1,2-dithiolan-3-yl) pentanamido]-2-(ethoxycarbonyl) phenyl}-3-
oxo-3H-xanthen-6-yloxy)-2-oxo0-6, 9, 12-trioxa-3-azapentadecan-15-oic acid (6-
aminofluorescein linker) (6) TFA (3 ml, 99.5%) was added to the solution of (5)
(0.18 g) in DCM (3 ml). After stirring for 3 hrs at room temperature DCM and TFA

were removed under reduced pressure. The residue was solidified by addition of
diethyl ether, then it was filtered and washed with the same solvent and dried to afford
the title compound as a yellow solid (0.165 g, 98 %). '"H NMR (400 MHz, Acetone)
d 0.92 (3H, t, 7.1, CH3), 1.57-1.65 (6H, m, 3xCH,), 2.18-2.20 (2H, m, CH), 2.49-
2.55 (5H, m, 2xCH,, CH), 3.53-3.92 (16H, m, 8xCH>), 3.90-3.93 (2H, m, CH>), 4.72
(2H, s, CH»), 6.27 (1H, s, CH), 6.42 (1H, d, 9.7, CH), 6.62 (1H, s, CH), 6.92-6.98
(2H, m, 2xCH), 7.03-7.14 (3H, m, 3xCH), 8.00 (1H, d, 8.7, CH). *C NMR (100.62
MHz, CDCl;) & 23.04, 24.62, 39.70, 43.66. HRMS 639.20 + 188.00 (TA) [(M+H)]
(C41H50012S:N; requires 826.20).
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6.1.2 Synthesis of the fluorescein linker

tert-butyl 10-{[(9H-fluoren-9-yl) methoxy] carbonylamino}-2, 2-dimethyl-4,
11-dioxo-3, 5, 18, 21-tetraoxa-5, 12-diaza-tetracosan-24-oate (10). tert-butyl-12-
amino-4, 7, 10-trioxadodecanoate (0.148 g, 0.53 mmol) and DIC (0.074 g, 0.58
mmol) were added to the solution of 2-(N-Fmoc), 6-(N-Boc)-diamino caproic acid
(0.250 g, 0.53 mmol) in DCM. After stirring for 24 hrs at room temperature the
reaction mixture was filtered and concentrated under reduced pressure. The residue
was subjected to silica gel chromatography eluting with Pet Ether/EtOAc (2.5:7.5) to
afford a title compound as a white solid (0.358 g, 92%). 'H NMR (400 MHz, CDCls)
5 1.25-1.28 (2H, m, CH; ), 1.30-1.41 (2H, m, CH,), 1.44 (18H, s, 2xC(CHs)3), 1.48-
1.53 (2H, m, CHy), 2.47 (2H, t, 6.5, CH>), 3.11 (2H, s, CH>), 3.47 (2H, s, CH>), 3.55-
3.60 (10H, m, 5xCH>), 3.68 (2H, t, 8.8, CH»), 4.10-4.17 (1H, m, CH), 4.20-4.24 (1H,
m, CH), 4.40-4.42 (2H, m, CH,), 7.30 (2H, t, 7.4, 2xCH), 7.39 (2H, t, 7.4, 2xCH),
7.60 (2H, d, 7.4, 2xCH), 7.76 (2H, d, 7.4, 2xCH). >C NMR (100.62 MHz, CDCl;)
8 22.73, 28.34, 28.69, 29.89, 36.43, 39.58, 47.43, 67.10, 69.86, 70.56, 70.66, 70.77,
120.22, 125.33, 127.33, 127.96, 141.55. HRMS 506.30 + 223.00 (Fmoc) [(M+H)']
(C39Hs3010N3 requires 728.88).

tert-butyl 5-(4-aminobutyl)-1-(9H-fluoren-9-yl)-3, 6-dioxo-2, 10, 13, 16-
tetraoxa-4, 7-diazanonadecan-19-oate (11). BiCl; (0.030 g, 0.096 mmol) was added
to a solution of (10) (0.350 g, 0.48 mmol) in acetonitrile/water (5 ml/100 pl). The
reaction mixture was stirred at 55°C for 5 hours. Additional portions of BiCl; (0.030
g, 0.096 mmol) were added after 1 and 3 hours from reaction beginning. Then solid
NaHCO; was added and the reaction mixture was filtered and concentrated under
reduced pressure. The residue was subjected to silica gel chromatography eluting with
MeOH/DCM (1:9), then (2:8) giving 0.094 g of a title compound (31%) as a
colourless solid. "H NMR (400 MHz, CDCl;) & 1.40 (9H, s, C(CHs)3), 1.51-1.58 (2H,
m, CHy), 1.81-1.91 (4H, m, 2xCHy), 2.46 (2H, t, 6.3, CH,), 3.03-3.05 (2h, m, CH,),
3.57-3.69 (14H, m, 7xCH,), 4.17 (1H, t, 7.0, CH), 7.27 (2H, t, 8.6, 2xCH), 7.35 (2H,
t, 7.3, 2xCH), 7.59 (2H, d, 7.3, 2xCH), 7.72 (2H, d, 7.5, 2xCH). *C NMR (100.62
MHz, CDCls) & 28.34, 39.33, 47.32, 67.14, 120.13, 125.50, 127.36, 127.91, 141.46.
HRMS 628.3596 [(M+H)+] (C34H490¢N;3 requires 628. 3592).
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tert-butyl 5—{4-[5-(1, 2-dithiolan-3-yl) pentanamido] butyl}-1-(9H-fluoren-9-
yl)-3, 6-dioxo-2, 10, 13, 16-tetraoxa-4, 7-diazanonadecan-19-oate (12). Thioctic
acid (0.036 g, 0.176 mmol) and DIC (0.022g, 0.176 mmol) were added to the solution
of (11) (0.092 g, 0.146 mmol) in DCM with a few drops of Et;N. After stirring for 24
hrs at room temperature the reaction mixture was concentrated under reduced
pressure. The residue was subjected to silica gel chromatography eluting with EtOAc,
then MeOH/DCM (1:9) giving 0.035 g of a title compound (29%) as a slightly yellow
solid. '"H NMR (400 MHz, CDCls) & 1.41 (9H, s, C(CHs)s), 1.48-1.56 (2H, m, CH,),
1.62-1.74 (10H, m, 5xCH,), 1.87-1.95 (2H, m, CH,), 2.15 (2H, t, 4.4, CH,), 2.42-2.44
(1H, m, CH), 2.45 (2H, t, 6.4, CH»), 3.08-3.21 (4H, m, 2xCH,), 3.46-3.60 (12H, m,
6xCH>), 3.67 (2H, t, 6.5, CH,), 4.20-4.22 (1H, m, CH), 7.30 (2H, t, 7.7, 2xCH), 7.39
(2H, t, 7.7, 2xCH), 7.61 (2H, d, 4.5, 2xCH), 7.76 (2H, d, 7.5, 2xCH). *C NMR
(100.62 MHz, CDCl3) 6 22.69, 22.81, 23.57, 24.68, 24.72, 25.63, 28.30, 28.64, 28.90,
28.94, 29.11, 33.87, 33.91, 34.80, 34.84, 36.41, 36.62, 38.65, 38.69, 39.11, 39.59,
40.42, 42.61, 47.39, 56.51, 56.62, 67.06, 67.21, 69.76, 70.43, 70.51, 70.61, 70.72,
120.20, 125.32, 127.30, 127.95, 141.50, 144.00, 172.20, 173.32, 178.23. HRMS
833.4197 [(M+NH,4) '], (C42Hs109N3S; requires 833.4187).

tert-butyl 15-amino-25-(1, 2-dithiolan-3-yl)-14, 21-dioxo-4, 7, 10-trioxa-13, 20-
diazapentacosan-1-oate (13). (12) (0.033 g, 0.040 mmol) was stirred for 2 hrs at
room temperature with 20% piperidine in CH3CN. Then the reaction mixture was
concentrated under reduced pressure. The residue was dissolved in EtOH and
concentrated again giving 0.022 g of the title compound (92%) as a slightly yellow
solid. HRMS 594.3244 [(M+H)"], (C,7Hs5,07N3S; requires 594.3241).

tert-butyl 25-(1, 2-dithiolan-3-yl)-15-({2-[9-(2-ethoxycarbonyl) phenyl]-3-oxo-
3H-xanthen-6-yloxy} acetamido)-14, 21-dioxo-4, 7, 10-trioxa-13, 20-
diazapentacosan-1-oate (14). (9) (0.015 g, 0.036 mmol) was dissolved in small
amount of DMF. HATU (0.017 g, 0.044 mmol) and DIPEA (0.014 g, 0.11 mmol)
were added. After stirring for 15 minutes at room temperature (13) (0.022 g, 0.036
mmol) was added. The reaction mixture was stirred for 3 hrs at room temperature,

then another portions of HATU (0.017 g, 0.044 mmol) and DIPEA (0.014 g, 0.11
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mmol) were added. After stirring for 20 hrs at room temperature the reaction mixture
was diluted with water (50 ml), extracted with Et,O (3x20 ml). The organic phase was
washed wit sat NaCl, then dried over anhydrous Na,SO,, filtered and concentrated
under reduced pressure. The residue was subjected to silica gel chromatography
eluting with MeOH/DCM (0.5:9.5) giving 0.022 g of the title compound (60%) as a
yellow solid. '"H NMR (400 MHz, CDCl;) §0.84 (3H, t, 10.6, CH3), 1.44 (9H, s,
C(CH3)3, 1.51-1.59 (2H, m, CH»), 1.62-1.73 (10H, m, 5xCH,), 1.90-1.95 (2H, m,
CH,), 2.10-2.20 (2H, m, CH,), 2.35-2.40 (2H, m, CH,), 2.45-2.54 (1H, m, CH), 3.09-
3.20 (4H, m, 2xCH,), 3.38-3.41 (2H, m, CH3), 3.47-3.59 (10H, m, 5xCH,), 3.60-3.64
(2H, m, CH,), 4.03-4.05 (2H, m, CH3), 4.20-4.22 (1H, m, CH), 4.81 (2H, s, CH,),
6.47 (1H, s, CH), 6.55 (1H, d, 10.4, CH), 6.82-7.01 (4H, m, 4xCH), 7.66-7.77 (3H, m,
3xCH), 827 (1H, d, 10.6, CH). C NMR (100.62 MHz, CDCls)
O 14.24,23.65, 23.96, 24.77, 25.35, 25.79, 26.77, 29.13, 29.36, 30.57, 33.32, 34.99, 3
8.70, 38.95, 40.45, 42.51, 42.88, 46.90, 56.53, 56.69, 68.37, 107.94, 113.63, 119.93, 1
21.20, 127.25,128.93, 131.07. HRMS 994.4192 [(M+H)'], (Cs5;Hg;013N3S; requires
994.4188).

25-(1,  2-dithiolan-3-yl)-15-(2-{9-[2-(ethoxycarbonyl)  phenyl]-3-0x0-3H-
xanthen-6-yloxy} acetamido)-14, 21-dioxo-4, 7, 10-trioxa-13, 20-diazapentacosan-
1-oic acid (fluorescein linker) (15). (14) (0.022 g, 0.022 mmol) was stirred with TFA

(2ml) and DCM (2ml) at room temperature for 3 hours. Then the reaction mixture was
concentrated under reduced pressure, and dried on high vac line for 48 hrs. 0.012 g of
the title compound was formed (57%) as a yellow solid. "H NMR (400 MHz, CDCl;)
5 0.88-0.972 (3H, m, CH3), 1.514-1.701 (14H, m, 7xCH>), 2.33-2.38 (2H, m, CH,),
2.42-2.53 (1H, m, CH), 3.11-3.18 (4H, m, 2xCH>), 3.40-3.50 (2H, m, CH>), 3.59-3.66
(12H, m, 6xCH,), 4.03-4.06 (2H, m, CH,), 4.21-4.24 (1H, m, CH), 4.81 (2H, s, CH»),
6.46 (1H, s, CH), 6.55 (1H, d, 9.6, CH), 6.82-7.00 (4H, m, 4xCH), 7.67-7.73 (3H, m,
3xCH), 8.25 (2H, d, 8.0, CH). *C NMR (100.62 MHz, CDCl3) & 11.16, 14.24, 23.18,
23.67, 23.97, 24.74, 25.78, 29.14, 30.58, 32.94, 38.96, 42.50, 68.38, 129.01, 131.08.
HRMS 936.3420 [(M-H)], (C47Hs50013N3S, requires 936.3417), 938.3560 [(M+H)'],
(C47H59013N3S; requires 938.3562).
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6.1.3 Synthesis of the TAMRA linker

tert-butyl-10-amino-2, 2-dimethyl-4, 11-dioxo-3, 15, 18, 21-tetraoxa-5, 12-
diazatetracosan-24-oate (16). (10) (0.055 g, 0.068 mmol) was stirred with 20%
piperidine in CH3CN for 2 hrs at room temperature. Then the reaction mixture was
concentrated under reduced pressure. The residue was dissolved in EtOH and
concentrated again giving 0.035 g of the title compound (92%) as a white solid.
HRMS 506.3430 [(M+H+)] ( C24H4708N3 requires 506. 3436).

tert-butyl-10-[5-(1, 2-dithiolan-3-yl) pentanamido]-2, 2-dimethyl-4, 11-
dioxo-3, 5, 18, 21-tetraoxa-5, 12-diazatetracosan-24-oate (17). Thioctic acid (0.021
g, 0.103 mmol) and DIC (0.013 g, 0.103 mmol) were added to the solution of (16)
(0.035 g, 0.069 mmol) in DCM. After stirring for 24 hrs at room temperature the
reaction mixture was filtered and concentrated under reduced pressure. The residue
was subjected to silica chromatography eluting with EtOAc, then MeOH/DCM (1:9)
giving 0.040 g of the title compound (85%) as a slightly yellow oil. "H NMR (400
MHz, CDCls) & 1.33-1.45 (2H, m), 1.47 (18 H, s, 2xC(CHs)3), 1.64-1.95 (10 H, m),
2.21 (2H, t, 7.5, CH,), 2.36 (2H, t, 7.4, CH>), 2.44-2.48 (1H, m, CH), 2.50 (2H, t, 6.5,
CH,), 3.45-3.65 (12H, m), 3.71 (2H, t, 6.5, CH,), 4.40 (1H, q, 7.1, CH). "CNMR
(100.62 MHz, CDCl;3) & 14.51, 22.84, 25.61. 28.43, 28.77, 29.17, 34.94, 36.59,
38.78, 39.65, 40.54, 53.12, 67.23, 69.92, 70.62, 70.69, 70.81, 70.91. HRMS 711.4030
[(M+NH,)] (C3,Hs900N3S; requires 711.4031).

15-(4-aminobutyl)-21-(1, 2-dithiolan-3-yl)-14, 17-dioxo-4, 7, 10-trioxa-13,
16-diazahenicosan-1-oic acid (18). TFA (3 ml) was added to the solution of (17)
(0.040 g, 0.057 mmol) in DCM (3 ml). After stirring for 3 hrs at room temperature
DCM and TFA were removed under reduced pressure. The residue was washed with
the same solvent and dried to afford the title compound as a yellow oil (0.027 g,
89%). '"H NMR (400 MHz, CDCl;) & 1.33-1.45 (2H, m), 1.64-1.95 (10 H, m), 2.21
(2H, t, 7.5, CH»), 2.36 (2H, t, 7.4, CH»), 2.44-2.47 (1H, m, CH), 2.48 (2H, t, 6.5,
CH>), 3.55-3.80 (14 H, m, 7xCH,), 4.47 (1H, q, 7.1, CH). "CNMR (100.62 MHz,
CDCl;) §23.30,43.20, 70.44, 120.71. HRMS  538.50 [(M+H)"] (Cy3H4407N3S;
requires 538.62).
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5-{14-[5-(1, 2-dithiolan-3-yl) pentanamido]-1-carboxy-13-0x0-3, 6, 9-trioxa-
12-azaoctadecan-18-ylcarbamoyl}-2-[6-(dimethylamino)-3H-xanthen-9-yl]
benzoate (TAMRA linker) (19). 5-carboxytetramethylrhodamine —N-succinimidyl
ester (TAMRA SE) (0.005 g, 0.0095 mmol) was dissolved in CH3CN. (18) (0.0066 g,

0.0123 mmol) and resin - morpholinomethyl polystyrene (0.012 g, 110~ mol/g) were
added. After stirring for 24 hours at room temperature the reaction mixture was
filtered and concentrated under reduced pressure. The residue was subjected to silica
gel chromatography eluting with MeOH/DCM (1:9), then (2:9) giving 0.0033 g of the
title compound (37%) as a pink solid. HRMS 950.4041 [(M+H)+] (C4gHesO11N5S,
requires 950.4038).

6.1.4 Synthesis of the BHQ linker

6-amino-2-(tert-butoxycarbonylamino) hexanoic acid (20). 2-(N-Boc), 6-(N-
Fmoc)-diamino caproic acid (0.107 g, 0.23 mmol) was stirred for 2 hrs at room
temperature with 20% piperidine in CH3;CN. Then the reaction mixture was
concentrated under reduced pressure. The residue was dissolved in EtOH and
concentrated again giving 0.056 g of the title compound (99%) as a white solid.
HRMS 247.1654 [(M+H)'], (C1H,304N; requires 247.1652).

6-[5-(1, 2-dithiolan-3-yl)pentanamido]-2-(tert-butoxycarbonylamino)hexanoic
acid (21). 6-amino-2-(tert-butoxycarbonylamino) hexanoic acid (20) (0.056 g, 0.23
mmol) was dissolved in DCM with few drops of MeOH. 1-{[(5-dithiolane-3-
yl)pantanoyl]oxy}-2, 5-pyrrolidinedione (0.069 g, 0.23 mmol, prepared as described
on next page) was added. The reaction mixture was stirred over night at room
temperature, then it was concentrated under reduced pressure. The residue was
subjected to silica gel chromatography eluting with MeOH/DCM (0.1:9.9; 0.2:9.8;
0.3:9.7; 0.4:9.6 then 0.5:9.5, finally 1:9) giving 0.045 g of the title compound (46%)
as a slightly yellow solid. 'H NMR (400 MHz, DMSO) & 1.23-1.34 (6H, m, 3xCH,),
1.37 (9H, s, C(CHj3)3), 1.46-1.58(4H, m, 2xCHy), 1.62-1.70 (2H, m, CH,), 1.81-1.90
(1H, m, CH), 2.02-2.05 (2H, t, 7.3, CHy), 2.37-2.44 (1H, m, CH), 2.97-3.00 (2H, q,
6.2, CH,), 3.03-3.21 (2H, m, CH,), 3.57-3.63 (1H, m, CH), 3.76-3.79 (1H, m,
CH). °C NMR (100.62 MHz, DMSO) & 23.02, 25.06, 25.21, 28.22, 28.32, 28.83,
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34.12, 38.09, 38.16, 54.90, 56.10, 171.71, 172.76. HRMS 435.1983 [(M+H)'],
(C19H3505N282 requires 435. 1982)

6-[5-(1, 2-dithiolan-3-yl)pentanamido]-2-aminohexanoic acid (22). 6-[5-(1, 2-
dithiolan-3-yl)pentanamido]-2-(tert-butoxycarbonylamino)hexanoic acid (21) (0.035
g, 0.08 mmol) was stirred with TFA (2ml) and DCM (2ml) at room temperature for 3
hours. Then the reaction mixture was concentrated under reduced pressure, and dried
on high vacc line for 48 hrs. 0.027 g of the title compound was formed (99%) as a
yellow solid. HRMS 335.1463 [(M+H) "], (C14H270:N,S; requires 335.1385).

6-[5-(1, 2-dithiolan-3-yl)pentanamido]-2-(4-{[4-(1E)-(2, 5-dimethoxy-4-{[4-
nitrophenyl]diazenyl}phenyl)methyl]lamino}butanamido)hexanoic  acid  (23).
BHQ succinimidyl ester (BHQ SE) (0.01 g, 0.017 mmol) was dissolved in DCM.
6-[5-(1, 2-dithiolan-3-yl)pentanamido]-2-aminohexanoic acid (22) (0.0087 g, 0.026
mmol) was dissolved in DCM with few drops of MeOH and Et;N (12ul, 0.086 mmol)
then added to BHQ NHS solution. After stirring for 24 hours at room temperature the
reaction mixture was concentrated under reduced pressure. The residue was subjected
to silica gel chromatography eluting with MeOH/DCM (0.5:9.5, then 1:9) affording
0.011 g of the title compound (76%) as a purple solid. HRMS 823.3262 [(M+H)'],
(C39Hs108N3S, requires 823.3193).

1-{[(5-dithiolane-3-yl)pantanoyl]oxy}-2, 5-pyrrolidinedione. N-(3-
dimethylaminopropyl)-N’-ethyl carbodiimide hydrochloride (EDCHCI, 0.67 g, 3.5
mmol) was dissolved in anhydrous DCM. After stirring for 10 mins N-
hydroxysulfosuccinimide (sulfo NHS, 0.47 g, 4.07 mmol) was added. The reaction
mixture was stirred on ice bath. Then thioctic acid (0.60 g, 2.9 mmol) dissolved in
DCM was added slowly to reaction mixture. After stirring for 18 hrs at room
temperature the reaction mixture was washed with 5% HCI (2x), and water (2x). Then
the organic phase was dried over anh. Na,SO,, filtered and concentrated under
reduced pressure. The residue was subjected to silica gel chromatography eluting with
MeOH/DCM (0.5:9.5) giving 0.61 g of the title compound (69%) as a yellow solid.
'H NMR (400 MHz, CDCl;) & 1.48-1.71 (2H, m, CH,), 1.71-1.84 (4H, m, 2xCH,,
1.90-1.98 (1H, m, CH), 2.44-2.52 (1H, m, CH), 2.62 (2H, t, 7.3, CH,), 2.84 (4H, s,
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2xCH,), 3.10-3.23 (2H, m, CH,), 3.56-3.63 (1H, m, CH). >*C NMR (100.62 MHz,
DMSO) & 24.58, 25.80, 28.52, 31.00, 34.63, 38.72, 40.36, 56.29, 168.61, 169.29.
HRMS 304.0671 [(M+H)']; 321.0936 [(M+NH4)'], (C12H17NO,4S; requires 304.0672
[(M+H)]; 321.0937 [(M+NH,) ).

BHOQ linker (27). Wang resin (~1 mmol/g, 200-400 mesh) (0.15 g, 0.15 mmol) was
resuspended in DCM. Succinic anhydride (0.045 g, 0.45 mmol) and 4-
dimethylaminopyridine (DMAP) (0.055 g, 0.45 mmol) were added. The reaction
mixture was kept at 70°C without stirring for 7 hrs. Then it was allowed to cool down
to room temperature. The resin was filtered off, washed with DCM and MeOH, then
dried to afford functionalized resin (24). Formed resin (24) was resuspended in
DCM. O, O’-Bis-(2-aminopropyl) polypropylene glycol-block-polyethylene glycol-
block polypropylene glycol 1900 (PEG 41) (0.86 g, 0.45 mmol) and N, N-
diisopropylcarbodiimide (DIC) (70 ul, 0.045 mmol) were added. The reaction mixture
was shaken over night at room temperature. Then PEG functionalized resin (25) was
filtered off, washed with DCM and MeOH, then dried. Resin (25) was resuspended in
DCM, then reacted with 6-[5-(1, 2-dithiolan-3-yl)pentanamido]-2-(4-{[4-(1E)-(2, 5-
dimethoxy-4-{[4-nitrophenyl]diazenyl } phenyl)methyl]amino } butanamido)hexanoic
acid (23) (0.011 g, 0.013 mmol) in the presence of DIC (70 ul, 0.45 mmol). The
reaction mixture was shaken over night at room temperature, then the resin was
filtered off, washed with DCM and MeOH, then dried to form modified resin (26).
BHQ linker (27) was cleaved from the resin (26) by the use of 10% of trifluoroacetic
acid (TFA) (0.815 pl) in DCM (8.5 ml). After two hours of stirring at room
temperature the reaction mixture was filtered then concentrated under reduced
pressure. Then formed product was dissolved in DCM. Anion exchange resin-
morpholinomethyl polystyrene was added. The reaction mixture was stirred for 30
mins, then it was filtered and dried under reduced pressure to afford 0.07 g of the title

compound as a dark purple solid.
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6.1.5 Synthesis of the PEG 41-thioctic acid linker (PEG 41-TA) (31) and the PEG
11-thioctic acid linker (PEG 11-TA)

Wang resin (~1 mmol/g, 200-400 mesh) (2.0 g, 2.0 mmol) was resuspended in
DCM. Succinic anhydride (0.60 g, 6.0 mmol) and 4-dimethylaminopyridine (DMAP)
(0.76 g, 6.0 mmol) were added. The reaction mixture was kept at 70°C without
stirring for 7 hrs. Then it was allowed to cool down to room temperature. The resin
was filtered off, washed with DCM and MeOH, then dried to afford functionalized
resin (28). Formed resin (28) was resuspended in DCM. O, O’-Bis-(2-aminopropyl)
polypropylene glycol-block-polyethylene glycol-block polypropylene glycol 1900
(PEG 41) (11.4 g, 6.0 mmol) [or O, O’-Bis-(2-aminopropyl) polypropylene glycol-
block-polyethylene glycol-block-polypropylene glycol 500 (PEGI11) (0.3 g, 6.0
mmol)] and N, N-diisopropylcarbodiimide (DIC) (930 pl, 6.0 mmol) were added. The
reaction mixture was shaken over night at room temperature. Then PEG
functionalized resin (29) was filtered off, washed with DCM and MeOH, then dried.
Resin (29) was then resuspended in DCM, thioctic acid (1.24 g, 6.0 mmol) and DIC
(930 pl, 6.0 mmol) were added and reaction mixture was shaken over night at room
temperature. Formed resin (30) was filtered off, then washed with MeOH and DCM,
then dried. PEG 41-TA linker was cleaved from the resin by the use of 10% TFA
(3.26 ml) in DCM (34 ml). After two hours of stirring at room temperature the
reaction mixture was filtered, then concentrated under reduced pressure. Then formed
product was dissolved in DCM. Anion exchange resin-morpholinomethyl polystyrene
was added. The reaction mixture was stirred for 30 mins at room temperature, then it
was filtered and dried under reduced pressure to afford 1.61 g (PEG 41-TA); 0.71 g
(PEG 11-TA) of the title compounds as a colorless solid.

6.1.6 Synthesis of 4-(4,6-dimethoxy-1,3,5-triazin-2-yl)-4-methylmorpholinium
chloride -DMT MM

DMT MM was synthesized as previously described by Kunishima et al. [122,
123]. 2-chloro-4, 6-dimethoxy-1, 3, 5-triazine (CDMT) (0.386 g, 2.2 mmol) was
dissolved in THF. Then N-methylmorpholine (NMM) (0.202g, 2.0 mmol) dissolved
in THF was added. The reaction mixture was stirred for 30 mins at room temperature.
Formed white solid was filtered off, washed with THF, dried to give DMT MM (0.46
g, 75%). '"H NMR (400 MHz, D,0) & 3.61 (3H, s, CHs), 3.88-4.01 (4H, m, 2xCH,),
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4.14-420 (2H, m, CH,), 4.23 (6H, s, 2xCHs), 4.68-4.74 (2H, m, CH,). "CNMR
(100.62 MHz, D,0) § 55.25, 56.59, 59.55, 61.55, 173.38. HRMS 241.1295 [(M+H)']
(C1oH1703N4 requires 241.1295).

6.2 Colloids preparation

6.2.1 18 (1) and 50 (2) nm gold colloid.

Sodium tetrachloroaurate (1) (0.05g, 0.14 mmol); (2) (0.0575 g, 0.161 mmol) was
dissolved in 10 ml of water, then added to 500 ml of warm water and brought to boil.
Sodium tricitrate (1) (0.075 g, 0.25 mmol) (2) (0.0605 g, 0.20 mmol) was dissolved in
10 ml of water, then added to the reaction mixture. The reaction mixture was left at
boiling temperature for 15 minutes then it was allowed to cool down to room
temperature. To calculate the colloid concentration the Beer-Lambert equation was
used with gold extinction coefficient value 2.4x10° [114] for 18 nm Au and

1.469x10'° for 46 nm Au nanoparticles [115].

6.2.2 40 nm silver citrate stabilised colloid.

500 ml of water was heated to 45°C, then silver nitrate (0.09 g, 0.53 mmol)
dissolved in 10 ml of water was added. The reaction mixture was heated to 98°C, then
sodium citrate (0.11 g, 0.37 mmol) dissolved in 10 ml of water was added. The
reaction mixture was kept for 90 mins at 98°C, then cooled down to room
temperature. The concentration of colloid was calculated from the Beer-Lambert

equation using a silver extinction coefficient value of 2x10' [116].

6.2.3 40 nm silver EDTA stabilised colloid.

Ethylenediaminetetraacetic acid (EDTA) (0.095 g, 0.32 mmol) was dissolved in
2000 ml of water. Sodium hydroxide (0.35 g, 8.75 mmol) was dissolved in 20 ml of
water, then added to the reaction mixture. The reaction mixture was bring to boil then
silver nitrate (0.088 g, 0.52 mmol) dissolved in 20 ml of water was added. The
reaction mixture was kept at boiling temperature for 15 mins, then it was cooled down
to room temperature. The concentration of colloid was calculated from the Beer-

Lambert equation using a silver extinction coefficient value of 2x10'° [116].
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6.3 Conjugates preparation

6.3.1 Preparation of linker-nanoparticles conjugates

1x10™ M solutions of all linkers in MeOH were prepared. In order to form linker-
nanoparticles conjugates 2eq of linker solution (based on calculated number of linker
molecules which attach to one nanoparticle-Table 1) were added to 1 ml of
nanoparticle suspension with known concentration (found using the Beer-Lambert
equation). In the case of BHQ and 6-aminofluorescein (with 50 nm Au) linkers
usually 10-20ul of linker solution was added to gold or silver colloid. After addition
of the linkers, samples were left to incubate for 16 hrs, then centrifuged (20 mins,
6500 rpm). The supernatants were discarded and the pellets were resuspended to 500
ul with water. This washing step is to ensure that the excess linker which did not bind
to the nanoparticle is removed from the sample. Fluorescent spectroscopy study
performed for fluorescein and aminofluorescein linkers indicated that one wash step
was sufficient to remove all excess linker from the sample. In the case of the TAMRA
linker two washing steps were necessary to achieve that. A fluorescence study was
performed by taking the fluorescence spectra of each supernatant discarded from the
sample after each washing step. In the next stage of conjugate preparation the samples
were centrifuged again (20 mins, 6500 rpm). Then the supernatants were discarded

and the pellets resuspended with the desired volume of water or buffer.

6.3.2 Formation of mixed layer of linkers on nanoparticles surface

10 pl of 1x10™ M solution containing 25, 50 or 75 % of one of the synthesized
linkers and 75, 50 or 25 % of PEG 41-TA or PEG 11-TA or thiolated PEG [SH-
(CH;)9-CH,0-(C,H40),-CH,-CH,-OH] in MeOH was added to 1 ml of nanoparticle
suspension. Samples were then left to incubate for 24 hours, then they were
centrifuged for 20 mins at 6500 rpm. Supernatants were discarded, pellets washed
with water, then centrifuged again for 20 mins at 6500 rpm. Supernatants were
discarded, the pellets resuspended with desired volume of water or buffer.

In the case of a mixed layer containing one of the synthesized linkers and short
oligonucleotide (SH AAAAA) 10 ul of 1x10™ M solution containing 25, 50 or 75 %
of one of the synthesized linkers and 75, 50 or 25 % of SH AAAAA in water was
added to 1 ml of nanoparticle suspension. The samples were incubated for 24 hours,

then 100 mM phosphate buffer pH=7 was added to obtain final buffer concentration
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in sample of 10 mM. The samples were left for another 24 hours, then small portions
of 2M NaCl were added over 48 hours in order to obtain final salt concentration of
0.1M. The samples were then centrifuged for 20 mins at 6500 rpm, washed with
water, then centrifuged again (20 mins, 6500 rpm). The supernatants were discarded,

pellets resuspended in the desired volume of water or buffer.

6.3.3 Preparation of oligonucleotide functionalized nanoparticles (EDCHCI)

Linker functionalized nanoparticles were prepared as described in section 6.3.1,
then centrifuged (20 mins, 6500 rpm). Supernatants were discarded and the pellets
resuspended with 500 pl of 0.1 M PBS, pH=7.6. EDCHCI (10 pul, 2mg/1ml) and sulfo
NHS (10 pl, 2mg/1ml) were then added. The reaction mixture was allowed to react
for 30 mins, then amino-modified DNA was added (5 or 10 pl, 100pmol/ul). The
reaction mixture was shaken for 16 hrs. The samples were then centrifuged for 20
mins at 6500 rpm, washed with water then centrifuged again (20 mins, 6500 rpm).
The supernatants were discarded and the pellets resuspended with 500 ul of 0.1 or 0.3
M PBS.

6.3.4 Preparation of oligonucleotide functionalized nanoparticles (DMT MM).
Linker functionalized nanoparticles were prepared using the same protocol as
described in section 6.3.1, then centrifuged for 20 mins at 6500 rpm. The supernatants
were discarded, the pellets resuspended with 500 pl of water, 10% MeOH in water,
0.1 M PBS pH=7.0 or 0.1 M PBS pH=7.6. Amino-modified DNA (5 or 10 pl, 100
pmol/ul) and DMT MM (10 pl, 2mg/Iml of water or MeOH-for conjugation
performed in 10% MeOH in water) were then added. Samples were shaken for 16 hrs,
then they were centrifuged for 20 mins at 6500 rpm, washed with water, then
centrifuged again (20 mins, 6500 rpm). Supernatants were discarded and the pellets

resuspended with 0.1 or 0.3 M PBS.

6.3.5 Preparation of oligonucleotide functionalized nanoparticles with formed
mixed layer of the linkers on the surface.

A mixed layer of linkers was prepared on the nanoparticles surface following the
protocol described in section6.3.2. The conjugation of functionalized nanoparticles to
amino-modified DNA was performed following protocols described in sections 6.3.3

and 6.3.4.
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6.3.6 Conjugation of linkers to amino-modified oligonucleotides

EDCHCI (10 pl, 2 mg/Iml, 2 eq) and sulfo NHS (10 pl, 2 mg/1 ml, 2 eq) were
added to 500 pl of linker solution (1'110° M in phosphate buffer pH=7.6). After
shaking for 30 mins, DNA (50 ul, 100 pmol/ ul, 0.01 eq) was added. The volume of
reaction mixture was taken up to 1 ml by the addition of the phosphate buffer, then
the sample was allowed to react for 16 hrs at room temperature, then it was purified
by HPLC (Phenomenex column).

When DMT MM was used as an amide bond forming reagent, DNA (50 ul, 100
pmol/ pl, 0.01 eq) was added to 500 pl of linker solution (1x10° M in phosphate
buffer pH=7.6 or in water). Then DMT MM (15 ul, 2 mg/1 ml, 1.1 eq) was added.
The volume of reaction mixture was taken up to 1 ml by the addition of the phosphate
buffer or water. The sample was allowed to react for 16 hrs at room temperature, then

it was purified by HPLC (Phenomenex column).

6.4 Analysis of properties of formed conjugates

6.4.1 Calculation of number of linker molecules which attach to one nanoparticle

Linker-nanoparticles conjugates were prepared as described in section 6.3.1, the
only difference is that the washing step was repeated three times to ensure that excess
linker molecules which did not attach to nanoparticles surface were removed from the
samples. After the third washing step samples were centrifuged (20 mins, 6500 rpm),
the supernatants were discarded and the pellets resuspended with 500 pl of water.
Then the extinction spectra of the samples were taken in order to calculate
concentration of the nanoparticles in each sample. In the next stage of the protocol,
samples were centrifuged again (20 mins, 6500 rpm), the supernatants discarded and
the pellets resuspended in 900 pl of 10 mM phosphate buffer pH=8. Then 100 ul of 1
M DTT was added to each sample to obtain final DTT concentration of 0.1 M. The
red-to-purple color change indicated that DTT displaced linker molecules from the
nanoparticles surface. Samples were left over night, then they were centrifuged (20
mins, 7000 rpm). Fluorescence spectra of all supernatants were then taken. The
concentration of the linker in each supernatant was calculated from the calibration
curve prepared by taking the fluorescence spectra of samples with known linker
concentrations using the same buffer and DTT concentrations (linkers were dissolved

in 900 pl of 10 mM phosphate buffer pH=8.0 and 100 pl of 1 M DTT). The number
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of linker molecules which attached to one nanoparticle was found by dividing the
concentration of the linker in the supernatant by the concentration of nanoparticles in
the same samples. The surface coverage was calculated by dividing the amount of
linker (pmol) attached to one nanoparticle by the estimated particle surface area
(assuming spherical nanoparticles). 10 samples of each type were analyzed in
triplicates. Presented results are the average values obtained from 10 samples of the

same type.

6.4.2 Quantification of number of DNA strands attached to one nanoparticle
(DNAse I method).

Oligonucleotide functionalized nanoparticles were prepared by following protocols
described in sections 6.3.3 and 6.3.4 using FAM or TAMRA labelled DNA strands.
The samples were then centrifuged for 20 mins at 6500 rpm. The supernatants were
discarded and the pellets resuspended with 500 pl of water. This washing procedure
was repeated three times in order to remove any unbound DNA from the samples.
Then the extinction spectra of all samples were taken and the concentrations of
nanoparticles in each sample calculated using the Beer-Lambert equation. The
samples were then centrifuged (20 mins, 6500 rpm), the pellets resuspended with
DNAse I reaction buffer (New England BioLabs). DNAse I (final concentration of
125 units/ml, New England BiolLabs) was then added to DNA-nanoparticle
conjugates, and the samples were incubated for 16 hrs at 37°C. The samples were
then centrifuged, the supernatants were analyzed by fluorescence spectroscopy. The
concentration of dye labeled oligonucleotides in supernatant was determined using a
calibration curve of dye labeled DNA solutions in DNAse I reaction buffer with
known concentrations. The number of DNA strands attached to one nanoparticle was
calculated by evaluation of dye labeled oligonucleotides concentration in supernatant

against concentration of the nanoparticles in the sample.

6.4.3 Zeta particle size and zeta potential measurements

Malvern High Performance Particle Sizer was used to measure the zeta size of
formed conjugates. Linker functionalised nanoparticles were prepared as described in
section 6.3.1. Nanoparticle-linker-DNA conjugates were prepared in water, in the
presence of DMT MM, using the protocol described in section 6.3.4. All prepared
conjugates were washed with water (500 pl), then centrifuged for 20 mins at 6500
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rpm. The supernatants were discarded, pellets resuspended in water (500 pl). UV-Vis
spectra of all samples were taken in order to calculate probes concentrations. The
samples were prepared by dilution of prepared solutions with water to the following
concentrations: for 18 nm Au conjugates 7.95x10™"° M; for 50 nm Au conjugates
2.52x10™"" M, for both types of silver nanoparticles 3x10™"" M. 1ml of each sample
was used.

Samples for zeta potential measurements were prepared in the same way as
samples for DLS, but they were diluted to the following concentrations: 2.65x10™"° M
for 18 nm Au conjugates, 8.4x10™> M for 50 nm Au conjugates, 1x10™"" M for silver
nanoparticles conjugates. 3 ml of each sample was used. Malvern Zetasizer 2000 was

used to measure the zeta potential of all probes.

6.4.4 Gel electrophoresis

1.5% agarose gels were prepared by heating 1.5 g of agarose in 100 ml of 0.5xTBE
buffer. Linker-nanoparticle and DNA-linker-nanoparticle conjugates were prepared as
described in sections 6.3.3 and 6.3.4, the concentration of prepared samples was
calculated using the Beer-Lambert equation. The concentration of the samples loaded
on the gel was kept constant: for 18 nm Au nanoparticles conjugates: 3.63x10° M, for
50 nm Au nanoparticles conjugates: 1.14x10° M, for Ag citrate nanoparticles
conjugates: 1.16x10”° M, for Ag EDTA nanoparticles conjugates: 6.86x10"° M. The
calculated volumes of each sample was diluted to 10 pl, then 10 pl of 10% glycerol
was added before loading of the samples in the gel wells. The gels were run for 60

mins at 120 mV.

6.4.5 SERRS Analysis

All SERRS spectra were recorded using a Leica DM/LM microscope equipped
with an Olympus 20x/0.4 long working distance objective, which was used to collect
180° backscattered light from a microtiter plate (in case of linker-nanoparticle
conjugates — Chapter 2 and pH sensing experiments- Chapter 5) or macrosampler (in
case of linker-nanoparticle conjugates and nanoparticle-linker-DNA conjugates-
Chapter 3; hybridisation experiments — Chapter 4). The spectrometer system was
Renishaw inVia with 632.8 nm line of helium-neon laser or 514 nm Ar ion laser or

785 nm Diode laser coupled to Renishaw Ramascope System 2000.
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All probes were prepared as described in sections 6.3.1, 6.3.3 and 6.3.4.
Nanoparticle-linker-DNA conjugates were prepared in water, in the presence of DMT
MM. The concentration of the analysed samples was kept constant in all experiments:
3.25x10° M for 18 nm Au conjugates, 7.56x10"" M for 50 nm Au conjugates and

both types of silver nanoparticles conjugates.

6.5 Hybridisation assay

In order to prepare probes for DNA detection assay linker functionalized gold
nanoparticles were conjugated to amino-modified oligonucleotides in water, in the
presence of DMT MM (protocol described in section 6.3.4). UV-Vis spectra of the
probes were then taken in order to calculate probes concentrations from the Beer-
Lambert equation. The concentration of the probes was kept constant in all
experiments: 1.62 nM for 18 nm Au probes and 3.78x10"'' M for 50 nm Au probes.
The hybridisation samples were prepared in such a way, that their final volume was
500 pl in all experiments. The concentration of complementary or non-
complementary targets used was the same as the concentration of oligonucleotides
attached to nanoparticle surface, e. g. for 18 nm Au-TAMRA-DNA conjugates it was
calculated that about 25 DNA strands attach to one nanoparticle so used target
concentration was 25 times higher than the probes concentration. The experiments
were also performed for target concentrations the same as probes concentration, and
also 10, 50, 100, 500 and 1000 times higher than probes concentration. All target
concentrations used are given in Table 10 and 11.

The hybridisation samples were prepared by mixing calculated volumes of both
probes (1:1 molar ratio). Then 0.1 or 0.3M PBS (the buffer volumes were calculated
in such a way to ensure that after target addition the volume of the sample will be
equal to 500 pl) and target were added. The samples were heated to 75°C for 5 mins,
then they were allow to cool down to room temperature. The hybridisation process
was monitored by UV-Vis spectroscopy and by SERRS.

During the UV-Vis experiments extinction spectra of the samples were taken every 30
mins for 18 hrs (after heating the samples) using Scanning Kinetics software.

Melting analysis were performed by monitoring the absorbance at 260 nm, 520 nm
(18 nm Au) or 530 nm (50 nm Au) as a function of temperature using Thermal

software. The temperature range was 20-80°C; the temperature increases 0.5°C/min.
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The samples were kept for 2 mins at 80°C and for 60 mins at 20°C. 6 cycles of
heating (3) and cooling (3) were performed in each sample.

During SERRS experiments SERRS spectra (at 633 nm) of the samples were taken
every 60 mins for 5 hrs (after heating the samples).

Table 10:  Volumes of targets used in DNA hybridisation experiments.

Type of . Target concentration | Volume of target added to hybridisation
. Linker
nanoparticles [M] sample [ul]
Af 8.1010"° (x0.5) 40.5 (1'110°M)
F 3.2410"° (x0.2) 16.2 (1'10° M)
18 nm Au T 4.0510" (x25) 20.3 (1'10° M)
BHQ 1.13'10” (x0.7) 0.57 (1'10° M)
Af 75610 (x20) 37.8 (1'110° M)
S0 nm Au BHQ 567107 (x140) 2.64 (1'10° M)
Table 11:  Volumes of targets used in DNA hybridisation experiments.
Type of Target Volume of target added to hybridisation sample

nanopatrticles

concentration

(k1]

1.62:107 (x1)

0.812 (1'10° M)

1.62:10° (x10)

8.12 (1'10° M)

8.1010° (x50)

40.6 (1'10° M)

18 nm Au 1.62107 (x100) 81.2 (110 M)
8.1'107 (x500) 0.406 (1'10™* M)

1.62:10°° (x1000) 0.812 (1110 M)

3.7810"" (x1) 1.89 (1110 M)

37810 (x10) 18.9 (1110 M)

S A 1.89:107 (x50) 94.5 (1'10° M)

3.78107 (x100)

1.89 (1'10° M)

1.89:10° (x500)

9.45 (1'110° M)

3.7810° (x1000)

18.9 (1'10° M)

6.6 pH sensing experiments

6.6.1 4-mercaptopyridine and 2-aminotiophenol probes

5 ul of 1x10” M 4-mercaptopyridine or 2-aminotiophenol in MeOH was added to
I ml of colloid (Ag EDTA or Ag citrate or 18 nm Au). The samples were left for 16
hours, then centrifuged for 20 mins at 6500 rpm, the supernatants were discarded, the
pellets washed with 500 pl of water, then centrifuged again (20 mins, 6500 rpm).
After discarding the supernatants the pellets were resuspended in one of the phosphate
buffers with pH between 2 and 8. The samples were incubated for 16 hrs, then SERS

spectra of all samples were taken using laser excitation frequency of 633 nm.
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6.6.2 Ag EDTA-4-mercaptopyridine/PEG 41-TA probes

5 ul of the solution containing 75 or 50% of 1x10° M 4-mercaptopyridine in
MeOH and 25 or 50% of 1x10° M PEG 41-TA in MeOH was added to 1 ml of Ag
EDTA colloid. Samples were left for 16 hours, then centrifuged for 20 mins at 6500
rpm, the supernatants were discarded, the pellets washed with 500 pl of water, then
centrifuged again (20 mins, 6500 rpm). After discarding the supernatants the pellets
were resuspended in one of the phosphate buffers with pH between 2 and 8. The
samples were incubated for 16 hrs, then SERS spectra of all samples were taken using

laser excitation frequency of 633 nm.

6.6.3 Oligonucleotide functionalized Ag EDTA and 18 nm Au 4-
mercaptopyridine/PEG 41-TA (50/50) probes

5 pl of the solution containing 50% of 1x10™ M 4-mercaptopyridine in MeOH and
50% of 1x10° M PEG 41-TA in MeOH was added to 1 ml of Ag EDTA or 18 nm Au
colloid. The samples were left for 16 hrs, then centrifuged for 20 mins at 6500 rpm.
The supernatants were discarded, the pellets washed with 500 pl of water. Then the
samples were centrifuged again (20 mins, 6500 rpm), the supernatants were discarded,
the pellets resuspended with 500 pl of water. ssDNA (5 AAA TTC TTC TAC G 3’,
100 pmol/pl; 8 pl) and DMT MM (2 mg/ml; 10 ul) were added. The samples were
shaken for 16 hours at room temperature, then they were centrifuged for 20 mins at
6500 rpm. The supernatants were discarded, the pellets washed with 500 ul of water,
then centrifuged again (20 mins, 6500 rpm). After discarding the supernatants the
pellets were resuspended in one of the phosphate buffers with pH between 2 and 8.
The samples were incubated for 16 hrs, then SERS spectra of all samples were taken

using laser excitation frequency of 633 nm.

6.6.4 SERS mapping experiments

SERS mapping was performed using Renishaw InVia Raman inverted and upright
microscope (Renishaw, Wotton-under-Edge, UK), equipped with 100x/0.75 and
50x/0.5 long working distance objectives. The x100 LWD objective was used in all
experiments. 632.8 (HeNe, ca. 30 mV) was used as an excitation source.Line mapping
was performed using a Streamline Raman mapping system (Renishaw, UK). The

detector used was a deep depletion Renishaw CCD Camera (400x576). 1800 line/mm
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gratings were used in all experiments. 10 s exposure time for macrophages and 20 s

for HeLa cells were used.

6.7 Instrumentation

Raman spectroscopy - All SERRS spectra were recorded using a Leica DM/LM
microscope equipped with an Olympus 20x/0.4 long working distance objective,
which was used to collect 180° backscattered light from a microtiter plate or
macrosampler. The spectrometer system was Renishaw inVia with 632.8 nm line of
helium-neon laser or 514 nm Ar ion laser or 785 nm Diode laser coupled to Renishaw

Ramascope System 2000.

UV-visible spectroscopy — All UV-Vis spectra were recorded using CARY 300 Bio
UV-Visible spectrophotometer.

Fluorescence spectroscopy — All fluorescence spectra were recorded using Varian

CARY Eclipse Fluorescence Spectrophotometer.

Malvern High Performance Particle Sizer and Malvern Zetasizer 2000 were used

to measure zeta size and zeta potential of prepared conjugates.

HPLC - was carried out on a Dionex UVD170U detector fitted with a P680 pump

through a Phenomenex Clarity column.
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Chapter 7

Conclusions
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The aim of this work was to prepare SERRS active, oligonucleotide functionalised
nanoparticles which can be used as probes in a hybridisation based DNA detection
assay. In order to achieve this, four different linkers containing a surface complexing
group (thioctic acid) allowing attachment to the metal surface; a PEG unit, which
prevents non-specific interactions and increases the stability of the formed conjugates,
a fluorescent (aminofluorescein, fluorescein, TAMRA) or non-fluorescent Raman
reporter (BHQ) and free COOH group, which allows the conjugation of the linker to
biomolecules, were designed. Fluorescein (F), aminofluorescein (Af), TAMRA (T)
and BHQ linkers were successfully synthesised with good yields. All the linkers were
then used to functionalise gold (citrate stabilised 18 and 50 nm) and silver (citrate and
EDTA stabilised) nanoparticles.

It was found that the best SERRS response was obtained using laser excitation of
633 nm from all types of prepared conjugates. The signal intensity was the highest for
BHQ and T conjugates and much weaker for F and Af conjugates. As expected the
SERRS signals obtained from linker functionalised silver nanoparticles were much
stronger than the one obtained from Au-linker conjugates. Good SERRS signals were
also obtained from both types of silver nanoparticles functionalised with the BHQ
linker using excitations at 514 and 785 nm.

Measurements of the hydrodynamic diameter (by DLS) of the linker-nanoparticle
conjugates and its zeta potential confirmed surface modification and indicated that the
prepared conjugates exhibited high stability.

Two different methods to conjugate biomolecules to linker functionalised
nanoparticles were used within this work. The first of them, used EDCHCI, sulfo
NHS in phosphate buffer. Due to the low stability of all of the silver nanoparticle
conjugates and also 50 nm Au-T and 50 nm Au-F this method can not be used for
conjugation of those probes to oligonucleotides. The second, novel method, in which
DMT MM in water, phosphate buffer or alcohol was used as an amide bond forming
reagent had not been used for bioconjugations before. This method allows attachment
of oligonucleotides to all of the linker-nanoparticle conjugates. It was found that for
smaller gold nanoparticles functionalised with all types of linkers, both coupling
chemistries investigated exhibit similar effectiveness (under the same conditions, in
phosphate buffer). For the larger Au nanoparticles used in this study DMT MM was
found to be more effective than EDCHCI.
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The DMT MM activated amide bond formation reaction can be performed in
different solvents, such as water, buffers or MeOH. In order to find the most suitable
conditions for amide linkage formation the effectiveness of DMT MM in water,
phosphate buffer (pH=7.0, pH=7.6) and 10% of MeOH in water were compared. It
was found that the biggest DNA surface coverage was obtained when the coupling
reaction was performed in water. For all types of conjugates the less costly DMT MM
was found to be more efficient as an amide bond forming reagent allowing
conjugation of the free COOH groups of the linkers attached to the nanoparticles to
amino-modified oligonucleotides when the coupling reaction was performed in water.
The use of this new, less time consuming, simple one-step bioconjugation method
allows attachment of oligonucleotides to nanoparticles which are not stable in buffers,
such as 10 mM phosphate buffer.

The attachment of oligonucleotides to linker-nanoparticle conjugates was
confirmed by gel electrophoresis and DLS measurements of the hydrodynamic
diameter of formed probes. All types of oligonucleotide functionalised nanoparticles,
except Ag-EDTA conjugates, exhibited high, negative zeta potential indicating their
high stability.

For most of the prepared nanoparticle-linker-DNA conjugates a small increase in
the intensity of the SERRS signal obtained from the system was observed after
oligonucleotides attachment. This is probably caused by the change of orientation of a
Raman reporter, present within the linker structure, on the metal surface after addition
of ssDNA in such a way that the label is experiencing stronger surface enhancement.
DLS measurements indicated that the large increase of the intensity of SERRS signal
observed for Ag EDTA-Af and Ag citrate-BHQ after addition of oligonucleotides is
caused by the formation of small aggregates during conjugation process.

In the case of all types of fluorescein linker conjugates and 18 nm Au-BHQ-DNA
probes no SERRS signals were observed using excitation at 633 nm.

The following types of prepared probes were used to detect specific DNA
sequences in a hybridisation based DNA detection assay: 18 nm Au-F-DNA; 18 nm
Au-Af-DNA, 50 nm Au-Af-DNA, 18 nm Au-T-DNA, 18 nm Au-BHQ-DNA, 50 nm
Au-BHQ-DNA. All types of silver nanoparticle probes were not stable in buffers
usually used for DNA hybridisation, thus they were not used as a probes for that
purpose. In a typical hybridisation experiment two nanoparticle probes functionalised

with different DNA sequences were mixed together in a 1:1 molar ratio. Then target,
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complementary (or not complementary for control samples) to both probes, was
added. The hybridisation experiments were performed for the probes prepared in the
presence of DMT MM and EDCHCI. The concentration of the probes was kept
constant during all experiments, however 6 different target concentrations were used
in hybridisation experiments performed with the use of each type of the probes.
Different hybridisation buffers were also used: 0.1 M PBS (pH=7.0, pH-7.2), 0.3 M
PBS (pH=7.0, pH=7.6), 1xTris EDTA buffer. After addition of the targets, the
samples were heated to 75 or 95°C for 5-10 mins, frozen on dry ice or allowed to
hybridise at room temperature or at 37°C. Unfortunately the expected changes in the
intensity of SERRS signal or changes in gold plasmon band were not observed after
addition of the complementary target. The number of DNA strands attached to probes
prepared within this work is much lower than the number of DNA strands attached to
probes which were reported to be successfully used to detect DNA sequences in a
sandwich assay format, such as gold nanoparticles functionalised with thiolated
oligonucleotides or silver nanoparticles with a mixed layer of Raman reporter and
thiolated oligonucleotides. It was concluded that the lack of nanoparticle aggregate
formation after addition of complementary target to the sample containing two types
of nanoparticle probes is due to the low number of DNA strands attached to the
probes. This low DNA surface coverage might be caused by an unsuitable orientation
of linker COOH groups on nanoparticle surface for bioconjugation.

In order to increase DNA loading on the nanoparticle surface a mixed layer
containing one of the synthesised linkers and PEG 41-TA or PEG11-TA linker, or
thiolated PEG or short oligonucleotide was formed. This should reduce the number of
linkers attached to the metal surface and change the orientation of the linker COOH
groups in such a way that more conjugation reaction will take place. Unfortunately the
increase in the number of oligonucleotides attached was not observed. It was
concluded that due to the very low number of oligonucleotides attached the use of
such a probe in a DNA detection assay was not successful. However, the synthesised
linkers can act as SERRS nanoparticle labels in their own right. Additionally the
presence of terminal carboxyl groups within the linker structure, which allows
conjugation to the biomolecules, give the opportunity to use the linkers for tagging
antibodies and proteins.

The other aim of the current work was to prepare SERS active, pH sensitive probes

allowing the detection of the changes in intracellular pH. Two different pH sensitive
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molecules, 4-mercaptopyridine and 2-aminothiophenol, were used to functionalize Ag
EDTA, Ag citrate and 18 nm Au nanoparticles via metal-thiol interaction. It was
found that the greatest sensitivity and highest signal intensity was obtained from Ag
EDTA nanoparticles functionalised with 4-mercaptopyridine.

As it was proven that functionalisation of metallic nanoparticles with nuclear
localization sequences or cell penetrating peptides make it possible to deliver
nanoparticles components of a cell, a SERS active, pH sensitive probe allowing the
attachment of biomolecules to the nanoparticle surface was designed. In order to
prepare such a probe a mixed layer of pH sensitive Raman reporter and PEG 41-TA
linker was formed on the nanoparticle. It was noted that the created pH sensor does
not lose sensitivity, when compared with nanoparticles functionalised with pH
sensitive Raman reporter only. Use of the PEG 41-TA linker containing free COOH
groups allowed conjugation of biomolecules such as DNA or peptides.

The prepared pH sensitive probes were successfully used to detect pH values
inside HeLa and macrophages cells. Further work involving the preparation of Ag
EDTA-4-mercaptopyridine-PEG 41/TA probes conjugated to nuclear localization
sequence and detection of pH values inside a cell nucleus is ongoing in the Centre for

Molecular Nanometrology at the University of Strathclyde.
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Appendix A: Other DNA sequences used in hybridisation assay

Strand 1: 5 AAA AGC TAAGTCT 3’
Strand 2: 5 AAA ATG GGA AGCT 3

Target 1,2: 5> AGA CTT AGC TAG CTT CCC AT 3’

Strand 3: 5 AAA TCT CAA CTC GTA 3°
Strand 4: 5> AAA CGC ATT CAG GAT 3’

Target 3,4: 5> TAC GAG TTG AGA ATC CTG AAT GCG 3’

Strand 5: 5 TTC TTC TACG 3’
Strand 6: 5 ACA GTC AGCC 3

Target 5,6: 5> CGT AGA AGA AGG CTG ACT GT 3’

Strand 7: 5> TCCCCT CTA A 3’
Strand 8: 5> CAC CAC ACT G 3’

Target 7,8: 5> TTA GAG GGG ACA GTG TGG TG ¥’

Strand 9: 5° GCT TGT CCT C 3°
Strand 10: 5 CTC TCT GCT C 3’

Target 9,10: 5° GAG GAC AAG CGA GCA GAG AG ¥’

Strand 11: 5> CGACTC TAGC 3
Strand 12: 5> CAACCT GTCC 3

Target 11,12: 5> GCT AGA GTC GGG ACA GGT TG ¥

Strand 13: 5> ATG TAA AGA A 3
Strand 14: 5> CCGCTCCCAG ¥

Target 13,14: 5 TTC TTT ACA TCT GGG AGC GG 3’
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Appendix B: Hybridisation assay-the TAMRA linker probes
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Figure B1:  Changes in the extinction spectra observed with time for the samples containing two
18 nm Au-T-DNA (sequences 3 and 4) probes (1.62 nM) and complementary or non-
complementary target (4.0510® M) for different probes orientations.
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Figure B2: Changes in the intensity of SERRS signals observed after addition of target
(complementary (A) or non-complementary (B)) to the solution containing two 18
nm Au-T-DNA (sequences 3 and 4) probes (1.62 nM) hybridizing to the target
(4.0510° M) in a head to tail (ht) fashion. The bottom graph shows changes of the
intensity of the peak at 1356 cm™ with time, after addition of complementary and
non-complementary target.
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Figure B3:  Melting profiles of aggregates formed from 18 nm Au-T-DNA (sequences 3 and 4)
probes in a head to tail orientation at 260 nm and 520 nm.
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Appendix C: Hybridisation assay-the aminofluorescein linker probes
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Figure C1: Changes in the extinction spectra observed with time for the samples containing
two 18 nm Au-Af-DNA (sequences 1 and 2) probes (1.62 nM) and complementary
or non-complementary target (8.110"°M) for different probes orientations.
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Figure C2: Changes in the intensity of SERRS signals observed after addition of target
(complementary (A) or non-complementary (B)) to the solution containing two 18
nm Au-Af-DNA (sequences 1 and 2) probes (1.62 nM) hybridizing to the target
(8.110™M ) in a head to tail fashion.
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Figure C3: Changes in the extinction spectra observed with time for the samples containing two 50

nm Au-Af-DNA (sequences 1 and 2) probes (3.7810* M) and complementary or non-
complementary target (7.56:10™° M) for different probes orientations.

B
A —
ggﬁaitgzget — after target
addition
500 - — after 1 hour 500 - e
5 400 5 400 | e
@ 300 after 3 hours g 300 - -
£ 290 after 5 hours Rl
— E u —
10a “| i i\“w':‘ll\‘-;ll‘.ll..l ' Ih“"hlli' L."J,*‘J‘ 0 1 .f:l-.".ki'#u-gl*'ﬂf'-’" --'-_'\’"_l'Ju" =','-‘.I,'H'i-,|| after 5 hours
O - ™ T LRI O - s r 2 A
500 1000 1500 2000 2500 500 1000 1500 2000 2500
Raman shift [cm-1] Raman shift [cm-1]
Figure C4: Changes in the SERRS signal observed after addition of target (complementary (A) or

non-complementary (B)) to the solution containing two 50 nm Au-Af-DNA (sequences 1
and 2) probes (3.7810* M ) hybridizing to the target (7.5610™° M )in a head to tail
fashion.
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Figure C5: Changes in the extinction spectra observed with time for the samples containing
two 18 nm Au-Af-DNA (sequences 3 and 4) probes (1.62 nM) and complementary
or non-complementary target (8.110"°M) for different probes orientations.
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Figure C6:

Changes in the SERRS signal observed after addition of target (complementary (A)
or non-complementary(B)) to the solution containing two 18 nm Au-Af-DNA
(sequences 3 and 4) probes (1.62 nM) hybridizing to the target (8.110"°M ) in a
head to tail fashion.
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Figure C8: Changes in the intensity of the SERRS signal observed after addition of target
(complementary (A) or non-complementary (B)) to the solution containing two 50
nm Au-Af-DNA (sequences 3 and 4) probes (7.56:10™** M ) hybridizing to the target
(1.512:10° M) in a head to tail (ht) fashion.
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Table C1:

Summary of the changes observed in the extinction and SERRS spectra after
addition of complementary or imperfect target to the solution containing the

aminofluorescein linker probes.
DNA Changes
Type of Probes sequences Target Changes observed in observed in
colloid orientation g the UV-Vis spectrum the SERRS
spectrum
head to No changes
18 nm Au head 1 and 2 compl. No changes observed. observed.
head to No changes
18 nm Au head 1 and 2 non-compl. | No changes observed. observed.
18 nm Au head to tail 1 and 2 compl. No changes observed. No  changes
observed.
18 nm Au head to tail land2 | non-compl. | No changes observed. No  changes
observed.
18 nm Au tail to tail 1 and 2 compl. No changes observed. No — changes
observed.
18 nm Au tail to tail land 2 | non-compl. | No changes observed. No ~ changes
observed.
head to No changes
50 nm Au head 1 and 2 compl. No changes observed. observed.
head to No changes
50 nm Au head land2 | non-compl. | No changes observed. observed.
. Small decrease in gold | No changes
50 nm Au head to tail 1 and 2 compl. s e alse observed.
. Small decrease in gold | No changes
50 nm Au head to tail land2 | non-compl. plasmon band observed. observed.
50 nm Au tail to tail 1 and 2 compl. No changes observed. DD AR
observed.
50 nm Au il 1 and 2 non-compl. | No changes observed. DD AR
observed.
18 nm Au head to 3 and 4 compl. No changes observed. No  changes
head observed.
18 nm Au head to 3and4 | non-compl. No changes observed. No changes
head observed.
18 nm Au head to tail 3 and 4 compl. No changes observed. No  changes
observed.
18 nm Au head to tail 3and4 | non-compl. No changes observed. No ~ changes
observed.
18 nm Au tail to tail 3and 4 compl. No changes observed. No — changes
observed.
18 nm Au tail to tail 3and4 | non-compl. No changes observed. No changes
observed.
head to Small decrease in gold | No changes
AUl head B sl plasmon band observed. observed.
head to Small decrease in gold | No changes
AUl head SEiile | ksl plasmon band observed. observed.
. Small decrease in gold | No changes
50 nm Au head to tail 3 and 4 compl. plasmon band observed. observed.
. Small decrease in gold | No changes
50 nm Au head to tail 3and4 | non-compl. e ] observed.
. . Small decrease in gold | No changes
50 nm Au tail to tail 3 and 4 compl. s e b observed.
tail to tail Small decrease in gold | No changes
SV A Semils | [omeopl plasmon band observed. observed.

Probes concentration: 1.62 nM (18 nm Au), 3.78x10"'M (50 nm Au); target concentration: 8.1x10"°M
(18 nm Au), 7.56x10"'°M (50 nm Au); SERRS experiments were performed using excitation at 633 nm.
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Appendix D: Hybridisation assay-the fluorescein linker probes
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Figure D1: Changes in the extinction spectra observed with time for the samples containing two 18 nm Au-
F-DNA (sequences 1 and 2) probes (1.62 nM) and complementary or non-complementary target
(3.24:10°°M) for different probes orientations.
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Figure D3: Changes in the extinction spectra observed with time for the samples containing
two 18 nm Au-F-DNA (sequences 3 and 4) probes (1.62 nM) and complementary or

non-complementary target (3.24:10"°M) for different probes orientations.
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Table D1: Summary of the changes observed in the extinction spectra after addition of
complementary or imperfect target to the solution containing the fluorescein
linker probes.

Tz)/?e Probes DNA Target Changes observed in udelsndlenalyss

colloid orientation | sequence g the UV-Vis spectrum 260 nm 520 nm

Decrease and red shift Sharp meltin Sharp
18 nm head to (10 nm) of the gold P & melting
land2 | compl. curves not
Au head plasmon band curves not
observed.
observed. observed.
Small decrease and a
18 nm head to non- | small red shift (2 nm)
Au head l'and2 compl. | of the gold plasmon N/A N/A
band observed
Decrease and red shift . Sharp
Sharp melting .
18 nm . (12 nm) of the gold melting
headtotail | 1and2 | compl. curves not
Au plasmon band curves not
observed.
observed. observed.
Small decrease and a
18 nm head to tail | 1 and 2 non- | small red shift (3 nm) N/A N/A
Au compl. | of the gold plasmon
band observed.
Small decrease and a

18 nm . . small red shift (2 nm)

Au tail to tail land2 | compl. of the gold plasmon N/A N/A
band observed.
Small decrease and a

18 nm . . non- | small red shift (2 nm)

Au tail to tail 1 and 2 compl. | of the gold plasmon N/A N/A
band observed
18nm | beadto | 3,44 | compl. | No changes observed N/A N/A
Au head a compl. o changes observed.

Rk LY 3 and 4 o= 1 N changes observed. N/A N/A
Au head compl.

lgA?lm head to tail | 3 and4 | compl. | No changes observed. N/A N/A

18 nm head to tail | 3 and 4 o~ 1 N changes observed. N/A N/A
Au compl.

ISAI:Jm tail to tail 3and4 | compl. | No changes observed. N/A N/A

1 i tail to tail 3 and 4 o=\ changes observed. N/A N/A
Au compl.

Probes concentration: 1.62 nM; target concentration: 3.24x10"°M. N/A — melting analysis was not
performed.
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Appendix E: Hybridisation assay- the BHQ linker probes
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Figure E1: Changes in the extinction spectra observed with time for the samples containing

two 18 nm Au-BHQ-DNA (sequences 1 and 2) probes (1.62 nM) and
complementary or non-complementary target (1.13:10° M) for different probes

orientations.
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Figure E2: Changes in the extinction spectra observed with time for the samples containing two

50 nm Au-BHQ-DNA (sequences 1 and 2) probes (3.7810™ M) and complementary
or non-complementary target (5.67:10° M) for different probes orientations.
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Figure E3: Changes in the intensity of the SERRS signal observed after addition of target
(complementary (A) or non-complementary(B)) to the solution containing two 18
nm Au-BHQ-DNA (sequences 1 and 2) probes (1.62 nM )hybridizing to the
targets (1.1310° M) in a head to tail fashion. The bottom graph shows changes of
the intensity of the peak at 1090 cm™ with time, after addition of complementary
and non-complementary target.
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Figure E4: Changes in the intensity of the SERRS signal observed after addition of target

(complementary or non-complementary) to the solution containing two 50 nm
Au-BHQ-DNA (sequences 1 and 2) probes (3.7810™ M) hybridizing to the
targets (5.67:10° M ) in a head to tail fashion. The bottom graph shows changes
of the intensity of the peak at 1090 cm™ with time, after addition of
complementary and non-complementary target.
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Figure E5: Changes in the extinction spectra observed with time for the samples containing two 18

nm Au-BHQ-DNA (sequences 3 and 4) probes (1.62 nM) and complementary or non-
complementary target (1.13:10°° M) for different probes orientations.
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Changes in the extinction spectra observed with time for the samples containing
two 50 nm Au-BHQ-DNA (sequences 3 and 4) probes (3.7810" M) and
complementary or non-complementary target (5.67:10° M) for different probes

orientations.
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Figure E7: Changes in the intensity of the SERRS signal observed after addition of target
(complementary (A) or non-complementary (B)) to the solution containing two
18 nm Au-BHQ-DNA (sequences 3 and 4) probes (1.62 nM) hybridizing to the
target (1.1310° M) in a head to tail (ht) fashion. The bottom graph shows
changes in the intensity of the peak at 1090 cm™ with time, after addition of
complementary and non-complementary target.
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Figure ES8: Changes in the intensity of the SERRS signal observed after addition of target
(complementary(A) or non-complementary(B)) to the solution containing two 50
nm Au-BHQ-DNA (sequences 3 and 4) probes (3.7810™ M )hybridizing to the
target (5.67:10° M ) in head to tail (ht) fashion. The bottom graph shows changes
of the intensity of the peak at 1090 cm™ with time, after addition of
complementary and non-complementary target.
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Table E1: Summary of the changes observed in the extinction and SERRS spectra after
addition of complementary or imperfect target to the solution containing the
BHQ linker probes.
e Probes DIV Changes observed in the Changes sloserie]
of - : sequences Target : in the SERRS
. | orientation UV-Vis spectrum
colloid spectrum
18 nm head to 1 and 2 No changes
Au head compl. No changes observed. observed.
18 nm head to 1 and 2 No changes
Au head non-compl. | No changes observed. observed.
18 nm . 1 and 2 No changes
Au head to tail compl. No changes observed. observed.
18 nm head to tail l'and2 non-compl. | No changes observed. No changes
Au observed.
18 nm . . 1 and 2 No changes
Au tail to tail compl. No changes observed. observed.
18 nm | tail to tail 1 and 2 non-compl. | No changes observed. No changes
Au observed.
50 nm head to 1 and 2 No changes
Au head compl. No changes observed. observed.
50 nm head to 1 and 2 No changes
Au head non-compl. | No changes observed. observed.
50 nm . 1 and 2 No changes
Au head to tail compl. No changes observed. observed.
Uil head to tail e non-compl. | No changes observed. Al Ghianee:
Au observed.
50 nm . . 1 and 2 No changes
Au tail to tail compl. No changes observed. observed.
50 nm | tail to tail 1 and 2 TonconE, | [No dhaizes e No changes
Au observed.
18 nm head to 3 and 4 No changes
Au head compl. No changes observed. observed.
18 nm head to 3 and 4 No changes
Au head non-compl. | No changes observed. observed.
18 nm head to tail 3and4 compl. No changes observed. No changes
Au observed.
18 nm head to tail 3and4 non-compl. | No changes observed. No changes
Au observed.
18 nm . . 3 and 4 No changes
Au tail to tail compl. No changes observed. observed.
18 nm | tail to tail 3and 4 No changes
Au non-compl. | No changes observed. observed.
50 nm head to 3 and 4 compl No changes observed. No changes
Au head pL observed.
50 nm head to 3 and 4 non-compl No changes observed. No changes
Au head pL observed.
50 nm head to tail 3 and 4 el No changes observed. No changes
Au observed.
50 nm head to tail 3 and 4 e No changes observed. No changes
Au observed.
50 nm . . 3 and 4 No changes observed. No changes
tail to tail compl.
Au observed.
50nm | tail to tail 3 and 4 No changes observed. No changes
non-compl.
Au observed.

Probes concentration: 1.62 nM (18 nm Au), 3.78x10"'M (50 nm Au); target concentration: 1.13x10°M
(18 nm Au), 5.67x10°M (50 nm Au); SERRS experiments were performed using excitation at 633 nm.
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Appendix F: Possible fold structures of sequences 1, 2 and 4.

N A

'5——A—G----C—T—3
dG=1.66 kcal/mol

3,
o c—T A
j\_ S \T |
L |
T—C\T—G/A C \A
¥ dG=1.72 kcal/mol T““‘*A/

b i

|

C

|

dG=2.02 kcal/mol

Figure A: Possible folded structures of strand 1: 5> AGC TAAGTC T 3'.

Strand 2
'5——A
T
G
G
- \T
T\G/A
T
|
3

dG=0.80 kcal/mol

Strand 4
5—=0C
G
C
T—
G
f.*—T/ \
| ' A
T—A
| \G,.._G
3!

dG=1.30 kcal/mol

Figure B: Possible folded structures of strands: 2 (5 ATG GGAAGC T 3’)and 4 (5’ CGC

ATT CAG GAT 3’).
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