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Abstract

Microfluidics is a valuable technology for a variety of different biomedical applications.
In particular, within cancer research, it can be used to improve upon currently used in
vitro screening assays by facilitating the use of 3D cell culture models. One of these
models is the multicellular tumour spheroid (MCTS), which provides a more accurate
reflection of the tumour microenvironment in vivo by reproducing the cell to cell
contact, the development of a nutritional gradient and the formation of a
heterogeneous population of cells. Therefore, the MCTS provides a more
physiologically relevant in vitro model for testing the efficacy of treatments at the
preclinical level. Currently, methods for the formation and culture of spheroids have
several limitations, including being labour intensive, being low throughput, producing
shear stress towards cells and the hanging drop system being unstable to physical
shocks. Recently, microfluidics (especially droplet microfluidics) has been employed
for the culture and screening of spheroids, providing a high-throughput methodology
which only requires small volumes of fluids and small numbers of cells. However,
current issues with droplet microfluidics include complicated droplet gelation
procedures and short cell culture times.
In this thesis, the use of microfluidic technologies as an approach for spheroid
formation and culture are investigated with the aim to create a platform for
radiotherapeutic and chemotherapeutic treatment of spheroids using cell lines.
Initially, the use of emulsion technology at the macro scale was evaluated to determine
the best conditions for spheroid culture. Once this was achieved the spheroids were
compared to spheroids using a traditional method and radiotherapeutic treatment was
conducted. Subsequently, avenues for miniaturising the developed emulsion-based
methods were studied to provide a microfluidic technology. Finally, along with
identifying the optimal culture conditions using hydrogels, a microfluidic system that
integrated both droplet and single phase microfluidics features was developed for the
formation and culture of spheroids. Using the latter, proof of principle experiments
were conducted to demonstrate the suitability of the platform for both
chemotherapeutic and radiotherapeutic assays within the same device.
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1. Introduction

In this chapter, the main motivations for carrying out this project are introduced and
the aims and novelty of this work are provided. A brief outline of the thesis is given
along with the project contributions and publications stemmed from this project.

1.1 Motivation
In the past decade, there has been a major increase in the discovery of potential
anticancer treatments[1],[2]. However, less than 10% of novel anticancer compounds
make it successfully through the clinical trial stages of the drug development process,
mainly due to a lack of treatment efficacy observed in vivo[2],[3]. With regards to
radiotherapy, further advancements are essential due to its lack of efficacy for certain
types of cancer such as glioblastoma[4].

One of the major limitations in the

development of anticancer treatments is the heavy reliance upon the use of twodimensional (2D) cell culture models for preclinical studies[5]. 2D cell culture models
such as monolayers provide a poor representation of the complex tumour environment
and, as such, provide an inaccurate reflection of the efficacy of anticancer treatments in
vivo[6], [7]. A better alternative to monolayers are three-dimensional (3D) cell culture
models, such as the multicellular tumour spheroid (MCTS). Due to its 3D composition,
MCTS has several of the features observed within a tumour in vivo, such as cell to cell
contact and a heterogeneous population of cells[8], [9]. However, currently used
methods for the culture of MCTSs (e.g. spinner flask or hanging drop plates) have
several drawbacks, such as being labour intensive and low throughput. As a
consequence, there has been a poor uptake of MCTS-based assays within the preclinical
testing of anticancer treatments.[5]
Microfluidics has gained increased interest as a technology for potential use in
biological applications[10], [11]. Microfluidics offers higher throughput solutions due
to its miniaturised format whilst requiring only small amounts of cells and volumes of
drugs or reagents[10], [11]. A particular microfluidic technology which is of interest in
biological applications is droplet microfluidics, which offers high throughput
methodologies to encapsulate cells within emulsions, creating multiple reactors for
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single cell and cell population studies[11]–[14]. Droplet microfluidic studies involving
the formation of MCTSs have mainly focussed on the use of alginate and/or matrix
beads and microcapsules[15]–[20]. Overall, these studies have proven to be successful
for the formation and culture of MCTSs with an example of a study producing over
1000 spheroids per device which, for example, highlights the high-throughput
capabilities[21] of the technology. However, its compartmentalization properties
suffers from the drawback of limiting the culture time for the encapsulated cells, often
requiring the culture of spheroids off-chip in standard tissue culturing plates[19], [22]
or the use of double emulsion droplets which are complicated to form[23].
Compartmentalisation, where each droplet acts as an environmentally isolated
experiment[10], means that a finite amount of nutrients are available and a build-up of
waste products is maintained, both of which can have a detrimental impact on cell
viability. As a result, cell culturing duration times within droplets are short with the
viability of cells reducing over days or even hours[19], [23], [24],[25], [26]. Thus, in
order to carry out long term spheroid culture, useful for assessing long term treatment
and spheroid responses within M/O droplets, an essential requirement is an
investigation into the conditions to resolve the issue of compartmentalisation within a
single, simplified microfluidic device. The ideal system would combine the high
throughout characteristics of droplet microfluidics with the ease of medium perfusion
of single-phase microfluidics. Both of these aspects have previously not been achieved
and would be a positive advance in the use of microfluidic technology for spheroid
culture and screening assays. More specifically, the development of a robust
microfluidic assay for the culture and treatment of MCTSs has the potential to help in
“bridging the gap” between in vitro cell culture models and in vivo models[27].

1.2 Aim and Objectives
The main aim of this thesis was to develop a microfluidic technology suitable for the
formation,

long

term

culture,

and

treatment

(both

radiotherapeutic

and

chemotherapeutic) of multicellular tumour spheroids (MCTSs).
The main objectives were as follows:
a) To characterise conditions for the formation and long term culture of MCTSs
within macro medium in oil (M/O) droplets
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b) Compare MCTSs formed and treated within M/O droplets with those formed
and treated using traditional methods
c) Develop a microfluidic device suitable for the formation and storage of M/O
droplets in a high-throughput format
d) Evaluate the suitability of the microfluidic device for the long term culture of
MCTSs
e) Evaluate the suitability of the microfluidic device for carrying out
radiotherapeutic and chemotherapeutic treatments on MCTSs
This work has produced the first comprehensive investigation of conducting long term
culture of MCTSs within M/O droplets and developed an integrated platform for
carrying out chemotherapeutic and radiotherapeutic screening on MCTSs within a
single microfluidic device.

1.3 Thesis Outline
Chapter 2 provides an overview of why an improvement is still required in the
development of anticancer treatments and how 3D cell culture models can help
approach this issue. The current methods used for the formation of spheroids are
evaluated and their limitations are discussed. The second part introduces the concept
of using droplet microfluidics, providing a brief overview of this technology and how it
is useful in biological applications. The use of droplet microfluidics in spheroid
formation and culture will also be discussed and current literature will be evaluated.
Chapter 3 discusses the experimental methods and materials involved in the
fabrication of microfluidic devices and protocols used to conduct droplet microfluidic
experiments. This chapter also includes the methods required for the culturing of UVW
glioma cells, radiotherapeutic and chemotherapeutic treatments and the analysis
conducted on spheroids.
Chapter 4 introduces the concept of spheroid formation and culture within medium in
oil droplets using macrodroplets within an open well device. Within this chapter, the
conditions required for long term culture have been characterised and the spheroids
formed within macrodroplets have been compared with those formed using a
traditional method. Once this method was established, the ability to carry out radiation
treatment on spheroids was evaluated. Several factors were tested such as spheroid
size, radiation dose and the proliferative state of the spheroid. The radiotherapeutic
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effects were also compared using spheroids formed in spinner flasks and non-adherent
plates. The data within this chapter was published in a peer reviewed journal article
which was featured on the front cover of the Analyst[28] and was included in a
conference paper for Microtas 2014[29].
Chapter 5 describes the process involved in the development of a microfluidic device
suitable for the formation and storage of droplets for the long term culture of
spheroids. This chapter’s aim was to develop a single device to reduce the complexity
of the process whilst guaranteeing prolonged spheroid culture. Finally, a microfluidic
device and protocols were developed to integrate droplet microfluidics with single
phase microfluidics techniques.
Chapter 6 presents the assessment the microfluidic device and protocols developed for
the formation and long term culture of spheroids. This system is tested for its
suitability to carry out chemotherapeutic and radiotherapeutic assays. Finally,
investigations were executed to determine if the device was suitable for spheroid
formation and culture using hydrogels. Data from chapters 5 and 6 have been used for
publishing a peer reviewed journal article in Lab on a Chip[30] and included in a
conference paper which has been accepted for Microtas 2016.
Chapter 7 discusses the outcomes and limitations which are identified throughout this
work. Additionally, a number of potential future applications are highlighted, and
subsequent projects which have already arisen as a result of some of the findings in this
thesis are discussed.

1.4. Project Contributions
In this project, all of the results and data analysed was conducted by the author unless
stated otherwise. Training for cell culture was carried out by Dr Marie Boyd. Training
to carry out photolithography and soft lithography was carried out by Dr Michele
Zagnoni. Training to use the x-irradiator was conducted by Dr Anthony McCluskey. The
dosimetry measurements reported in Chapter 6 and initial training to carry out tissue
processing, sectioning and staining was conducted by Dr Annette Sorensen. The initial
training of carrying out droplet microfluidic based experiments was conducted by Dr
Michele Zagnoni and Bárbara Schlicht. The author independently optimised the
experimental protocol for UVW glioma spheroid formation and culture within
biocompatible M/O droplets and optimised a protocol for staining and sectioning
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spheroids with haematoxylin and eosin (Chapter 4). Additionally, the author developed
and tested different microfluidic device designs for droplet formation, cell
encapsulation,

spheroid

culture

and

carried

out

radiotherapeutic

and

chemotherapeutic treatments (Chapters 5-6).

1.5. Publications
Aspects of this research have been published in the following journals and conference
proceedings:
“Emulsion technologies for multicellular tumour spheroid radiation assays”, K. S
McMillan, A. G McCluskey, A Sorensen, M. Boyd & M Zagnoni (2016) Analyst, 141, 100 –
featured on the journal front cover
“Transitioning from multi-phase to single-phase microfluidics for long-term culture
and treatment of multicellular spheroids”, K. S McMillan, M Boyd & M Zagnoni (2016)
Lab on a Chip, doi:10.1039/C6LC00884D
“Development of a droplet microfluidic assay for radiotherapy treatment of
multicellular spheroids”, K McMillan, M Boyd & M Zagnoni, 18th International
Conference on Miniaturized Systems for Chemistry and Life Sciences October 26-30,
2014, San Antonio, Texas, USA
“From emulsion to single-phase microfluidics: an integrated approach to culture and
perfusion of multicellular spheroids”, K. S McMillan, M Boyd & M Zagnoni, 20th
International Conference on Miniaturized Systems for Chemistry and Life Sciences
October 9-13 2016, Dublin, Ireland (accepted for poster presentation)
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2. Background

2.1 Overview of Cancer
Cancer continues to be a serious problem worldwide with the International Agency for
Research of Cancer (IARC) in 2012 predicting that the number of reported cases will
increase by 75% in the next 20 years[31]. According to statistics from Cancer Research
UK cancer is one of the leading causes of death with more than 1 in 4 deaths in the UK.
Cancer is defined as a disease which involves the uncontrolled proliferation and spread
of cells throughout the body[32]. In order to understand the factors involved in the
development of a normal cell into a cancerous cell it is important to understand the cell
cycle. The cell cycle is a set of events which results in one cell dividing into two
daughter cells and is made up of four main stages; G1 phase, S phase, G2 phase (known
collectively as interphase) and mitosis[33]. A cell exits out of the resting phase, which is
also known as the G0 phase, and enters the G1 phase once a growth factor binds to a
specific receptor, resulting in stimulation of a signalling pathway[33], [34]. In the G1
phase the cell increases in size and gets ready for DNA replication. When the cell enters
the S phase, DNA replication occurs and then moves into the G2 phase, where the cell
further increases in size and produces proteins for mitosis. During the cell cycle, a cell
has to pass through checkpoints in which the cell is checked to see if it has any
abnormalities, such as DNA damage[33]. Checkpoints are located within G1, before a
cell moves from G1 to S, before a cell moves from G2 to mitosis and in mitosis in
metaphase before a cell enters anaphase. Here the daughter chromatids move to
opposite ends of the cell before telophase, where the cell divides in two[33]. If at any of
these checkpoints the cell is detected to have an abnormality (i.e. DNA damage), either
the cell cycle is stopped and attempts are made to repair the cell or the cell undergoes
programmed cell death, also known as apoptosis[33].
Hanahan and Weinberg suggested in 2000 that there are 6 physiological alterations
(referred to as the hallmarks of cancer) involved during the development of cancer,
which can be observed in the majority of cancer types[35], [36]. The first physiological
alteration identified was “self-sufficiency in growth signals”, where a cell is able to
produce its own growth signals. In a normal cell the growth signals, which stimulate a
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cell to enter into the active phase of the cell cycle, are produced by the external
microenvironment. However, in cancer cells they reduce their dependency upon other
cells and the microenvironment by producing their own growth signals to which they
can also respond. An example of this is glioblastoma, which has the ability to produce
platelet derived growth factor (PDGF)[35].
Another physiological change linked to the control of cell proliferation is “insensitivity
to anti-growth signals”. Within a normal cell, anti-growth factors are released in order
to maintain tissue homeostasis and prevent the unlimited proliferation of cells. Thus,
cells are moved from an active phase of the cell cycle into the G0 stage until they are
reactivated by growth factors. Cancer cells become insensitive to anti-growth factors
and so the cells continue to proliferate even if no more cells are required or if an
abnormality is detected within the cell.
The third hallmark is the ability of a cell to avoid apoptosis. In a normal cell, apoptosis
is triggered if an abnormality such as DNA damage or hypoxia is detected. One of the
best known mutations in cancer, which results in the evasion of apoptosis, is the
tumour suppressor gene p53 which has been identified in over 50% of human
cancers[37].
The fourth main alteration, which is a result of the previous three discussed, is
“limitless replicative potential”, allowing for the growth of tumours. Due to this
physical alteration the replication of cancer cells is not regulated and, as such,
uncontrolled proliferation of cells occurs.
The fifth main physiological capability is “sustained angiogenesis”. Angiogenesis is the
ability to produce new blood vessels from existing vasculature so that as the tumour
increases in size there is an increased supply of nutrients and oxygen to allow cells to
proliferate[38]. This is essential for a tumour to continue to grow, as tumour cells are
estimated to be within 100 m of a blood vessel in order for tumour cells to receive
sufficient nutrition and oxygen[39].
The final hallmark of cancer and the main differential characteristic between benign
and malignant tumours is its ability of malignant cells to invade and metastasise. The
development of metastases from a primary tumour involves several steps: invasion of
the primary tumour into the tissue surrounding it; migration into either blood vessels
or the lymphatic system to allow transport to another site in the body; migration of the
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primary tumour through the blood vessel wall into the new target organ; angiogenesis
and then growth and metastases at the new site[40]. In the vast majority of cases the
cause of death due to cancer is the development of the primary tumour into metastases
which are difficult to cure with treatments currently available[40]. Death by metastases
tends to be due to damage to the affected organ or complications in treatment of the
metastases[40],[41]. Once cancer has metastasised it is difficult for it to be treated with
surgery or conventional external beam therapy as there is the risk of there being too
many lesions to remove or they are unable to be removed and the use of radiotherapy
and chemotherapy is often used only to increase the time of survival of the patient.

2.2 Tumour Microenvironment
The tumour microenvironment (Figure 2.1) is composed of a heterogeneous mixture of
cells and the extracellular matrix (ECM). There are several factors which contribute to
the heterogeneity of a tumour, including the distance of cells from a blood supply, the
presence of inflammatory cells and a sub-population of cells known as cancer stem
cells[42], [43]. In a tumour, a blood supply is delivered to the cells by two main sources:
the host’s vasculature and blood vessels created through angiogenesis[38]. As a tumour
grows, the host’s vasculature does not increase at the same rate, resulting in an uneven
supply of oxygen, nutrients and growth factors and removal of waste products, such as
lactic acid[38]. In addition, some of the host’s blood vessels within the tumour may
become blocked or squeezed which further impacts upon the blood supply
available[39]. Thus, angiogenesis acts to increase the vasculature available to the
tumour to allow for nutrition and waste product removal. However, cells with different
characteristics are still present within the tumour, some of which become hypoxic
(defined as an area of cancer tumour with an oxygen tension (pO2) of ≤ 2.5 mmHg)[44],
necrotic (dead cells characterised by a breakdown of the plasma membrane and release
of inflammatory markers)[45] or highly proliferating cells, depending upon their
distance from the blood supply[43]. Furthermore, the vasculature created via
angiogenesis tends to have an abnormal structure in comparison to normal blood
vessels, resulting in lower flow rates and inadequate perfusion of nutrients and
oxygen[46]. The ECM is composed of a mixture of proteins including collagen, laminin,
elastin and fibronectin, which fill in the extracellular spaces between cells. The ECM has
many functions which include acting as a scaffold and interacting with cells, which has
an influence on tumour growth, angiogenesis, invasiveness and metastasis[6].
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Figure 2.1: Schematic Diagram of Tumour Microenvironment. Diagram showing the
different characteristics of cells in a tumour grown around blood vessels due to the
distance from blood vessels. A magnified section of the tumour shows that the cells closest
to the blood vessels are proliferative and then the further away they become quiescent
and hypoxic, with cells in the core becoming necrotic. The figure has been adapted from
Kobayashi et al..[47].

2.3. Treatment of Cancer
Current treatments for cancer include surgery, radiotherapy, chemotherapy and more
recently biological or immunotherapies which may be given alone or in combination. It
has been estimated that approximately 50% of all cancer patients receive radiotherapy
at some point in their treatment[4], [48]. The main target for radiotherapy is
deoxyribonucleic acid (DNA), which is damaged either directly or indirectly (via
generation of reactive oxygen species) to result in single strand breaks and double
strand breaks in the sugar phosphate backbone of DNA[49],[50]. Double strand breaks
(DSBs) are difficult for a cell to repair and as a result the cell harbouring DNA DSBs
undergoes apoptosis[51]. Although radiotherapy delivers high success rates, treatment
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failure still remains high in certain types of cancer such as glioblastoma[4].
Glioblastoma is one of the most lethal forms of brain cancer with the vast majority of
diagnosed cases surviving for only 1 year[52]. Glioblastoma is known for its intense
invasiveness, impact on vital areas of the brain and complications with treatment[53].
The current treatment of glioblastoma initially involves surgery to either remove the
whole tumour or to gain a biopsy depending upon the tumour size. Surgery is beneficial
as it relieves the pressure within the brain, improves body functions and also helps in
the penetration of chemotherapy into the brain by damaging the blood brain barrier. If
the tumour cannot be removed completely and to target any residual cells which may
have invaded into the normal margin, the next course of action is radiotherapy with or
without chemotherapy. A major issue with glioblastoma is that it is highly
radioresistant. Normal brain cells can only cope with up to 60 Gy of radiation, which is
not a high enough dose to kill the glioblastoma cells[53]. Higher doses of radiation of up
to 180 to 200 Gy are required to have any impact. As a result the higher doses used are
associated with an increased risk of side effects due to the effect they have on normal
brain tissue. In order to improve upon current treatment, research is currently
investigating the development of radiosensitising treatments, which sensitise cancer
cells to radiotherapy and thus lowering the dose required and reducing the damage
caused to normal cells.
Although advances are constantly being made in treatments for cancer, they still suffer
from drawbacks such as side effects, the development of resistance resulting in relapse
and the issue that they tend to be discovered on a population basis rather than an
individual one. Over the past decade there has been approximately a 140% increase in
the number of anticancer drugs which are under development[1]. However, the success
rate of a drug making it through clinical trials to being available for treatment in a
patient is very low, at approximately 10%[3]. A strong reason for this poor success rate
is due to in vitro cell culture models currently in use, which are physiologically
inaccurate in comparison to tumours in vivo[54]. As a result the pharmacological
activity and efficacy of the treatment in vitro may not be the same as observed in
animal models and clinical trials. One of the issues with in vitro models is the routine
use of 2D cell culture models such as monolayers[6]. Monolayers are a poor
comparison to tumours in vivo as they do not contain cell to cell contact or a variation
in the proliferative rate of cells as is witnessed in a 3D cancer tumour. Furthermore, the
proliferation and differentiation of cells is artificially altered when they are plated as a
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monolayer[7]. Therefore, there is a requirement

for the development of new

anticancer treatments to remove the use of 2D cell culture models and move onto the
use of 3D cell culture models to “bridge the gap” between in vitro models and tumours.

2.4 Three-dimensional (3D) Cell Culture Models
The initial discovery of one of the best known 3D cell culture models is the
multicellular spheroid (MCS) which was made by the Holtfreder (1944) and Moscona
(1956) research groups[55],[56]. These groups observed that multicellular aggregates
were able to form from malignant and embryonic cells within a non-adherent
environment. The first application of this model for use in cancer research was in 1970
by Sutherland et al.. as a model for radiosensitivity[57]. As a cancer model the name is
changed to a multicellular tumour spheroid (MCTS). A MCTS is defined as a spherical
cancer model which is produced by a single cell suspension[58]. A MCTS is a good in
vitro cancer model for providing a more accurate reflection of the tumour physiology in
vivo for several reasons.
First of all, in contrast to a 2D cell model, a MCTS has cell to cell contact resulting in cell
to cell interactions which have been shown to have an impact on the efficacy of cancer
treatments. A study by Bissell et al.. (1998) demonstrated how the phenotype of breast
cancer cells can be altered when grown as a multicellular spheroid when compared to a
monolayer[59]. In this study they investigated the effect of β1 integrin blocking
antibodies in spheroids and in monolayers to determine if there was an effect on the
epidermal growth factor receptor (EGFR) signalling pathway. A reduction in the
expression of EGFR was observed in the spheroid model, however this was not
observed in cells grown in a 2D monolayer. Therefore, this shows that cell to cell
contact can induce alterations to the phenotype of cells and thus on the potential
efficacy of anticancer treatments. Close cell to cell contact also creates a barrier to drug
penetration into the spheroid. In a study by Bryce et al.. it was shown through confocal
imaging that when colon cancer spheroids were treated with doxorubicin the
concentration reduced to half within 20 m and then 10% within 100 m of the
spheroid[60]. This is similar to what has been observed in vivo, where doxorubicin has
been shown to only diffuse 40 to 100 m from the blood vessels into a tumour
mass[61].
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Another factor which is similar to a tumour in vivo is the nutritional gradient which
develops within a spheroid due to the close cell to cell contact (Figure 2.2)[8]. As a
result, the outer layer of cells receives the highest amount of nutrients and oxygen
whilst cells within the core receive the least[9]. In addition, a gradient of waste
metabolites develops from the inside to the outside of a spheroid. Due to this, a
heterogeneous population of cells develops within a spheroid, with cells on the outside
being proliferative and the ones on the inside entering a dormant (quiescent) state[9].

Figure 2.2: Schematic Diagram of a Multicellular Tumour Spheroid. The outer rim of cells
represents proliferating cells, the middle cells quiescent cells and the dark centre
represents necrotic cells. The triangles represent the concentration gradient of different
substances within a spheroid, with the point of the triangle indicating a low concentration
and the base a high concentration.
The development of different cell populations is determined by the size of the spheroid
as it depends upon the diffusion limit of molecules such as oxygen, which has been
shown to be around 150 to 200 μm[62]. Once spheroids grow to a diameter of 500 μm
or more, apoptotic and necrotic cells begin to develop within the core. The
development of a heterogeneous population of cells within a MCTS is similar to that
observed within a tumour in vivo, which is due to the variation in distance of cells from
the blood supply. It is important to consider the different populations of cells as it has
been shown that quiescent cells have a greater resistance to chemotherapy and
radiotherapy[63]. One of the reasons for quiescent cells having an increased resistance
to radiation is due to the ability to repair potentially lethal damage such as DNA
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damage[64]. This effect has been observed in glioblastoma, where a study compared
the damage repair after radiation treatment between spheroids and monolayers,
finding that there was a recovery of spheroid growth[65]. Another issue with quiescent
cells is once the more sensitive proliferating cells have been killed by radiation, the
more resistant quiescent cells are then able to proliferate when introduced to fresh
nutrients (Figure 2.3)[63]. In terms of drug therapy, certain drugs are only effective
against highly proliferating cells. Thus, they will have little if any effect on the quiescent
cells within the spheroid. Examples of drugs which are only effective against
proliferating cells are doxorubicin and 5-fluorouacil (5-FU). In a study by Tung et al..
they showed that when a 2D monolayer was treated with 5-FU, only 10% of cells were
viable. However, with a spheroid, approximately 75% remained viable when compared
to the control. The higher percentage of viability was thought to be due to the difficulty
of the drug to penetrate into the spheroid, as well as the selective effect 5-FU has on
proliferating cells. Therefore, quiescent cells are also resistant to certain
chemotherapeutic drugs.

Figure 2.3: Schematic diagram of repopulation of quiescent cells in a tumour after
treatment. Diagrams of a tumour before treatment and after treatment with either
radiotherapy or chemotherapy showing the repopulation of quiescent cells due to better
access to nutrition once the proliferating cells are selectively damaged. Figure has been
amended by Kim and Tannock[66]
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2.5 Three-dimensional (3D) Cell Culture Methods
In order to produce MCTSs, cell to cell contact is either promoted by seeding cells onto
a culture surface which does not allow for adherence, or by incorporation of alginate or
ECM. There are several in vitro methods currently used for the formation of 3D cell
culture models such as MCTSs, which include agitation based methods, hanging drop,
forced floating and the incorporation of alginates or matrices[5].

2.5.1 Agitation Based Methods
Agitation based methods can be split up into two main types which are the spinner
flask and rotational culture methods. The main concept behind both approaches is that
the cell suspension is kept in motion to prevent the adherence of cells to the culture
vessel as well as to promote interactions between cells. The spinner flask approach was
first developed by Sutherland et al.. in 1970 and comprises of a flask with a stirring rod
to keep the cell suspension in motion (Figure 2.4(A))[57]. The rotatory culture method
was first developed in 1992 and involves keeping the cell suspension in motion via a
rotating chamber (Figure 2.4(B))[67]. Overall the agitation based methods are fairly
simple approaches and can produce a high number of spheroids. However, the range of
spheroid sizes is heterogeneous and it can be laborious to pick out spheroids using a
pipette for analysis. In addition, the high shear stress produced by the spinner flask
method can have an impact on the physiology of cells. In a study by Song et al.. they
compared the characteristics of two different prostate cancer cell line spheroids
(DU145 and LNCap) formed using a spinner flask or in non-adherent plates[68]. It was
observed that there was a significant increase in the percentage of proliferative cells at
the surface of the DU145 spheroids formed using a spinner flask in comparison to the
use of non-adherent plates. In addition a significant decrease in the percentage of
quiescent cells was observed in the same spheroid type in comparison to the liquid
overlay method. However, no significant difference was observed in the percentage of
proliferative and quiescent cells for the LNCap spheroids when comparing the two
techniques used. A further disadvantage of the agitation based methods is the high
volume of medium required per experiment, with approximately 100 to 300 ml being
used per spinner flask depending on the size. Furthermore, agitation based methods
cannot be used for the analysis of specific spheroids over time, thus only the initial
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spheroid formation is carried out using this method and a secondary method has to be
used for any long term experiments.

Figure 2.4: Agitation based methods for Spheroid Formation. Diagrams of spheroid
formation via the spinner flask method, (A), and the rotary based method (with the arrow
indicating the spinning of the rotary chamber) (B) showing a single cell suspension and
then formed spheroids.

2.5.2. Hanging Drop Method
The hanging drop method was originally developed by Harrison et al.. for neuronal
culture and was adapted for the formation and culture of spheroids by Kelm et al..[69].
The method involves the pipetting of aliquots of cell suspension into a 96 well plate,
which is then inverted to have the drops kept in place by surface tension (Figure 2.5).
Cells gather at the bottom of the droplet resulting in proliferation and cell aggregation
to form spheroids. Overall, the hanging drop system has been shown to be reproducible
and can be used to form spheroids for a variety of different cell lines[69]. In recent
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years there has been an increase in the number of studies aiming to produce a high
throughput hanging drop system. Tung et al.. managed to develop a 384 well plate
suitable for the formation and culture of spheroids that also allowed for the drug
testing of spheroids[70]. However, they found that the device still suffered from
stability issues, with droplet spreading being an issue if there was any mechanical
shock such as placing the plate on a table[70]. Furthermore, addition of medium to the
drop can result in an increase in the size and spreading of drops, leading to increased
risk of nearby drops coming into contact. It has also been shown that even slight tilting
of a hanging drop plate, whilst moving from an incubator to a microscope for analysis,
is enough to disrupt the droplets, resulting in the spheroid breaking up. In addition, the
refreshment of medium can be problematic as aspiration of old medium can also
disrupt the drop resulting in it falling. To resolve this issue, hanging drop plates have
been developed by InSphero and 3D Biomatrix which sit above a non-adherent coated
well tray. This allows if droplets do fall that the spheroid can be caught by the well
below to allow for further culturing. Recently Hsaio et al.. have attempted to resolve the
stability issue of hanging drops by developing a device which incorporates the use of
micro-ring structures[71]. The ring is located around the bottom of the droplet and acts
to prevent the initial droplet spreading, which can result in droplet merging. However,
the duration of spheroid culture was only increased to 22 days due to droplet
spreading still occurring over time.
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Figure 2.5: Hanging Drop System for the Formation of Spheroids. (A) A diagram showing
a 384 hanging drop plate which has a water reservoir around the edge to reduce the rate
of evaporation of droplets by creating a humidified environment, with a magnified section
showing the hanging drop in place containing 10 to 20 μl. (B) A diagram showing the
dispensing of a medium containing cell suspension from a pipette into a hanging drop
well and the process of spheroid formation over time. The figure has been modified from
figures by Tung et al..[70].

2.5.3. Forced Floating Method
The forced floating method (also known as the liquid overlay method) involves the
seeding of cells into round bottomed 96 well plates which are coated to prevent the
attachment of cells to the plate surface and so result in cell to cell contact[62]. To create
a non-adherent surface, wells are coated with agarose or poly-2-hydroxyethyl
methacrylate (poly-HEMA). The cell suspension is then added to the well, with the cell
concentration used dependent upon the desired spheroid size. For some cell lines the
use of poly-HEMA alone is not suitable for forming spheroids using the forced floating
method. In a study by Ivascu and Kubbies they evaluated the suitability of this method
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for eight different breast cancer cell lines[72]. Only half of the cell lines formed compact
spheroids using this method, with the other four only forming cell aggregates. In order
for the cell lines which formed aggregates to form spheroids, Matrigel (BD Biosciences)
was added to the medium to create a matrix scaffold. Overall, the forced floating
method is fairly simple and easy to replicate. In addition, it is easy to adjust the size of
spheroids required by altering the cell number added to each well. However, the
coating of the plates does add an extra step which, if poly-HEMA is used, can take up to
3 days for the coating to dry[5]. Thus this makes the use of poly-HEMA plates more
time-consuming and laborious. Furthermore, even though pre-coated plates can be
purchased they tend to be more expensive than the process of coating plates in-house.

2.5.4. Matrices and Scaffolds
A different type of method used for the formation of MCTSs involves the incorporation
of a matrix with the aim to provide a better reflection of the cell to ECM interactions
which occur in vivo. An example of a well-known commercially available extracellular
matrix protein extract is Matrigel. Matrigel is a basement membrane preparation that
contains a mixture of extracellular proteins which includes collagen IV, laminin and
enactin as well as growth factors[73]. There are two main ways in which spheroids are
formed using Matrigel within a 96 well plate; one is to embed cells within the gel while
the second is to seed cells on top of the gel. One of the drawbacks of Matrigel is that it is
expensive and thus not suitable for the large scale production of spheroids required for
drug screening using current methods. Furthermore, the use of ECM can result in the
formation of spheroids which are not uniform due to the uneven distribution of cells
throughout the matrix. In addition, there can be variability between batches of Matrigel
in terms of the mixture of protein extracts, which can have an influence on the
reproducibility of results. However, it can be suggested that this is advantageous as it
produces more realistic results similar to what would be observed in vivo with
variation between tumours.
Scaffolds are a simpler idea to the incorporation of matrices: examples include alginate,
laminin and collagen type 1[5]. As the name suggests, they act to provide support for
the cells, with the cells migrating between them and attaching to them to form
spheroids[5]. Scaffolds can be used to form spheroids of certain cell lines which are
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anchorage dependent (for example the human melanoma cell line (M21)[74]) and as
such are unable to form cell to cell contacts in non-adherent environments.

2.5.5. Limitations of Current Methods to Form 3D-Culture Models
Although there are a variety of different methods which have been used for the
formation of spheroids they still suffer from several drawbacks, which are being low
throughput, laborious and produce a heterogenous range of spheroid sizes. The
hanging drop method is sensitive to shock such as the replacement of medium and the
spinner flask method can result in physical stress resulting in physiological changes to
cells[5]. As a result, the popularity of using spheroids within standard in vitro cancer
treatment screening remains low. Therefore, the development of novel methodologies
which are high-throughput, less laborious and allow for the formation of homogeneous
spheroid sizes is essential.
In recent years there has been an increasing trend in the number of studies
investigating the use of a technology known as microfluidics for cancer research, with
one of these areas being in the culture of MCTSs[75], [76].

2.6 Overview of Microfluidics
Microfluidics involves the manipulation of fluid within the microlitre to picolitre range
through sub-millimetre channel networks20. Microfluidics offers several advantages as
a technology for biological applications, such as the use of reduced sample volumes,
high-throughput capabilities and rapid prototyping. In order to develop microfluidic
systems suitable for biological purposes, it is important to understand the physics of
the fluid flow at the microscale which exhibits many differences in comparison to fluid
flow at the macroscale. When a system decreases in size, its surface area to volume
ratio increases, which results in an increased dependence on surface effects, such as
surface tension and viscous forces20. A qualitative description of the behaviour of fluids
at the microscale can be shown by a dimensionless number, known as the Reynolds
number:
(Equation 2.1)
where ρ is the fluid density (g/cm3); v is the velocity (cm/s); L is the diameter of the
channel (cm) and µ is the dynamic viscosity of the fluid (g/s/cm)[77],[78]. The
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Reynolds number gives a measure of the ratio of inertial forces to viscous forces in the
flow of fluid. Inertia is the ability of an object to continue at constant velocity unless an
external force acts upon it. The viscosity of a fluid is the measure of resistance to
deformation by shear or tensile stress. In microfluidic systems the diameter of channels
tends to range from 1 to 100 μm and fluid velocities do not typically reach more than a
centimetre per second, thus resulting in small inertial forces. As the inertial forces are
small, the Reynolds number in a microfluidic system typically equals no more than 10 -1.
When the Reynolds number is less than 1 the flow of fluid becomes laminar[78]. The
reason for laminar flow being observed is due to the presence of low inertial forces
meaning that the flow of fluid can be controlled easily. This characteristic of the flow is
particularly desirable in developing biological assays as it enables the controlled
transport of particles and reagents within microchannels. Microfluidic devices (also
referred to as “lab-on-a-chip devices”) are typically fabricated using photo- and softlithography. One of the most popular polymers used to fabricate microfluidic devices is
polydimethylsiloxane (PDMS). PDMS has several attractive qualities, such as being
biocompatible, allowing for the exchange of gases, flexible, optically transparent and
inexpensive[79].

2.7 Droplet Microfluidics
In the past decade there has been an increased interest in the use of droplet
microfluidics as a method for the formation and culture of spheroids. Droplet
microfluidics involves the formation of a micron-sized emulsion (a mixture of two
immiscible fluids consisting of a continuous phase and a dispersed phase, i.e. water
droplets in oil) [80],[81].

2.7.1 Droplet Formation
The two most well established geometries used to form droplets are the T-junction
(Figure 2.6 (A)) and the flow focussing junction (Figure 2.6(B)). The T-junction was
first proposed as a suitable geometry for droplet generation in 2001 by Thorsen et
al..[81]. A T-junction involves at least one channel containing an aqueous phase which
sits perpendicular to the main channel containing a continuous phase. The two phases
meet at the junction to form an interface and, as the flow of the two phases continues,
the tip of the aqueous phase then enters the continuous phase stream[82]. As the flow
continues the aqueous phase blocks the channel resulting in a restriction in the flow of
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the continuous phase around the droplet. Due to the obstruction of the channel the
pressure of the continuous phase upstream from the droplet increases, causing the
neck of the droplet to thin and then break off to form a droplet if the capillary number
is above a critical number. The Capillary number is a dimensionless number which can
be calculated by the following equation:
(Equation 2.2)
where µ is the dynamic viscosity of the continuous phase (g/s/cm); v equals the
velocity of the continuous phase (cm/s) and γ equals the interfacial tension (gforce/cm) between the two phases. The capillary number has an influence on the size
of droplets generated, as this is directly related to the deformability of the droplet
interface. The flow focusing junction was first proposed by Anna et al.. in 2003[83]. In a
flow focusing junction (figure 2.6 (B)) the aqueous phase enters through a middle
channel whilst the continuous phase flows through two outer channels. The two phases
then meet through an aperture resulting in breakup of the aqueous stream into
droplets. The formation of either water in oil (W/O) or oil in water (O/W) droplets is
dependent upon the hydrophobicity of the channel walls[80]. In order to form W/O
droplets the channel walls have to be treated to become hydrophobic so that the
discrete aqueous phase does not adhere to the walls.

Figure 2.6: Droplet Formation via different geometries. Brightfield images of droplet
formation using T junction (A) and a flow focusing junction (B). The flow focusing image
has been modified from Theberge et al..[10]

In addition to the geometry of the microfluidic device and surface functionalisation,
other factors are important in droplet generation which include the size of the aperture
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at the junction; the ratio of flow rates and the viscosities and ratio of channel
widths[82]. The flow rate ratio also has an impact on the size of droplets formed:
(Equation 2.3)
where Qo equals the flow rate of the continuous phase and Qw the flow rate of the
aqueous phase.

2.7.2 Encapsulation of Cells within Droplets
During droplet formation, cells can be encapsulated within droplets by using a cell
suspension as the aqueous phase. The distribution of cells within droplets follows a
Poisson distribution:
(Equation 2.4)
where λ is the average number of cells per droplet. Therefore, the number of cells
within droplets increases with increasing the cell concentration used. The use of cell
encapsulation within droplets was initially used for single cell studies. Various different
cells have been encapsulated within droplets, which include bacteria, yeast, hybridoma
cells and human cells[11], [12]. Furthermore, organisms have been encapsulated
within droplets, such as C. elegans[84], [85]. More recently, there has been a focus on
the encapsulation of multiple cells in order to create MCTSs which will be discussed in
more detail in section 2.8.

2.7.3 Droplet Storage
In order to analyse droplets and/or carry out cell based experiments over a long time
period the storage of droplets is essential. There are two main options for storing
droplets once they are formed: either off-chip or within a microfluidic device. Droplets
can be stored off-chip within a syringe or within a standard 96 well plate, petri dish or
flask. One of the first microfluidic designs used for the storage of droplets on-chip was
developed by Frenz et al.. and involved the use of a long serpentine channel for storage
after the droplet formation junction (Figure 2.7)[86]. The serpentine channel had an
initial entrance and outlet which was 25 μm in depth and the main part being 75 μm in
depth to allow for the storage of droplets on top of each other. This device is only
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suitable for short storage times as there is a risk of coalescence due to the droplets
remaining in contact with each other. Since the development of simple serpentine
microchannel geometries, more sophisticated designs involving the separation of
droplets have been proposed[87], [88]. Several different types of storage chambers
have been developed: from traps to specific channel geometry, allowing for the
trapping and separation of droplets (Figure 2.8). The separation of droplets aids with
tracking single droplets over a longer period of time.

Figure 2.7: Droplet Storage within a serpentine storage channel. A diagram showing a
droplet microfluidic device for the formation of droplets via a flow focusing junction and a
long serpentine channel for storage of droplets. The brightfield images show the channels
used for the extraction of oil prior to the droplets entering the channel and the droplets
within the channel. The figure has been taken from Frenz et al..[86].
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Figure 2.8: Examples of Droplet Storage Arrays which Separate Droplets. (A) A brightfield
image of droplets stored within the storage array of the “Dropspot” device developed by
Schmitz et al..[88]. (B) A brightfield image of droplets stored within microfluidic traps
which was developed by Huebner et al..[89]. The scale bar for (A) is 500 μm and for (B) is
75 μm. Figure (A) has been adapted from Schmitz et al..[88] and figure (B) has been
adapted from Huebner et al..[89].

2.7.4 Droplet Stability
Emulsions are thermodynamically unstable mixtures, as increases to the surface area
also increases the interfacial free energy. Therefore, to lower the interfacial free energy
the emulsion acts to increase the size of the droplets, resulting in a separation of the
two phases into separate layers (coalescence). In order to prevent the coalescence of
droplets upon contact, surfactants have to be used. Surfactants are amphiphillic
molecules which have a hydrophilic head and a hydrophobic tail and are used to
stabilise emulsions[90]. Surfactants reduce the interfacial free energy via several
different methods, which include reducing the interfacial tension; forming either a
mechanical barrier or an electrostatic barrier around the droplets[90]. In addition to
preventing coalescence, surfactants used in emulsions for biological applications have
to be biocompatible[91] (i.e. not toxic or harmful to living cells or tissues). In order for
a surfactant to be biocompatible it should not contain an ionic head which could
interact with oppositely charged biomolecules such as DNA or proteins.
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However, the coalescence of droplets has been shown in several studies to be useful for
the addition of reagents for biological assays. Coalescence of droplets can be carried out
either passively or actively. Passive methods require the lowering of surfactant
concentrations and/or use of different channel geometries to control the movement of
droplets to allow for close contact[92]. Active methods, including thermocapillary
methods[93] and electrocoalescence[94], [95] do not require a change in the surfactant
concentration. The thermocapillary method involves localised heating of droplet
interfaces via the use of a laser to result in the removal of surfactants from an area of
the interface to induce coalescence (Figure 2.9A)[93]. Electrocoalescence occurs when
the conductivity of the droplets is greater than the conductivity of the surrounding
phase and they are subjected to an electric field [95], [96]. The electric field is applied
to the microfluidic device by applying electrodes to an area of it and applying a set
voltage. The difference in conductivity between the two phases is created due to the
high salt content of the buffer or cell medium used as the aqueous phase. As two
droplets enter the area of microfluidic channel were the electrodes are located the
interfaces of the droplets deform due to the difference in the conductivity between the
two phases and thus when they come into contact the droplets coalesce (Figure 2.9B).
An example of a biological application where coalescence was proven useful has been
shown recently by Wen et al. with C. elegans cultured within droplets (Figure 2.10)[85].
The design used in this study allowed the refreshment of trapped droplets by
coalescence with medium droplets. This was possible due to the low surfactant
concentration used.
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Figure 2.9: Active Coalescence Methods. (A) Brightfield images showing a timelapse of
droplets passing through a channel with the interfaces coalescing once the interface
passes the laser (shown by the white dot). (B) Brightfield images showing a timelapse of
droplets passing through a channel with electrodes with the interfaces deforming and
droplets coalescing once the droplets pass the electrodes within the channel. In both (A)
and (B) the direction of flow of the droplets is indicated by the arrow. (A) is a figure taken
from Baroud et al.[93] and (B) is a figure adapted from Zagnoni et al.[95]

37

Figure 2.10: Droplet Coalescence for Medium Exchange of C. elegans. A schematic
diagram of the microfluidic device with the junction for droplet formation shown on the
left, and on the right the trap used for the trapping of droplets containing C. elegans and
the coalescence of medium droplets for medium exchange until full exchange has occured.
The bottom brightfield images show a timelapse of C. elegans culture over 3 days. The
scale bar is 200 μm. The figure has been adapted from Wen et al.[85].

2.8 Droplet Microfluidic Applications for Spheroid Culture
In the past decade there has been an increased interest in the use of droplet
microfluidics as a technology for the culture of 3D cell culture models. The main
concept is that cells are encapsulated within droplets which are either aqueous or
composed of alginate and/or a matrix, resulting in the aggregation of cells over time to
form spheroids. The time taken for the formation of spheroids depends upon the
properties of the droplets and the cell number per droplet. In comparison to traditional
methods, droplet microfluidics offers several advantages such as the potential to be
high throughput, the formation of uniform spheroid sizes and the use of low volumes of
liquids and cell numbers[21], [28]. Another attractive feature is the concept of
compartmentalisation, which is where each droplet acts as an environmentally isolated
experiment[10]. In comparison to the spinner flask method cells are not exposed to the
same shear stress which can have a negative impact on the physiology of cells and thus
the spheroid cultured[62]. In contrast to the hanging drop method, droplet microfluidic
based methods are more stable to mechanical shocks[70], [71]. By culturing spheroids
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using this method it opens up the potential for high throughput in vitro screening, as
well as the possible use of biopsy samples for the development of personalised
medicine.

2.8.1 Alginate Beads and Microcapsules
A commonly used material for the encapsulation of cells within droplets is alginate.
Alginate is a family of naturally occurring polysaccharides, extracted from seaweed,
which are made up of two main types of monomer blocks of (1,4)-linked β- Dmannuronate (M) and α-L-guluronate (G) residues[97]. Alginate forms a hydrogel in
the presence of divalent cations, such as calcium ions, which bind to the free carboxyl
groups within the G unit monomers. For spheroid culture, alginate hydrogels offer
several beneficial properties such as providing a scaffold, a suitable surface for cell to
cell aggregation and creating cell to matrix contacts. Prior to the use of microfluidics,
the technologies used for the formation of alginate beads and microcapsules suffered
from an inability to control bead size, leading to their coagulation into large aggregates
of beads[98]. The use of microfluidic devices for the formation and gelation of alginate
beads was first shown in 2006 by Huang et al.[98]. The device simply involved a flow
focusing junction geometry for the formation of alginate beads, which were then
gelated off chip in a calcium chloride bath. The main advantages of using microfluidics
was the ability to produce beads less than 100 μm in diameter and the formation of
uniform sized beads. Furthermore, it opened up the opportunity of encapsulating cells
within alginate beads. One of the first studies carried out to investigate the potential of
droplet microfluidics for cancer spheroid culture was by Yu et al. in 2010, where they
encapsulated LCC/Her2 breast cancer cells within alginate beads (Figure 2.11)[15].
Once the beads were formed in one device they were transferred to a calcium chloride
(CaCl2) bath to allow for the gelation of the beads. After the gelation step, the beads
were transferred to a second device with traps to allow for storage and perfusion with
medium. Spheroids were formed within four days, however the spheroids were only
viable for a further two days after formation. Spheroids were treated with doxorubicin
on day four for two days and viability staining confirmed a reduction in viability on day
six. A more complicated alginate bead formation process was developed by Yoon et al.,
where they incorporated magnetic nanoparticles within the alginate with HeLa cells to
allow for the transfer of beads from the oil phase to medium (Figure 2.12)[16]. The
rationale behind this design was that the magnetic transfer allowed for a simpler
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method to remove beads from the toxic oleic acid. Spheroids were only cultured within
beads off chip for up to five days and an experiment was carried out with Paclitaxel
which showed a reduction in spheroid viability. A different method of forming
hydrogels from alginate beads is through the incorporation of calcium carbonate
(CaCO3) particles, which are slowly release into the alginate upon lowering the pH of
the solution with which the beads are in contact[17]. Lowering the pH results in the
breakdown of CaCO3 to release water, CO2 and calcium ions. This process then
promotes the gelation of alginate.

Figure 2.11: Formation and Culture of Spheroids within Alginate Beads using Two
Devices. (A) Design of the droplet formation device with a brightfield image showing the
formation of droplets containing alginate with cell. (B) Design of the culture device
containing microsieves for the trapping of alginate droplets for the perfusion with
calcium chloride solution and medium. (C) Brightfield images showing cells encapsulated
within alginate droplets (1) and droplets with spheroids trapped within the microsieves
on day 3 of culture (2). Figure has been amended from Yu et al.[22].
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Figure 2.12: Formation of Alginate Beads and Transfer into Medium using Magnetic
Nanoparticles. Schematic diagrams of the microfluidic device including the junction for
the formation of alginate beads containing cells (B) and the main channel which the
alginate beads are transferred to from the oil into the medium due to the presence of a
magnetic field to move the beads containing magnetic nanoparticles (A). Brightfield
images showing alginate bead with cells formation (C) and transfer of the beads into the
medium from the mineral oil (D). Figure has been adapted by Yoon et al.[16]
Studies have also investigated the use of alginate microcapsules for the formation and
culture of spheroids. One of the first studies involving the use of microcapsules was by
Kim et al. (2011), where they compared the formation of embryonic carcinoma cell
spheroids using this method with alginate microbeads[18]. The microcapsules were
formed using multiple flow focusing junctions (Figure 2.13) with the first junction
containing cells with medium in the middle channel and alginate in the two outer
channels to create alginate on the outside and medium in the centre. The second
junction then created microcapsules with a medium core by splitting the long capsule
with oleic acid containing CaCl2 in order to cause gelation of the alginate shell. In
comparison to the formation of spheroids in microbeads, the spheroids formed were
more compact and smooth in the microcapsules. As well as demonstrating the ability to
grow size controlled spheroids, Nassoy et al. (2013) have shown that microcapsules
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could be used to measure the pressure exerted by a spheroid (composed of mouse
colon carcinoma cells) as it increased in size[19]. This was done to simulate the
pressure exerted onto surrounding tissues by a growing tumour, a phenomenon which
has been suggested to have a role in the regulation of growth. A drawback of their
device was that it was only composed of a feature for the formation of the
microcapsules. After the microcapsules were formed they had to be placed into a petri
dish containing a calcium bath for the gelation of the microcapsules and then the
encapsulated spheroids were cultured using standard culture conditions. The majority
of studies which have formed and cultured spheroids within alginate beads or
microcapsules have required the use of two or more devices. Only recently (2015) a
study was carried out with one device for the formation and culture of spheroids within
alginate beads[21]. The device used was based on the “dropspot” design by Schmitz et
al. (Figure 2.8A), which allowed for the trapping of the alginate beads containing breast
cancer cells (MCF-7) for spheroid formation and long term storage for culturing[88].
Once the beads were trapped they could be perfused with a CaCl2 solution to allow for
gelation of the beads and then refreshment of the spheroids with medium. However, in
this study, the spheroids were only cultured within the device for up to four days, with
drug treatment carried out on day two of spheroid culture (with day one being the day
of spheroid formation).
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Figure 2.13: Formation of Alginate Beads and Microcapsules. Schematic diagrams
showing the geometry of the microfluidic flow focusing junction and how it is used for the
formation of microcapsules (A) and microbeads (B). The figure has been adapted from
Kim et al.[18]

2.8.2 Alginate and Matrigel Beads and Microcapsules
Cells have also been encapsulated in beads or microcapsules composed of a mixture of
alginate and Matrigel in order to provide a better imitation of a tumour
microenvironment. In one study by Wang et al. they compared the formation and
culture of HeLa cell spheroids within alginate beads and alginate with Matrigel
beads[20]. It was found that those formed within the alginate with Matrigel mixture
formed the most compact spheroids (Figure 2.14). A similar result was shown in a
study by Yu et al. Breast cancer spheroids were formed within microcapsules with an
alginate shell and a core made up of a combination of Matrigel, alginate and collagen
I[99]. A comparison was carried out with spheroids formed with a core composed of
only alginate and a combination of alginate and collagen I. The geometry of the device
used to form the microcapsules is shown in Figure 2.15. The alginate contained CaCO3
particles that will diffuse into the alginate upon contact of the acidic mineral oil with
acetic acid and cause gelation. To make sure that the Matrigel did not gelate within the
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tubing it had to be kept at a temperature below 22oC. This was achieved by storing the
Matrigel mixture within an ice bath and cooling the tubing with ice cold water. Overall,
it was observed that cells encapsulated within a core with a mixture of Matrigel,
collagen I and alginate produced spheroids which were the most compact, with a core
of only alginate creating the least compact spheroids. In this study they only had a
device for the formation of the microcapsules, with culturing taking place off chip in
tissue culture flasks. An advantage of using microfluidics to form and culture spheroids
within Matrigel is that only small quantities are required which reduces costs.
However, a major drawback with forming microcapsules or beads composed of a
mixture of alginate and Matrigel is the complexity in the gelation process.

Figure 2.14: Comparison of Spheroid Formation and Culture within Alginate only and
Alginate with Matrigel Beads. Brightfield and fluorescent images of spheroids cultured
over 96 hours within alginate mixed with Matrigel beads (A) and alginate only beads (B).
The scale bar is 75 μm. The figure has been adapted from Wang et al.[20].
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Figure 2.15: Alginate Microcapsules with a Core of Matrigel, Alginate and Collagen for
Spheroid Culture. (A) A diagram showing the design of the flow focusing junction used by
Yu et al.[99] for the formation of microcapsules. The shell contains alginate and calcium
carbonate (CaCO3) particles for the gelation of the alginate shell upon contact with the oil
with acetic acid and the core contains cells with Matrigel, collagen and alginate. (B)
Brightfield images of spheroids on days one, four and eight formed within microcapsules
containing a core of alginate only; collagen and Matrigel or alginate, Matrigel and
collagen. The figure has been adapted from Yu et al.[99].
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2.8.3 Aqueous Droplets
Cells can also be encapsulated within droplets which do not contain a hydrogel or
matrix and only medium. The majority of studies involving the encapsulation of cells
within aqueous droplets have involved the analysis of single cells or organisms. One of
the only studies which identified the potential of forming spheroids in aqueous
droplets was by Chan et al. in 2013[23]. In this study the authors formed double
emulsion droplets using a continuous phase of fluorinated oil with a PEG-PFEF
surfactant. It was observed in previous studies that the polyethylglycol (PEG) head
group produced a non-adherent surface for cells[100]. Due to the non-adherent
interface, the cells preferably aggregated together to form MCSs within 150 minutes.
This was a significant improvement upon existing formation techniques within
alginates or matrices, which can take from 1 to 4 days[16], [70], [101]. They found that
several types of cells could form spheroids within the double emulsion droplets, which
were human mesenchymal stem cells (hMSC), human liver cancer cells (HepG2),
primary mouse embryonic fibroblast (PMEF) cells and human colon epithelial cancer
(CaCO-2) cells. The droplet formation process required the use of two devices; one for
the formation of single emulsion droplets and a second to form double emulsion
droplets. The double emulsion droplets were then cultured off chip using standard cell
culture flasks. Double emulsion droplets were used within this study in order to create
a controlled environment for spheroids, with the outer layer containing medium and
the nutrients being able to diffuse across the oil interface into the droplet containing a
spheroid[102]. However, spheroid culture was only supported in this device for a
maximum of four days, which they attributed to the fact that large molecules such as
growth factors were unable to diffuse through the droplet interface.
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Figure 2.16: Spheroid formation within Double Emulsion Droplets. (A) Brightfield images
of the first device used for single emulsion droplet formation and (B) the second device
used for the formation of double emulsion droplets. (C) A timelapse sequence of
brightfield images showing the formation of spheroids within double emulsion droplets
over time. The scale bars equal 100 μm for all images. Figure has been amended from
figures from the paper by Chan et al.[23]

2.8.4. Current Limitations with Droplet Microfluidics for Spheroid Culture
While it has been shown that droplet microfluidics can be used for the formation,
culture and drug testing of spheroids, there are several issues which can be improved
upon as summarised in table 2.1. One of these issues is the duration of time which
spheroids can be cultured for. Studies involving the encapsulation of cells within
droplets have been limited to a maximum of fourteen days[16], [18], [20], [22], [23]
with cell viability reduced over hours or days[12], [24], [103]. The ideal duration of
time to conduct a cancer drug screening assay so that it would reflect in vivo studies
would be up to four weeks to determine if the drug has a cytotoxic or cytostatic
effect[104], [105]. Therefore investigations need to be carried out on the conditions
required for spheroid culture within droplets in order to design better microfluidic
devices.
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Another drawback with alginate and matrix based methods is the complicated gelation
process involved in the formation of beads or microcapsules. In the case of alginates,
ionic gelation has to take place for them to form hydrogels. For Matrigel it needs to be
kept at a low temperature so that it does not gel before entering the device.
Additionally, the majority of studies have involved the use of more than one device for
droplet formation, gelation and/or droplet storage. In some cases the culture of
alginate beads and microcapsules has taken place off-chip using standard tissue culture
plates.
For aqueous droplets, the only method that has been used for spheroid culture involves
the formation of double emulsion droplets that requires the use of two devices, thus
complicating the formation process[23]. Another issue for aqueous droplets for
spheroid culture is that, currently, it is not possible to use a device which allows for
substance exchange, thus limiting the ability for long term culture, drug screening
and/or the use of live/dead stains[28].
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Table 2.1: Current Droplet Microfluidic Methods for Spheroid Formation and Culture.
Table showing a summary of the strengths and limitations of different droplet
microfluidics methods used for the formation and culture of spheroids along with
references for each method.
Type of

Strengths

Limitations

References

- Alginate is porous so allows

- Limited spheroid culture

15,16,

for medium refreshment and

duration up to 10 days

17,21

drug treatment

- Spheroids formed are not

Method
Alginate Beads

compact
- Gelation procedure can be
complex
- Usually involve use of 2 or
more microfluidic devices or a
device and standard spheroid
culturing plates
Alginate

- Alginate is porous so allows

- Microcapsules are

18,19,

Microcapsules

for medium refreshment and

complicated to form

101

drug treatment

- Involve use of a device and

- Compact spheroids can be

standard cell culturing plates

formed

- Spheroid culture limited to 4

- Can be used as a method to

to 14 days

measure the pressure exerted
by growing spheroids
Alginate and

- Formation of compact

- Complex gelation process

ECM (e.g.

spheroids

with alginate and ECM

Matrigel) Beads

- Only requires small

- Spheroids only cultured for 4

quantities of ECM

days

Alginate and

- Formation of compact

- Microcapsules are

ECM

spheroids

complicated to form

Microcapsules

- Only requires small

- Complex gelation process

quantities of ECM

with alginate and ECM

20

99

- Spheroid culture only lasts
for 11 days
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Double

- Cells aggregate quickly to

- Use of 2 devices and cell

Emulsion

form spheroids

culturing plates

Aqueous

- Allows for cells to form

- Spheroid viability reduced

Droplets

spheroids which are unable to

over time – maximum of 4

in alginate

days culture

23

Therefore, there are still improvements which need to be implemented in order for
droplet microfluidics to be considered as a suitable method for spheroid culture. If
these issues are addressed, then droplet microfluidics opens up the potential of a high
throughput in vitro anticancer treatment screening method. Additionally, the low cell
numbers required would allow the use of biopsy samples in future studies, which
would increase the potential of this approach in the development of personalised
medicine.

2.9. Objectives
From this analysis, it is clear that the development of a droplet microfluidic based assay
for the formation and long term culture of MCTSs would prove to be of major benefit in
the in vitro screening of anticancer treatments.
To achieve this, several main objectives were identified for this work. Firstly, the
characterisation of a medium in oil system for the formation and long term culture of
spheroids will be conducted to determine the culturing conditions required in aqueous
droplets. Secondly, I will discuss the development and associated challenges involved
in testing a droplet microfluidic device suitable for spheroid formation and culture.
From this device development process a decision will be made as to whether droplet
microfluidics can be used alone or bridged with single phase microfluidics for long
term culture and treatment of spheroids. As a result of the previous objectives, a
microfluidic device will be evaluated for its suitability in conducting long term spheroid
culture and anticancer treatment.
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3. Materials and Methods

3.1 Materials
3.1.1 Equipment
Equipment

Supplier

Microscope: Axiovert A1

Zeiss

CMOS Genie HM1024 camera

Teledyne Dalsa

Microscope: Axioimager

Zeiss

AxioCam Mrm camera

Zeiss

GXCam-3 camera

GT Vision Ltd, UK

Millex syringe-driven filter unit (0.22 µm)

Millipore, UK

Glass slides

Fisher Scientific, UK

Stylus profiler

Alpha-Step IQ, KLA-Tencor Corporation,
CA

Oxygen plasma asher

Pico A, Diener Electronic, Germany

Plastic syringes

Fisher Scientific, UK

Glass syringes

Hamilton Company, USA

Haemocytometer

Fisher Scientific, UK

96 well ultra-low attachment plate

VWR, UK

Syringe pump: Aladdin 1000

World Precision Instruments, UK

PTFE tubing

Cole Palmer

Capillary silica tubing

Composite Metal Services

Onstage incubator

Tokai Hit, Japan
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Microtome (Leica RM2125RTE)

Leica Biosystems, UK

Acetate photomask

JD Photo-Tools, UK

Biopsy punches

Stiefel, SmithKleine Beecham Ltd, UK

PXI X-Rad 225C X-irradiator

RPS Services, Surrey, UK

UNIDOS® E universal dosimeter with a
CC04 ionisation chamber

PTW, Germany

3.1.2 Chemicals
Chemical

Supplier

Acetone

Fisher Scientific, UK

Methanol

Fisher Scientific, UK

Isopropanol

Fisher Scientific, UK

Ethanol

Fisher Scientific, UK

Clearing agent (Histoclear)

National Diagnostics

Hydrochloric acid

Sigma Aldrich, UK

Haematoxylin

Thermo Scientific, UK

Eosin

Thermo Scientific, UK

Magnesium sulphate

Sigma Aldrich, UK

Sodium bicarbonate

Sigma Aldrich, UK

Fluorescein diacetate

Sigma Aldrich, UK

Propidium iodide

Sigma Aldrich, UK

Cis-diammineplatinum (II) dichloride
(cisplatin)

Sigma Aldrich, UK

Doxorubicin

Sigma Aldrich, UK

Sodium chloride

Sigma Aldrich, UK

SU8 3035 photoresist

MicroChem, Newton, MA
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MicroPosit EC solvent

MicroChem, Newton, MA

1H, 1H, 2H, 2H-perfluorooctyltrichlorosilane

Sigma Aldrich, UK

Aquapel

PGG Industries Inc, Pittsburgh

Foetal bovine serum

Life Technologies, UK

L-glutamine

Life Technologies, UK

Minimum essential medium

Life Technologies, UK

Penicillin/streptomycin

Life Technologies, UK

Fungizone (Amphotercin)

Life Technologies, UK

Phosphate buffered saline tablets

Fisher Scientific, UK

Trypsin-EDTA

Life Technologies, UK

Fluorinated oil (FC-40)

Sigma Aldrich, UK

Block copolymer fluorosurfactants

designed by the Weitz Group at Harvard
and supplied by RAN Biotechnologies,
catalogue# 008-FluoroSurfactant, Beverly,
MA, USA

Calcein

Sigma Aldrich, UK

Alginic acid sodium salt from brown algae
(sodium alginate)

Sigma Aldrich, UK

Calcium chloride

Sigma Aldrich, UK

Mounting media (Histomount)

National Diagnostics
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3.2 Device Fabrication
The microfluidic devices used for experiments were fabricated using standard
photolithography and soft-lithography techniques, as shown in figure 2.2.

3.2.1 Design of Photomasks
Microfluidic devices were designed using CorelDRAW X5 and acetate photomasks were
printed by JD photo tools, UK. The exact measurements of the x and y axes of the
features of the design were determined by the mask, while the depth was created
through the thickness of the photoresist. An example of a photomask design is shown in
figure 3.1.

Figure 3.1: Example of a Microfluidic Photomask created using CorelDRAW. A photomask
with microfluidic patterns in white over black background with a magnified section of the
mask showing the details of a droplet chamber array.
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3.2.2 Fabrication of a Microfluidic Master using Photolithography
Microfluidic masters were made via photolithography (steps 1 to 4 in figure 3.2)[106],
[107]. First, a silicon wafer as cleaned with acetone, methanol and isopropanol to
remove particles and then dried with nitrogen gas. Next the wafer was dehydrated on a
hot plate at 180oC for at least one hour to evaporate solvents which remained and
remove moisture, then left to cool to room temperature. SU8 3035 photoresist
(MicroChem, Newton, MA) was spin coated on a silicon wafer to produce an even
coating layer, with the spin rate selected to obtain the desired thickness of SU8 and
according to manufacturer data sheet. For wafers which had a photoresist layer of 100
μm or more the wafer was left to relax for approximately 15 minutes. Next, the wafer
was soft baked on a hot plate to produce an even thickness of SU8 at a maximum of
95oC with the time dependent on the thickness of the SU8 layer required and then left
to cool to room temperature. For wafers with a 100 μm thickness or more the wafer
was left to relax after cooling to room temperature. An acetate photomask was then
placed on top of the wafer and exposed to UV light (150 – 250 mJ/cm2) for 40 to 135
seconds (exact timing was dependent on the thickness of SU8). After exposure the
wafer was placed on a hot plate at 85oC – 99oC and allowed to cool to room
temperature before immersing the wafer in MicroPosit EC solvent (MicroChem,
Newton, MA). After development, the wafer was washed with isopropanol to check if all
the features on the wafer had fully developed. The appearance of a milky colour within
the isopropanol whilst washing the wafer would indicate that the resist had not fully
developed. In this situation, the wafer was placed back into the developer for an extra 5
to 10 minutes before checking with isopropanol again. After washing with isopropanol
the wafer was dried with nitrogen and then hard baked on a hot plate at an initial
temperature of 95oC which increased in increments to a maximum temperature of
210oC over approximately 30 mins. For designs which required a feature thickness of
approximately 200 μm, two layers of 100 μm of SU8 3035 photoresist had to be spun.
This was carried out using the same method previously described, with the exception
that, after the soft bake had been carried out for the first layer. Once the soft bake had
been carried out for the first layer, the wafer was left to cool to room temperature
before spin coating the second layer of photoresist onto the wafer. The protocol was
then the same as before after the soft baking step. Table 3.1 shows the spin rates,
baking times and exposure times used for different photoresist thicknesses. The table

55

also shows variations in the soft baking step, e.g. the use of a single hot plate, or two
hotplates with one set at 65oC and another at 95oC. To determine the exact thickness of
the features on the final wafer a stylus profiler was used (Alpha-Step IQ).

Figure 3.2: Schematic Diagram of Device Fabrication. Steps 1 to 4 show the
photolithography process of achieving a patterned wafer and steps 5 to 8 show the soft
lithography process carried out to achieve a microfluidic device. The full process is
described in more detail in section 3.1 of the material and methods.
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Table 3.1: Photolithography Protocols for Different SU8 3035 Thicknesses. Table showing
the different spin rates (rpm); soft baking times (min); UV exposure times (sec); postexposure baking times (min); development times (min) and hard baking times used to
create SU8 thicknesses of 40 μm, 100 μm and 180 μm.

SU8 3035

Spin Rate

Thickness

(rpm)

Soft Baking

Exposure

Post-Exposure

Development

(sec)

Baking

(min)

40

65 C for 1 min and

6

(μm)

40

100

2000

900 1000

Heated from
o
o
80 C to 95 C for
15 mins
One hot plate:
heated
from
o
o
80 C to 95 C for
25 mins

o
o

95 C for 3 mins
85

o

65 C for 1 min and

15 - 20

o

95 C for 5 mins

Two hot plates:
o
65 C for 7 mins
o

and 95 C for 27
mins
170 – 180
(Aiming for
200)

2 layers
of 100μm

Same as for
100μm thickness
but soft bake is
carried out after
each layer is
spun

120 - 135

o

65 C for 1 min and

30 - 35

o

95 C for 5 mins

3.2.3 Silanisation of Master
In order to prevent adhesion of PDMS to the master, the wafer was silanised (Figure 3.2
step 4). Prior to silanisation the master was exposed to oxygen plasma for 2 minutes.
The master was salinized in a vacuum by adding 50 μl of 1H, 1H, 2H, 2H-perfluorooctyltrichlorosilane (Sigma Aldrich, UK) to a weighing boat which was placed on the bottom
of a dessicator, with the wafer raised above and left for 55 minutes.
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3.2.4 Soft Lithography
The master was placed in a glass petri dish coated with tin foil to act as a mould for the
PDMS. PDMS (Dow Corning Sylgard 184) was mixed with curing agent at a 10:1 ratio
and then poured onto the master. The master was then degassed in a dessicator to
remove air bubbles from the PDMS before placing it in the oven to cure at 70oC - 80oC
for a minimum of 2 hours. The cured PDMS was then cut out of the master using a
scalpel and the slab was divided into individual device sections. For microfluidic
devices to be used with syringe pumps, holes were punched using a sharp, tapered 22G
needle to create inlet and outlet ports. For open well PDMS devices, the wells were
created by punching a piece of approximately 7 mm thick PDMS with 8 mm biopsy
punches to create approximately 20 wells.

3.2.5 Bonding of PDMS to Glass Slides
Prior to bonding the PDMS devices to glass slides (size dependent on device design),
surfaces were cleaned in a sonic bath (with acetone, methanol and isopropanol for the
glass slides and only methanol for the PDMS). The wafer was then dried with nitrogen
gas and dehydrated at 70oC - 80 oC for 1 hour.
An alternative cleaning method, which was used at a later stage of this study, involved
the use of Scotch tape[108]. In this method, tape was applied firmly to the surface of
the PDMS or glass slide and then removed, in order to remove any dust or particles
from the surface. This process was repeated until the surfaces remained clean.
Bonding of microfluidic devices was carried out by treatment of PDMS and glass slides
within an oxygen plasma chamber (Pico A, Diener Electronic, Germany). Exposure of
PDMS to oxygen plasma creates a change to the repeating –O-Si(CH3)2- resulting in the
replacement of methyl groups with polar silanol (SiOH) groups[79]. When the treated
PDMS comes in contact with glass it forms irreversible covalent Si-O-Si bonds. After
exposure to oxygen plasma the PDMS was placed onto the glass slides and were
pressed to ensure no air was visible within the two layers.
After bonding, the devices were flushed with Aquapel (PPG Industries Inc., Pittsburgh)
to create a hydrophobic surface coating within the channels so that to promote wetting
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of the channel walls to fluorinated oil. An example of a microfluidic device is shown in
figure 3.3.

Figure 3.3. Example of a microfluidic device. A photograph of two microfluidic devices
bound to a single glass slide with red dye flown through the microchannels. The scale bar
is 10 mm.
For open well PDMS devices (figure 3.4), the bonding was carried out by spin coating
PDMS on a glass slide (76 mm x 52 mm) at a rate of 1000 rpm to which the PDMS well
layer is to be bonded. The two layers were then bound to each other and cured for 2
hours at 70oC – 80oC.

Figure 3.4. Open well Device. Photograph of a PDMS well device bound to a glass slide
with each well containing a medium in oil (M/O) droplet. The scale bar is 8mm

3.3 Cell Culture
The human glioblastoma cell line (UVW) which was developed in house was used in
this investigation[109]. UVW cells were maintained in medium composed of minimum
essential medium (MEM), 10% (v/v) of foetal bovine serum (FBS), L-glutamine (200
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mmol), penicillin/streptomycin (100 U/ml) and Fungizone (2 µg/ml) which was kept
at an atmosphere of 5% CO2 and incubated at 37oC. All of the medium and additional
supplements were purchased from Invitrogen, Paisley, UK. After the incubation period
the medium was removed from each of the flasks and cells was washed with 10 ml of
phosphate buffered saline (PBS). 4ml of 0.05% trypsin-EDTA (Invitrogen) was added
for 2 -3 minutes in order to detach the cells from the bottom of the flasks,. Once
detached, the cells were suspended in fresh medium and the cell concentration was
determined using a haemocytometer. The cells were then washed twice by
centrifugation and the required cell concentration was obtained.

3.4 Spheroid Culture within Macrodroplets
To form spheroids within medium in oil (M/O) droplets in open-well devices, 60 μl of
FC-40 (3M) fluorinated oil with 2% wt block copolymer fluorosurfactants (designed by
the Weitz Group at Harvard and supplied by RAN Biotechnologies, catalogue# 008FluoroSurfactant, Beverly, MA, USA) was added to each well. Subsequently, a cell
suspension ranging from 40 to 104 cells/ml was manually pipetted into the wells in
droplet volumes of 25-100 μl of medium depending on the experimental purpose. The
exact volumes of droplets, cell concentrations used and frequency of medium
refreshment used for different experiments are detailed within chapter 4.

3.5 Spheroid Culture within Spinner Flask and Non-adherent Plates
Spheroids were formed using a spinner flask method by seeding 1 x 106 cells into 75 ml
of medium into a spinner flask (Sigma Aldrich) and then incubating, on a magnetic
stirrer, at an atmosphere of 5% CO2 at 37oC for 3 days. Spheroids were then manually
selected and individually transferred into wells of a 96 well ultra-low attachment plate
(VWR) using a Gilson pipette and incubated for up to 28 days. Each well contained a
final volume of 200 μl medium, which was refreshed every 2 days.

3.6. Operation of Droplet Microfluidic Devices
Droplets were formed using devices with a T-junction geometry. The continuous phase
which was used for all experiments was FC-40 (3M) fluorinated oil which contained 2%
wt block copolymer fluorosurfactants to stabilise droplets. All liquids were loaded into
either 1 ml (0.48 mm diameter) syringes or 250 μm (0.12 mm diameter) glass syringes
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and were injected via PTFE tubing (0.255 mm diameter) by syringe pumps (Aladdin
1000, World Precision Instruments, Hertfordshire). An example of the experimental set
up used for the operation of the microfluidic devices is shown in figure 3.5.

Figure 3.5: Example of an Experimental Set Up for Operation of a Droplet Microfluidic
Device. Photographs of (A) a microfluidic device on a microscope connected to syringes
which are driven by syringe pumps and (B) an image of the microfluidic device on the
microscope stage with tubing connected to the inlets.

61

During the initial part of this study, capillary silica tubing (Composite Metal Services)
was used to connect PTFE tubing to a device. To do this the capillary silica tubing (0.32
mm inner diameter, 0.435 mm outer diameter) was cut into sections using a scalpel
and was connected to tubing connected to a syringe with water to wash out any debris.
The sections were then inserted into the inlets and outlets of the device and sealed with
silicone glue and left over night to dry. The PTFE tubing could then be connected to the
capillary silica sections. However, during these investigations there were issues with
the fragility of the silica tubing and upon connection of the PTFE tubing debris would
enter the device resulting in blockage of channels.

Therefore, an improved method

was developed which involved the use of tapered 25 gauge needles as connections,
which were inserted into Tygon tubing before connecting to the PTFE tubing. For the
continuous phase and aqueous phase, inlets liquids were manually loaded into the
syringes. Air bubbles were removed from syringes before connecting to the PTFE
tubing. The liquids were pushed into the PTFE tubing to remove air before attaching to
the device. For all microfluidic experiments the continuous phase was initially flown
through the device to remove air from the device. Once the device was filled with the
continuous phase, the aqueous phase would then be dispensed into the device and the
flow rates would be changed depending upon the size of droplets required for the
device. The exact designs and dimensions of the microfluidic devices and flow rates
used are detailed within chapter 5.

3.6.1 Operation of Droplet Coalescence Device
Syringes were loaded and droplets were formed as discussed in the preceding section
Once the droplets were trapped within the device the flow of the aqueous phase was
stopped and the tubing was removed to remove the medium from the channel. The
tubing was reconnected and the continuous phase flow remained on to remove
droplets which were not trapped from the chamber array. After the initial loading the
flow of the continuous phase was stopped and followed by the dispensing of an
aqueous phase of water or medium to form a long droplet. For proof of principle
experiments to visualise whether the long droplet coalesced with trapped droplets the
aqueous phase contained 100 μM of calcein. Detailed information regarding the device
design, flow rates and experiments involving cells to form spheroids for specific
devices can be found within chapter 5.
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3.6.2 Encapsulation of Cells within Droplets
In experiments involving the encapsulation of cells within droplets in microfluidic
devices the same initial set up was used for the continuous phase and PTFE
connections. For the aqueous phase including cells, initially only cell medium was
withdrawn into a syringe and then connected to PTFE tubing with a needle connector
with the medium dispensed to remove air. Next a cell suspension of 3-6 x 106 cells per
ml (depending upon the required number of cells per droplet) was withdrawn into
PTFE tubing using the withdrawal function of a syringe pump. Prior to withdrawing the
cell suspension into the tubing it was disaggregated using a syringe and 21 G needle.
Once the cells were withdrawn into the tubing, the cell suspension was dispensed into a
microfluidic device. The flow rates of the syringe pumps varied due to trapped air and
blockages caused by cells. Once devices contained a sufficient number of cell-containing
droplets, the flow of the fluids was stopped and the connected tubing was slowly
removed from the device. All devices containing droplets with cells were kept at an
atmosphere of 5% CO2 and incubated at 37oC. For videos and images showing spheroid
formation recorded overnight, the device was kept in an onstage incubator (Tokai Hit,
Japan) and a Zen controlled Zeiss AxioCam Mrm camera was used to take time-lapse
images (Figure 3.6). All devices placed in an incubator were stored in a petri dish
containing PBS to maintain humidity. The exact flow rates used for the microfluidic
devices varied depending upon the design and are specified in chapter 5.
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Figure 3.6: Example of an Experimental Set-up using an on-stage incubator. Photographs
of (A) the on-stage incubator set up on the microscope, (B) the on-stage incubator with an
example of a device inside and (C) the control unit for the on-stage incubator used to
change the temperature and CO2 settings.

3.6.3 Alginate Bead Formation
Alginic acid sodium salt from brown algae (sodium alginate, Sigma Aldrich, UK) was
dissolved into medium at a concentration of 2% (w/v) and heated to 50oC for 2 hours
before storing at 4oC prior to use. Before using for cell culture the sodium alginate
solution was filtered through a 0.2 μm filter to remove any particulates. Cells were
cultured and detached using the normal protocol and made up to a concentration of 3 x
106 cells/ml before resuspending in the sodium alginate mixture. Droplets were formed
and stored using the same method as previously described for the droplet perfusion
device (section 2.5.1). To carry out gelation of the alginate beads, a 4% (w/v) calcium
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chloride (Sigma Aldrich, UK) in medium solution was filtered through a 0.2 μm filter to
remove any particulates. The calcium chloride solution was perfused through the
device in a similar way to the medium plug, to coalesce the droplets. Once the calcium
chloride solution had been perfused through the device the spheroids were refreshed
every 2 days with medium. The flow rates for droplet formation, calcium chloride
perfusion and medium perfusion are specified in chapter 6.

3.7. Spheroid Sectioning and Staining
Spheroid sectioning and staining was only carried out using spheroids formed from
spinner flasks, non-adherent plates and open well PDMS devices. Spheroids to be
sectioned were retrieved from their devices and fixed in 10% formalin for a minimum
of 12 hours. Once fixed, the spheroids were wrapped in biowrap paper (Leica
Biosystems) and transferred into a biopsy casette for tissue processing. The spheroids
were tissue-processed by dehydrating them in successive immersions of 50% (v/v)
ethanol, 70% (v/v) ethanol, 90% (v/v) ethanol, 100% (v/v) ethanol, 50% (v/v)
histoclear in ethanol, histoclear and then wax. The spheroids were then transferred
from the paper into a casette and wax was then poured in and allowed to cool to form a
wax block containing spheroids. Blocks containing spheroids were then sectioned using
a microtome (Leica RM2125RTE) to form 4 μm thick sections which were mounted on
polysine coated slides using a water bath and allowed to dry before being ready for
staining.
Sections were stained with haematoxylin which stains for nuclei and eosin which stains
for proteins in the cytoplasm. For staining, the sections were first de-waxed in
histoclear (National Diagnostics) and re-hydrated by successive immersions in 100%
(v/v) ethanol, 70% (v/v) ethanol and water. The staining procedure involved
immersions in haematoxylin for 7 mins, 1% (v/v) acid alcohol, Scotts tap water and
eosin with intermediate washes in water. The formula for the Scotts tap water was 10g
of magnesium sulphate, 0.67g of sodium bicarbonate which was made up to 1 l with
distilled water. The stained sections were then dehydrated in 70% (v/v) and 100%
(v/v) ethanol and immersed in histoclear before applying mounting media
(Histomount, National Diagnostics) and a coverslip. An example of a spheroid stained
for haematoxylin and eosin is shown in figure 3.7.
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Figure 3.7: Haematoxylin and eosin stain. An example of a section taken from a
multicellular tumour spheroid which was stained for haematoxylin and eosin. The scale
bar is 350 μm.

3.8. Viability Staining of Spheroids
Live spheroids were stained for viability using fluorescein diacetate (FDA) and
propidium iodide (PI) (Sigma Aldrich, UK). FDA is a cell-permeable esterase substrate
which acts as a live stain as it becomes fluorescent upon cleavage with intracellular
esterases. PI is not permeable to live cells and only fluoresces upon binding to DNA so
acts as a stain for dead cells. For the open well experiments spheroids were extracted
from the droplets and washed with PBS. Spheroids were then incubated with staining
solution containing 20 μg ml−1 of PI and 8 μg ml−1 of FDA for approximately 20 minutes.
The staining solution was then washed off and replaced with PBS before imaging to
remove any excess dye within the medium. For the microfluidic experiments the
staining solution was flowed through the device for 20 minutes before being incubated
for about 15 minutes. The staining solution was then washed out of the device using
PBS for 20 minutes before imaging. An example of a spheroid stained for FDA and PI is
shown in figure 3.8.
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Figure 3.8: Viability stain of spheroid. An example of a fluorescent image of a spheroid
stained for fluorescein diacetate(FDA) (green) and propidium iodide(PI) (red). The scale
bar is 400 μm.

3.9. Radiation Treatment of Spheroids
Spheroids were formed and cultured in either emulsions in open wells or in
microfluidic devices for up to 7 days before treatment with radiation unless a quiescent
spheroid experiment was being conducted (details within chapter 4 and 6). Spheroids
were treated with a single dose of either 4 Gy or 8 Gy on chip using a PXI X-Rad 225C Xirradiator with a dose rate per min equating to 2.2 Gy per min (RPS Services, Surrey,
UK).

3.10. Dosimetry Measurements
A UNIDOS® E universal dosimeter with a CC04 ionisation chamber (PTW, Germany)
was used to measure if radiation was absorbed by a PDMS device, a glass slide and
PDMS alone.
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3.11. Cisplatin Treatment of Spheroids
Cis-Diammineplatinum(II) dichloride (Cisplatin, Sigma Aldrich, UK) was dissolved in
0.9% sodium chloride solution to initially make a stock solution of 1 mM. For
treatments, the stock solution was diluted with medium to make a 50 μM solution and
loaded into a glass syringe for dispensing into the device. Spheroids were formed and
cultured in droplet perfusion microfluidic devices for 7 days before treatment with
cisplatin. The spheroids were incubated for 24 hours with cisplatin before washing off
with medium.

3.12. Doxorubicin Treatment of Spheroids
Doxorubicin (Sigma Aldrich, UK) was dissolved in deionised water to initially make a
stock solution of 5 mM. For treatment the stock solution was diluted with medium to
make a 4 μM solution and loaded into a glass syringe for dispensing into the device.
Spheroids were formed and cultured in droplet perfusion microfluidic devices for 7
days before treatment with doxorubicin. The spheroids were incubated for 24 hours
with cisplatin before washing off with medium.

3.13. Imaging
A Zeiss transmission microscope was used to image the microfluidic devices and
imaging was acquired using a Labview controlled Dalsa Genie CMOS HM1024 camera
for still images on set days. For taking time-lapse images a Zen controlled Zeiss
AxioCam MRm camera was used. Images were analysed using Image J. For taking
images of stained sections a GXCam-3 camera and GX Capture software (GT Vision Ltd)
was used.

3.14. Spheroid Growth Measurement
Spheroid growth was monitored by measuring the increase of the multicellular
spheroid diameter over time from brightfield images, acquired using a Zeiss inverted
microscope (Axiovert A1) with a Labview controlled Dalsa Genie CMOS HM1024
camera. Spheroid dimensions were estimated using ImageJ by measuring the longest
and shortest diameters (D1 and D2, respectively).
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These values were then used to calculate the approximated volume (V) of each
spheroid, estimated as:

(Equation 3.1)

The Mann Whitney and Kruskal Wallis tests were used to evaluate the statistical
difference between experiments (significant difference between groups obtained for p
value ≤0.05).
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4. Formation and Culture of Spheroids within Emulsions

4.1. Introduction
The formation and culture of multicellular tumour spheroids (MCTSs) within emulsions
offers several advantages in comparison to traditionally used methods. Advantages
include enhanced mechanically stability in comparison to the hanging drop method and
a lower amount of shear stress to spheroids with respect to spinner flasks[5]. There is
also the potential to create high throughput platforms through the use of droplet
microfluidics with the potential to store 1000 droplets per device[21], [88]. In recent
years there has been an increase in the usage of droplet microfluidics for spheroid
culture which have mainly involved the use of alginate and hydrogel materials rather
than medium in oil (M/O) droplets. However, one of the drawbacks of the use of
droplets is their intrinsic compartmentalised nature which limits the availability of
nutrients and causes a build-up of toxic metabolites resulting in a detrimental impact to
cell viability[10]. Studies involving cells encapsulated within droplets or beads have
experienced varied culture times from 2 to 12 days[15]–[17], [20], [23] with viability of
cells reducing over hours or days[12]. Therefore, the identification of conditions
required for long term culture of spheroids within droplets is essential for the
development of droplet microfluidic devices.
In this chapter, the concept of using medium in oil droplets as a method for the
formation and culture of MCTSs will be introduced. Due to the compartmentalised
nature of the droplets, the volume of medium to number of cell ratio and the maximum
amount of time that spheroids can be cultured within droplets when its encapsulated
medium is not refreshed has been investigated. Furthermore, the influence of medium
refreshment on spheroid growth was examined. In addition, spheroids formed using
the emulsion method were compared to those formed using a spinner flask and then
non-adherent plate. As MCTSs were first introduced as in vitro models for testing the
radiosensitivity of cancer cells[57], the potential of this technology for carrying out
radiotherapeutic assays was also investigated. Throughout this thesis, the UVW glioma
cell line has been used as it is known that it can form compact MCTSs within non-
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adherent conditions and is a robust cell line, thus suitable for carrying out proof of
principle experiments[109].

4.2 Principle of Spheroid Formation within Emulsion Droplets
The investigation of spheroid formation in M/O droplets was initially carried out in
macrodroplets in a PDMS open well device (Figure 4.1). The advantages of using an
open well device is that it allowed for the exchange of medium and the altering of
droplet volumes so that the parameters required for spheroid formation and culture
using M/O droplets could be investigated by using a pipettor. The fabrication process
to form open well PDMS devices is described within chapter 3. Cells were seeded at a
specific concentration in suspension (100 μl of medium) in a well previously filled with
60 μl of FC-40 oil with 2% (w/w) fluorosurfactants to investigate the spheroid
formation process. As the oil-surfactant phase was denser than the medium, the droplet
containing the cells floated to the top of the well. Immediately after dispensing the cell
suspension into the well, the cells sedimented to the bottom of the droplet at the
medium to oil with surfactant interface. As is shown in figure 4.1, cells were observed
to aggregate within 12 to 24 hours to form a flat layer of cells at the bottom of the
droplet. From day 2 onwards the cells began to cluster on top of each other and, over
time, the cellular aggregate became more tightly packed creating a spherical structure.
The time that took to form a spherical spheroid depended upon the cell concentration
used, with the lower the cell number taking less time to form a spheroid. The curvature
of the bottom of the droplet, due to interfacial tension between the phases, facilitated
cell aggregation. One of the drawbacks of the open well device was the potential to
introduce contaminants (e.g. fibres) into wells through the pipetting of cells or medium
into the emulsions. This was an issue as the cells would prefer to aggregate around the
fibre resulting in loss of the spheroid shape and creating difficulty when assessing the
growth of the spheroid via imaging techniques.
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Figure 4.1: Formation of multicellular spheroids within medium in oil (M/O) droplets. (A)
A photograph of an example of a PDMS well device containing medium and oil within
each well. (B) Schematic diagrams showing the formation of a multicellular spheroid over
time (1 side view, 2 top view). (C) Representative time lapse sequence of brightfield
images (top view) during spheroid formation within a 100 μL M/O droplet. Scale bar is 8
mm for (A) and 300 μm for (C) (scale bar is relative to image size after cropping). Figure
adapted from McMillan et al.[28]

4.3 Investigations of the Parameters for Spheroid Growth

4.3.1 Volume of Medium to Cell Number Ratio
An important consideration to be made with an emulsion based system for the culture
of MCTSs is that there is a finite volume of medium within a droplet. As a result, there is
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a limited amount of nutrients available to cells in addition to an accumulation of waste
products. Both of these factors have a detrimental impact on the viability of cells.
Therefore, the first investigation was to identify the maximum amount of time in which
the spheroids can remain viable within a minimum volume of medium. To determine
this, a range of droplet volumes (25 – 100 μl) encapsulating different cell
concentrations (24 – 3700 cells per μl) were tested. The growth of spheroids and
detrimental signs to spheroid health such as the disaggregation of cells from the intact
spheroid were monitored. The last day at which no signs of cell disaggregation from the
compact spheroid occurred was considered the end of spheroid culture and was the
time-point plotted in figure 4.2. To further confirm the health of the spheroids, these
were stained with fluorescein diacetate (live) and propidium iodide (dead). Fluorescein
diacetate is a cell permeable esterase substrate which is cleaved by esterases within the
cell to create a fluorescent substance so indicates live cells[110]. Propidium iodide is a
cell impermeable substrate which fluoresces once bound to DNA so can only do this
once the plasma membrane has broken down and thus is a marker of cell death[110],
[111]. As shown in figure 4.2 (B) the cells which had disaggregated from the spheroid
stained for propidium iodide while the compact spheroid stained for fluorescein
diacetate. Thus, this confirmed that the cells that had disaggregated from the spheroid
were dead. As expected in the condition where there was a larger volume of medium to
cell ratio the spheroids remained intact for a longer period of time. A maximum of 14
days for spheroid culture without cell disaggregation was achieved with a cell
concentration of approximately 200 cells per μl. During this investigation there was no
increase in spheroid size suggesting they had entered a dormant state. The only change
in spheroid size was an initial decrease in size from the cells aggregating together to be
a flat aggregate to gathering together on top of each other to form a compact spheroid.
Even though the devices were incubated within a humidified environment, a reduction
in the volume of medium was observed over time resulting in a difference in the
concentration of salts and pH within the medium.
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Figure 4.2: Assessment of the minimum volume of medium required for spheroid culture.
(A) The scatter plot shows the cell number to volume of medium ratio over the number of
days at which the spheroids remained intact with no visible sign of cell disaggregation.
Each square box refers to the last day a spheroid remained intact at that cell number to
volume of medium ratio. The brightfield images show (1) an intact spheroid and (2) a
spheroid with visible cell disaggregation (as indicated by the arrows). (B) A brightfield (1)
and a fluorescent image with fluorescein diacetate (green) and propidium iodide (red)
staining (2) of spheroids showing cell disaggregation (as indicated by the arrows). The
scale bar for (A) equals 450 μm and for (B) equals 150 μm. Figure adapted from McMillan
et al.[28].

4.3.2 Influence of Medium Refreshment
The next parameter investigated for its influence on spheroid culture was medium
refreshment. In the previous section it was shown that when medium was not
refreshed spheroids could only remain intact for a limited period of time before cell
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disaggregation occurred. Therefore, experiments were conducted to determine if it was
possible for spheroids to recover from this deprived state if medium was exchanged
once the initial signs of cell disaggregation occurred (figure 4.3). This was of interest to
identify whether with a restricted volume of medium the spheroids enter a reversible
dormant state which could be used to investigate the efficacy of radiotherapeutic and
chemotherapeutic treatments towards quiescent cells. Spheroids were formed using a
cell concentration of 500 cells per μl (100 μl of medium) with this concentration
producing spheroids which remained viable for approximately 10 days (figure 4.2(A)).
For the first 7 days of spheroid formation the size decreased suggesting that the cells
were still aggregating together to form a compact spheroid (figure 4.3). After day 7 no
significant increase in spheroid growth was observed and, on day 9, the first signs of
cell debris within the droplet appeared. On day 14, a significant number of cells were
observed to have disaggregated from the compact spheroid. From day 15, some
spheroids continued to not have their medium exchanged (control) and medium
exchange was carried out with a sample of the spheroids to determine whether they
could be recovered from the induced deprived state. For the spheroids which had
medium exchanged, 50% of the total volume of medium was removed and replaced
with 50% of fresh medium. Due to the size of the spheroids (typically 700 µm at the cell
number per μl used), these could be easily seen by eye within the droplet, making it
easy not to withdraw the spheroids by mistake when using a pipettor. As the medium
floated to the top of the oil it was easy to withdraw medium without withdrawing the
oil, although this could also be checked by monitoring the liquid withdrawn in the
pipette tip. For spheroids which had no medium exchanged, these decreased in size due
to the disaggregation of cells. In contrast for the spheroids which had their medium
exchanged, it was observed that from day 18 onwards the spheroids increased in size
by 6% from day 14. A significant difference in size of 17% was observed from day 20
with a p value of less than 0.001 (p = 1.62 x 10-4). On day 28 spheroids which had been
refreshed had increased in size by 34% to approximately 1 mm in diameter.
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Figure 4.3: Effect of Medium Refreshment on Spheroid Culture. (A) Bar chart showing the
average volume of spheroids over 28 days with the error bars representing the standard
error of the mean. The patterned bars are the spheroids which were refreshed from day
15 (as indicated by the arrow). (B) and (C) are a timelapse of brightfield images of
spheroid formation with the top row showing spheroids refreshed from day 15 and the
bottom row showing spheroids which were not refreshed. The number of spheroids till day
14 was 17 and from day 18 the n number for non-refreshed spheroids was 11 and for
refreshed spheroids was 6. Scale bar is 500 μm. Figure taken from McMillan et al.[28]
A further investigation was carried out to determine if there was a significant
difference in the growth rate of spheroids which had been refreshed throughout the
culture versus spheroids that were only refreshed after they stopped growing. For
spheroids which were refreshed throughout the culture (medium refreshed from the
start), refreshment of 50% of medium occurred every second day. In the case of the
non-refreshed spheroids, refreshment was carried out from day 16 (defined as refresh
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from day 16 in figure 4.4). Day 16 was chosen as it was observed from day 15 that
spheroid growth had stopped and there were signs of cell disaggregation thus
suggesting that the spheroids had entered a non-proliferative state. The difference in
spheroid growth was calculated as the percentage increase in spheroid volume in
comparison to spheroid volume at the start of medium refreshment (S0). For the
refreshed spheroids, S0 was day 6, as this was when the spheroid was considered to be
formed, and for the non-refreshed spheroids, S0 was day 15. Thus it was considered
that the non-refreshed spheroids had entered a dormant/non-proliferative state. For
spheroids which were refreshed every two days there was a steady percentage
increase in growth over time compared to S0 (figure 4.4). In contrast, for non-refreshed
spheroids refreshed only from day 16 there was a significant percentage increase in
volume in comparison to S0.

Figure 4.4: Influence of Different Medium Refreshment on Spheroid Growth. Growth
curves showing the percentage volume change ± standard error of the mean (error bars)
in spheroids refreshed from the start of culture every 2 days and in spheroids which were
not refreshed until day 16. The number of spheroids per experiment (n) were n=15 for the
refreshed spheroids and n=7 for the spheroids refreshed from day 16.
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Viability staining was carried out on spheroids which had been refreshed from the start
of culture and compared to spheroids which had no medium exchanged till spheroid
growth had stopped (figure 4.5). Spheroids which were in day 3 of culture and had
been refreshed every two days had no visible dead cells and the whole spheroid stained
for fluorescein diacetate (figure 4.5(A)). In contrast, in refreshed spheroids on day 20
of culture, a visible core of cells staining for propidium iodide was visible (figure
4.5(B)). In spheroids which were not refreshed, cell death was observed at the outer
rim of the spheroid at day 15 (or at S0), indicating that dead cells started disaggregating
from the spheroids (figure 4.5(C)). In contrast, in 20 day old spheroids, which were
refreshed from day 16 after being starved for 15 days, there was a visible core of dead
cells and the outer rim stained for fluorescein diacetate (figure 4.5(D)). Therefore, this
suggests that the dead cells which were observed on the outer layers had disaggregated
after refreshment and confirms spheroid viability after medium refreshment.
Furthermore, the spheroid in figure 4.5 (D) is in a similar state to a spheroid which was
refreshed from the start (figure 4.5 (B)), suggesting even after a period of no medium
exchange there was not a detrimental impact on viability of cells and instead remained
in a dormant state.

Figure 4.5: Influence of Refreshment on Spheroid Viability. Brightfield and fluorescent
images of spheroids stained with fluorescein diacetate (green) and propidium iodide
(red). Images are representative of spheroids which were 3 days old and refreshed (A); 20
day old spheroids which were refreshed (B); 15 day old spheroids which had not been
refreshed from the start of culture (C) and 20 day old spheroids which were only refreshed
from day 16 (D). The scale bars are 100 μm.
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4.4 Control of Spheroid Size

Once the conditions had been identified for the formation and culture of spheroids,
experiments were carried out to produce spheroids of a uniform size range (Figure
4.6). A uniform size range of spheroids is desirable for conducting radiotherapeutic and
chemotherapeutic assays in order to obtain repeats to determine if the treatment had a
significant effect as size can have an influence on efficacy. The size of spheroids was
controlled by seeding different initial cell numbers which were approximately 500 or
1500 cells in a droplet of 100 μl. In these experiments 50% of medium was refreshed
every two days from the start of culture to allow spheroids to grow and not remain in a
dormant state. The first spheroid measurement was made once the minimum spheroid
size had been achieved before an increase in size occurred. At this point it was
considered that the cells had gathered together to form a compact spheroid. Spheroid
growth for both spheroid sizes was monitored over 17 to 18 days. For an approximate
estimated number of 500 cells, an initial average spheroid diameter was achieved of
around 275 to 350 μm (termed ‘small spheroids’). For the initial cell number of 500 the
cells had gathered to form spheroids on day 3. In contrast an approximate cell number
of 1500 did not achieve a compact spheroid until day 5 with the initial diameters
ranging from around 530 to 600 μm (termed ‘large spheroids’). As can be observed in
figure 3.5, a similar growth curve was observed in experiments which used a cell
number of 500 showing the reproducibility of controlling the spheroid size through cell
number. A similarity in growth curves was also observed for the experiments which
used a cell number of 1500. The main difference between the two different size ranges
was that the small spheroids were observed to have a quicker initial increase in
spheroid size in comparison to the large spheroids.
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Figure 4.6: Control of Spheroid Size. The growth plot represents the average volume of
spheroids over 18 days with the error bars representing the standard error of the mean
and each point having an n number of 15. Experiments 1 to 3 represent spheroids with an
initial spheroid diameter of 275-340 μm (small spheroids) and experiments 4 to 6 have an
initial spheroid diameter of 530 to 600 μm (large spheroids). The number of spheroids per
experiment (n) are as follows: exp 1(n=13), exp 2(n=15), exp 3(n=14), exp 4(n=11), exp
5(n=19) and exp 6(n=21). The brightfield images show a timelapse of spheroid growth of
(B) small spheroids and (C) large spheroids. The scale bar is 350 μm. Figure taken from
McMillan et al.[28].
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4.5 Comparison of Spheroids formed in Emulsions versus those
formed in Spinner Flasks

4.5.1 Morphology of Spheroids
To identify if there was a similarity in the morphology of spheroids formed using the
droplet method to those using the spinner flask method, spheroids were sectioned and
stained. Spheroids formed using the spinner flask method were initially formed within
a spinner flask and on day 3 were transferred to a non-adherent plate to aid with
forming spheroids of a uniform size range and analysis over time for section 4.5.2.
Spheroids were sectioned so that the inside of the spheroid could be examined for
differences in cell characteristics and packing between techniques and sizes. Due to the
small sizes of spheroids obtained, Bio-wrap (Leica Biosystems) was used to collect and
wrap the spheroids within for tissue processing (Section 4.6) so that they were not lost
through the cassette during the washing stages of tissue processing. Spheroids were
obtained for both techniques which included approximately 300 μm and 750 μm
diameter spheroids. For the 300 μm spheroids, the ones formed using the spinner flask
method did not have a smooth and compact outer rim like the ones formed using the
emulsion based method (Figure 4.7). This was because the spheroid at a size of
approximately 300 μm was obtained directly from a spinner flask and had not been
cultured within a non-adherent plate. However, both methods formed spheroids which
had cells with nuclei of a similar size throughout the section (Figure 4.7).
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Figure 4.7: Haematoxylin and Eosin Staining of Small Spheroid Sections. Representative
images of sections from a small (300 µm) spheroid grown in a droplet, (A), and derived
from a spinner flask, (B). Scale bars in (A1) and (B1) are 150 μm and (A2) and (B2) are 75
μm. Figure adapted from McMillan et al.[28].
In contrast to the smaller spheroids, sections taken from larger spheroids showed a
difference in the appearance of cells between those in the outer layers and those within
the core (Figure 4.8). Cells in the inner layers and core were more compact and nuclei
were more spherical in contrast cells on the outer layers of the sections had oblong
shaped nuclei. Therefore the difference in nuclei between the cells within the inner
layers and the outer layers suggests as the spheroid increased in size the cells were
more tightly packed.
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Figure 4.8: Haematoxylin and Eosin Staining of Large Spheroid Sections. Representative
images of sections taken from large spheroids (approximately 700 μm) from droplet (A)
and from a spinner flask and non-adherent plate (B). The scale bars in (A1) and (B1) are
400 μm and in (A2 and A3) and (B2 and B3) are 200 μm. Figure adapted from McMillan
et al.[28].

4.5.2. Growth Rate of Spheroids
In addition to the morphology, the growth rate of spheroids formed within emulsion
droplets were compared to those formed within a spinner flask. . For the spinner flask
method, cells were seeded within a spinner flask to allow cell initial aggregation and
transferred to a non-adherent plate on day 3 of spheroid culture by manually selecting
the spheroids using a pipette. Transferring the spheroids to a non-adherent plate made
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it easier to analyse spheroid growth over time. In addition, it reduced the variation in
size between spheroids. Spheroids were formed with the aim to have them of a similar
size range of approximately 450 – 500 μm for both formation techniques. This size
range was chosen as it was difficult to manually collect a sample of spheroids of a
uniform smaller size range of 200 – 300 μm formed via the spinner flask method. As a
result of the difficulty to pick spheroids of a similar size range the initial sizes of the
spheroids were significantly different between the two techniques. Overall, the growth
curve obtained for spheroids formed using the same techniques was similar suggesting
that the emulsion based method did not have an influence on the growth of spheroids.

Figure 4.9: Comparison of growth of spheroids within Droplets and using the Spinner
Flask Method. Growth curves showing the average spheroid volume ± standard error of
the mean (error bars) over 18 days. Spheroids which were formed using spinner flasks
were transferred to non-adherent plates from day 3. The number of spheroids (n) for the
spinner flask experiment was n = 13 and for the droplet experiment was n = 19.

4.6 Radiotherapeutic Treatment of Spheroids
Once the conditions were characterised for the culture of spheroids within medium in
oil droplets the suitability of this method to be used for the analysis of irradiation
treatment on spheroid growth was examined.
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4.6.1 Influence of Method on Radiotherapeutic Treatment
Spheroids were formed using an emulsion based technique and a spinner flask
technique and treated on day 7 of culture with 8 Gy of X-ray irradiation. A cell seeding
number of approximately 1500 cells in 100 μl was used for the emulsion method. For
the spinner flask method the same cell seeding number was used as described in
section 3.4. For experiments using the spinner flask method, spheroids were initially
formed in spinner flasks and transferred to non-adherent plates as described in section
4.5. For both conditions, 50% medium was refreshed every second day to prevent the
cells on the outer layers of the spheroid entering a dormant state to allow for spheroid
growth. Even with the medium refreshment it was expected that cells within the inner
layers would enter a dormant state due to the diffusive limits as the spheroid increases
in size. The growth of spheroids over time and signs of cell disaggregation were
monitored. The initial sizes of spheroids formed via both techniques were observed to
be significantly different which could be to do with the difficulty in controlling the size
of spheroids formed using the spinner flask method. In addition there is also a difficulty
in collecting spheroids using a pipette by eye and making sure that they are all of a
similar size range. Overall as can be observed in figure 4.10 spheroids formed using
both techniques responded in a similar way with a reduction in spheroid growth
observed from approximately day 13.
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Figure 4.10: Effect of Radiation Treatment on Spheroid Growth. Line graphs showing the
average volume (μm3) ± standard error of the mean over 18 days for spheroids formed in
emulsion droplets and in a spinner flask. The spheroids were treated with 8 Gy on day 7
(as indicated by the arrow) with the 0 Gy spheroids representing controls. The number of
spheroids per experiment (n) is as follows: spinner flask 0 Gy n=13, spinner flask 8 Gy
n=10, droplet 0 Gy n=19 and droplet 8 Gy n=12. Figure adapted from McMillan et al.[28].

4.6.2 Influence of Spheroid Size on Radiotherapy Treatment
Subsequently, the effect of radiotherapy on spheroids of different sizes was
investigated Small spheroids were formed at a size range of 275 to 340 μm and large
spheroids at a size range of 530 to 600 μm within droplets. These size ranges were
chosen as it is known at spheroids over 250 m that quiescent cells are found within a
spheroid and at over 400 m a necrotic core forms within spheroids. Both different
size ranges of spheroids were refreshed with 50% of medium every two days and were
treated with either 4 or 8 Gy on day 7 of culture. For the small spheroids it was
observed that a week after treatment with 4 Gy there was only a significant difference
in spheroid volume in one of the experiments with a p value of less than 0.05 (Figure
4.13). In contrast treatment with 8 Gy resulted in a significant reduction in both small
and large spheroids with a p value of less than 0.0001 for both sizes (Figure 4.13).
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Figure 4.11: Influence of Spheroid Size on Radiation Treatment. Bar charts showing the
average volume (μm3) ± standard error of the mean of (A) small spheroids (275 – 340
μm) and (B) large spheroids (530-600 μm) one week after treatment with radiation, with
each bar representing a separate experiment. The number of spheroids (n) for each
experiment in (A) are 4 Gy (left) n =14 , 4 Gy (right) n = 13 , 8 Gy (left) n = 11, 8 Gy (right)
n = 18 and in (B) are 4 Gy (left) n = 5 , 4 Gy (right) n =9 , 8 Gy (left) n = 13 and 8 Gy (right)
n = 19. Spheroids were either treated with 4 Gy or 8 Gy of radiation on day 7 of culture
within emulsion droplets. * represents a p value of ≤ 0.05 and **** represents a p value of
≤ 0.0001. Figure adapted from McMillan et al.[28].
For both small (Figure 4.12) and large spheroids (Figure 4.13) 8 Gy resulted in a
significant reduction in the growth curve in comparison to the control 2 days after
treatment. The growth curve for the small spheroids did not increase in size and
resulted in a slight reduction in size over time. For the large spheroids there was a
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dramatic reduction in growth before the growth curve began to plateau with no further
increase in size. For the small spheroids a 44% reduction in volume was observed,
while for large spheroids a 55% reduction was observed when comparing to the
control 7 days after treatment, respectively (Figure 4.11). Therefore this further shows
that 8 Gy has a significant effect on spheroid growth for both small and large spheroids.

Figure 4.12: Influence of Radiotherapy on the Growth of Small Spheroids. A line graph
showing the average diameter ± standard error of the mean (error bars) of small
spheroids (300 – 350 μm) over 15 days with treatment of 8 Gy carried out on day 7 (the
arrow indicates the day of radiation treatment). The number of spheroids (n) are for the
control n=11 and for 8 Gy n=18. Brightfield images of control and spheroids treated with
8 Gy on day 4 and 13. Scale bars equal 300 μm (scale bar is relative to image cropping).

88

Figure 4.13: Influence of Radiotherapy on Growth of Large Spheroids. A line graph
showing the average diameter ±standard error of the mean (error bars) of large
spheroids (500 – 550 μm) over 17 days with treatment of 8 Gy carried out on day 7 (the
arrow indicates the day of radiation treatment). The number of spheroids (n) are for the
control experiment n=15 and for the 8 Gy experiments n=13. Brightfield images of control
and spheroids treated with 8 Gy on day 4 and 13. Scale bars equal 250 μm (scale bars are
relative to image cropping).

4.6.3 Influence of Medium Refreshment on Radiotherapy Efficacy
The next factor which was tested was whether quiescent spheroids were more
radioresistant in comparison to proliferative spheroids. It is known that quiescent cells
are more resistant to radiation which is suspected to be due to their enhanced ability to
repair damaged cells[64]. In addition, due to the radioresistance of quiescent cells, once
proliferative cells have been killed the quiescent cells are able to access fresh nutrients
allowing them to proliferate[66]. Therefore this is an area of interest in developing
more effective treatments which radiosensitise quiescent cells. Spheroids were
cultured in droplets and not refreshed with their growth monitored to determine
whether the spheroids were in a dormant state. Spheroids were treated with radiation
once it was observed that spheroid growth had stopped and there were signs of cell
disaggregation suggesting they were in a quiescent state. In addition spheroids were
refreshed after treatment with radiation every two days to see if quiescent cells would
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begin to proliferate again even after treatment. The effect of radiation on quiescent
spheroids was then compared with spheroids which had been refreshed from the start
of formation every two days and treated on day 7. The difference in spheroid growth
was calculated as the percentage increase in spheroid volume in comparison to
spheroid volume at the start of spheroid refreshment (Figure 4.14). For the refreshed
spheroids this was day 6 as this was when the spheroid was considered to be formed.
The non-refreshed spheroids were refreshed from day 15 as this was the day at which
it was observed that the spheroids stopped increasing in size and cell disaggregation
occurred thus suggesting the spheroids had entered a quiescent state.

Figure 4.14: Influence of Spheroid Proliferative state on Radiation Treatment. Line graphs
showing the percentage volume change ± standard error of the mean of spheroids over
days. Spheroids which were refreshed every second day from the start were treated with 8
Gy of radiation on day 7 and spheroids which were deemed to be quiescent were treated
on day 16 (day of treatment is indicated by the arrows). The percentage volume change
refers to the percentage difference from the day after treatment from day 6 for refreshed
and day 16 for spheroids refreshed on day 16. The number of spheroids (n) for medium
refreshed from the start for 0 Gy was n =12 , for 8 Gy was n =14 , for medium refreshed on
day 16 was n = 7 for 0 Gy and for 8 Gy was n =10 .Figure taken from McMillan et al.[28].
It was observed that in comparison to spheroids which were refreshed every two days
that there was a delayed reduction in spheroid growth after irradiation in spheroids
refreshed from day 16. Furthermore for the spheroids which were refreshed from the
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start of culture there was a 41% reduction in volume 3 days after treatment in contrast
a 14% increase in spheroid volume 4 days after treatment respectively in spheroids
only refreshed from day 16. There was only a reduction in percentage volume in
spheroids refreshed from day 16 of only 2% six days after treatment. Therefore this
suggests for the spheroids which were not refreshed for 15 days that due to the
presence of mainly quiescent cells upon exposure with radiation that they were more
resistant. As a result there was a slower reduction in spheroid size by the
disaggregation of cells in comparison to the spheroids refreshed every second day from
the start of culture which would be mainly composed of proliferating cells on the outer
rim.

4.7. Discussion of Chapter 4
In this chapter the conditions required for the formation and long term culture of
multicellular tumour spheroids within medium in oil droplets have been identified. It
has also been shown that it is possible to reproducibly control spheroid size through
the initial cell number. Finally it was identified that the spheroids formed have a similar
morphology and growth curve to those formed using traditional methods. This initial
characterisation of spheroid formation within emulsion droplets is of importance when
considering the development of a droplet microfluidic device to ensure that the best
possible conditions are achieved for long term culture of spheroids within droplets
before miniaturising via microfluidics.

4.7.1. Parameters for Spheroid Formation within Emulsions
UVW glioma cells were found to aggregate and form spheroids quickly within medium
in oil droplets with the initial aggregation and formation only taking hours in
comparison to days using traditional methods and alginate or matrix encapsulation
methods[5],[17], [18], [20], [22]. One of the reasons for the rapid aggregation of cells
was due to the non-adherent interface of the droplet. It has been previously identified
in the literature that the type of fluorosurfactants used with the oil in this study
produce a non-adherent interface suitable for the aggregation of cells[91], [100]. The
non-adherent properties are due to the polyethylglycol head group within the chemical
structure of the surfactants. The use of similar surfactants were used to form
multicellular spheroids in a study by Chan et al.[23]. Chan et al. also found a similar
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rapid spheroid formation time with human mesenchymal stem cells (hMSC). The
spheroid formation times experienced in M/O droplets are similar to those observed in
the hanging drop method[70]. However the hanging drop method is less stable to
physical shock with droplets falling from the plate as a result of medium exchange or
simply moving the plate for analysis[70]. In contrast the emulsion based method is
more stable and as a result is more reliable as the duration of the assay is not affected
by physical shock through moving the device from an incubator to a microscope.
Other encapsulation based methods which involve the incorporation of alginate or
matrices have a longer spheroid formation time of a couple of days. Alginate or matrix
based methods have longer spheroid formation times as it takes longer for cells to
aggregate together due to the barriers created by alginate and matrix proteins. In
contrast to the study by Chan et al. were they used double emulsion droplets the results
presented within this chapter were for single emulsion droplets. The use of single
emulsion droplets is of interest in terms of developing a microfluidic device as it
reduces the complexity of droplet formation.
An important parameter which was investigated within this chapter was the volume of
medium to number of cells ratio. This is of interest as one of the features of droplet
microfluidics is compartmentalisation thus there is a limited volume of medium
available to the cells. Therefore it is of interest to determine what the volume of
medium to cell ratio is in the scenario were no medium exchange is carried out. It was
found that as the volume of medium available to cells increased the duration of days for
which spheroids could be cultured. In several studies involving single cells within
aqueous droplets the duration of cell culture was limited to up to 4 days[12], [13], [24],
[103]. Clausell-Tormos et al. showed the viability of Jurket cells and HEK 293T cells
within droplets decreased over several days which they suggested in agreement with
this chapter was due to a limited availability of nutrients and build-up of waste
products[12]. Furthermore Chan et al. found that spheroids could only be cultured
within double emulsion droplets for 4 days. A different suggestion for poor viability
within droplets was made by Chen et al. who suggested that the cause for a reduction in
viability was due to the oil and surfactant used. However, it was shown within this
chapter that spheroids could remain viable for a certain period of time which was
dependent on the volume of medium to number of cells ratio.
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Another interesting result was that without medium refreshment spheroids entered a
reversible quiescent state with proliferation occurring upon refreshment of medium.
Only a few studies have investigated the influence of nutrient deprivation for
controlling the proliferative state of multicellular tumour spheroids[112]–[114]. These
studies did not involve the use of emulsion droplets and instead traditional methods
were used for spheroid formation. In a study by Bloch et al., they showed that for
spheroids which were refreshed every second day the consumption of glucose
increased over 20 days of culture[112]. In contrast, in spheroids which were not
refreshed, their size and glucose consumption did not increase over time. Tumour cells
are known to require a high concentration of glucose to produce ATP and other
products required for proliferation[115]. In contrast to normal cells, which carry out
oxidative phosphorylation to provide the essential products for proliferation, tumour
cells undergo glycolysis. Glycolysis is a more advantageous method in comparison to
oxidative phosphorylation for highly proliferative cells, such as tumour cells, as it
produces a much higher proportion of glucose[116]. In addition, the breakdown of
glucose is required for producing energy for the biosynthesis of products such as lipids,
amino acids and nucleotides. Therefore, when there is a limited amount of glucose
available to the cells, they enter a quiescent state. After this, if no nutrients are
available over a set period of time the cells will undergo apoptosis[117]. Therefore
through controlling the frequency of medium refreshment there is the potential to
control the proliferative state of spheroids. Through this a tumour model can be
created which models tumour relapse where upon re-exposure to medium previously
quiescent cells begin to proliferate and the tumour increases in size. Furthermore,
there is the possibility of this method being used for the testing of anticancer
treatments to determine if they are efficacious towards a spheroid composed mainly of
quiescent cells. As a result this could be used for the development of new treatments
which aim to sensitise quiescent cells which are known to be highly radioresistant.
Additionally this could be used to model when quiescent cells are reintroduced to the
nutrient supply once the more sensitive proliferative cells are killed off and show how a
tumour begins to grow back after treatment. Therefore this shows the importance in
considering the availability of nutrients within droplets when developing a droplet
microfluidic assay for spheroid culture.
A further point identified was that there was a difference in the growth rate of
spheroids which had been refreshed throughout culture to those which had medium
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refreshed after a period of starvation. In this chapter, a major increase in spheroid
growth occurred when medium was reintroduced to quiescent spheroids, whereas in
constantly refreshed spheroids they only steadily increased in size. A similar
experiment was carried out by Mellor et al. who used a different method of using
medium containing 0.1% fatty acid free BSA instead of 10% FCS to convert proliferative
spheroids into quiescent ones. Mellor et al. found that when quiescent spheroids were
re-exposed to 10% FCS medium they were able to increase in size in again. This is
similar to what was observed within this chapter but instead medium was
reintroduced to starved spheroids. However, Mellor et al. found that there was no
difference in increase in growth when comparing proliferative spheroids to recently
refreshed quiescent spheroids. This could be due to the fact that their “quiescent”
spheroids were still slowly increasing in size whereas the spheroids in this chapter
were only introduced to medium once spheroid growth had plateaued and
disaggregation of cells occurred. Therefore the “quiescent” spheroids formed by Mellor
et al. cannot be accurately defined as quiescent as they were still growing whereas the
“quiescent” spheroids within this chapter can be as they had stopped growing
indicating a lack of proliferating cells.
Only the conditions required for UVW glioma cells were investigated so it needs to be
considered that the metabolic activity will be different for different cell types. A further
important point to consider was that evaporation of the medium was observed over
time when medium was not refreshed. Therefore the difference in salt concentrations
could have also had an impact on the viability of the spheroids over time. The
evaporation of water through PDMS is known to be an issue for cell culture within
microfluidic devices even if stored within the humidified environment of an
incubator[118]. The main attempt to reduce evaporation was by submerging the device
in PBS while being stored in within the incubator. This did improve reducing the rate
of evaporation but it is difficult to eliminate it completely with the opening and closing
of the incubator door resulting in fluctuations in humidity.

4.7.2. Comparison with Spheroids Formed using Traditional Methods
Another encouraging result was that the morphology and growth rate of spheroids
grown within medium in oil droplets was similar to those formed using a spinner flask
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and non-adherent plates. The growth rate of spheroids was observed to change over
time with the initial growth being quick and then slowing later on in the culture as
described in section 4.5. The growth rate of UVW spheroids within this chapter are
similar to those in a study by Neshasteh-Rizl et al. which were also formed in spinner
flasks[119]. The change in growth rate of the spheroids is to be expected over time as
when a spheroid increases in size the cells within the core of a spheroid become tightly
packed together. In combination there is the development of a nutritional gradient with
only cells on the outer layer able to proliferate and those within entering a quiescent
state. The difference in the packing of cells between different spheroid sizes could be
observed when comparing sections taken from 300 m and 750 m diameter
spheroids. In the 750 m spheroids, there was a visible difference in layers of cells from
the outside and the inside for both methods used. Cells within the middle of the section
were observed to have more compact and spherical nuclei, whereas those on the
periphery had nuclei which were larger and more of an oval shape, thus suggesting
those on the inside being subject to closer packing. The link between the shape of
nuclei with the packing of cells within a spheroid has been previously reported by
Rajcevic et al.[120].

4.7.3. Radiotherapeutic Treatment of Spheroids formed within Emulsion
Droplets
In this chapter the potential use of the medium in oil system for the treatment of
spheroids with radiotherapy has been shown. Spheroids are well regarded as excellent
in vitro models for testing radiotherapy treatments[57], [64], [121], [122]. This is the
first report of radiotherapy investigation of spheroids in emulsion[28]. The initial
experiments showed that spheroids formed within emulsions did not respond
differently to radiation in comparison to spheroids formed using the spinner flask
method. However, there was a difference in the initial sizes for both methods due to the
difficulty in controlling the spheroid size selection from with the spinner flask method
in comparison to the emulsion based method as described in section 4.6.1.
The UVW glioma spheroids formed were observed to be highly radioresistant with 8 Gy
required to produce a significant reduction in spheroid growth for both size ranges and
4 Gy only causing a significant reduction in small spheroids as described in section
4.6.2. The UVW glioma cell line used within this investigation is known to be highly
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radioresistant, even as a monolayer, with 2 Gy required to produce a significant
detrimental effect[109]. Therefore, it is to be expected that the high doses of radiation
would be required within spheroids due to the enhanced radioresistance.
A useful feature of the emulsion based system was that the radiosensitivity of quiescent
spheroids could be interrogated as described in section 4.6.3. In the results, it was
shown in comparison to spheroids which were refreshed from the start of culture that
upon treatment with 8 Gy there was a delay in the reduction in spheroid size. It is well
known within the literature that quiescent cells are more radioresistant in comparison
to proliferative cells[64], [65], [123]. Quiescent cells are thought to be able to repair
potentially lethal damage such as that inflicted by radiation causing double stranded
breaks[65]. Therefore, the ability to control the proliferative state of the spheroid
opens up opportunities to test radiosensitising agents which target quiescent cells.
However, one of the drawbacks of the system is that depending on their solubility,
chemotherapeutic agents can partition into the oil phase if they are lipophilic[124]. The
ability to use chemotherapeutic drugs using this method via droplet microfluidics has
been evaluated within chapters 5 and 6. The ability to test both radiotherapy and
chemotherapy on the same device is of major interest in order to develop
radiosensitising agents.
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5. Development of a Droplet Microfluidic Device for Spheroid
Culture

5.1. Introduction
In the previous chapter the technique and conditions required for the formation and
culture of spheroids within medium in oil droplets were introduced. In order to
increase the throughput of data points for experiments and minimise manual
procedures, the next step was to miniaturize the developed technique via droplet
microfluidics. In order to do this, a suitable microfluidic device had to be developed to
allow for the formation and long term culture of spheroids. In contrast to these goals,
previous studies have mainly focused upon the use of droplet microfluidics for the
formation of alginate beads or macrocapsules rather than aqueous droplets[16]–[20],
[22]. In addition, the majority of methods involved the use of more than one
microfluidic device with at least one for droplet formation and another for droplet
storage. To reduce the complexity of the procedure, the focus has been upon designing
a single device for droplet formation and storage. Initial investigations into the
encapsulation of cells within droplets as well as the storage of droplets containing cells
were additionally carried out.

5.2. Device 1 – A Single Chamber Device
5.2.1 Design of Device
The main features of the first type of devices which were designed and tested included
a T-junction for droplet generation and a storage chamber for the long term storage of
contacting droplets. Two different designs of storage chambers were produced, with
one of the designs having a chamber with scalloped edges (highlighted by the white
dashed box in Figure 5.1) to allow for the trapping of droplets, thus preventing them
from moving and facilitating analysis[125]. The maximum widths of the chambers were
3.2 mm for the one without scalloped edges and 3.45 mm for the one with scalloped
edges. Rectangular pillars were placed in the trapping chambers to prevent the
chamber from collapsing. For both designs, two aqueous phase inlets allowed for the
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addition of different substances, such as one with cells and one with only cell medium
to dilute the number of cells per droplet if required. In addition, a numbered scale was
included at the side of the chambers for both designs to allow for the long term tracking
of a specific area of droplets. To reduce the risk of particulates entering the channels
and causing blockage, a square area with pillars was added just after the inlets for both
the continuous and aqueous phases. The width of the gap between the pillars was 28
μm. Both designs were fabricated on a single wafer using a single layer of SU8 3035 to
create features with a thickness of 40 μm. All of the parameters of the devices are
provided within the appendix.
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Figure 5.1: Diagram of Designs for Microfluidic Devices. (A) A microfluidic design which
has two separate chambers for storage of droplets with (B) showing a magnified filter
section after the inlets, (C) a brightfield image of the T-junction with droplet formation
and (D) a different microfluidic design with a single chamber which has scalloped edges
within the chamber to promote the trapping of droplets within the chamber; (E) the
brightfield image of a section containing droplets is shown, with the scalloped edges
highlighted by the white dashed box . The scale bar for (C) is 80 µm and for (E) is 350 μm.

5.2.2 Operation of Device
The initial experiments were carried out using water as the aqueous phase to identify
the correct flow rates to form evenly sized droplets. The continuous phase used (FC-40
oil with 2% (w/w) fluorosurfactants) was the same as previously used for the

99

experiments within chapter 4. The flow rates used for both devices were 0.14 ml/hour
for the continuous phase and 0.12 – 0.10 ml/hour for the aqueous phase. Once the
chamber was filled with droplets the flows were stopped and the droplets remained
within the chamber and did not coalesce with each other. For both designs the
chambers had the potential to store over 1000 droplets. Once this was achieved, the
UVW cell medium was used as the aqueous phase to determine whether the same
conditions could be replicated. It was observed that once the flows of the aqueous
phase and continuous phase were stopped coalescence of droplets occurred, resulting
in the loss of individual compartments within as little as 10 minutes.

5.2.3. Factors influencing emulsion coalescence
To identify the causes of coalescence, an investigation was carried out with different
aqueous phases used for cell culture. This investigation also included the look at
further factors required for cell culture and analysis within the device. The aqueous
phases tested included water, PBS, MEM without additives, MEM with individual
additives and the complete cell medium used for culture of UVW cells. The additives
tested in combination or individually with the MEM were penicillin/streptomycin,
amphotericin (Fungizone) and FBS. Other factors, such as the movement of a device to
a microscope stage for analysis and storing a device within an incubator for cell culture,
were also investigated. Droplets of a similar size were formed for each condition tested
and the chamber was filled. The number of droplets upon initial loading was compared
to the number after a set number of minutes or after movement and calculated as the
percentage coalescence (Figure 5.2):
,

(Equation 5.1)

where NDroplets(t=0) equals the number of droplets at the start of the experiment and
NDroplets(t=x) equals the number of droplets after a certain period of time. The use of
water as the aqueous phase did not increase the chance of coalescence until heat was
added, which was similar for PBS and MEM without supplements added. In contrast,
when medium was used in combination with any of the supplements, the number of
coalesced droplets increased significantly, even when the device was kept stationary on
the microscope over time. Furthermore, the slight physical shock produced by placing
the device on a microscope stage increased the chance of coalescence by twice as much
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as leaving it stationary (Figure 5.3). In addition, the use of the incubator to store the
device showed that increased temperature further increased the chance of droplet
coalescence. Therefore, the results showed that it was not possible to store medium
droplets within a single chamber without coalescence occurring. A discussion into the
possible reasons for droplet coalescence is provided in section 5.5.1 of this chapter.

Figure 5.2: Influence of Different Aqueous Phases on Coalescence. Bar chart showing the
percentage of droplets which coalesced when different aqueous phases with each aqueous
phase either being kept stationary for 30 mins; placed on a microscope and transferred
from an incubator to a microscope after 30 mins. Figure adapted from McMillan et
al.[30].
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Figure 5.3: Influence of Mechanical Shock versus a Stationary Device on Droplet
Coalescence. Brightfield images showing water in oil (A) and (C) and complete medium in
oil (B) and (D) droplets within a single chamber device. (A) and (B) show droplets within
a stationary device at 0 minutes and 60 minutes and (C) and (D) show droplets within a
device before and after the device is placed on a microscope. The scale bar is 350 μm.
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5.3. Device 2 – The “Dropspot” Device
5.3.1 Design of Device
As coalescence of droplets was found to be inevitable when using cell medium, the next
aim was to develop a device which would store the droplets without having their
interfaces in contact. The next device tested was based on the design by Schmitz et
al.[88] who developed a configuration they named “dropspot” device. The device
included a T-junction for droplet formation, a bypass channel and a droplet storage
array, as shown in Figure 5.4. The device designed contained 2128 chambers within the
storage array for long term storage of droplets. Two different droplet chamber
diameters were produced which were 150 μm and 230 μm. Both designs were
fabricated using a single layer of SU8 3035 to create features with a thickness of 40 μm
for the 150 μm drop chamber device and 100 μm for the 230 μm drop chamber device.
The volume of the maximum size of the droplets which could be trapped within the
chambers was calculated as the volume of an ellipsoid:
,

(Equation 5.2)

where the radius of the chamber was used for a and c and half the height of the features
was used for b. Using Eq. 5.2 above, the maximum volume of a droplet within a 150 μm
droplet chamber is 471 pl and of the 230 μm droplet chamber is 2770 pl. The width of
the constrictions between the chambers was 70 μm for 150 μm droplet chamber and
100 μm for 230 μm droplet chambers. The constrictions had to be at least half the
diameter of the chambers to prevent the droplets from squeezing through once they
were trapped. The trapping of droplets within the chambers occurs as the interfacial
tension acts to reduce the interfacial free energy by creating a droplet which is the
minimum area for a given volume[126]. As the droplets remain locked within the
storage array, there is little if any movement when transporting the device from the
incubator to the microscope stage, which allows for long term monitoring of specific
droplets. In addition, the droplets would be surrounded by a layer of oil with
surfactant, which prevents the droplets from coming in contact with each other and so
prevented coalescence. The bypass channel was included in the design to weaken the
abrupt pressure change, which occurs once the tubing is unplugged, so that the
droplets remain trapped within the storage array[88]. All of the parameters of the 150
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µm chamber and 230 µm chamber “dropspot” devices are provided within the
appendix.

Figure 5.4: “Dropspot” Microfluidic Device Design. (A) Diagram showing the design of the
“dropspot” microfluidic device and (B) shows a magnified section of the chamber array of
the device. (C) A brightfield image of droplets trapped within the storage array once the
flow of the continuous and aqueous phases are stopped. The scale bar represents 150 μm.

5.3.2 Operation of Device
The first parameters which had to be characterised for the “dropspot” device
experiments were the flow rates required to achieve droplets of a suitable size for
reliable trapping within the chamber array. The best flow rates identified for the 150
μm drop chambers were 0.14 ml/hr for the continuous phase and 0.12 ml/hr for the
aqueous phase. For the 230 μm drop chambers the best flow rates were 0.12 ml/hr for
the continuous phase and 0.11 ml/hr for the aqueous phase. In experiments which
were carried out with droplets containing no cells, the trapping efficiency of droplets
was 89%, which equates to 1893 droplets locked in position. A difference in the speed
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at which droplets flowed through different scalloped channels within the chamber
array was observed (Figure 5.4C). This was due to the shape of the droplet storing
chamber area before the scalloped microchannels which created a higher resistance to
flow for the droplets. This design feature was corrected in a second version of the
device. Over time the droplets, when trapped, began to shrink in size, with them
reducing to a third of their size by day 2 due to evaporation of the aqueous content
through the PDMS (Figure 5.5). In order to solve this issue the device was placed within
a petri dish and submerged within PBS to reduce the rate of evaporation, with little if
any reduction in droplet size observed. Another drawback which was observed with
this device was that air entered the inlets and outlets of the device when incubated for
2 days or more. Due to this, the droplets which were not trapped within the array and
had coalesced began to push the trapped droplets within the channels, causing them to
move position and coalesce. To reduce the risk of air entering the device after loading
with droplets, the inlets and outlets were sealed with the end of a pipette tip using
silicone glue and then filled with UVW medium. Using this method, the duration of
trapping droplets without air entering into the device was increased to up to 4 days. A
difference in the rates at which droplets flowed through the chamber array was
noticed, which would be solved by applying pressure through the bypass channel.

Figure 5.5. Droplet Shrinkage within the “Dropspot” Device. Brightfield images showing
the reduction in size of droplets over time when stored within the chamber array and the
device is not stored within PBS. The scale bar is 150 μm.
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5.3.3 Cell Experiments
The next step was to identify the best cell concentration to achieve multiple cells within
droplets. It is known that the encapsulation of cells is random and it follows a Poisson
distribution:
(Equation 5.3)

where λ is the average number of cells per droplet. Therefore, the number of cells
within droplets increases with increasing the cell concentration used[127]. The initial
cell concentration used in the first inlet was 3 x 106 cells per ml, with the second inlet
containing only medium. At this cell concentration an average cell encapsulation
efficiency (percentage of droplets containing cells) of 65% of the 1893 droplets trapped
was achieved, with the majority of droplets containing single cells. Approximately 16%
of the droplets containing single cells were observed to divide over 70 hours. When the
cell concentration was increased to 5 to 6 x 106 cells per ml, the encapsulation
efficiency increased significantly to approximately 80%, with the vast majority of
droplets containing multiple cells. As observed within the medium in oil droplets in
chapter 4, multiple cells within the microdroplets aggregated to form compact
spheroids within 12 to 24 hours (Figure 5.6).
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Figure 5.6: Formation of Spheroids within the “Dropspot” Device. Brightfield images of
cells encapsulated within droplets and trapped within the chamber array on day 0 (A)
and day 1 where they have aggregated together to form spheroids (B). The scale bar is
150 μm.
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Unfortunately, due to the limited volume within a droplet, the spheroids formed only
lasted for a duration of 2 to 4 days depending on the initial cell concentration within
the droplet. The spheroids were considered to be dead once cells had disaggregated
from the compact spheroid, as no medium could be exchanged at this point to recover
the spheroids as done in Chapter 4. Three different types of spheroids/cell aggregates
were formed within the droplets, which depended upon the initial cell number
encapsulated within the droplets. The best case was a concentration of cells which
resulted in the formation of a spheroid lasting for up to 4 days before cells began to
disaggregate from the compact core of the spheroid (Figure 5.7(A)). If the
concentration was too high then the cells would aggregate but not form a compact
spheroid and just fall apart (Figure 5.7(C)). The third type was the formation of a
compact spheroid, with the spheroid then just reducing in size without any cell
disaggregation from the spheroid (Figure 5.7(B)). Overall this device showed the highthroughput potential of droplet microfluidics for the formation and storage of
spheroids. However, it was not suitable for the long term culture of spheroids, as no
spheroid growth was observed and spheroids could only last for a maximum of 4 days
before disaggregation occurred. If we consider that the 230 μm chamber device has a
maximum volume of 2770 pl (0.002770 μl) per droplet and a droplet containing 20
cells (the approximate maximum number of cells for the condition observed in Figure
5.7(A)), then the medium to cell ratio is 0.0001385 μl per cell. Therefore, at this
number of cells per droplet, according to the volume of medium ratio experiments in
Figure 4.2, the expected number of days for the spheroids to remain without
disaggregation is around 3 to 4 days. Therefore, a different device was required which
allowed for the perfusion of spheroids with medium to allow for long term culture.
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Figure 5.7: Spheroid Formation and Culture within the “Dropspot” Device. Brightfield
images showing the formation of spheroids over 4 days within trapped droplets with a
medium cell concentration (A), a low cell concentration (B) and a high cell concentration
(C). The scale bar is 115 μm.

5.4 Device 3 - A Microfluidic Device for Perfusion
As it was identified that it was difficult to culture spheroids over a long time within
microdroplets the next step was to develop a device which allowed for the refreshment
of medium. With this in mind, it was deemed not essential for the droplets to remain
once the spheroid had been formed. Therefore, a device had to be developed which
integrated both droplet microfluidics for the initial formation of spheroids with single
phase microfluidics to allow for medium exchange for long term culture. Thus the
ability of the cell culture medium to reduce the stability of the emulsion droplets will be
explored as a way to coalesce stored droplets.

5.4.1 Design of Device
The device used was based on the designs by Boukellal et al.[128] and Vanapalli et
al.[87], [129], [130] which contains a chamber array with traps allowing for the storage
of droplets and a bypass channel to allow for the flowing of droplets to the next trap or
out of the device (Figure 4.7 (B)). As in the previous designs, droplets are formed via a

109

T-junction geometry with an extra channel added, called the air bypass channel, to aid
in the removal of air from the device. In order to make sure that the droplets are
trapped within the chambers, the resistance ratio between the bypass channel and
chamber with restriction channel had to be in favour of the droplets trapping.
Additionally, the resistance of the restriction channel has to be high enough to prevent
the passing of a droplet through the channel upon the flowing of further droplets
through the array. The resistance of channels within the device were calculated using
the following equation[131]:
(Equation 5.4)
where μ is the dynamic viscosity; L is the length; w is the width and h is the height of
the microfluidic feature. The length and width of each feature has been indicated by the
black arrows (with the chamber having the same length and width) and red arrows
respectively within Figure 5.8(B) and the height is determined by the thickness of the
SU8 spun. The dynamic viscosity of FC-40 oil was 4.1 cP. Three different chamber
diameters were designed which were 300, 400 and 500 μm. All of the parameters of the
devices are provided within the appendix.
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Figure 5.8: Droplet Microfluidic Device Design for Droplet Storage. (A) Droplet
Microfluidic design based on previous designs with the features explained in results
section 5.4.1 and (B) schematic diagram of the traps within the chamber array: 1 is the
bypass channel; 2 is the chamber and 3 is the restriction channel. The black arrows
indicate the lengths and the red lines indicate the widths of the bypass channel and
restriction channel. The black arrow for the chamber indicate both the width and length.
For all of the chamber diameters the thickness of the features was 180 μm, which was
achieved by spinning two 100 μm layers of SU8 3035 (as described in chapter 3). In
cases where the width of the channel was significantly smaller than the height the
value of the width would need to be switched with that of the height in the resistance
equation 5.3. The dimensions, resistances and resistance ratios for the 3 different
chamber designs are shown within table 5.1. The resistance ratio was calculated as the
resistance of the restriction channel and the chamber divided by the resistance of the
bypass channel. If the resistance ratio was less than 1, then a droplet would
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preferentially trap within the chamber of the trap as the route into the chamber has a
lower resistance than the bypass channel[87]. If the resistance ratio was greater than 1
then the droplets would preferably enter the bypass channel and potentially the
droplet after the first would be trapped as the resistance of the bypass would be
increased by the presence of the droplet. This type of trapping is referred to as indirect
trapping. For this device the aim was to achieve direct trapping where the first droplet
entering the storage array gets trapped within the chamber.
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Table 5.1: Dimensions of the trap features and calculated resistances and resistance ratios
of the storage traps within the chamber array of the microfluidic device. D is the
diameter; R is the resistance; L is the length and W is the width. D, L and W are in μm and
R is kg m-4 s-1. The resistance ratio is the resistance of the chamber and restriction channel
divided by the resistance of the bypass channel. The arrows within figure 5.8 (B) indicate
the lengths of the bypass channel and restriction channel.
Chamber

Bypass

Restriction

Resistance of

Resistance

Channel

Channel

Restriction

Ratio

Channel and
Chamber
D = 300

L = 1500

L = 180

R = 3.87x1011

W = 100

W = 30

R = 1.94x1012

R = 2.32x1011

D = 400

L = 1800

L = 154

R = 5.16x1011

W = 150

W = 40

R = 2.32x1012

R = 1.99x1011

D = 500

L = 2650

L = 435

R = 4.23x1011

W = 150

W = 55

R = 3.42x1012

R = 3.68x1011

6.19x1011

0.32

7.15x1011

0.31

7.92x1011

0.35

5.4.2 Operation of Device
5.4.2.1 Trapping of Droplets within Storage Chamber
Initially, the ability to trap droplets within the device was tested. As well as the
geometries of the traps, the droplet size was also a major factor in influencing the
trapping of droplets within the chamber. The droplet size was controlled by changing
the flow rate ratio (QR = Qo/Qw). If the droplet size was too large for the chamber, then
part of the droplet would enter into the bypass channel of the trap. If a smaller droplet
entered after the large trapped droplet the larger droplet would get squeezed, resulting
in part of the droplet entering the bypass channel resulting in the displacement of the
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droplet. If the droplet was too small for the chamber, it still had the potential to be
trapped. However, the smaller the droplet the less medium available to the cells.
Furthermore, there is the potential for a small droplet to be pushed into the restriction
channel of the trap by another droplet. In order to achieve droplets of the desired size
for the 300 μm drop chamber device, the continuous phase was flowed at a rate of 1
μl/min and the aqueous phase at 0.8 μl/min. For the 400 μm drop chamber device a
rate of 0.9 μl/min for the continuous phase and 0.8 μl/min for the aqueous phase was
selected. And for the 500 μm drop chamber device the continuous phase flow rate had
to be slower than the aqueous phase in order to produce large enough droplets, so the
flow rates were 0.6 μl/min for the continuous phase and 0.8 μl/min for the aqueous
phase. The flow rates used above were required to produce droplets of a large enough
size in order to fill the chamber entirely. The flow rates, pressure outside of the droplet
and the Laplace pressure also have an influence on the preferred route taken by the
droplet. In the study conducted by Boukellal et al., who developed the initial design on
which this device is based on, the opening of the bypass channel was suggested to act
as a capillary valve[128], [132]. In order for the droplet to flow into the chamber the
velocity of the droplet has to be less than the critical velocity (vc) which can be
calculated by the following equation:

,

(Equation 5.5)

where ϒ is the interfacial tension; wb, ww and wR are the widths of the bypass channel,
chamber and restriction channel respectively; μ is the dynamic viscosity and LR is the
length of the restriction channel. The interfacial tension measured for an aqueous
phase with FC-40 and 2% of the fluorosurfactants used is 11 mN/m. The velocity of the
droplets entering the chamber was worked out experimentally as the rate at which the
droplet was flowing through the channel as it approached the chamber. If the velocity
of the droplet is less than the critical velocity then the bypass channel behaves as if it is
blocked and so the droplets preferably enter the chamber of the trap. For all of the
different chamber diameters tested the velocity of the droplet was less than the critical
velocity, allowing droplet trapping. For the 300 μm device, the velocity was 0.9 mm/s
and the critical velocity was 1.5 mm/s. For the 400 μm device, the velocity of the
droplet was 0.5 mm/s and the critical velocity was 1.9 mm/s. For the 500 μm device,
the velocity of the droplet was 0.1 mm/s and the critical velocity was 0.26 mm/s. For
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the droplets to trap using these design dimensions the interfacial tension has to be
greater than 5 mN/m for the 400 μm and 500 μm designs and greater than 7 mN/m for
the 300 μm design. Once the first droplet fills the first chamber, the next droplet flows
through the bypass channel due to the droplet blocking the restriction channel and
thus directing the flow of the second droplet through the bypass channel (Figure 5.9). A
change in design had to be carried out for the 500 μm trap as the bypass channel was
too close to the chamber, resulting in there not being enough space for a 500 μm
droplet to fit perfectly into the chamber without part of it entering the bypass channel
(Figure 5.10). As a result, in the latter configuration, droplets after the one which had
been trapped would then squeeze the trapped droplet, resulting in part of it entering
the bypass channel and ultimately being pushed out of the chamber (Figure 5.10). Once
the chamber array was full of trapped droplets, the flow of the aqueous phase was
stopped and the connector was taken slowly out of the inlet to remove any medium
which could enter the device. The inlet was then blocked again with the aqueous phase
to prevent the oil from flowing through the inlet, which would have less resistance in
comparison to the outlet. The continuous phase was then flown through the device to
remove any droplets which were not trapped. This reduces the risk of them coalescing
with trapped droplets, which would increase their size and increase the risk of
displacement from the trap.
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Figure 5.9: Droplet Storage, Bypassing and Clearing of Droplets within the Device.
Brightfield images of the storage of droplets (1 and 2); bypassing of droplets once the first
chamber is full (3 and 4); filling of the second chamber (7 and 8) and clearing of droplets
from the chamber array (9 – 12). The droplets formed within the device. The scale bar
equals 400 m.
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Figure 5.10: Displacement of Droplets in 500 μm Chambers. A timelapse of brightfield
images showing the displacement of a trapped droplet by another in a storage array with
500 μm chamber device. The scale bar is 250 μm.
5.4.2.1 Coalescence of Droplets within Storage Chamber
The next feature of the design which was tested was the ability to coalesce the trapped
droplets with medium to allow for substance exchange. It has previously been shown in
section 4.2.1 that the supplements used to make up the UVW cell medium increased the
risk of coalescence of droplets. Therefore, this property of the medium was tested to
determine if droplet interface instability could be induced within this microfluidic
device. To achieve this, a long plug of aqueous phase was formed and could be flown
through the storage array to then come in contact with the trapped droplets to
determine if they would coalesce (Figure 5.11). Two different aqueous phases (one as a
negative control and one as a positive control) were compared, which were water and
UVW cell medium with each containing 100 μM of calcein to visualise the breaking of
the interface during coalescence. Prior to the long plug of calcein being flown through
the chamber array the long calcein plug was flown through the two inlets to remove
any air which would get into the chamber array and displace the droplets before
coalescence could occur. The continuous phase inlet was blocked and the long plug of
aqueous phase was flown through at a rate of 0.4 μl/min for both aqueous phases
tested. As is observed in Figure 5.11, once the long plug entered it did not result in the
displacement of droplets and instead remained within the bypass channel and in
contact with the droplets. When water was used as the aqueous phase no coalescence
of the plug with droplets was observed, even over several minutes, with the calcein
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remaining within the plug. In contrast, when cell medium was used, coalescence of the
droplet with the long plug was observed within seconds of the long plug being flowed
into the device. This can be observed in Figure 5.11(1 to 4) where the interface
between the droplet and oil remains and then breaks, and in Figure 5.11(5 & 6) where
the interface has broken and calcein enters the droplet. The rupture of the interface of
one droplet took approximately 25 seconds to occur, measured from the initial contact
of the long plug with the droplet to the entering of the calcein into the chamber after
coalescence. To make sure that the aqueous plug, now coalesced with all the droplets,
did not retract from the outlet it was important to ensure that the outlet was full of
medium and did not contain the oil with surfactant.

Figure 5.11: Coalescence of Droplets with a Long Plug of Medium. Brightfield (1 to 5) and
fluorescent images (6 to 8) of a long plug of medium with calcein interacting with
droplets with only medium and a continuous phase of FC40 +2% surfactant. Images 1 to 3
show a long plug of medium with calcein entering the chamber array and coming into
contact with the droplets in the traps. Images 5 to 8 show the interface between the
droplets and plug has broken, with calcein entering the droplets with the process for two
traps in a row taking 68 seconds. The scale bar equals 400 μm. Figure adapted from
McMillan et al.[30]
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5.5. Discussion for Chapter 5

Within this chapter I have shown the development process involved in producing a
droplet microfluidic device which is suitable for the storage of droplets and substance
exchange. In contrast to the majority of other studies, this investigation only tested the
potential of a single device to be used in contrast to multiple ones to reduce the
complexity of the procedure. With a single device there is no requirement to connect
devices together with further tubing or having to withdraw the droplets and place them
into another device, which could further damage the droplets. Overall from the
development process and results from chapter 4 it was identified that it was not
possible to use only a droplet microfluidic device for long term spheroid culture. As a
result a microfluidic device was developed which integrated both droplet and single
phase microfluidics.

5.5.1. Influence of Cell Medium on Coalescence
The first important point that was identified with the single chamber devices was that
the properties of the cell culture medium caused coalescence of droplets. As a result,
the single storage chamber could not be used for the long term storage of droplets as
individual droplets could not be monitored over time as they would coalesce into one
large droplet. Fluorosurfactants with polyethylglycol heads, similar to the ones used
within this study, have been shown to produce very stable emulsions when water is
used as the aqueous phase[91]. Furthermore, the results within this chapter showed
that when MEM was used by itself it had similar results to water and PBS, with
coalescence only occurring once the temperature was increased. In contrast, when
supplements were added to MEM such as FBS, Fungizone and penicillin/streptomycin,
either alone or in combination, there was a significant increase in the percentage of
coalescence which occurred even when the device was left stationary. Due to the
complexity of the composition of FBS used within the medium it is difficult to identify
the exact cause why FBS increases the risk of coalescence. However, one possible cause
could be the albumin found within FBS as it has previously been shown that bovine
serum albumin (BSA) lowers the stability of emulsions of fluorosurfactants[91]. This is
thought to be due to it displacing surfactants from the interface, resulting in the
droplets not being fully covered by surfactants[91]. The increased risk of coalescence
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due to physical shock or increased temperature is to be expected. The chance of droplet
coalescence increases with increasing temperature due to the lowering of the viscosity
of the continuous phase between the droplets, resulting in the drainage of the
continuous phase between the droplets. As a result the droplets are less evenly covered
with oil with surfactants and so the chance of the aqueous phase droplets coming into
contact and coalescing increases[133], [134]. For mechanical shock the chance of
coalescence is increased as there is an increased chance of collisions between droplets
in comparison to the droplets remaining stationary.

5.5.2. Spheroid Formation and Culture within Microdroplets
The next point identified using the “dropspot” device was that spheroids would form
within single emulsion microdroplets. This was apparent when the “dropspot” device
was tested as spheroids would form within trapped droplets within 12 hours. However,
one of the major limitations was the duration of time at which the spheroids would
remain intact. As observed when too high cell numbers were encapsulated within the
droplet, the spheroid would break apart within days with the best case scenario being
up to 4 days of culture. Furthermore, the spheroids encapsulated within the device
were not observed to increase in size over time. Thus, this device would only be
suitable for short term investigations, such as for single cell analysis or whether
different types of cells form spheroids using this medium in oil system. In order to
increase the potential duration for the culturing of spheroids, refreshment of medium
is essential. As previously discussed the “dropspot” device has been used recently in a
study for the formation of spheroids within alginate beads[21]. Within this study, the
authors found that the device was suitable for on-chip gelation of alginates as well as
spheroid formation within the beads. Furthermore, Sabhachandani et al. could perfuse
the spheroids with medium due to the use of alginate beads to allow for long term
culture. The spheroids formed within the device were only cultured for a maximum of 4
days and the spheroids formed were more similar to aggregates rather than compact
spheroids. Thus even though the “dropspot” device was not suitable for spheroid
culture within aqueous droplets it could be used for the formation of alginate beads.
Furthermore, in the future, a potential application for this device would be to form
Matrigel beads for spheroid culture as they could then be perfused like the alginate
beads without the requirement for coalescence. In contrast to alginate, the use of
Matrigel would provide a more accurate reflection of the extracellular matrix observed
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within the tumour microenvironment due to the presence of growth factors and
proteins such as laminin, collagen and enactin.

5.5.3 Development of a Droplet into Single Phase Microfluidic Device
The final device design which was tested was found to be successful for both the
storage of aqueous droplets and for substance exchange via coalescence.
The trapping of the droplets was successfully achieved for the 300 μm and 400 μm
devices with a change of geometry required to the 500 μm device design. A resistance
ratio of between 1 and 1.5 was found to be successful for the direct trapping of droplets
as described by Vanapalli et al. However, in their study, they observed that using a
Qw/Qo of between 0.8 and 1 resulted in a droplet which was too large and split, which
was not observed within this chapter. For the here designed device, larger droplets
were required in order to fill the whole chamber. It is known that one of the factors
which has an influence on the size range of droplets formed is the flow rate ratio[81],
[135],[136]. If the continuous phase flow rate is increased to higher than the aqueous
phase flow rate then the thinning and shearing of the aqueous phase entering the
channel occurs quicker, resulting in the formation of smaller droplets. In order to
create larger droplets, the continuous phase flow rate has to be reduced to be a similar
flow rate as the aqueous phase or even lower, so that the thinning and ultimately the
shearing of the aqueous phase plug neck does not occur as quickly. Thus this allows
more of the aqueous phase plug to enter the continuous phase channel until breakage
of the aqueous phase plug to form droplets occurs. Another factor which also has an
influence on droplet size is the capillary number due to its effect on the deformability of
droplets. However this variable was not changed in the study of the devices in this
chapter[81], [135], [136]. As a result, the flow rate ratios had to be higher for the device
developed in section 5.4 in order to form large enough droplets which could be trapped
in the chambers.
In contrast to other studies using a similar device the surfactant concentration did not
have to be reduced or removed completely due to the discovery that the medium
resulted in coalescence[85], [129], [130]. In a recent study by Wen et al., they
encapsulated Caenorhabditis elegans (C. elegans) within droplets and found that they
had to reduce the surfactant concentration to 0.001% before they managed to merge
their droplets for substance exchange[85]. The low surfactant concentration was also
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essential for forming the droplets containing C. elegans as Wen et al. would flow
through a single long plug with the droplets forming due to the breakage of the plug at
the trap. In a different study by Vanapalli et al.[130] they had no surfactant within the
continuous phase to cause the merging and splitting of droplets. However, in both of
those studies the surfactant was not essential to the culturing of cells to form
multicellular tumour spheroids[130]. In a different study by Vanapalli et al.[129] they
formed the droplets using a different method which involved the formation of a long
plug which then split at the traps within the chamber array to form droplets. This again
was carried out with no surfactant within the oil. In this study, it was preferred for the
surfactant concentration to remain at 2% as chapter 4 has shown that it allows for the
formation and long term culture of spheroids[28]. Furthermore, in order to carry out
viability staining and drug treatment of spheroids it is preferred that the droplet is
removed, to prevent the risk of a reduced initial concentration from leakage of a
viability dye or drug.
Another advantage of the design used was that it did not involve the use of microvalves
like in the device used by Wen et al. which adds to the complexity of the design and
fabrication procedure. However, a limitation of the design tested within this chapter is
that the traps are altogether within a serpentine, thus there is the inability to have
different concentrations or drugs within a single device. By incorporating the
microvalves into the device Wen et al. were able to have individual rows with different
concentrations or solutions.
In contrast to the single chamber device and “Dropspot” device, glass syringes were
used as they have been shown to be more responsive to changes in flow rate as well as
produce a steadier flow in comparison to plastic syringes[137]. This was essential in
the initial characterisation of the device to determine the most suitable flow rates for
droplet formation and for coalescence of the trapped droplets. When considering
perfusion of the device, the flow needs to be slow and steady with few fluctuations so
that when spheroids are within the traps of the storage array they are not displaced by
slight fluctuations in the flow.
The next challenge to be overcome with the developed microfluidic device is whether it
is suitable for the formation and long term culture of spheroids. Experimental
evaluation of spheroid culture within this device is provided within chapter 6, where
the potential of this design to be used for radiotherapeutic and chemotherapeutic
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analysis was also investigated. This has previously not been shown within a droplet
microfluidic device for spheroid formation and culture. In addition, the potential of this
device to be used for the culture of spheroids within alginate beads was also
investigated.
Overall within this chapter a device suitable for the storage and coalescence of droplets
was developed. This opens up the potential for the formation and long term culture of
spheroids via substance exchange, with the results and evaluation for this shown
within the final results chapter 6.
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6. Characterisation of a Droplet Microfluidic Device for the
Culture and Anticancer Treatment of Spheroids

6.1. Introduction
This chapter explores the potential of the devices developed within Chapter 5 for the
storage of droplets and substance exchange for long term spheroid culture and drug
perfusion. As previously shown in chapter 4, in order for spheroids to remain in a
proliferative state, the refreshment of medium is essential. In this chapter the ability to
coalesce trapped droplets containing medium was evaluated to test if this method
could be used for refreshment of spheroids. Furthermore, the suitability of this method
for the injection of viability stains and anticancer drugs was also investigated. A similar
device to the one developed within chapter 5 has been used by Wen et al. for the
culture of Caenorhabditis elegans (C. elegans) within droplets which allows for
substance exchange[85]. However, substance exchange has previously not been
achieved for multicellular tumour spheroids formed using droplet microfluidics within
a single microfluidic device. Once the conditions were identified for the culture of
spheroids, the potential of this droplet microfluidic platform for radiosensitivity and
chemosensitivity assays was investigated. To conclude, the potential of this device to
be used for the formation of alginate beads for the culture of spheroids within the same
device, assessed. The use of alginate beads in spheroid culture is important as some
cells are unable to form spheroids in non-adherent conditions due to anchorage
dependence. Previous studies have focused on the development of a device or multiple
devices suitable for either aqueous droplets or alginate beads/microcapsules but have
not investigated the potential for a single device to be used for both applications.

6.2. Spheroid Culture within Medium in Oil Droplets in Device
6.2.1. Cell Encapsulation and Spheroid Formation
The first parameter tested using the device developed within chapter 5 section 5.4 was
the trapping of droplets containing cells for the formation of spheroids. Droplets
containing cells were formed in a similar method as described previously (Chapter 5)
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and trapped within the storage array shown in figure 5.8. A cell concentration of 3 to 4
x 106 cells per ml was used to obtain multiple cells within droplets. This was lower than
the single chamber devices and “dropspot” device as only one inlet for the aqueous
phase was used for this device configuration. The previous designs used a second
aqueous phase inlet, which acted as a medium only inlet to dilute droplets containing
cells. This was deemed not essential for the design developed in this chapter, as in
experiments involving cells in the previous designs the second inlet was rarely used as
the range of cell numbers per droplet could be adapted through changing the cell
concentration. For all cell based experiments, a 400 μm chamber device was used
(Figure 6.1). During the withdrawal of cells, it was essential to mix the cell suspension
to reduce the risk of cells settling at the bottom of the Eppendorf tube and
subsequently forming a pellet of cells that could be withdrawn and block the tubing. It
was found that, over time, blockages would form which were a result of the cells
settling within the tubing and aggregating together. Due to the ability of the cells to
form aggregates within the tubing, the flow rates had to be altered depending on the
number of cells first entering the inlet, in order to achieve the perfect droplet size. A
slight variation in droplet size formed via the T junction was observed due to
differences in cell concentration whilst dispensing. Occasionally, small droplets would
form at the junction after the initial connection of the tubing containing a cell
suspension to the device inlets when carrying out cell based experiments (Figure 6.1).
The formation of small M/O droplets was due to a blockage of the tubing with cell
aggregates, resulting in a lower than expected aqueous phase flow rate. As a result the
continuous phase flow rate was much greater than the aqueous phase flow rate, leading
to a higher flow rate ratio and thus the formation of small droplets. The small droplets
had no impact on the trapping or bypassing of droplets and would be removed during
the filling of the storage array.
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Figure 6.1: Droplets containing cells trapping and bypassing within the chamber array.
Brightfield timelapse images showing the trapping of a droplet containing cells (1 – 4)
and subsequent droplets bypassing to move onto the next traps (5 – 9).The smaller
droplets out with the larger droplets containing cells were created before the first droplet
and do not contain cells. Scale bar is 400 μm.
The number of cells encapsulated within droplets ranged from approximately 60 to
160 cells per droplet. The cells within droplets aggregated to form compact spheroids
within 6 to 18 hours depending on the initial cell number (Figure 6.2). The trapping
efficiency of droplets containing cells was high with nearly every trap filled in the
majority of experiments (Figure 6.3). In addition, the droplets did not displace from the
traps even though there was a slight shrinkage of the droplets over time due to
evaporation. Spheroids formed ranged in diameter from 40 to 150 μm, depending on
the initial cell number within the droplet.
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Figure 6.2: Spheroid Formation within Medium in Oil Droplets. Timelapse sequence of
brightfield images of cells within droplets forming into spheroids over time with (A) a low
number and (B) a high number of cells. The scale bar represents 200 μm.

6.2.2. Coalescence of Droplets for Medium Exchange
The next feature of the device tested was the ability to coalesce a long plug of medium
with trapped droplets containing spheroids for medium refreshment. After 24 hours of
droplet incubation within the storage array, a long plug of medium was flown through
the device at a rate of 0.4 μl/min. The medium was flown through the air bypass
channel (figure 5.8) to prevent any cells which remained in the aqueous phase inlet
from displacing trapped droplets. Prior to creating a long plug of medium through the
storage array’s serpentine channel, the device was removed of air bubbles from the
channels by flowing the continuous phase. Once the air was removed, the remaining
inlets were blocked to allow the long plug of medium to flow through the storage array.
The long plug of medium coalesced with droplets within 20 to 30 seconds of being in
contact. A slight variation in time was observed between the time taken for the
coalescence of droplets with the long plug, but overall all of the droplets within the
storage array coalesced. Overall, the majority of spheroids were not displaced from
their traps. However, a few were displaced due to the presence of air within the storage
array which entered during incubation and could not be removed prior to flowing
through the plug or if the droplet was too small for the trap.
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Figure 6.3: Spheroid Formation and Culture within the Device. Brightfield images of cells
within droplets trapped within the array on day 0 (A) and as spheroids with the droplets
coalesced with medium on day 1 (B). (C) shows a timelapse of spheroid formation after
coalescence over 17 days with a spheroid stained for FDA and PI on day 17 (with D0 to
D17 representing the day). The scale bar for (A) and (B) equals 400 μm and for (C) equals
200 μm.
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After the droplets were coalesced, the device was perfused every 2 days with fresh
medium and the growth of spheroids was monitored. If medium was only perfused for
10 minutes at 0.4 μl/min, a difference in the growth of spheroids throughout the
storage array was observed (Figure 6.4). Spheroids within the first 4 rows of the
serpentine increased in size whereas the bottom 4 rows either remained the same size
or decreased in size. The reduction in spheroid size of those spheroids further away
from the source of fresh medium (inlet), suggested that the perfusion time was not long
enough. Therefore, the lower rate in spheroid growth for spheroids closer to the outlet
could potentially be due to a lower amount of nutrients reaching the sites and waste
products not being sufficiently washed away.

Figure 6.4: Influence of Medium Perfusion Time on Spheroid Growth. Growth curves
showing the average diameter of spheroids ± standard error of the mean (error bars)
over 16 to 20 days which were only perfused for 10 minutes. The solid line represents
spheroids which were within the top four rows of traps of the chamber array and the
dashed line represents the bottom four rows of traps of the chamber array. The number of
spheroids (n) for the top 4 rows was n = 10 and for the bottom 4 rows was n = 9.
In contrast, perfusion of medium carried out at a rate of 0.4 μl/min for approximately
20 to 30 minutes resulted in a uniform growth of spheroids throughout the storage
array. Spheroids remained compact and did not disaggregate or begin to adhere to the
device even after perfusion with medium over 17 days. Additionally, little
disaggregation of spheroids over time was observed, further demonstrating that the
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spheroids were receiving adequate medium. The viability of spheroids was confirmed
by carrying out live/dead staining with FDA and PI with no dead cells observed after 17
days of culture. One of the issues with the device was that due to the variability in the
concentration of cells entering the device there was a variation between different
experimentsof the initial cell number encapsulated within droplets (Figure 6.5). As a
result there was variability in the initial spheroid sizes observed and therefore the final
average diameter obtained for spheroids. However, a positive result of this
observation, was that there was low variation in spheroid diameters within individual
experiments for example a control device and a device to be treated with radiation. In
addition the growth curves for the spheroids with different initial spheroid sizes were
similar (Figure 6.5). The variation in the number of cells encapsulated within droplets
from day to day could be a result of the aggregation of cells being different within
tubing due to difference in timing in setting up experiments between days.
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Figure 6.5: Spheroid Growth within the Device for Different Experiments. Growth curves
showing the average spheroid diameter ± standard error of the mean (error bars) of
spheroids over 16 to 19 days from 3 separate experiments.

6.3. Irradiation Treatment of Spheroids
To determine if the device materials were suitable for radiotherapy assays, dosimetry
tests were carried out to determine if radiation was absorbed by the device before it
reaches the spheroids. The materials which were tested included a glass slide, a piece
of PDMS and PDMS bonded to a glass slide. An average of three measurements were
taken for each material at each dose (1 Gy, 3 Gy, 6 Gy and 10 Gy). At 10 Gy the average
doses measured after passing through each material were was 9.02 Gy for the glass
slide, 9.25 Gy for PDMS and 8.21 Gy for PDMS bound to a glass slide. Overall it was
found that the glass slide alone absorbed the most radiation in comparison to PDMS
alone and PDMS bonded to the slide absorbed the most radiation with a 17% loss in the
X-ray dose delivered (Figure 6.6). From these measurements the dose of radiation
being received by the spheroids could be estimated.
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Figure 6.6: Influence of Microfluidic Device Materials on X-Ray radiation. A bar chart
showing average measurement of x-ray radiation (n=3) ± standard deviation (error bars)
when passed through different materials used for microfluidics which were glass, PDMS
and PDMS bonded to a glass slide. The different radiation doses tested were 1, 3, 6 and 10
Gy.
As a proof of principle, an experiment was conducted with a dose of 8 Gy, which was
shown to have a detrimental effect on UVW glioma spheroid viability (Chapter 4
section 4.6). Spheroids were initially formed within droplets, coalesced and perfused
with medium every second day as described previously. Spheroids were treated with 8
Gy on day 7 of culture. Spheroid growth and any signs of cell death, such as
disaggregated cells, were monitored and compared to a control group (0 Gy). A
significant reduction in spheroid diameter was observed in comparison to the control
within day 12 of culture (Figure 5.7) with a p value of less than 0.05 (p = 4.03 x 10-4).
Furthermore, higher levels of disaggregation of cells from treated spheroids were
observed, in comparison to the control group and live/dead staining confirmed that
these disaggregated cells were dead. The culture was only carried out for 12 days due
to the potential for washing out spheroids after the radiation treatment. After
treatment the spheroid would begin to disaggregate as the cells would die from the
radiotherapy this resulted in a reduction in the size of the spheroid making it easier to
be washed out during perfusion either via the bypass channel. Additionally if the
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spheroid fully disaggregated the spheroid would be washed out and a spheroid
measurement could not be taken to assess the influence of treatment on spheroid size.

Figure 6.7: Radiation Treatment of Spheroids. A growth curve (A) showing the average
spheroid diameter (μm) over days for control and spheroids treated with 8 Gy on day 7
with the error bars representing the standard error of the mean. A timelapse of images
over 12 days showing spheroids treated with 8 Gy on day 7 and a live/dead stain of a
spheroid on day 12. The scale bar equals 200 μm. *** represents a p value  0.001.
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6.4. Effect of Drug Treatment on Spheroids
To test the potential of the device for performing drug treatments, the spheroids were
treated with cisplatin and doxorubicin. Spheroids were formed within droplets,
coalesced and perfused with medium every 2 days, as described previously in sections
6.2 and 6.3. Either cisplatin or doxorubicin was perfused through the device at a rate of
0.4 μl per min-1 for 30 minutes on day 7 of spheroid culture. On day 8, medium was
perfused through the device to wash out cisplatin or doxorubicin from the device, thus
the drug incubation time assessed was 24 hours. A significant reduction in spheroid
diameter was observed in comparison to the control 7 days after treatment with a p
value of less than 0.01 for both cisplatin and doxorubicin (Figure 5.8). As was observed
with the irradiated spheroids, the reduction in size was caused by cells disaggregating
from spheroids. The viability of the spheroids was confirmed using live dead staining
with dead cells disaggregated from the compact spheroid. Thus this demonstrates that
the device allowed for drug treatment and that the drug exposure time was effective for
induction of cytotoxicity.
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Figure 6.8: Drug Treatment of Spheroids. A growth curve (A) of average spheroid
diameter over 17 days of control and treated spheroids with 50 μm of cisplatin (black
dashed line) or 4 M of doxorubicin (grey dashed line) on day 7 which was washed off on
day 8. The error bars represent the standard error of the mean. The arrow indicates the
day of treatment (day 7). The n numbers for each experiment A timelapse of brightfield
images of spheroids (B) treated with cisplatin over 14 days and (C) spheroids treated with
doxorubicin and a FDA and PI stained image of the spheroid on day 14 for cisplatin and
day 12 for doxorubicin. The scale bar equals 200 μm. ** represents a p value  0.01. Figure
taken from McMillan et al.[30].
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6.5. Spheroid Culture within Alginate Beads
Another application which was tested was the ability to use this device for spheroid
culture within alginate beads. This is of interest for developing a microfluidic assay for
spheroid culture as certain cell types are anchorage dependent and thus are unable to
form spheroids in non-adherent conditions, such as that found within the M/O
droplets. Additionally this is of interest for 3D cell culture in other biological
applications such as the culture of stem cells, as it has been shown that the cell to
alginate gel contacts can have an influence on stem cell differentiation which is not
observed in 2D[97]. The protocol for alginate bead formation within the device is
provided as a diagram in Figure 5.9.
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Figure 6.9: Alginate Bead formation within the Microfluidic Device. Droplet microfluidic
device design with a diagram showing the process of forming alginate beads within the
chamber array. The device has an inlet for oil with surfactant (1A); an inlet for the sodium
alginate in medium (2A); a bypass channel used for the removal of air and the addition of
calcium chloride solution (3A) and an outlet (4A). The alginate bead formation process
began with the trapping of alginate in medium beads within the array (1), then a long
plug of 4% calcium chloride solution was perfused through the device to form the alginate
beads into hydrogels (2 and 3). Once the alginate beads had formed hydrogels medium
was perfused through the device to remove the calcium chloride solution (4).
Initially, droplets containing cells in alginate medium were formed and stored within
the device using the same cell concentration and procedure as before. In contrast to
aqueous droplets, higher flow rates were used due to the higher viscosity of the sodium
alginate in medium. For a 400 μm drop chamber device, the flow rate for the
continuous phase was set at 2 μl/min and the aqueous phase at 1.6 μl/min. As was the
case for the aqueous droplets, 100% of alginate droplets were trapped within the
device. Once the droplets were trapped, the flow of the sodium alginate with cells was
stopped and the excess droplets removed by flowing through only the continuous
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phase. The continuous phase was then stopped and a 4% calcium chloride in medium
solution was flown through the device for 30 minutes at a rate of 0.4 μl/min to promote
the gelation of the alginate beads. The calcium chloride solution was flown through the
air bypass channel to prevent the potential for the gelation of alginate, which may
remain within the aqueous phase inlet. Upon addition of the calcium chloride solution
to the alginate droplets, these gelled within minutes and the cells became embedded
within the gel. As a result, the cells remained within the alginate and did not flow out in
the calcium chloride plug. After perfusion of calcium chloride, the beads were refreshed
with medium to remove the calcium chloride and to provide nutrients for the cells. The
medium did not coalesce with the gelated beads and a visible interface remained
between the medium plug and the alginate bead. After 24 hours, cells had aggregated
together to form a cell cluster with a rough border. Some of the cells did not aggregate
and remained dispersed within the alginate. The alginate beads were refreshed every
second day with medium at 0.4 μl/min for 30 minutes. From day 3, the spheroids
within the gelled alginate beads became smoother and more spherical.
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Figure 6.10: Spheroid Formation within Alginate Beads. Brightfield images of cells
encapsulated within alginate droplets and trapped within the device before perfusion (A)
and after perfusion with calcium chloride solution (B). (C) A timelapse of images of
spheroid formation within an alginate droplet over 5 days with a spheroid stained with
FDA and PI on day 5. The scale bars represent 400 μm for (A) and (B) and 200 μm for (C).
Figure adapted from McMillan et al.[30].
Live/dead staining was carried out on day 5 which confirmed the spheroids were
viable (Figure 6.10 (C)) and cells which had not aggregated and dispersed within the
gel were dead (Figure 6.11). In addition, it was observed that alginate beads reduced in
size over time (Figure 6.12). Due to this reduction in size, it was easier for the beads to
be displaced from the traps upon refreshment with medium and this therefore limited
the duration of the culture (Figure 6.12). The use of diffusive gelation, were the alginate
beads are perfused with calcium chloride, results in a rapid gelation however as a
result the resulting alginate does not have a stable structure. Therefore in the future an
alternative method of gelation should be investigated to form alginate beads with a
more stable structure.
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Figure 6.11: Single Cells dispersed into Alginate Bead. (A) Brightfield image and (B)
fluorescence image of a spheroid stained with FDA (green) and PI (red) within an alginate
bead with single cells which have dispersed into the alginate (indicated by the arrow in
each picture). The scale bar is 200 μm.

Figure 6.12: Alginate Bead Shrinkage over time. Brightfield images showing the reduction
in size of alginate bead from day 3 to day 5 with the arrows indicating the interface of the
alginate bead with 5(A) showing before medium perfusion and 5(B) showing after
perfusion with the bead displaced from the trap. The scale bar is 200 μm.
In comparison, when alginate droplets were not perfused with calcium chloride
solution, the cells aggregated to form smooth compact spheroids (Figure 6.13) which
demonstrates that once gelled, it was difficult for the cells to come in contact with each
other. Furthermore when the alginate beads were perfused with medium it was able to
coalesce with the droplets showing that the slightly higher viscosity of the alginate did
not prevent coalescence.
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Figure 6.13: Spheroids formed within alginate beads without calcium chloride. Brightfield
images showing cells encapsulated within alginate beads within the microfluidic storage
array (A) and after perfusion with medium (B) with no treatment of the alginate with
calcium chloride. The scale bar is 400 μm.

6.6. Discussion
In this chapter the droplet microfluidic device developed in chapter 5 has been
evaluated for the formation and long term culture of multicellular spheroids. The
formation of two different types of droplets for spheroid culture were evaluated:
aqueous and alginate. For the aqueous droplets, the ability to coalesce medium with the
droplets for medium exchange for long term culture was reliably achieved.
Furthermore, the ability to carry out radiotherapeutic and chemotherapeutic
treatments were investigated and live/dead staining was used to confirm the health of
spheroids. For the alginate bead protocol, the device was shown to be suitable for both
the gelation and storage of beads for formation and culture of spheroids.

6.6.1. Spheroid Formation and Culture within Aqueous Droplets
The device was found to be suitable for the storage of droplets for the initial
aggregation of cells resulting in the formation of spheroids. Spheroids were observed to
form in a similar way to those formed in macrodroplets as shown in chapter 4. The
lower cell number per droplet resulted in more rapid spheroid formation in
comparison to the macrodroplets. Spheroid formation within microdroplets occurred
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between 6 to 18 hours, depending on the cell number. In contrast to the study
conducted by Chan et al., in this study spheroids were formed within single emulsion
droplets which required a single device for formation of droplets and long term storage
of droplets[23]. In contrast, Chan et al. used two devices in order to form double
emulsion droplets and the spheroids were then released from the droplets to be
cultured within low attachment culture plates. The long term culture of spheroids was
shown to be possible within these devices, due to their ability to carry out substance
exchange through coalescence. The spheroids remained intact and did not disaggregate
over time suggesting that a non-adherent surface remained on the surfaces of the
microchannels in the device. In addition, the majority of spheroids remained trapped
within the chambers allowing for the monitoring of individual spheroids over time for
up to 17 days. Spheroids would be displaced from chambers if air managed to enter the
storage array prior to perfusion with medium, as the air before the medium could
displace the spheroid or push it into the restriction channel of the trap. Chan et al.
attempted to control the environment for spheroids within aqueous droplets through
the use of their double emulsion system. They adopted the idea from another study by
Zhang et al.[102] which used double emulsion droplets to allow for the diffusion of
nutrients through the interface to the cells from the outer aqueous layer. However, this
study found that the viability of cells reduced over time, which they suspected was due
to the inability of large molecules such as growth factors to diffuse across the interface.
Therefore the approach used in this chapter for the perfusion of spheroids after
coalescence of droplets is superior, as the issue of large molecules such as growth
factors not reaching the spheroids did not arise.
Another advantage of coalescing the droplets following the initial formation of
spheroids within them was the ability to carry out live/dead staining of spheroids.
Through this, it was possible to confirm the health of spheroids for long term culture,
as well as after treatment with radiation and cytotoxic drugs. It was confirmed by
viability staining that spheroids remained viable for up to 17 days, which is a major
improvement to the results obtained by Chan et al. who experienced a reduction in
viability over 4 days[23]. It has been shown in a study by Chen et al. that live and dead
stains should not be encapsulated within droplets from the start as they found
fluorescent probes were able to leak out of droplets over time[124]. Therefore, this
would result in the production of an inaccurate fluorescent signal from the droplet.
Furthermore, the majority of live and dead stains available are cytotoxic if they remain
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in contact with cells over a long period of time. Thus, this also argues against the
encapsulation of live and dead stains from the start of the experiment, as it would
significantly reduce the duration of spheroid culturing.
One factor requiring further consideration if this device was to be used for the culture
of spheroids from different cell lines or primary cells is the composition of medium.
The coalescence mechanism used in this study was effective when using the standard
growth medium for UVW glioma cells however different cell types may require
different medium and supplements, depending on their own metabolic requirements.
Therefore the influence of a different medium composition on droplet stability would
need to be investigated prior to use of this system.

6.6.2. Treatment of Spheroids within Aqueous Droplets

A further achievement of the ability to coalesce droplets after spheroid formation was
the ability to treat spheroids. The treatment of spheroids with anticancer drugs has
previously not been achieved for spheroids formed and cultured within aqueous
droplets. Encapsulation of a drug with the cells during droplet formation is not ideal as,
at that point, the cells would still have to aggregate to form a spheroid. Thus it would be
similar to conducting an experiment on a cell monolayer and the experiment would
only be able to identify if the drug treatment would have a detrimental effect on
spheroid formation. For the purpose of this project it was essential that spheroid
formation occurred prior to drug treatment in order to take into consideration all of the
factors in a 3D cell culture model (as mentioned in Chapter 2 Section 2.4) which can
influence drug penetration and efficacy. Furthermore, drug assays which were carried
out using the droplets, where separate droplets merged to create substance exchange,
would limit the types of drugs which could be tested, as this process is only suitable for
hydrophilic drugs. Lipophilic drugs would favourably partition out of the droplet into
the continuous phase, thus potentially not produce any effect on spheroid growth or
viability. As observed in Figure 6.8 (B) and (C), the cells on the outer rim of the
spheroid disaggregated, leaving a viable core which suggests there was a limit to
penetration of the cisplatin and doxorubicin into the spheroid. Another possible cause
for the core of the spheroid being viable could be due to the presence of quiescent and
hypoxic cells which are known to be more resistant to drug treatment.
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A future application for this device would be to carry out combination treatments in
order to investigate the use of radiosensitising agents. This is an application which has
not been previously tested on spheroids formed via droplet microfluidics.
A drawback with this device for carrying out drug assays is the potential for PDMS to
absorb hydrophobic molecules[138]–[140]. The absorption of drugs may be low for
those which are perfused through the device for a short period of time, however, for
those requiring longer incubation times diffusion into PDMS may occur. This aspect
was not investigated within this study but would need to be considered in order to
investigate the influence of different drug concentrations to carry out an accurate
assessment. Furthermore the potential to use alternative polymers such as polystyrene
may need to be considered which has been found to absorb little if any hydrophobic
molecules[141].

6.6.3. Alginate Beads
A further aspect which was evaluated with this device was the ability to also form
alginate beads as well as aqueous droplets. In contrast to the majority of studies
involving the use of alginate beads for spheroid culture, the whole process from the
formation of the alginate beads through to the storage and culture of spheroids was
carried out on a single device[15], [16], [19], [21], [142], [143]. The only study which
has shown the formation and culture of spheroids within alginate beads on a single
device is by Sabhachandani et al. who used a variation of the “dropspot” device[21],
[88]. In their study they encapsulated MCF-7 breast cancer cells within alginate in
medium droplets that were trapped within the chamber array with a calcium chloride
solution then flown through at a slow rate to promote gelation. The beads were then
cultured for up to 4 days. This is similar to the duration time of spheroids cultured
within alginate beads in this chapter, which were gelated using a similar method. In
contrast to the spheroids formed within their alginate beads the spheroids formed in
this chapter were more compact after 3 to 4 days. The spheroids presented in the
Sabhachandani et al. were similar to aggregates, with cells remaining dispersed within
the alginate and instead forming several smaller spheroids. Therefore the spheroids
formed in alginate beads in this chapter are more relevant models, as the spheroids
were more compact and larger and so are a more effective model for the assessment of
penetration of drugs and development of a nutritional gradient.
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A noticable difference in comparison to the aqueous droplets was the duration of time
taken for cells to aggregate and form spheroids. It took around 3 to 4 days before the
cells had aggregated to form a compact spheroid which is much slower than the 6 to 18
hours it took within an aqueous droplet. Similar spheroid formation times have been
reported within alginate beads[18], [21], [22]. This is to be expected as the hydrogel
network creates a barrier for cells, making it more difficult for them to come in contact
with each other[18]. This was proven in the sodium alginate bead experiments which
did not undergo perfusion with calcium chloride to create a hydrogel (figure 6.8). Here,
the cells formed compact spheroids like those formed within aqueous droplets.
The main limiting factor identified for the culture of spheroids within alginate beads
was the reduction in size over time. This limits the duration of time spheroids could be
cultured within alginate beads, as they can be easily washed away as they reduce in
size (figure 6.12). Furthermore, as the alginate bead reduced in size, it would no longer
provide the support required for spheroid growth. The breakdown of alginate beads
over time has been previously reported. One of the causes is thought to be due to the
release of calcium ions into the medium, due to exchanges with cations[97]. Another
cause for the degradation of alginate beads (section 6.5) is due to the method used for
gelation of alginate. The perfusion of alginate with divalent cations such as Ca 2+ ions
from calcium chloride is known as diffusive gelation and is one of the most common
gelation methods used[97], [144]. One of the main drawbacks of diffusive gelation is
that it results in the quick gelation of alginate which cannot be well controlled. As a
result the alginate hydrogel created is not strong and quickly degrades. Another
method of gelation which produces a more controlled method is internal gelation.
Internal gelation involves the alginate containing a gelation source, such as calcium
carbonate, calcium sulphate or calcium EDTA which slowly releases calcium ions into
the gel, resulting in a slower and more controlled gelation of the alginate. As a result
the alginate gel produced is stronger and lasts longer. Therefore, in future experiments,
this method could be assessed for the creation of alginate beads for culturing spheroids
within this device. If a longer alginate bead duration could be achieved, this opens up
the opportunity for testing the potential of this device for the treatment of spheroids.
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6.6.4. Issues of Device for Spheroid Culture
In both aqueous and alginate droplets there was a variation in the sizes of spheroids
formed which was due to the initial cell number within the droplet. Although it was
previously stated in Chapter 4 that the spheroid size can be controlled using medium in
oil droplets (section 4.4), this can be difficult when using droplet microfluidics due to
the poisson distribution that control cell encapsulation. In addition, UVW cells can
aggregate within the tubing connected to the microfluidic device, resulting in bursts of
aggregated cells alternating with the flow of fewer cells. Although there is a
heterogeneous range of sizes, there is the potential to investigate the differences in
effect depending upon spheroid size. In addition to a variation in spheroid size within
the same device, it was observed that there was a variation in the initial average
spheroid diameter between experiments which were set up on different days. This was
thought to be due to the variation in the withdrawal of cell concentration within the
tubing resulting in variation of potential aggregates being taken up within the tubing.
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7. Discussion

7.1. Introduction
Thus far this thesis has presented the advantages of multicellular tumour spheroids
(MCTSs) for anticancer drug development, examined methods for the in vitro culture of
MCTSs and the impact droplet microfluidic methods can have in anticancer screening.
From the literature review carried out, the main limitations for the use of droplet
microfluidics for the culture of spheroids identified were the complexities of current
encapsulation based methods involving alginates and/or matrices and short cell
culture times within droplets. Therefore, the main aim was to attempt to resolve these
issues to develop and evaluate a microfluidic technology suitable for MCTS culture and
anticancer treatment within aqueous and alginate droplets. In chapters 4, 5 and 6, the
development of a device which bridges droplet microfluidics with single phase
microfluidics has been presented.
Within this chapter the impact of the results obtained will be discussed with reference
to the impact on in vitro MCTS culture and the future use of the developed microfluidics
as a screening platform. . Additionally, other work which has stemmed as a result of the
findings from this project will be presented.

7.2. Chapter 4 Outcomes
The first main outcome of this project was the identification of the parameters required
for the formation and long term culture of MCTSs within M/O droplets. The
identification of the parameters was essential for determining if it would be possible to
use the emulsion system for long term culture before miniaturising it via droplet
microfluidics. Within the literature, there was a gap with regards studies investigating
the use of single emulsion aqueous droplets for spheroid culture. Additionally, one of
the issues which had been highlighted from previous studies was the limited number of
days which cells remained viable and no detailed investigation had been conducted to
determine ideal conditions[11], [12], [24]. Thus, this study demonstrated that it was
possible to achieve long term culture of spheroids within M/O droplets (up to 28 days)
if medium was refreshed every second day. It also confirmed that spheroids could only
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remain viable within a droplet for a limited period of time with little or no increase in
growth happening during this period. The longest duration of spheroid culture without
refreshment which could be achieved was 14 days at a cell to volume of medium ratio
of 200 cells per μl. In order to extend the duration of culture, or have consistent
spheroid growth, refreshment of medium was an essential factor. Therefore,
determination of these parameters is important when developing a droplet
microfluidic device for cell culture due to the concept of compartmentalisation, were
each droplet contains a finite amount of nutrients for cells. Additionally, these aspects
are useful to know when using this approach for developing a droplet microfluidic
device for anticancer treatment screening, as the proliferative state can have an
influence on efficacy.
The parameters required for the formation and long term culture of spheroids were
only characterised using the UVW glioma cell line, with preliminary studies conducted
with primary hepatocyte cells (discussed in more detail in section 7.5). Therefore, one
consideration which will need to be addressed in future studies is that different cell
lines or primary cells may have different growth characteristics and, as a result, require
the refreshment of medium at a different frequency in order to meet their metabolic
requirements for proliferation[117]. In addition, neither UVW glioma cells nor primary
hepatocytes exhibit anchorage dependence and thus both cell types can form spheroids
within M/O droplets or traditional non-adherent methods such as the forced floating
method. Therefore, it also needs to be considered that the M/O droplet method
introduced in chapter 4 will not be suitable for the formation of spheroids using cells
which exhibit anchorage dependence. Anchorage dependent cells would require the
inclusion of a scaffold, for example alginate or matrices, for this method to be effective.
The formation of spheroids using the M/O droplet based method is similar to the
hanging drop approach[70]. The main advantage of the M/O droplet method over the
hanging drop is that it is not affected by physical shock such as the movement from the
incubator to microscope for analysis or by the exchange of medium[70]. This is due to
the support provided by the continuous phase surrounding the medium droplet. In
contrast, the droplets in the hanging drop system are not as stable and even the slight
tilting of the plate or addition of extra medium is enough for a droplet to fall and
potentially damage a spheroid. Therefore, the duration of an emulsion based assay is
longer and more reliable than the hanging drop approach, as it is not affected by the
movement of the droplets for analysis or medium exchange.
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Another outcome of interest in terms of developing a droplet microfluidic device is the
ability to conduct radiotherapeutic experiments. This is of major interest in terms of
developing a microfluidic screening method involving spheroids as they are attractive
in vitro models for carrying out preclinical combination therapies in order to identify
potential radiosensitising agents. Within the literature this has so far not been carried
out in spheroids formed within an emulsion based system, either aqueous or alginate
based. Furthermore, a similar radiotherapeutic response was achieved between
spheroids formed within emulsions in comparison to traditional methods,
demonstrating that the emulsion method did not have an influence on the physiology of
the spheroids. A future area for investigation is that of fractionated radiotherapy.
Fractionated radiotherapy is where radiotherapy is delivered as smaller fractions (1.8
to 2 Gy) daily[66] instead of being delivered as a single dose. When a cancer patient is
given treatment, fractionated radiotherapy reduces the risk of relapse through the
treatment of cells which were in a less sensitive part of the cell cycle or quiescent cells
which have recovered upon re-exposure to nutrients[66].
An interesting feature which was highlighted with this emulsion based system for
spheroid culture is the ability to control the proliferative state through the frequency of
medium refreshment. This has previously been shown possible through the use of nonadherent coated well plates and/or spinner flasks[112], [114],[113]. With regards to
emulsion based systems, this work was the first of its kind to provide an extended
investigation of cell culture in droplets[28]. This is of major interest, as it opens up the
potential to miniaturise high throughput methods for testing the radiosensitivity and
chemosensitivity of anticancer agents. A potential future application to further enhance
the appeal of this method for testing radiosensitivity would be to investigate hypoxia.
Hypoxic cells are another area of interest as they are known to cause pro-survival
signalling resulting in the resistance of cells to treatments[145]. Furthermore,
radiosensitivity has been observed to decrease as the partial oxygen pressure within
cells decreases, with oxygen enhancing the effectiveness of radiotherapy[146]. Thus, it
has been observed that hypoxic cells require up to three times the dose of radiation in
comparison to cells with normal oxygen levels[146], to achieve the same levels of cell
death. The testing of the sensitivity of therapies towards hypoxic cells could be easily
carried out using this method by culturing spheroids within an environmental chamber
to create a low oxygen environment to create hypoxic cells. The spheroids could then
be reintroduced to a normal atmosphere and fresh medium to determine whether the
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spheroids would recover and continue to increase in size. Therefore, this would add
another feature to the application of testing for radiosensitivity of spheroids by
including the influence of hypoxic as well as quiescent cells.
Overall, chapter 4 has shown that M/O droplets are a suitable method for the formation
and culture of spheroids. Additionally, it has been shown that this method is suitable
for conducting radiotherapeutic treatments an area which has not previously been
investigated on spheroids formed via the emulsion based approach.

7.3. Chapter 5 Outcomes
The main purpose of the investigations outlined in chapter 5 was to develop a
microfluidic device which would be suitable for the formation and long term culture of
multicellular spheroids. Within the literature there has not been a design presented for
the formation and culture of spheroids within single emulsion M/O droplets. The
majority of studies involving droplet microfluidics with single M/O droplets have
focused on the study of either single cells[10]–[12], [26], [147]–[149] or organisms
such as C. elegans[85], [150]. In terms of spheroid formation and culture, the vast
majority of droplet microfluidic based approaches have involved the use of
alginate[16]–[19], [21], [22] or alginate mixed with matrices[20], [99] beads and
microcapsules. Within Chapter 4 it was identified that M/O droplets could be used for
the formation of spheroids thus a microfluidic device was developed to accommodate
the formation and storage of aqueous droplets. However, it was identified within
Chapter 5 that spheroids could not be cultured for longer than 4 days within aqueous
microdroplets without disaggregation occurring. Therefore, this chapter showed that a
microfluidic device which involved only the storage of aqueous droplets could only be
used for short term spheroid culture experiments. A study which also showed the
potential of the dropspot device for spheroid formation within droplets was by
Sabhachandani et al. and involved the incorporation of alginates[21]. The advantage of
the use of alginate beads was that it only required a device for storage of droplets as
the medium could be perfused through the beads due to the porous structure of the
alginate (as discussed within Chapter 2 Section 2.8.1)[97]. Another useful application
for the dropspot device is for single cell assays which only require short term culture
prior to analysis. An example of a project in which this device was involved in alongside
this project will be discussed in section 7.5.2.

150

A useful outcome of the initial experiments using the single storage chamber devices
(section 5.2) was the identification of the increased probability of coalescence created
by cell culture medium. The stability of the emulsion droplets created by the
fluorosurfactants used within this study is known to be robust when water is used as
the aqueous phase[91]. The only other report of an aqueous phase affecting the
stability of emulsion droplets when similar fluorosurfactants were is found when 3%
BSA was used as the aqueous phase[91]. This attribute of the cell culture medium was
advantageous in the development of the final microfluidic device and protocols. The
final device was adapted from those developed by Boukellal et al. and Vanapalli et al.
which allowed for the storage of droplets which could then be coalesced for substance
exchange[85], [87], [128]–[130]. In contrast to previous studies, the unique aspect of
this approach was the ability to induce coalescence of droplets through the use of cell
culture medium as the aqueous phase, which have otherwise been shown to be stable
using this concentration of surfactants[91]. Thus, this removed the requirement for
complicating the procedure by either lowering the surfactant concentration or the use
of active approaches such as electrocoalescence. However, for different cell types
different recipes of cell culture medium will be required with supplements which may
have not been tested within this project. Therefore, other supplements added to
medium for different cell types may have a different effect on the rate of coalescence of
droplets.
A study which shows the competition in terms of a high-throughput assay for the
formation, culture and treatment of spheroids is by Senkowski et al.[113] which used
384 well plates and managed to screen 1600 different drugs. To further improve upon
the future potential of the microfluidic device developed in this study, a gradient
generator could be connected to the inlet of several storage arrays, resulting in the
ability to test a range of different concentrations of a drug. A concentration gradient
can be created via microfluidics by exploiting the laminar flow experienced by liquids
at the microscale[151]. Therefore, when two different streams of fluid are flown next to
one another, the mixing of the liquids occurs by diffusion allowing for the precise
formation of a concentration gradient[151]–[153]. Concentration gradients generated
via microfluidics can provide a range of concentrations over several orders of
magnitude, thus allowing for a thorough investigation of the efficacy of different drug
concentrations[151], [153], [154]. The potential range of concentrations generated via
microfluidics is currently unachievable using other standard methods[151].Therefore,
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this would allow this device to have the potential to produce a similar if not better
output to 384 well plates[113].
Overall, the study outlined in chapter 5 resulted in the development of a microfluidic
device suitable for the storage of droplets and coalescence to allow for substance
exchange. The use of a device which only involved droplet formation and storage was
identified as not suitable for long term culture of spheroids.
An alternative device which was designed but not fabricated would have involved the
use of the properties of the medium for coalescence to allow for medium exchange
(Figure 7.1).
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Figure 7.1: Microfluidic Device designs of two layer devices. Examples of photomasks
designed for a two layer device with one layer having a serpentine channel with a Tjunction which would be the bottom layer (A) and the upper layer containing wells (B).
The numbers within the masks refer to the width of the serpentine channel (A) and the
diameter of the wells (B) in micrometres. (C) A schematic diagram of the two layer device
would in action. Steps 1 to 4 show the flow-through and trapping of droplets containing
cells into the wells. Once the cells have formed spheroids at step 5 the device is inverted for
the perfusion of medium through channel of the device (steps 5 to 7). Finally step 8 shows
the medium coalesced with the droplets and the spheroids trapped within the wells.
The inspiration for this device came from a similar design by Shi et al. who used it for
the culture of C. elegans within droplets[150]. The device involved the use of two layers
with an upper layer containing wells and a lower one with a channel. The main concept
behind the design that the droplets containing C. elegans would float to enter into the
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wells due to the aqueous phase having a lower density in comparison to the continuous
phase. Thus as a result, the droplets containing the C. elegans are stored within the
wells and the channel is used to perfuse with medium. A similar approach could be
tested with the device designed with spheroids. To fabricate this device a two layer
fabrication process would have to be carried out with the wells aligned in rows with
the channel. This device would involve firstly the formation of droplets, which would
then be flown through the serpentine and trapped within the wells. Due to the higher
density of the FC-40 oil in comparison to the medium it is expected that the droplets
would float to become trapped within the wells. Then, as before, once the spheroids are
formed the droplets would be coalesced by medium being flown through the
serpentine channel.

7.4. Chapter 6 Outcomes
The final achievement of this thesis was to characterise a microfluidic device for the
formation and culture of spheroids within aqueous or alginate droplets. This has
previously not been achieved and resulted from the identification of the suitable
conditions for spheroid culture within medium droplets in Chapter 4 and the
development of a suitable microfluidic device in Chapter 5.
Other studies involving the use of droplet microfluidics have suffered from several
drawbacks, such as the necessity of using more than one device or the additional use of
a standard well plate in order to form and store droplets, the use of double emulsion
droplets[23] and short culture times. Additionally, a droplet microfluidic device has not
been previously demonstrated which is suitable for long term culture and treatment of
spheroids formed within single emulsion M/O droplets. Within this thesis a device has
been characterised which resolves these issues of cell culture within aqueous droplets
and, in addition, allows for culture within alginate beads. Furthermore, this study has
also demonstrated that it is possible to carry out either chemotherapeutic and/or
radiotherapeutic assays within the same device. Overall, this is a major advancement in
the development of droplet microfluidics as a method for long term culture of
spheroids and treatment. In the future, there is the potential for the device to be used
for testing combination therapies. As a result, it will be possible to test radiosensitising
agents which target specific parameters known to cause resistance such as quiescent
cells. Through the ability to control the proliferative state of spheroids within the
microfluidic device this could easily be tested in the future. As shown in Chapter 4,
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spheroids formed within medium in oil droplets could enter a reversible quiescent
state through non-refreshment of the medium for a certain period of time. This could
be achieved within this device through two different approaches; firstly by containing
spheroids within droplets for a longer period of time and secondly by controlling the
frequency of the medium refreshment. Due to the higher cell number to volume of
medium ratio within microdroplets the latter of the two options is the most suitable.
A further advantage of this device was the ability to carry out either spheroid formation
within aqueous droplets or alginate beads. The use of alginate allows for this device to
be used for the formation of spheroids from cells which are anchorage dependent and
which would not form spheroids within a non-adherent environment without
support[74]. Furthermore, the ability to use this device for aqueous droplets also opens
up its potential use in other biological applications where certain types of cells do not
form spheroids in alginate. One example of this scenario is human mesenchymal stem
cells (hMSC) which have the potential to be used as spheroids in tissue engineering
applications[155]. Human mesenchymal stem cells cannot form spheroids in alginates
but have been shown to do so within double emulsion M/O droplets[23]. With regards
to the literature the ability to use aqueous droplets or alginate beads has previously not
been shown with the same microfluidic device design. Furthermore, the alginate bead
process is simplified using only a single device in comparison to the majority of other
devices involving the use of alginates as a single device could be used without the
requirement to culture the spheroids off-chip[16]–[19]. Only one previous study, by
Sabhachandani et al., has shown the use of a single device for the formation and culture
of spheroids within alginate beads but not aqueous droplets[21]. In contrast to their
spheroids the spheroids formed within the device developed within this project were
more compact once the cells had aggregated and, furthermore, fewer single cells were
distributed throughout the alginate. Therefore, the spheroids developed within this
study were more representative of tumours in vivo, as the formation of large, compact
spheroids results in the presence of proliferative and quiescent cells within the
multicellular structure, due to close cell to cell contact creating a nutritional gradient.
However, in this present study, the use of alginate beads was only assessed as a proof
of principle concept. Therefore the potential for this method to be used for
radiotherapeutic and chemotherapeutic assays will need to be interrogated further in
future investigations.
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One aspect which needs further improvement for the future use of alginate beads is the
duration of time at which the alginate bead remains intact. The work presented in
Chapter 6 showed that spheroid culture could only be conducted for up to five days.
This was due to the alginate bead shrinking over time and being displaced from the
trap upon medium refreshment. In order to improve upon the stability of the alginate
beads, the gelation procedure could be altered. Diffusive gelation involving the
perfusion of alginate with CaCl2 is known to be a poor method for producing a strong
and stable alginate structure (as discussed in more detail within Chapter 6 Section
6.6.3)[97]. An alternative method which could be used would be internal gelation
through the incorporation of calcium carbonate within the alginate which slowly
releases calcium ions resulting in a more controlled gelation and thus stronger
alginate[144].
Another feature which could be tested using this device in the future is the formation of
beads composed of matrices. In contrast to alginate, the incorporation of ECM would
create an experimental environment which is more representative of the in vivo
tumour microenvironment. The inclusion of matrices such as Matrigel would include
proteins such as collagen, enactin and laminin and growth factors which influence
tumour growth, cause cell differentiation and create a support for 3D cell
culture[73],[6]. In addition, this method has not been investigated within a single
device and previous studies have only involved the use of a device for bead or
microcapsule formation and the spheroids are subsequently cultured using standard
tissue culture plates[20], [99].
A further potential future application of this technology would be for the formation and
culture of spheroids from cells obtained from patient biopsy samples, which are known
as organoids[156]. Previously, it has been found that organoids formed from patient
biopsy samples have a similar morphology to tumours found in vivo[157]. In addition,
organoids provide a better representation of the heterogeneity of cells observed within
tumours both phenotypically and genetically[157]. Therefore, this could produce one of
the best possible in vitro 3D cancer cell culture models for use in preclinical anticancer
treatment tests. As the microfluidic approach only requires a small sample of cells, it
would be suitable for the testing of precious samples, such as cells extracted from a
biopsy sample. As not all cells may be able to form from a biopsy sample, it may be
necessary to incorporate an extracellular matrix into the droplets. This is a further
advantage of this microfluidics approach over traditional methods as a method for the
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formation of MCTSs which require larger quantities of cells. Furthermore it opens up
the possibility to investigate personalised cancer treatments.

7.5 Collaborative Projects
As a result of the main findings of the emulsion based system and the microfluidic
devices developed throughout this project there were several other projects which
have been created and are ongoing.

7.5.1 Primary Hepatocyte Spheroids
Another area in which the use of three dimensional cell culture models is of interest is
in hepatoxicity studies. Previously, it has been observed that hepatocytes grown in a 3D
model such as a spheroid remain viable for weeks, instead of up to 4 days when grown
as a monolayer. Furthermore, the hepatocyte spheroids continue to express
biochemical parameters which are usually lost during monolayer culture[158].
Additionally hepatocyte spheroids have a structure which is more representative of the
cuboidal structure and the formation of tight junctions observed in hepatocytes in
vivo[159], [160],[161]. Thus the potential use of the emulsion system for the formation
of 3D cell culture models using hepatocytes was investigated. Initial experiments were
conducted using primary hepatocyte cells using the emulsion based system to
determine if this was a suitable system for spheroid formation. The formation of liver
spheroids is of additional interest as they potentially provide a more accurate in vitro
model for drug toxicity assays. It was found that in comparison to the UVW cell line,
primary hepatocyte cells initially formed aggregates with a rough border, before
becoming compact from day 6 to form a spheroid approximately 300 μm in diameter.
Disaggregation of the rough border was observed, suggesting that these cells were
dead. In addition, the no spheroid growth was observed over time, but this was
expected due to the fact that the primary hepatocytes do not proliferate. Therefore,
these preliminary experiments not only demonstrated that this method could be used
to form spheroids from cells other than UVW cells, it also illustrated the potential for
the emulsion based system to be used for the formation of spheroids from primary cells
which are less robust and more difficult to culture in comparison to cell lines.
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7.5.2. Lectin Detection of Cancer Cells using Surface Enhanced Raman
Spectroscopy (SERS) via Droplet Microfluidics
The “dropspot” design which was tested in Chapter 5 was used in a project which
involved the use of droplet microfluidics for the encapsulation of single cells. This
project was in collaboration with Dr Michele Zagnoni along with PhD student Marjorie
Willner and Professor Vikesland from Virginia Tech. The main concept is that
nanoparticles which bind specifically to lectins specifically located within the
membrane of cancerous cells can be used to differentiate between those and normal
cells[162],[163], [164]. The cells are encapsulated within droplets using droplet
microfluidics in order to achieve single cell detection via the use of SERS and to achieve
a high throughput of results using a low number of cells and nanoparticles. The initial
testing of the microfluidic device was carried out within the lab at the University of
Strathclyde in order to elucidate and standardise the fabrication of microfluidic
devices, droplet microfluidics and the encapsulation of single cells for this study. This
work was successfully replicated within Virginia Tech and this project is still ongoing.

7.6. Conclusions
This work outlined in this thesis has aimed to develop a methodology to improve upon
current technology used for the formation of MCTSs via droplet microfluidics. The main
focus was upon the use of M/O droplets for the formation and long term culture of
MCTSs and the ability to carry out anticancer treatment assays within the system.
Overall, this work was successful in overcoming challenges such as the short cell
culture times associated with emulsion based approaches and identified the optimal
parameters for the culture of MCTSs. Furthermore, a microfluidic device was
successfully developed allowing for the reliable formation and long term culture of
MCTSs which incorporated both droplet phase and single phase microfluidics. As a
result, the device which was developed allowed for radiotherapeutic and
chemotherapeutic treatment of spheroids, opening up the potential to screen
combination therapies in the future. Finally, preliminary experiments were conducted
showing that this device could also be used for alginate beads. Overall, this work has
resulted in progress being made in the use of droplet microfluidics for spheroid assays
that can improve upon the in vitro screening of radiotherapeutic and chemotherapeutic
treatments. In the future, there is the potential for this technology to be used in the
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development of personalised anticancer treatments through the incorporation of
biopsy samples. Furthermore, the preliminary work conducted with hepatocytes
described above shows that this emulsion based system could be implemented for
other body on a chip models.
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Appendix

Parameters of Microfluidic Devices shown in Chapter 5 and 6
Device Design 1 – Single Chamber Device (Section 5.2)

Diagram of single chamber storage device. Sections of the microfluidic design have been
highlighted (A) an inlet with (1) Start of inlet (same as outlet), (2) channel connecting to
filter section and (3) filter section; (B) shows a channel which makes up the T-junction;
(C) storage chamber and (D) a storage chamber section with (1) Length of channel, (2)
largest width of channel, (3) smallest width of channel and (4) width of chamber section.
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Dimensions of the Single Chamber Device.
Device Feature

Dimensions

Height of Features
(A) Inlets (1 – Start of inlet (same as outlet), 2 – channel
connecting to filter section and 3 – filter section)

50 µm
1 – 1.5 mm
2 – Length – 1 mm
- Longest width – 400 μm
- Shortest width – 200 μm
3 – Large square – 800 μm
- Small squares – 60 μm
Horizontal channel length – 11.07 mm
Diagonal channel length – 11.07 mm
Vertical channel length – 8.9 mm
Width – 100 μm

(B) T-junction Channels

(C) Storage Chamber

Length – 19.3 mm
Width – 3.35 mm

(D) Storage Chamber Section (1 – Length of channel, 2 –
largest width of channel, 3 – smallest width of channel and
4 – width of chamber section)

1 – 5 mm
2 – 420 µm
3 – 325 µm
4 – 3.35 mm
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Device Design 2 – Chamber Device with 2 Storage Chambers (Section 5.2)

Diagram of storage device with two storage chambers. Sections of the microfluidic design
have been highlighted (A) shows an inlet; (B) shows a channel which makes up the Tjunction; (C) channel connecting to the outlet (D) channel connecting the two storage
chambers and (E) a storage chamber with (1) Length of storage chamber, (2) short
rectangular pillar, (3) long rectangular pillar and (4) width of storage chamber.
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Dimensions of Storage Device with Two Chambers

Device Feature

Dimensions

Height of Features
(A) Inlets
(B) T-junction channels
(C) Channel to outlet

50 µm
Same as device 1
Same as device 1
Length – 18.8 mm
Width – 200 μm
Length – 5.5 mm
Width – 200 μm
1 – 16.4 mm
2 – Length – 1 mm
- Width – 100 μm
3 – Length – 2 mm
- Width – same as 2
4 – 3.2 mm

(D) Channel connecting storage chambers
(E) Storage chamber with rectangular pillars (1 – Length of
storage chamber, 2 – short rectangular pillar, 3 – long
rectangular pillar and 4 – width of storage chamber)
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Device Design 3 – “Dropspots” Device (Section 5.3)

Diagram of a “Dropspots” Device. Sections of the microfluidic design have been
highlighted which are as follows (A) an inlet; (B) a channel which makes up the Tjunction; (C) bypass channel (D) storage chamber array and (E) a section of the storage
chamber with (1) chamber and (2) a constriction between chambers.

181

Dimensions of a “Dropspot” Device with 150 µm Diameter Chambers
Device Feature

Dimensions

Height of Features

50 µm

(A) Inlets
(B) T-junction channels
(C) Bypass channel

Same as device 1
Same as device 1
Length- 50.12 mm
Width – 100 µm
Length – 14 mm
Width – 10 mm
1 – 150 µm
2 – 70 µm

(C)Storage chamber array
(D) Section of storage array (1 – chamber and 2 –
constriction between chambers)

Dimensions of a “Dropspot” Device with 230 µm Diameter Chambers
Device Feature

Dimensions

Height of Features
(A) Inlets
(B) T-junction channels

100 µm
Same as device 1
Horizontal channel length – 15.6 mm
Diagonal channel length – 15.6 mm
Vertical channel length – 13.6 mm
Width – 150 µm
Length – 88.49 mm
Width – 150 µm
Length – 21 mm
Width – 15 mm
1 – 230 µm
2 – 100 µm

(C) Bypass channel
(D)Storage chamber array
(E) Section of storage array (1 – chamber and 2 –
constriction between chambers
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Device Design 4 – A Microfluidic Device for Perfusion (Section 5.4 and
Chapter 6)

Diagram of a Microfluidic Device for Perfusion. Sections of the microfluidic design have
been highlighted which are as follows (A) an inlet; (B) a channel which makes up the Tjunction; (C) bypass channel (D) storage chamber array with (1) a chamber, (2) a bypass
channel and (3) a restriction channel. The dimensions of the device are provided in table
A.5.
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Dimensions of a Microfluidic Device for Perfusion.
Device Feature

Dimensions

Height of Features
(A) Inlets
(B) T-junction channels

180 µm
Same as device 1
Horizontal channel – 10.6 mm
Vertical channel – 4.3 mm
Width – 150 µm
Length – 4.5 mm
Width – 150 µm
1- 300 μm
2- Length – 1.5 mm
- Width – 100 µm
3- Length – 180 µm
- Width – 30 µm
1 – 400 μm
2 – Length – 1.8 mm
- Width – 150 µm
3 – Length – 154 µm
- Width – 40 µm
1 – 500 μm
2 – Length – 2.65 mm
- Width – 150 µm
3 – Length – 435 µm
- Width – 55 µm

(C) Bypass channel
(D) Storage chamber (1 – chamber, 2 – bypass channel
and 3 – restriction channel)
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