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Abstract

Light-emitting diodes (LEDs) have long been proven as excellent illumination sources

for optical microscopy for reasons including their versatile spectral emission, reliabil-

ity and fast switching times. Deep-ultraviolet (deep-UV) microscopy using LEDs has,

however, historically been limited due to low optical power and poor transmission

through glass. Recently, new developments in deep-UV LED technology have allowed

high-brightness LEDs emitting at 280 nm with powers in the 100 mW range. In this

thesis, I explore the applications of these 280 nm LEDs in biomedical optical imaging.

I first characterise the optical properties of the LED important in microscopy, in-

cluding electroluminescence spectrum and optical stability. Within this chapter, I also

present the development of a novel technique for characterisation of the emission pat-

tern of deep-UV LEDs without the need for UV-enhanced detectors. I next discuss the

issue of transmission of this wavelength of light through glass and present a system-

atic comparison of existing methods to overcome this issue, including quartz objec-

tive lenses, reflective objective lenses and transmission fluorescence. I compare these

methods based on properties such as transmission of 280 nm light, illumination homo-

geneity and image quality, and use this information to identify the most appropriate

illumination method for applying this LED to image biological specimens.

After choosing an illumination method, I then use this to excite quantum dot-

labelled cells with 280 nm light and present the benefits of using this wavelength com-

pared to the longer, more traditionally used wavelength of 365 nm, determining an up

to 3.59-fold increase in fluorescence intensity associated with using 280 nn excitation.

Finally, I develop a new method of generating a standing wave using 280 nm light

and use this to carry out 280 nm standing wave microscopy of fluorescent lens spec-

imens and fixed mammalian cells. I characterise the standing wave both in air and

in a biologically-equivalent environment and quantify an achieved axial resolution of

48.9 nm - a near two-fold improvement on previous standing wave work with visible

wavelengths.
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Chapter 1

Introduction

It is the aim of this chapter to give the reader an overview into the main concepts ex-

plored within this thesis. These include optical microscopy for biomedical imaging,

including standard brightfield and fluorescence microscopy as well as deep-ultraviolet

microscopy and its applications. This chapter will then review the principles of light-

emitting diodes and their advantages as light sources in microscopy. Finally, the chap-

ter will discuss the optical properties of semiconductor quantum dots, their biofunc-

tionalisation and their applications in biomedical optical imaging.

1.1 Optical Microscopy

1.1.1 History of light microscopy and resolution

Optical microscopy is the name given to the field which typically uses visible light and

a system of lenses to form images of small objects for their study. Although other types

of microscopy such as electron microscopy now exist, historically, optical microscopy

has been of interest due to its ability to image biological specimens on a cellular level

without significantly damaging the specimen.

The invention of the optical microscope can be dated back to Dutch spectacle mak-

ers Hans and Zacharias Janssen in around 1590 [1, 2]. This design used two convex

lenses, separated at a distance, to form a magnified image on the retina [1, 2]. Shortly,

after this in 1609, it is thought that a similar instrument was invented by Galileo and

this was the first to be described as a microscope [2]. Although no observations from

these microscopes were published, it was these designs which paved the way for fu-

ture, more sophisticated microscope designs. Optical microscopy was brought into
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popular use by Robert Hooke’s 1665 book Micrographia, considered to be the first im-

portant work using microscopy [3]. This publication was popular not only in the sci-

entific community, but also with the public as this contained large, finely-detailed il-

lustrations and descriptions of some specimens Hooke viewed under the microscope

including insects, fungi and plants. Hooke was the first person to use the word cell to

describe the compartments he visualised inside specimens.

Almost ten years later came the discovery of bacteria and microorganisms by An-

toni van Leeuwenhoek, often considered to be the father of microbiology [4, 5]. van

Leeuwenhoek used microscopy to visualise the first living cell and, together with

Hooke, laid the groundwork for better understanding of biological processes, inform-

ing the diagnosis and treatment of infectious diseases.

After these developments in the 1600s, it was around 200 years later that Ernst

Abbe demonstrated how the diffraction of light by the specimen and by the objec-

tive lens determined image resolution [6, 7]. Abbe defined the lateral resolution of a

microscope using equation 1.1 [6]:

dmin =
λ

2nsinθ
(1.1)

where dmin is the lateral resolution, λ is the wavelength of light, n is the refractive

index of the medium the lens is immersed in and θ is the maximum half-angle of light

that can enter the lens. Abbe was the first person to use the term numerical aperture

(NA) to describe nsinθ and to use this as a measurement of the resolving power of the

lens. From this equation, it is clear that the spatial resolution in a light microscope

is dependent on wavelength and NA. Based on this, Abbe predicted that the lateral

resolution of the optical microscope was limited to around 200 nm.

A complimentary method of determining the limits of resolution for diffraction

through circular apertures uses the Airy disk. When light from a point object passes

through a circular aperture such as a lens, the resulting diffraction pattern is a bright

circle in the center, surrounded by a series of concentric rings of decreasing intensity.

The central ring is known as the Airy disk and the radius of this disk is an important

factor in determining the resolution of the optical system. The radius of the Airy disk,

rAiry, is given by [6]:
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rAiry =
0.61λ

NA
(1.2)

In an optical microscope, the Airy disk occurs in three dimensions and is known

as the point spread function (PSF). When considering two point sources separated by

a small distance within the specimen plane, the resolving power of the microscope is

then determined by the minimum distance between which two separate Airy disks

can be distinguished from each other.

FIGURE 1.1: The Rayleigh resolution limit in optical microscopy. Left -
two Airy disks sufficiently seperated such that they are resolvable from
each other. Center - two Airy disks at their minimum resolvable dis-
tance. Right - two Airy disks which are no longer resolvable because

they are too close together.

This is typically described by the Rayleigh resolution limit [6], which states that

the diffraction patterns of two spatially close together objects are resolved at the point

which the central maximum of the Airy pattern of one object overlaps with the first

minimum of the Airy pattern of the second object. This generally means that the

images of two point sources are said to be resolved if the distance between them is

equal to, or larger than, the radius of the Airy disk [6]. This is illustrated in figure 1.1

which shows two Airy disks separated by distances more than, equal to and less than

the resolution limit set by the Rayleigh criterion.

The axial resolution is defined by [6]

zmin =
2λn
NA2 (1.3)

where zmin is the minimum axial resolvable distance. Notably, from equations 1.2
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and 1.3, the PSF does not have a uniform intensity distribution across three dimen-

sions and the axial resolution is elongated along the optical axis of the microscope.

This results in axial resolution in optical microscopy always being significantly poorer

than the lateral resolution [6].

Although equations 1.2 and 1.3 give the theoretical resolution of an optical micro-

scope, typically, in experimental microscopy scenarios, a measurement of the PSF of

the optical system in use is performed to measure the actual lateral and axial resolution

of the system. Typically, the full-width-half-maximum (FWHM) of a sub-resolution

point emitter is used to measure the PSF of a microscope, and this can be done using a

single emitter such as a bead. Measurement of the PSF of the microscope is necessary

as the measured PSF can be different from the theoretical value due to aberrations in

optical microscopy. These aberrations can affect both the lateral and axial PSF, impact-

ing the resolution of the microscope.

A common aberration in microscopy is chromatic aberration, occurring due to the

difference in refraction angle with different wavelengths [8]. This results in different

wavelengths passing through a lens being focused at different distances along the

optical axis. Another common type of aberration is spherical aberration, in which

light passing through the center of a lens is focussed to a different distance along

the optical axis than light passing through the edge of the lens [8]. This can worsen

as the diameter of the lens increases or when the specimen has a different refractive

index from the surrounding imaging medium. Although these are two of the most

common aberrations experienced in optical microscopy, more do exist such as coma

aberration and astigmatism. To combat the effects of these in microscopy, modern

objective lenses are corrected to reduce or remove the effects of aberrations in the PSF

of the microscope, such as chromatic and spherical aberrations, and improve imaging

quality.

1.1.2 Brightfield microscopy

Brightfield microscopy is often considered the simplest of all optical microscopy tech-

niques. Brightfield microscopy is a technique in which white light is transmitted

through a specimen and collected by the objective lens. In this technique, contrast

is generated through the absorption of light by the specimen.
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A schematic of a typical brightfield microscope is shown in figure 1.2. In the bright-

field microscope, light from a light source travels through a series of lenses and aper-

tures to reach the specimen. Typically, to illuminate the sample as evenly as possible,

a set of three convex lenses and two apertures are used [9]. The collector lens colli-

mates the rays of light from a divergent source e.g. arc lamp. This is followed by a

field aperture at the front focal plane of the collector lens. Both the field aperture and

the condenser aperture are placed at the front and back focal planes of the field lens.

The field lens is used to focus an image of the LED chip onto the condenser aperture.

Finally, the condenser lens collimates the light onto the specimen. This is known as

Köhler illumination. This light passes through the sample and is collected by the ob-

jective lens and focussed onto a camera (placed at the intermediate image plane) using

the tube lens.

As shown in figure 1.2, the microscope contains two groups of optical planes re-

sponsible for controlling illumination and image formation - these are called illumi-

nation planes and imaging planes respectively. Illumination planes occur at the focal

points of the illumination rays (green) shown in figure 1.2, and imaging planes at the

focal points of the imaging rays (red). The illumination planes are located at the LED,

the condenser aperture and the back focal plane of the objective. Similarly, the imag-

ing planes are located at the field aperture, the specimen plane and the intermediate

image plane.

An alternative method of sample illumination is critical illumination (shown in

figure 1.3, which uses only the collector lens, condenser aperture and condenser lens

to illuminate the specimen. In this method, an image of the light source is projected

FIGURE 1.2: Schematic of a brightfield microscope set up for Köhler
illumination. Illumination rays are shown in green and imaging rays in

red.
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FIGURE 1.3: Schematic of the illumination optics involved in critical
illumination.

onto the specimen. This often results in inhomogeneous sample illumination as many

sources such as LEDs have patterned emissive areas.

In brightfield microscopy, image contrast is generated by absorption/attenuation

of light by the specimen. This gives the appearance of a dark specimen on a light

background. However, imaging biological specimen can be problematic as cellular

features and structures which are often translucent can be difficult to distinguish from

the background. This can be improved by using absorptive dyes such as haemotoxylin

and eosin (H&E) to stain tissue. These are often used in tissue pathology to improve

contrast [10].

Brightfield microscopy is a widefield technique, i.e. the whole field of view is illu-

minated and detected at once. This allows for high speed acquisition, which, although

contrast is still a limiting factor, makes brightfield a common technique for studying

fast cellular dynamics.

1.1.3 Fluorescence microscopy

Fluorescence is a phenomenon occurring when a substance absorbs a photon of a par-

ticular energy and re-emits a photon of a lower energy. The first person to report the

phenomenon of fluorescence is considered to be George Stokes who, in his 1852 pa-

per, observed the emission of visible light from substances under UV excitation [11].
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FIGURE 1.4: Jablonski diagram illustrating the process of fluorescence.
The absorption of a photon causes excitation of an electron in the
ground singlet state to an excited singlet state. It then undergoes non-
radiative decay to the lowest excited singlet state, where it remains for a
short amount of time (nanoseconds) before decaying back to the ground
state while emitting a photon. Reprinted from reference [12] with per-

mission from Springer Publishing.

The term fluorescence was coined by Stokes from the mineral fluorspar from which

he observed the emission of light.

The luminescent phenomena of fluorescence and phosphorescence are most com-

monly described using a Jablonski diagram 1.4 which details the transitions of elec-

trons between ground and excited states. The singlet electronic ground and first states

are denoted as S0 and S1, respectively and the first excited triplet state T1. Each of

these energy levels has a set of vibrational states denoted 0,1,2 etc. When a fluorescent

molecule absorbs a photon with equal energy gap, it is excited into a vibrational en-

ergy level of S1. From here, the electron undergoes internal conversion into the lowest

excited singlet state, losing some energy non-radiatively in the process. The electron

stays here for a period of time typically in the nanosecond regime. This time is known

as the fluorescence lifetime [12]. The system can relax from this state by emission of

a photon, returning the molecule to its ground state [13]. Due to loss of energy via

internal conversion, the energy of the photon emitted is less than the energy required

to excite the fluorophore hence the emission wavelength is longer than the excitation

wavelength. This is a phenomenon known as the Stokes shift as discovered by George

Stokes in 1852 [13] [11].
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Similarly, phosphorescence occurs when a material absorbs a certain wavelength

of light and is promoted to the first excited triplet state via inter-system crossing. This

is a "forbidden state" and as a result it takes significantly longer for excited molecules

in the excited triplet state to decay back to the ground state. The mechanism by which

photons are emitted via the triplet state is phosphorescence. Phosphorescence can be

distinguished from fluorescence by its significantly longer lifetime and larger Stokes

shift.

Fluorescence exhibits a number of general characteristics. The first is in the ex-

citation and emission spectra of the fluorescence molecule. Fluorescence excitation

spectra describes the range of wavelengths (or energies) over which a molecule can

become promoted to S1 as a function of probability. Similarly, the emission spectra of

a fluorescent molecule describes the wavelengths over which the molecule is likely to

emit photons. A general property of a molecule’s fluorescence spectra is that emission

spectra are typically independent of excitation wavelength - this is known as Kasha’s

rule [13]. Due to this process of internal conversion, the emission wavelength of a

fluorophore is always longer than its excitation wavelength [13] (except in the case of

two-photon excitation). A further important property in fluorescence is the fluores-

cence quantum yield. This is the ratio of absorbed photons to emitted photons and

is often used to describe the brightness of a particular fluorophore. Another property

used to describe fluorescent molecules are their fluorescence lifetimes. One advantage

to using the fluorescence lifetime of a molecule to describe its fluorescence properties

is that this is an absolute value, whereas fluorescence intensity is dependent on several

properties such as excitation intensity and detector sensitivity [12].

A particularly important property of a fluorophore used in microscopy is its pho-

tostability. When continuously illuminated with light, a fluorophore will go through

a finite number of excitation and emission cycles before the number of ground state

molecules is diminished due to irreversible photochemical damage [14]. After this

time, the fluorophore can no longer participate in the excitation-emission cycle and

the fluorophore is "bleached". This can be a problematic property of fluorophores,

particularly in long-term fluorescence measurements and quantitative measurements

of fluorescence intensity.

In situations where excitation of an intrinsic fluorophore, such as tryptophan or
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tyrosine [15], is not possible, fluorescence microscopy techniques are dependent on

suitable extrinsic fluorophores which can be used to tag bio-molecules. Fluorescent

labels can be split broadly into three categories - fluorescent molecules, fluorescent

proteins and fluorescent nanoparticles. Fluorescent molecules, often referred to as flu-

orophores, are typically 1-2 nm in size and are available with a range of different exci-

tation and emission wavelengths. These are one of the most popular choices for fixed

cell imaging. These can include the families of fluorescein, rhodamine and cyanine

[16]. Fluorescence can be applied to microscopy by labelling cellular components with

dyes using e.g. antibody labelling (which will be described in more detail in section

1.3) to identify and distinguish sub-cellular components such as the cell membrane,

nucleus and cytoskeleton to name just a few. Labelling of specific cellular compo-

nents with fluorescent dyes has allowed the study of cellular processes over time and

means that morphological changes can be observed, such as mitosis [17]. Other dyes

are inherently sensitive to the cell environment. This includes dyes such as propidium

iodide (PI), a DNA/chromosomal stain, and DiI, a lipophilic stain, which are specific

to a particular cellular region - in this case, nucleus and membrane respectively - and

thus can be used without pre-conjugation to antibodies and in both live and fixed cell

imaging.

Fluorescent probe technology was further improved by the discovery of the green

fluorescent protein (GFP) by Osamu Shimomura in the jellyfish Aequorea victoria in

1962 [18]. Using samples from this jellyfish, Shimomura was able to isolate fluores-

cent proteins from the jellyfish’s fluorescent organs. Later, Douglas Prasher was able

to study the gene within the jellyfish responsible for encoding GFP and reported its se-

quence, allowing the expression of GFP in other organisms [19]. Since this time, much

research has been conducted in the field of fluorescent proteins, allowing the creation

of a rainbow of photoproteins allowing excitation and emission spanning across the

visible spectrum and beyond [20]. Fluorescent proteins have a particular advantage in

fluorescence microscopy as they are expressed by the cell - meaning that, following ge-

netic modification, no further labelling of cells has to take place. Fluorescent proteins

have transformed live cell imaging where fluorescent probes have been historically

limited due to the lack of fluorophores able to penetrate and label live cells.

Finally, fluorescent nanoparticles such as semiconductor quantum dots (QDs) offer
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a highly stable solution for fluorescence imaging - these will be discussed in detail in

section 1.3.

The discovery of fluorescent biomarkers dramatically improved the field of optical

microscopy. Fluorescence is a useful property in microscopy as it can be more sensitive

and specific than absorption and reflection. The application of fluorophores has also

made it possible to identify sub-cellular components with a high degree of specificity.

These advantages have lead to fluorescence microscopy becoming one of the most

widely used techniques for imaging biological specimens.

The two most common modes of fluorescence microscopy are widefield fluores-

cence microscopy, in which the whole field of view is illuminated and detected simul-

taneously, and confocal microscopy, in which a single point or line of the specimen is

imaged and then the specimen is scanned.

The basic principle of a widefield epifluorescence microscope is shown in figure

1.5 and can be described as follows: light of a wavelength specific to the excitation

wavelength of the fluorophore is emitted from a light source and passes through var-

ious optics to reach the specimen plane in Köhler illumination. The excitation light

is reflected by a dichroic mirror into the objective lens where it is collimated onto the

sample plane. Subsequent fluorescence emission from the specimen is collected by

the objective lens, transmitted by the dichroic mirror and focused onto a camera at the

intermediate image plane by a tube lens. A longpass filter is placed before the camera

(or in a filter cube alongside the dichroic) to ensure that only fluorescence is detected

[21].

This technique, where both the excitation and emission light pass through the same

objective lens, is known as epifluorescence and can be applied to both widefield and

confocal methods [22]. In contrast to epifluorescence, transmission fluorescence is a

technique in which excitation light is transmitted through the sample to be collected

by the objective lens, and fluorescence emission is carefully separated from excitation

light by a series of excitation and emission filters. However, this configuration can

often lead to lower image contrast, as there is a direct light path from excitation source

to detector.

In widefield microscopy, the whole field of view is bathed in excitation light and

as a result the whole field of view is illuminated and detected simultaneously. In thick
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FIGURE 1.5: Schematic of an epifluorescence microscope set up. Exci-
tation light is shown in green and fluorescence emission in red.

samples, this means that out-of-focus fluorescence from parts of the specimen outside

of the focal plane are present, making the specimen appear less sharp and obscuring

the resolution of features within the focal plane. It is difficult to tell how deep in a

sample the fluorescence originated from, hence widefield microscopy is best applied

to thin specimens. Widefield fluorescence microscopy is excellent for producing 2D

images of specimens with high temporal resolution as the entire field can be captured

at once. In practice, the resolution of a widefield microscope with high-NA objective

lenses is approximately 230 nm laterally and 800 nm axially, which is not enough to

resolve many biological structures [23].

To counteract some of these issues, the confocal microscope was invented by Mar-

vin Minsky in 1957 [6]. Minsky recognised that in order to obtain a three-dimensional

visualisation of a biological specimen, each image plane must be thin enough to re-

move the out-of-focus blur inherent in widefield imaging. His solution to this problem

was to use a pinhole in front of the detector to block all out-of-focus light. Since its

invention, many improvements to the confocal microscope have been put in place to
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develop it into the commercial laser scanning confocal microscope in use today, such

as a laser source and the use of scanning mirrors to move the laser across the specimen

[24].

FIGURE 1.6: Schematic of a confocal microscope. Reproduced with per-
mission from Springer Nature [25].

A schematic of a confocal laser scanning microscope is shown in figure 1.6. The

principle of confocal laser scanning microscopy is as follows: excitation light from a

laser source is reflected through a series of mirrors and is focussed onto the specimen

plane at a point by the objective lens. Although not shown in this diagram, confo-

cal microscopes typically make use of galvanometer scanning mirrors and these are

placed between the dichroic mirror and objective lens to direct light to the specimen.

Typically, two mirrors are used which each control the position of the laser on the spec-

imen in the x and y directions and these mirrors work together to scan the laser point

across the specimen in a pattern known as a raster scan to generate an image point by
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point. As the laser is scanned across the specimen by the galvo scanner, fluorescence

emitted from points of the specimen in the same focal plane are focused at the detec-

tor pinhole aperture. The fluorescence emission that occurs at points above and below

the focal plane of the objective is minimised by the pinhole, which mainly transmits

fluorescence originating from the focal plane in the specimen. The images produced

by scanning across a particular lateral plane of the specimen are called optical sections

and allow thin axial sections of the specimen to be acquired without physically slicing

it [6]. Optical sectioning can be done across successive focal planes in the sample by

moving the stage or objective lens axially to produce z-stacks from which 3D images

can be made. Advantages of the confocal microscope include reduced blurring of the

image due to the rejection of out-of-focus fluorescence, better contrast when imaging

thick specimens [26], improved signal-to-noise ratio over widefield techniques [27],

possibility of xy-scan over wide areas for imaging of larger specimens and inclusion

of optical sectioning which can give details about internal structure [6]. In theory, the

use of a pinhole in the confocal microscope increases lateral resolution by a factor of

1.4 [24], however this resolution improvement is rarely realised in practice as when

the size of the pinhole is reduced, there is a trade off between resolution and signal

strength as the number of photons reaching the detector is reduced [28]. The main

disadvantage of the confocal laser scanning microscope is the scanning speed, tak-

ing for example several minutes to hours to image the entire volume of a specimen,

depending on its size [28]. This makes confocal microscopy generally unsuitable for

studying fast cellular dynamics in comparison to widefield techniques. The thickness

of specimens suitable for imaging with confocal microscopy is typically limited to a

few tens of microns, however this has been overcome by techniques such as use of the

Mesolens which can image specimens up to 3 mm in thickness [29]. Another potential

disadvantage of the confocal microscope is phototoxicity due to the highly localised

laser spot, however this can be reduced by increasing the scanning speed or decreas-

ing the laser power [28].

Another type of confocal microscope uses a spinning Nipkow disk, which is an opaque

wheel perforated by a spiral of rectangular holes. This disk was invented by Paul

Nipkow in 1884 for television cameras before being applied to confocal microscopy

in 1968 [30]. These holes generate a raster scanning pattern where excitation light is
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projected onto the disk, with only light passing through the hole reaching the spec-

imen, and subsequent fluorescence passing through the same holes to reach the de-

tector. Because of the multiple laser beam spots and short time a sample is exposed

to them, spinning disk confocal microscopy can reduce photobleaching compared to

laser scanning. Whilst the multiple beams used in this technique overcame the speed

disadvantage of single beam scanning confocal microscopy, with an acquisition rate

of 10 frames per second or more [31], disadvantages include requirement of high pre-

cision pinhole placement, problems with scattered excitation light inside the detection

system [32] and cross-talk between pinholes.

1.1.4 Ultraviolet microscopy

After Abbe’s theory of the resolution limit in light microscopy was published in 1873

[7], it became clear to scientists that a higher image resolution could be achieved by

using a shorter wavelength of light. Whilst Abbe and Carl Zeiss pursued the im-

provement of spatial resolution by using high NA lenses, it was August Köhler who

pursued the use of ultraviolet (UV) wavelengths in microscopy [33]. In 1904, Köh-

ler published his first work describing a UV microscope constructed completely from

quartz and calcium fluoride lens elements to allow UV transmission [33, 34]. Emis-

sion of UV light was obtained using an electric spark of cadmium and magnesium

with peak wavelengths of 275 nm and 280 nm respectively. Shortly after its develop-

ment, this microscope was used by researchers Ernst and Wolbach of Harvard Medical

School to image bacteria [35]. Here, the authors were able to observe structures within

the cell with only UV light without the need for staining. The observation of bacteria

and other biological specimen using UV microscopy remained popular throughout the

first half of the 20th century and in the 1930s, the wavelengths used in UV microscopy

were reduced down to 250-270 nm to coincide with the absorption of nucleic acids at

these wavelengths [33]. Using the absorptive properties of nucleic acids, researchers

were able to measure the distributions of nucleic acids throughout cellular specimens

[33]. It was also during his development of the UV microscope that Köhler first noticed

the emission of fluorescence from specimens irradiated with UV light, which would

go on to become the first use of fluorescence microscopy [33]. Many molecules within

biological samples fluoresce at these wavelengths, such as the aromatic amino acids
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tryptophan and tyrosine which have strong absorption peaks at 280 nm and emission

peaking below 400 nm [13]. This has been demonstrated previously by studies using

280 nm to excite fluorescence from tryptophan protein crystals [36, 37].

Deep-UV microscopy made a further resurgence at the beginning of the 21st cen-

tury owing to new developments in UV optics and light sources [33]. Most notably

was the work done by Benjamin Zeskind in his 2007 publication [38, 39]. In this work,

Zeskind developed a deep-UV microscope using quartz optical elements and a weakly

emitting 1 mW light-emitting diode (LED) to provide 280 nm illumination. Zeskind

identified the ability of this wavelength of light to provide quantitative information

about the cell - based on the Beer-Lambert law of absorption, in a deep-UV trans-

mission image, the intensity of a particular pixel and the intensity of the same pixel

in a blank field of view together determine the optical density of the specimen. Us-

ing this theory together with the already established technique of using 260 nm/280

nm to measure nucleotide absorption [33, 40], the authors were able to determine

the mass of protein and nucleic acid contained within each pixel of cell images. The

authors showed that by using brightfield microscopy at a wavelength of 280 nm, im-

ages of cells provided sufficient image contrast, thanks to absorptive elements at this

wavelength, to distinctly identify cell nuclei, cytoplasm and membranes without the

need for stains. The authors also investigated autofluorescence imaging of tryptophan

within cells at this wavelength. By using these images and the mass of the known

proteins within the cell, they calculated the quantum yield of the fluorescent protein

within each pixel.

Further work by Frederick Jamme sought to implement deep-UV microscopy us-

ing a synchotron radiation source allowing wavelengths down to 180 nm [41]. Jamme

et. al. developed a deep-UV microscope coupled to a synchotron excitation source, al-

lowing tunable excitation from 180-600 nm [41]. This was an inverted epifluorescence

design using a Zeiss Ultrafluar objective lens for UV transmission. Using this design,

the authors were able to acquire transmission and autofluorescence images of living

cells with a wavelength of 275 nm. A second paper by Jamme et. al. built upon this

work by using the synchotron source combined with deep-UV multispectral imaging

to observe the distribution of fluorescent molecules spatially across the living HeLa

cells and distinguish between sources of fluorescence within the cell [42]. The group
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then went on to identify several autofluorescent compounds occuring within cells, in-

cluding tryptophan,tyrosine, pyridoxine, collagen, elastin and NADH. The area of a

live cell was then investigated to determine the distributions of tryptophan and tyro-

sine throughout the cell. The latest work by this group use the synchotron deep-UV

microscope to detect calcium oxylate in kidney biopsies to aid in the diagnosis of renal

oxalosis, a cause of kidney failure [43].

In addition to standard microscopy techniques, there have also been examples

of time-resolved imaging including fluorescence lifetime imaging microscopy (FLIM)

with deep-UV excitation. In general, time-resolved techniques are of interest due to

their decreased sensitivity to factors such as photobleaching and fluorophore concen-

tration when compared to steady-state techniques [44]. Advantages in using deep-UV

wavelengths for FLIM include the ability to excite intrinsic fluorophores tryptophan

and tyrosine [44], the former of which is inherently sensitive to its solvent and its local

environment and can therefore be used as a probe [45]. FLIM also affords the oppor-

tunity to better separate scattered excitation light from fluorescence using time gat-

ing [45]. Implementations of UV-FLIM include confocal imaging using a frequency-

tripled Ti:Sapphire laser [45] or a 266 nm emitting laser [44], although these techniques

both required use of a quartz objective lens to deliver light to the specimen plane. Fur-

ther work by de Jong et. al. showed that it was possible to adapt a commercial FLIM

microscope for UV excitation by using a UV LED emitting at 270 nm as an excitation

source in transmission fluorescence mode [37], negating the need for further quartz

optics.

In more recent years, several papers on deep-UV microscopy have been published

using Microscopy with Ultraviolet Surface Excitation (MUSE). MUSE was developed

in 2017 by Farzad Fereidouni and is a technique which uses UV light to excite flu-

orescence from the surface of tissue [10]. MUSE uses oblique illumination to excite

fluorescence from the sample, removing the need to replace existing microscope op-

tics with quartz or implement a quartz objective lens to transmit light to the specimen

(figure 1.7). In this work, the optical system comprises of one or more UV LEDs and

a quartz sample stage which allows transmission of the UV light to the specimen.

Oblique UV illumination excites the specimen, bypassing the objective lens, which,

because it cannot transmit deep-UV light, also acts as an emission filter. The use of
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FIGURE 1.7: Left: Schematic diagram of MUSE microscope. Right: Ex-
ample MUSE image of thick kidney tissue labelling using rhodamine
and Hoechst and excited at 280 nm. Adapted with permission from

Springer Nature License: [10].

oblique illumination also reports the advantage of creating a shadowing effect on the

tissue, improving the visualisation of surface topography. MUSE also reports a unique

advantage of imaging with light of wavelengths below 300 nm, which is surface lim-

ited excitation due to the short penetration depth of UV light (a few µm in depth).

This results in images with significantly improved contrast due to the reduction of out

of focus fluorescence from within the tissue.

In addition to this, MUSE also uses a wide range of conventional fluorescent dyes,

namely DAPI, rhodamine, Hoechst, PI and eosin, which are compatible with 280 nm

excitation as this allows the dye molecule to be excited to S2, followed by non-radiative

relaxation to the first excited state before emission of a photon. In this original work,

the authors use these dyes to stain tissue sections and compare MUSE imaging with

fluorescent dyes to more traditional H&E staining. Since then, MUSE has been applied

to several studies: In 2018, MUSE was used in dermatopathology to provide a fast non-

destructive method to produce diagnostic quality images of skin biopsies [46], with

MUSE acquisition taking only a few minutes compared to the overnight processing of

H&E slides. MUSE has also been evaluated in breast cancer applications using water

immersion to identify tumour margins [47]. In this work, the authors showed that

MUSE can provide image quality that matches that of typical H&E sections but its

applications in clinic use are currently limited by the ability of clinicians to analyse

MUSE images.

As a technique for deep-UV imaging, MUSE has certain limitations. The use of



18 Chapter 1. Introduction

oblique illumination requires that there is substantial distance between the objective

lens and sample in order for the illumination light to reach the sample. This restricts

the objectives to long working distance, low magnification, low NA lenses, and hence

the resolution is poor. The limited penetration depth of the UV light also restricts

samples to those that are either thin and transparent, or thick tissues in which only the

surface is of interest [10].

A more recent development in MUSE has come from the group of David May-

erich [48]. Whilst MUSE has previously been limited to the surface of tissue due to the

limited penetration depth, this is overcome by using Microscopy by milling with ul-

traviolet excitation (MUVE). Three-dimensional MUVE has applications in the study

of many chronic conditions such as cancer and neurodegenerative diseases which are

difficult to explore using traditional 2D histology. In this work, the authors use the

oblique UV excitation detailed in previous MUSE papers, but with the addition of a

microtome to shave off the top layer of tissue after acquisition. This allows 3D recon-

structions of tissue samples. Using this technique, the authors were able to create 3D

reconstructions of mouse brain such as thalamus and the cerebral cortex with com-

parable speed to widefield imaging. However, as this technique uses a microtome to

shave away layers of tissue during image acquisition, this results in destruction of the

specimen and as a result is more disruptive than other 3D methods such as optical

sectioning.

MUSE has also been extended from using traditional histological stains to using

immunofluorescence. The use of antibodies against tissue targets allows for specific

labelling of proteins within the tissue and allows multiplexing with multiple targets

and dye wavelengths. This has been demonstrated in a 2020 paper which uses quan-

tum dot-conjugated antibodies to label tissue [49]. Further work has been done using

off-axis illumination in deep-UV imaging. As MUSE removes the need for expensive

quartz optics, this makes the technique much more accessible. Further work using

oblique illumination has shown the possibility to develop an ultraviolet microscope

using off-the-shelf optical components, allowing applications in point-of-care diag-

nostics [50].

Alongside the use of UV-excitable dyes in MUSE, label free deep-UV imaging has

also become popular in recent years. In particular, label free imaging is advantageous
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in haematological analysis as it provides fast, quantitative information of blood cells.

In 2020, Ojaghi et. al. developed a brightfield system with a broadband UV light

source which could differentiate between white blood cells, characterise red blood

cells and identify platelets, all with subcellular resolution [51]. This methodology

was significantly faster than standard white blood cell analysis which currently re-

quires expensive and laborous methods. Notably, this technique was assessed by a

panel of haematologists who near-concurrently diagnosed blood conditions using this

technique compared to gold-standard methods. This was quickly followed by a sec-

ond study in which the authors use UV absorption based mass mapping to quantify

haemoglobin within red blood cells [52]. This used 4 wavelengths, 220, 260, 280 and

300 nm to create images using molecules within red blood cells which absorb at differ-

ent wavelengths. The authors compared this technique to commonly used techniques

for haemoglobin quantification and found good correlation, confirming the accuracy

of deep-UV microscopy to quantify red blood cells. Both of these studies enable high-

resolution label-free imaging of blood cells, enabling fast and cost-effective clinical

use.

1.1.5 Live cell imaging of mammalian cells

Whilst imaging fixed cell specimens allows a detailed view of the complex internal

structure of a cell, this provides only a snapshot in time and the ability to observe dy-

namic processes within cells is vital to the understanding of cell function. However,

imaging mammalian cells under a light microscope whilst ensuring their normal func-

tions are not affected adds an extra layer of optimisation onto imaging apparatus and

techniques [53]. It is first critical to consider the environmental conditions surround-

ing the cell whilst it is being imaged. In cell culture conditions, the cell environment

is carefully controlled to a specific temperature, humidity and CO2 content. To trans-

fer this to a microscope stage can be difficult and most commonly uses an enclosure

which encompasses the entire microscope. Within this enclosure, temperature, hu-

midity and CO2 can be controlled to preserve cell viability over long term imaging

experiments [53]. Other options are stage-top incubators, which work in the same

way but within a smaller design which sits on top of the microscope stage. Simpler
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apparatus includes heated stage plates which work to keep the cells at 37◦C but do

not have active humidity or CO2 control.

Secondly, the chamber that the cell is imaged within is an important consideration.

To achieve the best viability, cells should be imaged within culture media containing

the sufficient nutrients to allow them to behave as normal. To allow this, live cell imag-

ing is typically carried out on an inverted microscope rather than upright. This way,

cells can be grown onto the bottom surface of a live cell imaging chamber, such as a

dish, filled with cell media [54]. Cells are then imaged from below using the objective

lens, where the bottom surface of the dish acts as a coverslip.

One of the most important considerations when using live cell imaging is phototoxic-

ity to the specimen caused by illumination light. Phototoxicity in cells under fluores-

cence excitation is generally thought to be due to the release of reactive oxygen species

(ROS) [55] as a fluorophore photobleaches. ROS react with a large number of easily

oxidisable components within the cell such as proteins, nucleic acids and lipids, lead-

ing to cell death [56]. As a result, the only way to preserve cell health whilst imaging

is to reduce the light dose that the cell receives as much as possible. However, doing

so directly impairs image quality because of reduced fluorescence signal - in fact, flu-

orescence microscopy of live cells is often a trade off between acquiring images with

sufficient signal to background ratio and damaging the specimen with light [53, 56].

Another method to decrease photobleaching and phototoxicity is to starve the speci-

men of oxygen such that molecules entering the triplet state cannot interact with them

to produce ROS [54, 57]. However, this is not ideal for living biological specimens that

require oxygen to survive.

For this reason, there have been many studies recommending the appropriate con-

trol of light exposure in live cell imaging. One such study in 2007 recommended the

use of controlled light exposure microscopy (CLEM) [56]. In this technique, the au-

thors use a confocal laser scanning system and illuminate the specimen inhomoge-

nously - using more light only in areas of the specimen which require it. Here, the

excitation light dose is reduced in bright areas of the specimen and increased in dim

areas, controlled by a feedback system between the illuminator and detector. Using

this system, the authors were able to greatly reduce photobleaching and the formation

of ROS by eight-fold in HeLa cells.
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It has been suggested that pulsing the excitation light, as opposed to continuous

exposure, results in a dramatic reduction in phototoxicity [57]. In their 2016 paper,

Boudreau et. al. [57] used continuous and pulsed confocal laser light on the nanosec-

ond and microsecond timescales to investigate the effect of limiting the light dose to

the specimen, using cell protrusion rates and mitochondrial morphology as a marker

for phototoxicity. Using this approach, they were able to show that by using rapid

line scanning confocal, cells protruded at double the rate of that of slow scan settings.

This work was shortly followed by a report by Laissue et. al. [58] which outlined

suggested assays to assess phototoxicity in live samples and pointed out that photo-

toxicity markers are entirely species-dependent. Further to this, a study by Mubaid et.

al. [59] concluded that a combination of low excitation light intensity and long camera

exposure times resulted in significantly reduced photobleaching to GFP. This reduces

phototoxicity in cells but does not compromise image quality seeing as the overall

light dose to the specimen remains the same. However, upon further investigations in

2020, the group realised that much of the phototoxicity associated with short exposure

times and high LED power was actually due to the issue of illumination overhead (IO)

[55]. IO occurs due to a lag in either USB control or mechanical shuttering, meaning

that cell specimens are being exposed to considerably more light than intended. TTL

triggering is the only form of acquisition control which does not significantly increase

the time specimens are exposed to light and as a result, this method should be used to

control image acquisition to best prolong cell health. When using USB control, longer

exposure times with lower excitation power should be used as with longer exposures,

the percentage contribution of IO is decreased [55].

Although visible wavelength light has been used successfully in live cell imaging

with little significant effect on viability, it is well documented that UV irradiation can

be a contributing factor to cell death. The effects of UV irradiation on cells is a much

studied topic due to its implications in skin cancer and other diseases [60, 61]. UV

light is typically separated into three classes based on wavelength range and level of

damage to the human cell. UVA (315 - 400 nm), UVB (280 - 315 nm) and UVC (200 - 280

nm). UVC, although shielded by the earth’s atmosphere [62], is by far the most toxic to

biological specimens [60]. The main target of deep-UV irradiation in live cells is DNA

[60, 63], primarily due to the peak absorption of DNA occurring at 260 nm. One of
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the most cytotoxic DNA lesions formed by deep-UV light are cyclobutane pyrimidine

dimers (CPDs) which cause two adjacent DNA bases (typically thymine and cytosine)

to covalently bond, destroying normal base pairing [60, 61, 63]. This type of DNA

lesion is expected to cause around 75% of UV-induced photodamage products, with

the other 25% caused by 6-4 photoproducts [60, 61]. 6-4 photoproducts are mutations

causing DNA damage via hydrogen bonding of two adjacent bases within a single

DNA strand, but cause more distortion to the DNA structure [64]. As well as this,

photoproducts such as reactive oxygen species and free radicals are formed, which can

induce damage to cell structure and components as well as causing oxidative stress

[62].

Ultimately, DNA damage is significantly increased when irradiated with wave-

lengths around the absorption peak of DNA (∼260 nm), which was studied in detail

by Masuma et. al. in 2013 [60]. In this study, the authors compared DNA damage and

CPD formation of cells irradiated with 4 wavelengths of light: 250, 270, 290 and 310

nm. To determine the toxicity of these wavelengths, the authors quantified the number

of viable cells, and the number of CPDs formed after irradiation with an equal dose of

each wavelength of UV light. They also investigated the median lethal dose (the dose

required for killing 50% of cells) and the DNA-repair ability of cells irradiated with

each wavelength of light. The authors found that cell viability was significantly re-

duced following exposure to 250, 270 and 290 nm light, with 260 nm light causing the

highest reduction in cell viability at high doses. The formation of CPDs was highest

at 250 and 290 nm, with 270 nm irradiation causing less CPDs to be formed. Perhaps

most interestingly, cells irradiated with 250, 270 and 290 nm light actually show a high

recovery rate compared to cells irradiated with 310 nm light, which did not recover at

all. This study concluded that, whilst wavelengths closer to the peak wavelength of

DNA do cause a decrease in cell viability, cells are able to recover more from this than

irradiation at longer UV wavelengths.

Despite the obstacle of DNA damage, there have been successful attempts at imag-

ing live cells using 280 nm light. Early work on UV imaging necessitated long expo-

sure times. In 1950, Walker and Davies attempted live cell UV imaging with wave-

lengths ranging from 248 to 312 nm, necessitating 2.4 second exposures every 12 sec-

onds [65]. This level of exposure resulted in major changes in the nucleus, with only
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8 images being acquired before the onset of cell damage. Since then, there have been

advances in light sources that have dramatically reduced the exposure time needed to

acquire images. In work by Benjamin Zeskind [38], low intensity 280 nm light and 100

ms exposures at 1 minute intervals were used to image dynamic cellular processes in-

cluding mitosis and motility. With this light dose, they are able to image over a period

of 6 hours without visible damage to cells or any visible changes in cell dynamics or

structure. However, when tagging cells with a marker for DNA damage and irradiat-

ing with the same light dose, they found evidence of DNA damage after 45 minutes.

This study confirms that, although damaging to cells, 280 nm light can be used for

short-term imaging of cells as long as exposure conditions are carefully controlled.
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1.2 Light-Emitting Diodes

1.2.1 LED principle

A light-emitting diode (LED) is a semiconductor device which emits light when a

current passes through it. The path to the development of LEDs began with Henry

Round’s discovery in 1907 [66], in which he observed the emission of light after the

application of a current to the semiconductor silicon carbide (SiC) [67], a phenomenon

now known as electroluminescence.

An LED is formed using a p-n junction, a semiconductor configuration with a p-

type (positively charged) and n-type (negatively charged) region in contact with each

other (figure 1.8) [68]. In the p-type region, the majority of charge carriers are pos-

itive (holes), and similarly in the n-type region the majority of carriers are negative

(electrons). The area where the p-type and n-type regions meet is known as the p-n

junction. The p-type and n-type materials in the p-n junctions are realised by the pro-

cess of doping - a technique in semiconductor physics in which an impurity is added

to the semiconductor material to alter the number of charge carriers present in the

material, creating either a positive or negative overall charge [68]. This creates two

energy bands - the conduction band, with an excess of electrons and the valence band,

with an excess of holes.

FIGURE 1.8: Principle of LED p-n junction. The semiconductor mate-
rial is doped with impurities to create an n-type region and a p-type
region, with excess charge carriers of holes and electrons, respectively.

Reproduced with permission from [68].

Within the p-n junction, some of the free electrons in the n-type region diffuse

across the junction and combine with holes in the p-type region, leaving behind pos-

itive ions in the n-type region. Similarly, holes in the p-type region diffuse across the

junction and recombine with electrons in the n-type region, leaving behind negative

ions in the p-type region. A charge builds up between these ions, creating what is
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known as the depletion region. Coulomb force inhibits any further electron transfer

unless assisted by applying a bias to the system.

LEDs have very strict biasing conditions. A reverse bias is applied to the LED from

positive to negative. Here, the energy of the p-type region increases, making it more

difficult for electrons to cross the depletion region and recombine with holes. Under

this condition, no recombination events occur to allow the emission of photons.

FIGURE 1.9: P-n junction in reverse bias. Reproduced with permission
from [68].

Forward biasing is when a current is applied to the LED from negative to positive.

In this condition, the energy of the p-type region decreases. Electrons in the n-type

region of the material then find themselves at a higher energy than holes in the p-type

region and are able to cross the p-n junction to recombine with holes. This creates a

continuous forward current through the p-n junction.

Recombination of electrons and holes under forward bias causes emission of a

photon by the mechanism of spontaneous emission. The wavelength at which light

is emitted from the LED depends on the bandgap of the active region (i.e. the aver-

age energy between the conduction and valence bands) and hence the semiconductor

material it is constructed from. The optical properties of LEDs will be described in

further detail in the following chapter.

Nowadays, LEDs are used in a huge variety of applications across science and day

to day life. Whilst a full review of these would be too in-depth for this thesis, a number
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FIGURE 1.10: P-n junction in forward bias. Reproduced with permis-
sion from [68].

of these include lighting, electronic displays and communication [67].

1.2.2 Ultraviolet LEDs

LEDs emitting at wavelengths below 360 nm typically have AlGaN active regions [69,

70]. By alloying GaN with AlN, and controlling the aluminium content, the emission

of AlGaN LEDs can be tuned to create photons emitting at wavelengths covering al-

most the entire UV spectrum (210 - 400 nm) [70]. A typical emission spectrum of an

AlGaN LED with varying drive current is shown in figure 1.11 with a peak emission

wavelength of 289 nm [69].

A known issue in AlGaN LEDs is additional emission at visible wavelengths. This

is thought to be due to reasons such as electron overflow in the LED chip [71, 72, 73].

Electron overflow is when electrons from the active region of the LED chip escape

from the active region into neighbouring layers, where they recombine with holes.

The bandgap of these layers are often different to that of the active region, so radiative

recombination yields photons of different wavelength. Electron-blocking layers are

often added to overcome this problem but are hindered by the difficulty in doping

AlGaN [70].

Alongside this so called "parasitic emission", other issues in AlGaN LEDs have

been reported. When aluminium was first used as a semiconductor material in the

1960s [67], it was quickly realised that this was a "luminescence killer" because of its
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FIGURE 1.11: Typical AlGaN LED electroluminescence spectrum
shown at varying drive current on a log scale. Reproduced with per-

mission from [69]

high affinity to oxygen. This makes the incorporation of oxygen into AlGaN increas-

ingly likely as the aluminium content increases in order to achieve lower wavelengths.

This leads to a reduction in emissive efficiency, although this is often countered by

sealing the chip in a nitrogen filled chamber. High power devices also produce higher

levels of heat which must be removed to avoid excessively high junction temperature.

More detail on how LED temperatures affects their optical properties will be covered

in chapter 2.

A common way to measure the performance of an LED is via its external quantum

efficiency (EQE). This is defined as [74]:

EQE =
number of photons emitted into free space per second

number of electrons injected into the active region per second
(1.4)

and is typically given as a percentage. EQEs can be limited, for example, by light

leaving the active region being reabsorbed by neighbouring layers of the LED in the

case that the materials in these layers absorb at this wavelength [74]. In addition,

total internal reflection can occur at the surface of the LED preventing photons from

escaping the LED chip.
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The EQEs of deep-UV devices are generally very low - the drop in the EQEs of

LEDs emitting below 365 nm, marking the transition between InGaN and AlGaN ma-

terials, is noticable [69]. The first 280 nm LED was reported as recently as 2004 [71]

and exhibited a radiant power of 0.85 mW at 20 mA and an EQE of just 1%. This

is significantly lower than that of visible wavelength LEDs, or even that of near-UV

emitting LEDs which display EQEs of up to 76% [70]. However, recent developments

have shown vast improvements in the efficiencies of deep-UV LEDs, summarised in a

recent review paper by Kneissl et. al. [70]. In recent years, LEDs emitting at a wave-

length of 280 nm can reach EQEs of up to 20% and radiant powers in the 100 mW range

[70] - the highest efficiencies in the family of AlGaN emitters [70]. Although these still

have a long way to go before they reach the standard of their visible-spectrum counter-

parts, these LEDs now have properties which make them viable for use in fluorescence

microscopy.

Deep-UV LEDs have already demonstrated a wide range of applications. A current

interest in deep-UV LEDs (<300 nm) stems from sterilisation. Since deep-UV light is

deeply absorbed by the earth’s atmosphere, most biological organisms have not devel-

oped a defence mechanism to these wavelengths and as a result can be significantly

damaged by exposure to deep-UV light (as covered in section 1.1.5) [70]. Deep-UV

LEDs have previously been used for water disinfection [75], where it was shown that

both 269 and 282 nm LEDs were capable of inactivating the bacterial spores B. subtilis.

In this application, deep-UV LEDs offered a great alternative to traditionally used mer-

cury lamps as they are easier to dispose of, are compact, have fast start-up times and

are more durable [75]. In addition to sterilisation, deep-UV LEDs are advantageous in

gas sensing applications. For example, 285 nm LEDs have been used to detect acetone

in the breath [76] as this can be an indicator of metabolic conditions. In this work, the

authors found that by using an LED source emitting at 285 nm and detecting the ab-

sorption of this wavelength through the breath, the acetone content could be detected

with a precision of 0.4 parts per million volume.

With new, state-of-the-art 280 nm LEDs emitting with optical powers of 100 mW

[70], it is hoped that the issue of limited optical power at the specimen plane in the ap-

plication of fluorescence microscopy will be overcome. In fact, a prediction by Roland

Haitz deemed "Haitz’ Law" states that the amount of light generated by an LED would
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increase by a factor of 20 every 10 years - this has proven to be a reliable forecast as

LEDs have doubled in brightness every 2 years and performance is predicted to in-

crease by 20% annually [77].

1.2.3 LEDs as excitation sources in microscopy

One of the key components of any optical microscope is a light source. Traditional

light sources include broad-spectrum halogen lamps - still to this day, nearly all mi-

croscopes are equipped with a lamp for brightfield transmission imaging e.g. for locat-

ing samples before imaging [78]. Light sources for fluorescence microscopy, however,

have some specific requirements. The light source must first have emission which

overlaps in wavelength with the excitation spectrum of the fluorophore for imaging

[77]. The light source must secondly have sufficient radiant power such that it is able

to excite enough fluorescence from the fluorophore to produce an image. Thirdly, the

light source must be sufficiently narrow in spectral emission such that it does not over-

lap in wavelength with the emission of the fluorophore and cause bleedthrough to the

detector, reducing image contrast. The light source must also have an appropriate

spatial profile such that can illuminate the specimen as homogeneously as possible,

either by direct illumination or by the methods of critical or Köhler illumination as

described previously.

Historically, mercury-vapour high-pressure arc lamps (HBO lamps) have been the

most popular choice for fluorescence microscopy [77]. In fact, a system grew around

the use of these lamps in which fluorophores for fluorescence microscopy were chosen

specifically to match the excitation peaks of these lamps [77]. HBO lamps are charac-

terised by high emission in the UV, blue and green, with very low intensity between

these peaks. This makes the choice of fluorophore limited to those with excitation

spectra which match closely to the peaks of the HBO lamp [77] whilst the other wave-

lengths of HBO emission require suppression via excitation filters to avoid noise and

low image contrast. HBO lamps have a short life cycle, spanning around 300 h, and

use must be carefully recorded to ensure that the lamp is not performing outwith its

expected lifetime - mercury explosions can be dangerous and a risk to the surround-

ing equipment and users. Replacement of these lamps can be time consuming and

disposal of mercury sources must be carefully controlled [79]. There is no mechanism
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to control the intensity of the lamps outside of using neutral density filters and arc

lamps take a significant time to reach full intensity (∼ 30 mins) which means that any

use of arc lamps must be pre-planned to allow sufficient time for the lamp to turn on.

In addition to this, the lack of electronic control means that to limit the light reaching

the specimen, mechanical shutters must be used which are the slowest of all light con-

trol mechanisms [55]. Arc lamps are also considered to be inherently unstable due to

plasma oscillations and thermal runaway [66].

In comparison, light emitting diodes (LEDs) offer a cheap and stable alternative

[77]. LEDs have long lifetimes, in the range of tens of thousands of hours. This means

that they require limited maintenance, less time spent in replacing and do not gener-

ate as much waste. Compared to arc lamps, LEDs emit in spectral bands of a couple

of tens of nm [74] which make them much easier to spectrally separate from fluo-

rescence emission. LEDs are extremely versatile light sources, with emission wave-

lengths available from the deep-UV to the infrared, meaning that essentially every ex-

citation wavelength for any chosen fluorophore or photoprotein is available. Perhaps

one of the most appealing benefits of using an LED source is that its radiant power is

directly proportional to drive current, allowing for adjustment of the radiant power

(and hence intensity of light reaching the specimen) to be controlled using a variable

power supply [80]. This is in stark contrast to arc lamps, in which intensity can be con-

trolled only through the use of neutral density filters. LEDs can also be turned on and

off as fast as electronics will allow [59]. This eliminates the need for warm up times,

the time taken for shutters to be mechanically operated - allowing for fast switching

between excitation wavelengths in multiplexing applications and efficient light con-

trol in live-cell time lapse imaging. LEDs are also inherently stable compared to arc

lamps. A 2019 study by Mubaid et. al. compared the stability of LED sources, a metal

halide lamp and a HBO lamp over short (1 min), intermediate (2.5 h) and long-term

(300 h) time periods [59]. In all cases, the LEDs were found to be significantly more

stable than both lamps.

One of the other advantages of using LEDs in fluorescence microscopy is the ease

of introducing LED illumination to an existing microscope. This is typically done by

coupling the LED to the epifluorescence port of the microscope using two methods -

direct fit or via liquid light guide [66]. Since the use of LEDs in microscopy became
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popular in the early 2000s, several informative papers have been published detailing

how to implement these effectively in microscopy. For example, Albeanu et. al. in

2008 detailed a simple, cost-effective homemade LED illuminator which performed

better than a xenon arc lamp [66]. A further 2015 paper by Bosse et. al. details a full

procedure for installing an LED illuminator for microcopy, from LED unit assembly

to aligning the epifluorescence pathway for Köhler illumination to driving the LED

electronically [81].
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1.3 Quantum Dots

1.3.1 Optical properties and advantages over fluorescent dyes

Quantum dots (QDs) are semiconductor nanoparticles exhibiting fluorescent proper-

ties. QDs are made of semiconducting materials such as CdSe or CdS and are typ-

ically between 2-10 nm in diameter. When the radius of the QD is smaller than the

exciton Bohr radius (i.e. the average distance between the conduction band and the

valence band) the energy bands in the QD become quantised according to quantum

confinement [82]. The difference in band diagram between bulk semiconductors and

semiconductor QDs is shown in figure 1.12b, with the valence bands and conduction

bands of semiconductor QDs formed of many intermediate energy levels from which

electron-hole recombinations are possible. When a QD absorbs a photon at the energy

of (or above) their bandgap, electrons in the valence band are excited to the conduction

band, leaving a hole behind. This creates an electron-hole pair, commonly referred to

as an exciton [83]. Because of the Coulomb force acting on the exciton, the electron

then decays back into the valence band and recombines with the hole, emitting a pho-

ton in the process.

The most common configuration of a QD is a core-shell type (figure 1.12a). QD

cores are the nanoparticles themselves, with sizes of between 2-10 nm. A common

strategy for enhancing the optical properties of QDs is by encapsulating the QD core

in a larger energy bandgap material. By doing this, the electron-hole recombinations

at the surface of the QD, which lead to non-radiative recombinations, are reduced.

This can have the effect of increasing the quantum yield of the QD as more of the

recombination events that take place will result in the emission of a photon [84]. In

addition to improving optical properties, the addition of a shell can protect both the

QD against environmental changes and the cell from being exposed to toxic materials

such as cadmium.

QDs have many unique properties which make them advantageous over fluores-

cent dyes [85]. One of the most interesting properties of QDs is their size-dependent

emission. As the size of the QD core increases, the confinement energy of the exciton

decreases (figure 1.12b). As recombination events then occur over different energies,

this results in both the excitation and emission spectra of QDs being size tunable.
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(A) QD composi-
tion

(B) QD energy levels

FIGURE 1.12: (a) Composition of streptavidin conjugated semiconduc-
tor QDs. Reprinted with permission from [49] The Optical Society. (b)
Energy level composition of QDs. Reproduced from Sigma Aldrich

with permission.

Another particularly interesting feature of QDs is their spectral characteristics. Be-

cause of their quantised energy bands, QDs have the ability to be excited at any wave-

length below their semiconductor bandgap. This allows QDs to have a broad, contin-

uous excitation spectrum (figure 1.14), unlike fluorescent dyes which excite in sharp

peaks mirrored to their emission spectrum [12]. The emission spectrum of a QD is

independent of its excitation wavelength [86]. This means that several sizes (therefore

colours) of QD can be excited simultaneously with a single excitation wavelength,

making QDs excellent for multiplexing applications.

The emission spectra of QDs also make them ideal for fluorescence imaging. Al-

though QDs have a broad, continuous excitation spectrum due to their quantised en-

ergy levels, QDs emit in sharp spectral peaks. QDs emit with a typical FWHM spectral

bandwidth of 20-30 nm [86], significantly smaller compared to fluorescent dyes such

as DAPI which emit with a FWHM spectral bandwidth of close to 100 nm.

The sharp emission spectra of QDs is advantageous in multiplexing applications as

spectral separation between differing sizes of QD is significantly easier. Moreover, the

broad excitation spectrum of QDs allows a large effective Stokes shift to be obtained

dependent on the desired excitation wavelength, minimising the risk of bleedthrough
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of excitation light to the detector.

FIGURE 1.13: Excitation (dotted lines) and emission (full lines) spectra
of commercial CdSe QDs of different diameters. As QD size increases,

the emission wavelength increases.

FIGURE 1.14: Excitation (dotted lines) and emission (full lines) spectra
of Eosin (a common fluorescent dye) for comparison to QD spectra.

QDs are over 50 times more photostable and resistant to photobleaching than flu-

orescent dyes [87], owing to their differing electronic structures and inability of QDs

to enter a triplet state and photobleach. This is an advantage over fluorescent dyes

in microscopy which photobleach quickly under excitation light, making long-term

imaging of fluorescent specimens difficult [88]. In comparison to dyes, QDs can be

studied over an extended period (∼few hours) using confocal microscopy, total in-

ternal reflection microscopy or widefield epifluorescence microscopy with little to no

observed decrease in fluorescence intensity [89, 90]. QDs also have a much higher

quantum yields than fluorophore dyes, however, as mentioned above, these can be
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limited by surface recombination events [91].

There are also some properties of semiconductor QDs that can be disadvantageous

in fluorescence microscopy. QDs have a strong tendency to aggregate in solution

which can affect labelling homogeneity [92]. One property QDs can exhibit is known

as fluorescent blinking, which is the ability of a QD to randomly alternate between an

emitting and non-emitting state [88]. This property is again linked to surface states on

the QD, and as a result is often minimised by the addition of a QD shell [84, 93]. How-

ever, these are most often observed in single QDs [88] so mainly pose a problem only

in single molecule detection applications. QDs often contain heavy metal ions in their

structure (e.g. cadmium) which can be cytotoxic, limiting their use in live cell studies

without further modification. Fluorescent dyes have a lower toxicity in comparison to

QDs. Finally, the substantial size of QDs (up to ∼ 20 nm) make them unsuitable for

labelling small structures such as the cell membrane.

1.3.2 Quantum dot bioconjugates

Synthesis of semiconductor QDs can be conducted in a variety of different ways, the

most common of which being the use of chemical methods. These are known as "bot-

tom up" approaches and typically work by first promoting nucleation of nanoparticles

using precursor materials such as cadmium and selenium and then their growth into

QDs [94, 95, 96, 97, 98].

However, QDs prepared using these methods have no aqueous solubility, and

therefore are not biologically compatible [99]. Therefore, before any bioconjugation

can take place, the QDs must first be rendered water-soluble. Many methods for this

have been devised over the years. The first method involves ligand exchange, where

the original hydrophobic coating on the QD is removed and replaced with a water-

soluble molecule with one end conjugated to the QD and the other being hydrophilic

[99]. The second is coating with a hydrophilic silica shell, which is a popular method

as silica is biocompatible and can be easily functionalised. The third is encapsulation

of the QD in polymers such as polyethylene glycol (PEG) which have strong interac-

tion with the QD surface [99]. Some water-based synthesis methods have also been

developed which yield quantum dots that are intrinsically water soluble [100].
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The first bioconjugations of QDs were performed by Bruchez et. al. [86] and Chan

et. al. [82] in 1998, paving the way for the use of QDs as biological sensors. Nowa-

days, there are a number of commercially available QD conjugates, including carboxyl

groups, antibodies and other ligands [99, 101, 102]. Due to the large surface area of a

QD, there are many surface attachment groups which can be used together to give a

QDs multiple functionalities, e.g. in addition to a recognition molecule, QDs can be

given membrane crossing/cell internalisation capability [102]. 2 to 5 protein molecules

and 10-100 small molecules such as peptides or nucleotides can be conjugated to a sin-

gle 4 nm QD [103].

Perhaps the most popular choice for bioconjugation of QDs is (strept)avidin, first

described by Goldman et. al. in 2002 [104]. Avidin is a glycoprotein which has a high

binding affinity for the vitamin biotin. Streptavidin has identical biotin-binding prop-

erties, but lacks the glycoprotein portion of the molecule and therefore displays less

non-specific binding - in fact, the streptavidin-biotin bond is one of the strongest and

most specific non-covalent bonds in existence. By conjugating QDs with (strept)avidin,

QD conjugates can be prepared which tightly bind to any biotinylated protein, anti-

body or DNA [104].

Functionalisation of this type is a particular advantage as antibody labelling (im-

munolabelling) is a very popular tool in fluorescence microscopy. Antibodies are Y-

shaped proteins that bind specifically to a molecule within the cell, often called an

antigen. In immunolabelling, specificity stems from the affinity of the antibody for its

antigen, i.e. an antibody against actin will theoretically bind only to the actin in a cell.

Several methods of antibody labelling are used in practice, including direct and indi-

rect options. Direct antibody labelling is when an antibody against an antigen within

the cell (the primary antibody) is directly conjugated to a fluorescent dye. This can

be advantageous as the process of labelling is simpler and shorter and avoids cross-

talk between secondary antibodies. Indirect antibody labelling involves a primary

antibody against the antigen in the cell, raised in a host animal (e.g. mouse). A sec-

ondary antibody with a dye conjugate is then chosen to bind to the primary antibody.

The secondary antibody must be raised in a different host animal to the primary, e.g.

rat (rat-anti-mouse antibody). This technique offers greater sensitivity as more than
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one primary antibody can bind to each primary antibody, resulting in a higher flu-

orescence signal [102]. Thanks to advances in QD functionalisation, labelling with

semiconductor QDs can be done using both direct and indirect methods. With the

addition of streptavidin conjugated QDs to the family of commercially available QD

labels, a single biotinylated antibody against a target can be used with virtually any

wavelength of streptavidin conjugated QD, dramatically increasing the versatility of

the antibody and reducing costs. However, the culminative volume of these layers

can reduce the efficiency when studying precisely the positions of receptors in appli-

cations such as super-resolution microscopy.

1.3.3 Quantum dots as cellular probes in microscopy

Since their first use in biological applications in 1998, QDs have been tested in many

applications traditionally using fluorophore dyes. QDs can be internalised by cells

using a variety of methods and labelling protocols, which bypasses the requirement

for bioconjugation - however, these methods are non-specific and provide only gener-

alised labelling of cells. The simplest is to allow the cells to endocytose the QDs. This is

a non-specific labelling method which will not highlight any particular cellular struc-

ture but may be suitable for applications in which general fluorescence is required in

the cell, such as cell migration [92]. Streptavidin conjugated QDs may endocytose and

bind to endogenous biotin within the cell. However, when using endocytic uptake

with streptavidin-conjugated QDs, it has been shown that the quantum dots tend to

aggregate within the cell and do not provide homogenous labelling of the cell [105].

QDs can also be used as whole-cell labels without requiring any functionalisation by

internalisation via microinjection[106], electroporation or phagocytosis [89]. In eu-

karyotic cell studies, QDs were observed to eventually end up in intracellular vesicles

that could be identified in some cases as endosomes or lysosomes [102]. Nonspecific

labelling of QDs in these ways can give information on cell motility which in turn is

useful to study migration of cells of interest e.g. cancer cells [105].

However, a better specificity can be achieved by using functionalised QDs. As de-

scribed above, QDs can be functionalised using streptavidin and primary/secondary

antibodies amongst other methods to offer specificity in cell labelling. Cell compo-

nents which have previously been labelled with QDs include nuclei, mitochondria,
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microtubules, actin, cytokeratin and the plasma membrane [92, 107]. Applications us-

ing antibody labelling have included the use of streptavidin QDs to detect Her2 cancer

biomarkers on the surface of SKBR3 breast cancer cells [103]. A similar strategy has

been used in cultured spinal neurons to detect glycine receptors [108].

QDs have been used both in fixed and live cell studies. The unique optical prop-

erties of QDs make them appealing for live cell imaging in particular - the strong re-

sistance to photobleaching ensures that long-term imaging can be carried out with no

loss in fluorescence from the cells and their high quantum yields mean that less exci-

tation light is required to achieve sufficient fluorescence intensity [89]. However, QDs

are made out of heavy metals such as cadmium and as a result, one of the challenges

is in ensuring these do not interfere with normal cell behaviors [89]. Cytotoxicity in

QDs has been found in a number of QD studies, found to affect both cell growth and

viability [109, 110], however this was found to be dependent on factors including size,

capping material, number of QDs and bioconjugation method. A more recent study

investigated the cytotoxicity of CdTe quantum dots uptaken in cells via the electro-

poration method [110]. This study used the MTT test (using metabolic activity as an

indicator of cell viability) to determine cytotoxicity of the quantum dots and showed

that cadmium ions are released from quantum dots after both incubation and electro-

poration which is indicative of cytotoxicity. The study also found that larger nanocrys-

tals (3.7 nm) caused a smaller decrease in cell viability than smaller quantum dots (2

nm) after electroporation. This paper confirms earlier reports of cadmium ions being

released from the quantum dot surface leading to cell death [111]. Importantly, cy-

totoxicity in QDs was found to be reduced by using an appropriate cap over the QD

core to prevent the escape of cadmium ions from the QD core into the cell [109]. This

is a notable finding as most QD bioconjugates which are commercially available are

core-shell type.

Despite some of QD toxicity, live cell imaging has been carried out extensively by

the group of Sanford Simon. In their 2003 publication, the authors label live HeLa

cells with DHLA (dihydrolipoic acid) capped QDs and study these in cell culture con-

ditions for over a week, observing no change in their growth rate [89]. The authors

also labelled D. discoideum cells with QDs, imaging once per minute over a period of 14

h, and found that QD-labelled cells developed normally compared to a control sample



1.3. Quantum Dots 39

of unlabelled cells. No toxicity was reported in a further method described by Jaiswal

et. al. who used DHLA capped quantum dots at a concentration of 100 pmol [92].
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1.4 Thesis Outline

The following chapters in this thesis will describe the work carried out to characterise,

implement and apply a 280 nm LED in biomedical optical imaging. This thesis will be

structured as follows:

Chapter 2 describes the characterisation of the optical properties of the LED used

throughout the project which are relevant to biomedical optical imaging. This chap-

ter describes the theory behind the optical properties of the LED, including electro-

luminescence spectrum, optical power and emission pattern, and why these are im-

portant factors to consider when implementing an LED as an illumination source for

microscopy. This chapter describes the challenges of characterising deep-UV LEDs,

how characterisation of the deep-UV LED in use throughout this thesis was carried

out and also outlines a novel characterisation method that was developed in lieu of

UV-enhanced detectors.

Chapter 3 is a systematic comparison into methods of delivering 280 nm light to

the specimen for fluorescence microscopy. Due to the low transmission of 280 nm

light through standard glass optical elements, alternative methods of light delivery

were sought out for 280 nm light. This chapter investigates the transmission of this

wavelength through a commercial microscope, the use of transmission fluorescence

and the use of epifluorescence using specialised objective lenses such as quartz and

reflective objectives. In this chapter, I compare properties such as available power at

the specimen plane, illumination homogeneity and quality of the resulting images.

Based on this, I then conclude by determining an appropriate optical set up to use

throughout the rest of the work in this thesis.

After choosing the best illumination method, I then apply this to biological spec-

imen. Chapter 4 specifically focuses on the use of 280 nm excitation of QDs and the

benefits of using this wavelength. In the work carried out within this chapter, I investi-

gated semiconductor QDs and their ability to be excited by 280 nm light. In particular,

I measured the increase in fluorescence from semiconductor QDs when excited by 280

nm when compared to a longer, more accessible wavelength of 365 nm. I also investi-

gated whether the increase in energy associated with 280 nm light causes increased (if

any) photobleaching to QD specimens. Finally, I assessed the suitability of using this
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wavelength of excitation with live cell specimens.

Chapter 5 presents standing wave microscopy carried out with 280 nm excitation.

In this chapter, I discuss why the standard methods of standing wave microscopy

cannot be used with 280 nm light and I present an alternative method of standing

wave microscopy capable of generating a standing wave with 280 nm excitation. I then

show the characterisation of the generated standing wave and compare its properties

to those of the theoretical standing wave. Finally, I show the work done in using this

280 nm standing wave technique to image fixed mammalian cells.

Finally, chapter 6 presents a conclusion of the work carried out in this thesis.
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Chapter 2

Characterisation of 280 nm LEDs

A light source is a critical component of any optical microscopy method, but light

source optical properties such as wavelength, stability and emission pattern are par-

ticularly important when it comes to fluorescence imaging. Whilst the optical prop-

erties of visible-wavelength LEDs can easily be measured, detection in the deep-UV

with standard components is difficult due to low transmission of optical components

or poor sensitivity of detectors at these wavelengths. This chapter will present the de-

velopment of a novel technique to determine the emission pattern of a deep-UV LED

without the requirement of UV-enhanced sensors. This chapter will also explore meth-

ods to characterise three properties of the 280 nm LED used throughout this thesis,

namely the electroluminescence spectrum, optical power and emission pattern. Parts

of this chapter have been adapted, with permission, from the following article pub-

lished by IOP publishing: Mollie McFarlane and Gail McConnell "Characterisation of

a deep-ultraviolet light- emitting diode emission pattern via fluorescence", Measure-

ment Science and Technology, 2020, 31, 077001.

2.1 Introduction

2.1.1 Electroluminescence Spectrum

Electroluminescence is an electrical phenomenon in which a semiconducting material

emits light in response to an electric current. The mechanism by which LEDs emit

photons is spontaneous recombination of electron-hole pairs within the active region

and simultaneous emission of photons.
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FIGURE 2.1: Parabolic electron and hole distributions within a semi-
conductor. The energy of a photon emitted via electroluminescence is
equal to the difference in energy between the hole in the valence band

and the electron in the conduction band.

Electrons within the conduction band and holes within the valence band of the

active region are assumed to have parabolic dispersion relations [74], as shown in

figure 2.1.

As the electron momentum cannot change significantly during transitions between

the conduction band and valence band, transitions must occur within the same wave

vector value (k). This means that transitions must occur vertically (figure 2.1), i.e.

electrons may only recombine with holes which have the same k value [74]. Energy

conservation requires that the energy of the emitted photon is given by the difference

between electron energy Ee and the hole energy Eh. The photon energy is then given

by:

hv = Ee − Eh ≈ Ebg (2.1)

where the photon energy is approximately equal to the bandgap energy Ebg pro-

vided that there are negligible heating effects on the semiconductor. As a result, as

described in chapter 1, the emission wavelength of an LED can be determined by

choosing a semiconductor material with the appropriate bandgap energy.
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As the distribution of carriers (electrons and holes) in the bands are governed by

the Boltzmann distribution [74], the electroluminescence spectrum of an LED is di-

rectly dependent on temperature, with both the position of maximum intensity and

the spectral FWHM affected by changes in temperature. The maximum emission en-

ergy E and the spectral FWHM ∆E are given by:

E = Ebg +
1
2

kT (2.2)

and

∆E = 1.8kT (2.3)

respectively, where Ebg is the bandgap energy, k is the Boltzmann constant and T

is temperature.

Due to the direct dependence of the electroluminescence spectrum on temperature,

heating of LED chips can be an issue and this is normally caused by non-radiative

recombination events within the semiconductor. Non-radiative recombinations can

occur owing to a number of different mechanisms. Defects in the crystal structure

are the most common cause, including foreign atoms and dislocations [112]. Such

defects can cause energy levels to be formed within the bandgap of the semiconductor,

known as deep-level states which promote non-radiative recombination events [112,

113, 114]. Another common mechanism for non-radiative recombination events are

via Auger processes. In this type of recombination event, the energy released via

electron-hole recombination is used to promote an electron high into the conduction

band or a hole deep into the valence band. These carriers will then lose energy via

heat until they return to the edge of their respective bands. Thirdly, substantial non-

radiative recombination can occur at the surface of the LED, where the periodicity of

the semiconductor crystal lattice ends. At this surface, further energy states within the

bandgap occur and recombination events here result in heating of the LED surface.

In general, all non-radiative processes combine to result in formation of heat within

the semiconductor. Due to the temperature dependence on both spectral linewidth

and peak position, the heat generated by non-radiative recombinations can cause both

red shifting of the peak spectral position of the electroluminescence spectrum and
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cause broadening of the spectral FWHM. As a result, proper steps must be taken to

reduce generation of excess heat, such as appropriate heat-sinking or cooling using

fans [115].

The electroluminescence spectrum of an LED is an important factor to consider in

fluorescence microscopy, for two main reasons. Firstly, the spectrum of an LED de-

scribes the wavelengths of light emitted by the LED as a function of intensity. When

choosing a fluorophore for fluorescence microscopy, it is advantageous to choose an

excitation light source whose wavelength overlaps significantly with the excitation

spectrum of the chosen fluorophore [77]. Knowing accurately the peak wavelength

and spectral FWHM of an LED will allow the degree of overlap with the fluorophore

to be assessed, and therefore the degree of excitation efficiency [54, 77]. The ability of

an LED to excite fluorescence from a fluorophore could be affected by any red-shifting

due to the thermal effects described above, and as a result it is important to charac-

terise the spectral stability of the LED package over time and with increased drive

currents. In addition, image contrast in fluorescence microscopy depends heavily on

the adequate separation of excitation light and emission light, which can prove diffi-

cult when many fluorophores have small Stokes shifts. Knowing the peak wavelength

and spectral FWHM of the electroluminescence spectrum can establish the need for,

and specifications of, any excitation filters to assist in the spectral separation of excita-

tion and emission light.

2.1.2 Optical Power and LED Stability

The brightness of an LED can be described in many ways, convoluted by the lack of

a standard measurement across industries. Most descriptions of the brightness of an

LED can be divided into two categories: radiometric quantities, which describe phys-

ical properties of radiation and photometric quantities, which describe the perception

of radiation by the human eye [116, 117]. Here, we will focus on radiometric quanti-

ties such as radiant power, radiant intensity and irradiance because a wavelength of

280 nm is not detectable by the human eye.

The radiant power P of an LED is defined as the energy dQ of optical radiation

emitted by a source per unit time dt.
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P =
dQ
dt

(2.4)

The unit of radiant power is the watt (W). The total radiant power of an LED source

is often measured by an integrating sphere which collects light emitted at all angles

from the LED. The radiant power of the LED is the most common value quoted by LED

manufacturers to describe the intensity of an LED light source. Most visible wave-

length LEDs have high radiant power, of the order of several hundred mW, and are

often operated at relatively high drive currents to produce optimum optical powers.

The radiant intensity I of an LED is defined as radiant power dP emitted per unit

angle dΦ in a given direction. Radiant intensity is measured in watts per steradian

(W/sr):

I =
dP
dΦ

(2.5)

Irradiance E is obtained from the ratio of radiant power dP falling onto a surface

dA. Irradiance is measured in watts per square metre:

E =
dP
dA

(2.6)

Irradiance is not a property of a source but instead indicates the ratio of the radiant

power from the LED source falling on a particular area. The quantities mentioned here

are only a few of the many ways to measure the optical properties of an LED source

and as a result, it is not practical to consider them all. In this thesis, we will focus on

radiant power, from now on referred to simply as optical power, as a measurement for

the LED light source.

Although the total optical power of the LED is an important parameter as this in-

dicates the limitations of the LED in terms of its throughput in an optical system such

as a microscope, the power of light at the specimen plane is a particularly important

factor to consider in fluorescence microscopy. Because the number of photons emitted

by a fluorescent material is directly proportional to the number of photons incident

on the specimen, any change in the optical power at the specimen plane directly im-

pacts the fluorescence intensity of the specimen [77]. This is particularly important in
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quantitative imaging, where any fluctuations in light source optical power can cause

misleading results [59].

As discussed above, with each electron passing through by the LED, there is excess

energy generated in the form of heat due to non-radiative recombinations and as well

as causing spectral shifting and broadening, this can also lead to degradation of the

LED lifetime and fluctuations in light intensity [74].

Reproducibility in acquisition has been identified as one of the most important

topics across all fields of microscopy [59] and a stable light source is one of the key

components for reproducible experiments. In particular, light source stability is an im-

portant factor in fluorescence microscopy because, as described above, small changes

in excitation power can translate to small changes in fluorescence intensity [77]. This

is of particular importance in quantitative imaging, where light source fluctuations

can lead to inaccurate data and misleading results [59]. Recently, an in-depth study

was performed by Firas Mubaid and coworkers in which they tested the stability of

several LED light sources (as well as mercury lamps) over time periods of up to 300

hours [59]. To assess the stability of these sources over time, the authors used a power

sensor coupled to an optical power meter. From this study, the authors deduced that

LED stability was better than that of arc lamps in both the short term (2.5 h) and long

term (300 h). The study concluded that whilst LEDs offer far superior optical stability

over arc lamps, not all LEDs behave the same and some can take time to stabilise after

switch-on. Therefore, as the 280 nm LED used in this study is a relatively new light

source whose stability has not been thouroughly tested in fluorescence microscopy ap-

plications, the stability of this LED must be assessed in order to evaluate its potential

for long and short term imaging experiments.

2.1.3 Emission Pattern

LEDs have a characteristic emission pattern, or the light intensity as a function of angle

and distance from the LED chip. In a planar LED chip, this is generally Lambertian in

nature.

Lambertian emission patterns are a result of the difference in refractive index be-

tween the semiconductor chip and the surrounding medium (i.e. air). If a point source
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emits a ray of light at an angle ϕ to the normal of the LED surface, the light ray is re-

fracted at the semiconductor-air interface. This results in a ray of light escaping the

semiconductor with angle Φ with respect to the normal (figure 2.2).

FIGURE 2.2: LED model used to derive the Lambertian emission pat-
tern. Reproduced from [74] with permission.

The light intensity in air (Iair)is then given by:

Iair =
Psource

4πr2
n2

air
n2

s
cosΦ (2.7)

where Psource is the optical power of the LED, r is the distance from the source to

the position of measurement, nair is the refractive index of air and ns is the refractive

index of the semiconductor material. This is known as the Lambertian emission pat-

tern. This has a characteristic cosine dependence on the angle of light emitted from

the semiconductor, with maximum intensity measured at the normal of the LED chip.

Whilst the Lambertian emission pattern is the standard because of its origins in refrac-

tive index differences, LEDs can come in other packaging geometries which can be

achieved by either microlenses encompassing the chip or by patterns on the chip sur-

face. These additional geometries can include hemispherical, which exhibit isotropic

emission patterns, and parabolic, which have strongly directional emission patterns

[74].

LED emission patterns can also be classified into two groups: near-field and far-

field. Near-field studies focus on LED-target distances that are within 5 times the

dimension of the active region, whilst far-field studies focus on distances over this

limit, after which the emission pattern no longer changes with LED-target distance

[118]. In optical microscopy, it is the far-field emission pattern which is notable as,
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generally, the LED-target distance will be more than a few mm in distance. The far-

field emission pattern of an LED is of interest in optical microscopy as it can impact

the homogeneity of illumination across the specimen - this is particularly important in

quantitative analysis as any areas of higher intensity illumination across the specimen

can result in increased fluorescence intensity, causing misleading results.

Some mathematical models have been developed to simulate the emission pat-

terns of packaged LEDs and LED arrays [118, 119, 120]. These can be based on light

propagation characteristics, for example following a light rays from the point of emis-

sion within the active region of the semiconductor, through the different refractive

indices in the LED and through the LED packaging [118]. Other numerical methods

can use ray tracing algorithms such as Monte Carlo to predict the emission of the

LED [120]. However, as discussed above, packaged LEDs come available in different

emission patterns which makes a general model difficult to obtain [118] [120]. In ad-

dition to this, LED chips of the same model can vary between individual parts, so it

is advantageous to characterise the specific LED used in studies. Experimentally, the

emission pattern of a visible spectrum LED can be obtained using a charge-coupled

device (CCD) or complementary metal-oxide-semiconductor (CMOS) camera, how-

ever this is difficult to apply to deep-UV LEDs as standard cameras are not sensitive

at these wavelengths due to glass and poly-silicon elements which absorb in the UV.

Back-thinned cameras offer a solution to this, but are expensive. As a result, it is ad-

vantageous to develop a low-cost, simple method which can be undertaken without

the use of expensive, specialised equipment.

Previous work studying AlGaN in LEDs has been shown to overcome these detec-

tion limits by using fluorescence to convert deep-UV radiation into visible light [121],

such that it can be detected by a standard camera. In this work, the authors use flu-

orescence to image the active region of the chip (i.e. the near-field emission pattern)

and investigate the electroluminescence distribution on the microscopic scale. In this

chapter, this approach was modified in order to investigate the far-field emission pat-

tern of an LED, or how it emits light into air, using a fluorescent material placed in

front of the LED and using the intensity distribution across this to indicate the emis-

sive properties of the LED. This is an inexpensive method, using standard microscope

optics and cameras already present in the lab. Although this gives information on only
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the section of the LED emission pattern that is within the field of view of the objective

lens, this can be overcome by rotating the LED to measure the full emission pattern,

as demonstrated previously using visible spectrum LEDs [122].
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2.2 Methods

2.2.1 Electronic Circuitry

The 280 nm LED used throughout the project was the LG LEUVA66H70HF00 LED.

This model of LED has a chip size of 1 mm × 1 mm, a typical total optical power of

100 mW at a drive current of 350 mA and a typical viewing angle of 110◦.

LEDs are most commonly available from manufacturers as bare chips [123]. This

is the most cost effective way to purchase an LED, but requires mounting of the LED

chip to a printed circuit board (PCB) to create an LED Array Module (LAM) package,

and connecting it to a power supply and heat sink. This was carried out at CoolLED

ltd. using their LED packaging facilities.

FIGURE 2.3: 280 nm LED Array Module (LAM) design used in early
stages of the project. The LED is in white packaging in the center of a
PCB. The LAM is mounted to a heat sink using a thermal adhesive to

allow heat dissipation.

As mentioned in the introduction to this chapter, high-power LEDs give off excess

heat which can affect the performance of the LED. To counter this, and complete the

LED unit, the LED was bonded to a 1-inch by 1-inch heat sink (RS 674-4756) using a
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thermal adhesive (MG Chemical 8329 TFS) to allow for heat dissipation. This resulted

in the packaged LAM shown in figure 2.3.

The positive and negative terminals of the PCB were then connected to a variable

power supply (Aim-TTi QL355T Digital) using crocodile clips to allow the LED to

be driven in forward bias. The optical power of the LED could then be adjusted by

changing the drive current passing through the LED chip using the power supply.

2.2.2 Electroluminescence Spectrum

The electroluminescence spectrum of the LED was investigated using an Ocean Optics

USB2000+UV-VIS spectrometer which has a detection range between 200 and 850 nm

and a resolution of 1.37 nm. The spectrometer uses an optical fibre (QP600-2-SR) to

collect the light and relay it to the detector, the end of which was placed directly above

the LED chip at a sufficient distance as not to over-saturate the detector.

The spectrometer was controlled using the Ocean Optics SpectraSuite software and

the integration time was set to 100 ms. The spectrum of the LED was measured at

different LED drive currents in order to investigate the stability of the electrolumines-

cence spectrum (and infer its thermal stability) at high currents. The drive current

was varied from 1 to 500 mA using the variable power supply. This current range was

chosen as the manufacturer recommends that the LED be driven at 350 mA, and so

currents which "over-drive" the LED (i.e. 350-500 mA) were used to check the stabil-

ity of the LED at high currents - using high currents is particularly desirable as this

leads to increased optical power from the LED, however this can come at the cost of

increased heating and shorter LED lifetimes.

The wavelength at which the peak intensity occurs was investigated over time to

determine the stability of the electroluminescence spectrum over extended periods of

time. To measure this, a spectrum was acquired every 10 minutes for 6 hours at a

constant current of 100 mA and the wavelength which corresponded to the highest

spectral intensity was recorded.

It was noticed that the chip appears faintly blue to the eye when switched on which

is unusual for an LED of centre wavelength 280 nm as emission at this wavelength

should not be visible to the human eye. As this was not noticable in the spectrum, a

second spectrometer with detection range above 350 nm was used in case the strong
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signal at 280 nm was masking any signal from longer wavelengths. This spectrome-

ter, the OceanOptics USB2000, was used to measure the spectrum between 350-1100

nm, as when using the UV-extended spectrometer, the signal at 280 nm was too strong

to reveal the presence of any lower intensity light at longer wavelengths. This spec-

trometer was also used to compare the performance of two bandpass excitation filters

chosen to reduce any signal at wavelengths above 280 nm. To do this, a 280/10 nm

bandpass filter (Laser 2000 FF01-280/10-25) and a 300/50 nm bandpass filter (Edmund

Optics 12-093) were each placed in the optical path between LED chip and detector

while acquiring spectra.

2.2.3 Optical Power

The relationship between drive current and LED optical power was determined to

ensure that increases in current applied to the LED translated to a linear increase in

optical power. To measure the linearity of the relationship between drive current and

optical power, a FieldMax-II-To power meter was used alongside a PM10 thermopile

sensor. The sensor was placed in front of the LED and the LED drive current was

varied from 0 to 500 mA. At each drive current, the optical power was measured using

the power meter and its Coherent FieldMax software.

The stability of optical power of the LED was measured using the Coherent PM10

thermopile sensor coupled to the FieldMax-II-To power meter. The LED was placed as

close as possible to the sensor, limited to around 5 mm by the offset of the sensor from

the packaging. The LED was operated at a drive current of 100mA and the power was

measured over a total period of 6 hours (a typical time for a microscopy time-lapse

experiment) with a power value taken every minute. Experiments were repeated in

triplicate and averaged.

To determine the reproducibility of results between sensors, stability experiments

were repeated using a second power sensor, a Thorlabs S120VC photodiode sensor

coupled to a PM100A power meter. Again, the LED was placed as close to the active

area of the sensor as possible and measurements were obtained every minute for 6

hours at 100 mA. Measurements were again repeated in triplicate and averaged.
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2.2.4 Emission Pattern

The experimental set-up to obtain the emission pattern of the 280 nm LED is shown in

figure 2.4. This set-up uses a fluorescent specimen to convert 280 nm emission from

the LED into visible wavelength light capable of being detected by a standard camera.

An image of the fluorescent specimen is focussed onto the detector and the image can

then be used to measure the intensity of the LED laterally, based on the distribution of

fluorescence intensity across the specimen. This measurement can give an indication

of the spatial distribution of light with which the LED would directly illuminate the

sample, and hence what optics have to be used to create homogenous illumination of

the specimen.

To do this, the LED was mounted in a rotating platform mount (Thorlabs PCM). A

280/10 nm bandpass filter (Edmund Optics, 35-881) was placed in front of the LED to

narrow the electroluminescence spectrum to only the peak at 280 nm.

FIGURE 2.4: Experimental set up for imaging the emission pattern of a
deep-UV LED. A fluorescent sample is placed in the focal plane of the
objective lens and the LED is placed adjacent to the sample, behind a
bandpass filter which narrows the electroluminesence spectrum of the
LED. Two plano-convex lenses are employed to focus the image onto
the camera chip. An emission filter is used to exclude any excitation
light. To capture angular measurements, the LED was rotated about

the indicated axis.

To create a fluorescent sample capable of excitation of fluorescence at 280 nm, flu-

orescein was chosen due to its high quantum yield and excitation spectrum extending

into the deep-UV (detailed excitation spectra of fluorescein can be found here [124]).

It can be noted that fluorescein has poor photostability, but because short exposure
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times were used and no long-term imaging was done, this did not cause issues. A 3D

block of agarose dissolved in fluorescein was chosen as this allows the flexibility of

choosing the thickness of the agarose block to allow for sufficient fluorescence signal

based on the path length of the block. To produce the agarose block, 0.8% agarose

(Sigma Aldrich 05066) was added to 100 µmol fluorescein (Sigma Aldrich F6377) in

distilled water, microwaved until dissolved and pipetted into a 3D printed mould,

2 mm in depth, attached to a microscope slide. The specimen was placed in a slide

holder (Thorlabs XF50) as close as possible to the LED (3.5 mm as limited by thickness

of the bandpass filter).

A 10x/0.3 NA objective lens (Olympus UPLFLN10XP) with a working distance of

10 mm was chosen to collect the fluorescence emission from a relatively large field

of view and the focal plane was set to the specimen. Two plano-convex lenses, 100

mm (Thorlabs LA1509-A) and 50 mm (Thorlabs LA1608-A) in focal length respec-

tively, were used to focus the image of the fluorescent sample onto the CMOS camera

(IDS UI-3060CP). This configuration resulted in a total magnification of 2.5x, pixel size

of 2.3 µm and a field of view of 4.5 mm. An emission filter (562/40 nm, Semrock

FF01-562/40-25) was placed in front of the camera for detection of fluorescein. To in-

vestigate any changes in LED emission pattern with varying drive currents, images

were acquired at LED drive currents ranging from 50-350 mA. An image was also ac-

quired with the LED turned on but no fluorescent specimen in place to measure the

background intensity of any excitation light bleeding through to the detector. Finally,

as this is an indirect technique which relies on the assumption that fluorophores are

distributed evenly across the fluorescent sample, images were acquired with the fluo-

rescent specimen having been rotated around different axes and flipped to ensure that

any measured emission pattern was a property of the LED and not of the fluorescent

specimen itself.

Images acquired in this way only show a small portion of the emission pattern

due to restrictions of the microscope FOV, but give an indication of the distribution

of light delivered across the specimen if the LED were used to directly illuminate the

specimen. To analyse the intensity distribution, images were imported into Fiji [125]

and background corrected by subtracting the image of the light bleedthrough to the

camera. A false colour look-up table was applied to aid visualisation of the intensity
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distribution. To measure the emission pattern across the field of view, an intensity

line profile was taken horizontally across the image as this allowed measurement of a

larger area due to the aspect ratio of the camera. A linewidth of 50 pixels was taken,

corresponding to 116 µm, to reduce noise in the intensity profile.

To collect information on the angular emission pattern of the LED, the LED was

rotated about the axis shown in figure 2.4. To do this, the LED was mounted on a ro-

tating stage (Thorlabs RP01) 65 mm from the sample such that the chip lay on the axis

of rotation parallel to the detector. The stage was rotated between 0◦ and 90◦ from the

normal in both directions at a constant current of 350 mA and images were taken at

each angle with a longer exposure time of 50 ms to compensate for the decrease in in-

tensity due to increased LED-sample distance. The average intensity across the image

was recorded and plotted as a function of angle. An average of 3 images was recorded

per angle. The data was then fitted against a perfect Lambertian using equation 2.7.

To test the ability of the technique in distinguishing between types of LED packag-

ing geometries, measurements were repeated with a second deep-UV LED specimen

(Thorlabs M275D2) emitting at 275 nm which exhibits a non-Lambertian emission pat-

tern. This was an LED emitting at 275 nm and exhibiting a batwing emission pattern

(Thorlabs M275D2), which typically has two lobes each with its own point of max-

imum intensity. Batwing emission patterns can stem from specific patterning in the

chip itself, for example, the LED used in this experiment had a chip which was split

into 4 sections. Images were obtained at a higher exposure time of 50 ms for static

measurements and 150 ms for rotational measurements to compensate for the lower

radiant power of this LED. Image analysis was performed as described above.
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2.3 Results

2.3.1 Electroluminescence Spectrum

FIGURE 2.5: Emission spectrum of 280 nm LED using OceanOptics
USB-2000+UV-VIS spectrometer. Inset Spectrum measured at wave-

lengths above 350 nm using OceanOptics USB-2000 spectrometer.

The electroluminescence spectrum of the LED is shown in figure 2.5, measured by

the USB2000+UV-VIS spectrometer. The spectrum shows a peak at 281.5 ± 0.75 nm

with a FWHM of 12 ± 0.75 nm. This spectrum agrees well with the spectral profile of a

typical LED, exhibiting a narrow FWHM when compared to more traditional sources

used for widefield microscopy such as arc lamps.

The spectrum acquired using the USB2000 spectrometer is shown in figure 2.5 (in-

set). With this visible-spectrum spectrometer, low-intensity broadband emission is

visible between 350-800 nm, peaking at a wavelength of 425 nm and tailing off with

increased wavelength. This can explain the visibly blue colour of the LED chip when

switched on. As discussed in section 1.2.2, this is a common issue in deep-UV LEDs

[72] [73] and is referred to as parasitic emission. This is thought to be due to electron

overflow into the semiconductor layers neighbouring the bandgap region.

The bandgaps of these layers are often different to that of the active region, thus

radiative recombination within these layers yields photons of different wavelengths.
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FIGURE 2.6: Spectrum of 280 nm LED obtained at wavelengths between
350 nm and 1000 nm using an OceanOptics USB2000 spectrometer, with

and without the use of a 280/10 nm excitation filter

This feature was present in the first 280 nm LED and has been observed more recently

by Liu et. al. in lower wavelength AlGaN LEDs [72].

Two bandpass filters were tested to reduce the parasitic emission of the LED and

the spectrum of the parasitic LED emission whilst using these filters are shown in

figures 2.6 and 2.7.

Figure 2.6 shows the reduction in spectral intensity in this region after addition of

a 280/10 nm bandpass filter and figure 2.7 shows the reduction in spectral intensity

in this region after the addition of a 300/50 nm bandpass filter. Both filters display

relatively similar improvements in reducing unwanted emission in this region, with

the 280/10 nm bandpass performing slightly better around 575 nm. However, the

transmission spectral FWHM of this filter is narrower than that of the LED emission

and because of this, this filter will also block some of the 280 nm light from the LED.

In addition to this, the 280/10 nm bandpass filter reports only 68% transmission at

280 nm, further reducing already limited optical power of the LED. The 300/50 nm

filter reports a similar transmission at ∼ 60%, however, the wider transmission spec-

tral FWHM of this filter allows more light from the desired LED wavelengths to be
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FIGURE 2.7: Spectrum of 280 nm LED obtained at wavelengths between
350 nm and 1000 nm using an OceanOptics USB2000 spectrometer, with

and without the use of a 300/50 nm excitation filter.

transmitted. Therefore, where conservation of optical power at 280 nm is a priority,

the 300/50 nm bandpass filter will instead be used to reduce the parasitic emission of

the LED.

The relationship between LED drive current and electroluminescence spectrum

was then investigated using the Ocean Optics USB2000+UV-Vis spectrometer. The

peak emission wavelength as a function of current is shown in figure 2.8.

As mentioned in the introduction to this chapter, LEDs are sensitive to thermal

change and any increases in peak wavelength towards high drive currents are likely

to be due to an increase in temperature across the LED chip owing to improper thermal

management. The mean peak wavelength was found to be 281.58 nm with a standard

deviation of ± 0.97 nm occurring over varying drive currents. This standard devia-

tion value is smaller than the resolution of the USB2000+UV-Vis spectrometer at 1.37

nm, hence the variation in peak wavelength with increasing current can be considered

negligible. In this case the thermal state of the LED appears not to affect the emission

wavelength due to appropriate thermal management and the LED spectrum appears

to be highly stable over a wide range of drive currents. The peak wavelength of the
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FIGURE 2.8: Peak emission wavelength of 280 nm LED using OceanOp-
tics USB-2000+UV-VIS spectrometer as a function of LED drive currents
between 1 and 500 mA. Error bars represent the resolution of the spec-

trometer.

LED over a period of 6 hours of continuous use was investigated using the same spec-

trometer to assess the suitability of the LED for time-lapse imaging experiments. The

peak LED wavelength as a function of time is shown in figure 2.9.

The mean wavelength of the LED over a period of 6 hours was found to be 281.47

nm with a standard deviation of ±0.26 nm. Since the standard deviation is smaller

than the resolution of the spectrometer, the change in peak wavelength over time can

also be considered negligible. As spectral shifting is largely caused by temperature

changes, these negligible fluctuations in peak wavelength suggest that the LED unit

is designed appropriately to manage temperature over time periods associated with

time-lapse imaging.
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FIGURE 2.9: Peak emission wavelength of 280 nm LED measured us-
ing OceanOptics USB-2000+UV-VIS spectrometer as a function of time.

Error bars represent the resolution of the spectrometer.

2.3.2 Optical Power

To assess the linear relationship between LED drive current and optical power, the

power from the LED was measured as a function of drive current. This is shown in

figure 2.10. As expected, there is a linear relationship between drive current and opti-

cal power, with an increase in current resulting in increased optical power. This trend

confirms that the LED optical power can indeed be adjusted by changing the drive

current applied to the LED, and that an increase in current translates linearly to an

increase in power emitted from the LED.

At a current of ∼350 mA, the maximum drive current recommended by the manufac-

turer, the gradient begins to change slightly and there is no longer the same degree

of increase. This is known as the "efficiency droop" in nitride-based semiconductors.

A drive current of 350 mA is recommended by the manufacturer and increasing the

current beyond this value results in "overdriving" of the LEDs. This will increase the

optical power achievable by the LED, however, this may come at the cost of reduced

LED lifespan.

The 6-hour optical power stability of the LED as measured using the thermopile
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FIGURE 2.10: Normalised optical power as a function of LED drive
current.

sensor is shown in figure 2.11. After initial switch-on, the LED appears to undergo a

warm up period in which the power increases before reaching a stable value at around

the 30 minute mark. This is uncharacteristic of an LED which should illuminate al-

most instantly at full power as soon as a current is applied. Including the warm up

curve, the standard deviation from the mean is ±1.6%. A similar effect had been

noticed by previous investigation into the stability of commercially packaged visible

spectrum LEDs, although on a much smaller scale [59]. This was thought to be due

to high-brightness LEDs, similar to the 280 nm LED used here, with inferior thermal

management taking longer to reach thermal stability.

Thermopile optical power sensors are based on thermocouples which convert in-

coming optical power to heat at the sensor surface [126]. For this reason, it was a

concern that the thermopile sensor was also detecting heat emitted from the LED chip

and reading this as a change in optical power.

To test this theory, a photodiode sensor was used to repeat this measurement. Pho-

todiode sensors have a smaller detection range than a thermopile, 200-1100 nm in the
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FIGURE 2.11: Normalised optical power of the LED over 6 hours as
measured by a thermopile sensor.

case of a UV extended diode, but rather than using heat to generate signal, a photo-

diode is a semiconductor device in which incoming photons generate electrical signal

based on the photoelectric effect.

The stability of the LED as measured using the photodiode sensor is shown in fig-

ure 2.12. The trend is much more stable than that measured by the thermopile sensor,

with the warm up period disappearing completely. With this sensor, the standard de-

viation of the mean is reduced to ± 0.1%. This behaviour is characteristic of an LED

and aligns very well with the stability of commercial LEDs measured previously [59].

In all future quantification of light dose in this work, the photodiode sensor will be

used to avoid potential errors due to this effect.

2.3.3 Emission Pattern

The spatial emission pattern of the 280 nm LED across the field of view of the micro-

scope is shown in figure 2.13, using fluorescence to indicate the spatial intensity of the

LED.
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FIGURE 2.12: Normalised optical power of the LED over 6 hours as
measured by a photodiode sensor.

Figure 2.13 (a) gives the intensity distribution across the field of view of the micro-

scope and (b) gives the intensity profile taken horizontally through the centre of the

field of view. The fluorescence intensity is at its highest in the centre of the field of

view, reaching 60% of its maximum output at the edge. This is a substantial difference

in illumination intensity across the field of view which would significantly impact the

fluorescence excitation of any specimens imaged using the LED in direct illumination.

After adjusting the drive current between 50 and 350 mA and imaging the emission

pattern at each current, it was found that changing the drive current had no effect on

the intensity distribution profile, confirming that the result is a property of the LED

itself and not the fluorescent specimen. Similarly, rotating and flipping the specimen

had no effect on the obtained emission pattern.

By rotating the LED about its axis, the angular emission pattern of the LED can be

measured and this is shown in figure ?? along with standard deviation error bars on

the y-axis.

The incident angle has a tolerance of ± 1% as limited by the scale on the rotating
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[a]

[b]

FIGURE 2.13: (a) Image of emission pattern of a Lambertian LED taken
at a drive current of 350 mA and camera exposure time of 5 ms. A
false colour look-up table has been applied to aid visualisation. (b) Plot
profile of above image taken horizontally across the field of view at a

width of 116 µm

stage. The intensity of the fluorescence emission is at its maximum at 0◦ and reaches

approximately 50% of its maximum value at 60◦ from the normal which is consistent

with the Lambertian trend so common in LED emitters [74]. To test the correlation

between the data acquired using the LED and a Lambertian trend, the data was fitted

using equation 2.7 (shown in dotted lines). The data fits the Lambertian trend with
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(A) Emission intensity as a function of angle.

(B) Linearised version of 3.14
(A).

(C) Residual analysis
of figure 3.14 (B).

FIGURE 2.14: (A) Emission intensity as a function of angle. The LED
was rotated between 0◦ and 90◦ from the normal of the chip surface
and each intensity value was recorded. Standard deviation error bars
are shown on the y-axis and x-axis error bars correspond to the angular
divisions on the rotating stage at ± 1◦. Figures (B) and (C) show a
linearised version of figure (A) with a line of best fit and corresponding

fit analysis.

a coefficient of determination of 0.996, confirming that there is a strong correlation

between the experimental data and a Lambertian trend. This is to be expected, as the

280 nm LED used in this work is a planar chip with no external ball lenses and hence

fits the criteria for a Lambertian emitter.

To further support the finding that the LED did indeed exhibit a Lambertian emis-

sion pattern, figure 2.14a was linearised by plotting the cosine of the incident angle
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[a]

[b]

FIGURE 2.15: (a) Image of emission pattern of a Batwing LED taken
at a drive current of 350 mA and camera exposure time of 5 ms. A
false colour look-up table has been applied to aid visualisation. (b) Plot
profile of above image taken horizontally across the field of view at a

width of 116 µm

against intensity (figure 2.14b) and applying a linear fit. This again gave a coefficient

of determination of 0.996 confirming that the data has a good correlation with the lin-

ear fit. The residuals analysis related to this linear fit is shown in figure 2.14c. The

residuals appear to be smaller at angles close to 0◦and 90◦, and higher at other angles.

This could be consistent with operator error in manually setting angles on the rotating

stage as the stage presents with 20◦angular increments.
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To ensure that the measured results were in fact the emission pattern of the LED

and not some other factor, a second LED was chosen to test the ability of the new tech-

nique to successfully identify different LED emission patterns. The spatial emission

pattern of the batwing LED is shown in figures 2.15 and 2.16.

FIGURE 2.16: Emission intensity as a function of angle. The LED was
rotated between 0◦ and 90◦ from the normal of the chip surface and
each intensity value was recorded. Standard deviation error bars are
shown on the y-axis and x-axis error bars correspond to the angular

divisions on the rotating stage at ± 1◦

These results are consistent with the data sheet supplied with the LED and show

a significant difference from the measured emission pattern of the 280 nm LED, con-

firming that the technique can successfully distinguish between LEDs with different

packaging geometries and characterise the emission patterns of different LEDs.
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2.4 Discussion

Although the electroluminescence spectrum of the LED shows a sharp, narrow spec-

tral band at 280 nm, the issue of parasitic emission can cause complications in fluo-

rescence microscopy. As the spectral width of this parasitic emission is so broad, it

will almost certainly overlap with fluorescence from labelled specimens and interfere

with image contrast. This is particularly concerning in techniques such as MUSE [10]

which choose not to use an excitation bandpass filter to spectrally separate excitation

light from emission light, relying solely on the objective lens to act as a filter. As a

result, using this LED necessitates the use of a bandpass filter to block this region of

emission and ensure good quality images. Spectral filters in this region do exist, how-

ever, current technology limits transmission of 280 nm light through a bandpass filter

in some cases to just 60% - meaning that 40% of 280 nm photons can be lost in the pro-

cess. Thus, we often have a trade-off between preserving optical power and restricting

LED spectral output to the desired wavelengths.

The LED stability is excellent when measured using the photodiode sensor, al-

though the trends measured by the thermopile sensor differ significantly. This could

potentially be because of the nature of detection of the thermopile sensor. Thermopiles

measure power by converting a rise in temperature to a voltage [126]. As thermopiles

have a spectral range high enough to absorb thermal radiation, this could potentially

be absorbing excess heat emitted from the semiconductor and skewing measurements.

To combat this, the photodiode sensor will be used for all future measurements of LED

power in this thesis. Although the stability of the LED is much higher when measured

with the photodiode sensor, there is still a small change in optical power within the

first couple of minutes after LED switch on. Although this is uncharacteristic of an

LED, which should illuminate at full power as soon as switched on and remain stable

afterwards [59], this is a trend which has been observed in multiple LEDs in the study

of Mubaid et. al. in 2019. This is thought to be a consequence of parameters includ-

ing cooling and electronics [59]. For example, high-brightness LEDs can heat up very

quickly and the heat-sink must work to propagate this heat away from the LED. De-

pending on the thermal properties of the heat sink, i.e. how quickly it can propagate

heat, this could result in the LED temperature being unregulated for an initial period
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after switch on, affecting the output for the reasons detailed in section 2.1.2. In ad-

dition to this, because the optical power of the LED is directly proportional to drive

current, fluctuations in the power supply could also cause this initial change in optical

power. For example, if the power supply takes a few minutes to reach a stable output,

this could cause the trend shown in figure 2.12.

The new technique developed here to measure the emission pattern is not limited

to LEDs emitting at 280 nm - it could be applied to measure any wavelength of deep-

UV LED due to the ability of fluorescein to become excited by wavelengths as low

as 200nm [127]. In addition, the technique can be used to measure the homogeneity

of deep-UV illumination using methods such as critical and Köhler illumination by

adding the appropriate optics in the illumination pathway between LED and fluores-

cent specimen, as previously demonstrated using visible wavelength LEDs [81].

Although this technique has been useful in measuring emission patterns of deep-

UV LEDs, the emission patterns exhibited, particularly by the 280 nm LED intended

for use throughout the project, are not ideal for direct illumination in fluorescence mi-

croscopy due to significant variation in illumination intensity across the field of view

of the objective lens. Increasing the LED-specimen distance can reduce the variation

in intensity as the angular distribution across the field of view becomes smaller. How-

ever, this is at the expense of the intensity of light reaching the specimen which is

inversely proportional to the square of the LED-specimen distance (equation 2.7). For

this reason, the LED should not be used to directly illuminate the specimen as there

is a trade off between illumination homogeneity and optical power at the specimen

plane, which are both critical in fluorescence microscopy. Using this information, op-

tical designs with external quartz lenses to homogenise the light can be explored in

chapter 3 which focusses on determining the optimum method of delivering 280 nm

light to the specimen plane for fluorescence microscopy acquisition.

2.5 Conclusion

This chapter has outlined the development of a novel method to measure the emis-

sion pattern of a 280 nm LED using a standard camera and visible-wavelength fluo-

rescence. This technique was validated by comparing the measured emission pattern
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of the LED to its theoretical pattern, and also by using a second LED with differ-

ing emission pattern to ensure the technique could distinguish between LED types.

This allowed accurate measurement of the emission pattern of the 280 nm LED in use

within this thesis which will assist in developing a suitable optical set up to deliver

homogeneous 280 nm illumination to the specimen plane in chapter 3. This chap-

ter has also investigated two further optical properties to consider when developing

an LED into a suitable microscope light source: the electroluminesence spectrum and

LED stability, including any adjustments that have to be made in order to accurately

measure in the deep-UV. Detailed measurements of the electroluminescence spectrum

using two spectrometers revealed a strong, narrow peak at 280 nm but also unforeseen

parasitic emission across the visible spectrum. With this information available, I was

able to identify two suitable excitation filters which I will use in future experiments

to narrow the LED spectrum to the desired wavelengths. The 280 nm LED was found

to be highly stable, with a standard deviation from the mean of only ±0.1% over a

period of 6 hours. It was also found that a thermopile sensor is not a reliable detector

for high-brightness LEDs of this type and as a result I will use a photodiode detector

for any further power measurements of this LED.
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Chapter 3

Systematic comparison of

microscopy illumination techniques

compatible with 280 nm

Integrating a new LED system into a commercial microscope for fluorescence exci-

tation is a relatively simple modification. Many LED systems for fluorescence mi-

croscopy are designed to attach to the epifluorescence port of the microscope, either

by direct fit or by liquid light-guide. Once fitted to the microscope, the light then

passes through a series of lenses and apertures to align for Köhler illumination, before

being reflected by a dichroic mirror and passing through the objective lens to illu-

minate the specimen. Whilst epifluorescence is a simple method of illumination for

visible wavelength light, due to the low transmission of 280 nm through glass optical

elements (of which commercial microscopes contain many) it is almost impossible to

illuminate in epifluorescence with this wavelength on a non-modified microscope. In

this chapter, I systematically compare existing methods to overcome this transmission

issue in fluorescence imaging, with the aim of identifying the optimum method used

to study QD-labelled cells excited using 280 nm light in fluorescence microscopy in

later chapters. I expore methods including the use of transmission fluorescence and

epifluorescence with specialised UV-compatible objective lenses. I identify the quality

of these methods with 280 nm excitation by taking into consideration parameters such

as availability of light at the specimen plane, homogeneity of illumination and qual-

ity of the resulting images. I then compare these methods and identify the optimum

method to implement fluorescence imaging with 280 nm excitation which will then be
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used in chapter 4 for widefield imaging, and in chapter 5 for standing wave imaging,

of QD-labelled cells.

3.1 Introduction

One of the most significant issues in integrating 280 nm light into a microscope is the

transmission of deep-UV light through optical elements. A typical commercial micro-

scope will have optics manufactured from a type of glass usually known as optical

glass, capable of transmitting light of wavelengths ranging from the near-UV ( 350

nm) to the near-infrared. One of the most popular choices of optical glass is N-BK7, a

type of borosilicate glass [128], and a typical transmission curve of 10 mm thick N-BK7

can be shown in figure 3.1 [129]. From this figure, we can expect just ∼1.6% transmis-

sion of 280 nm light through each glass optical element - a dramatic loss in light by the

time light passes through the optical elements in a commercial microscope needed for

Köhler illumination.

FIGURE 3.1: Transmission curve of a 10 mm thick NBK-7 type plano-
convex lens. Reproduced with permission from Thorlabs [129].

The issue of transmission is not limited to internal microscope optics. A well-

manufactured objective lens contains several lens elements, each contributing to a

specific correction factor of the objective. Each of these lens elements contributes to
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absorption of 280 nm light, making it almost impossible to deliver any light to the

specimen plane, even if limited light were to make it through the Köhler illumination

optics. Since the optical power of the 280 nm LED used here is already limited to

just 100 mW, it is necessary to develop a higher throughput optical system to allow

sufficient excitation light at the specimen plane to excite fluorescence from samples.

In contrast to glasses such as N-BK7, quartz (sometimes referred to as fused sil-

ica) is highly transmissive in the UV. A transmission curve of a 10 mm thick quartz

lens is shown in figure 3.2 [130]. From this data, we can expect approximately 93%

transmission at a wavelength of 280 nm - a stark contrast compared to conventional

glass. Hence, quartz optics are a much better solution for guiding UV light to the

specimen plane. However, it is not currently possible to purchase a commercial mi-

croscope whose optics are made from quartz. For this reason, the internal optics of a

commercial epifluorescence microscope would have to be stripped and replaced with

quartz to allow UV transmission.

Because of the limitations in imaging with 280 nm light on a commercial micro-

scope, several techniques to overcome this issue have been established, including the

use of specialised objective lenses such as quartz and reflective objectives, transmis-

sion fluorescence and oblique illumination.

FIGURE 3.2: Transmission curve of a 10 mm thick quartz plano-convex
lens. Reproduced with permission from Thorlabs [130]

.

The first of these techniques uses the quartz objective lens. These objectives are

manufactured fully from quartz and as a result, lens elements have high transmission
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and low autofluorescence in order to optimise image quality. Although excellent for

autofluorescence imaging of biological specimens [39], quartz objectives have limited

applications and as a result are not widely available commercially. One of the only mi-

croscope manufacturers to stock quartz objective lenses are Zeiss who have a limited

range of Ultrafluar objective lenses. These lenses are available in only two magnifica-

tions - 10x/0.2NA and 40x/0.6NA glycerol immersion. These lenses have significantly

lower NAs when compared to their glass counterparts of equal magnifications, limit-

ing the lateral and axial resolution of the system as well as the amount of fluorescent

light that can be collected from the specimen when compared to using glass objectives.

Owing to their excellent transmission of deep-UV light, quartz objectives have

been used extensively in deep-UV epifluorescence imaging. This includes the first

use of deep-UV microscopy by August Köhler in 1904. Some more recent examples

of quartz lenses in deep-UV microscopy include investigation of native protein flu-

orescence using UV epifluorescence microscopy [36] and the work of Zeskind et. al.

described in detail in chapter 1, which uses a quartz objective lens to carry out deep-

UV autofluorescence microscopy of biological specimens [39].

The second type of specialised objective is a reflective objective. These objectives

use reflective rather than refractive elements to focus and collimate light.

FIGURE 3.3: Schwarzschild reflective objective lens. Reproduced with
permission from Edmund Optics [131].

The most common type of reflective objective is the Schwarzschild objective (figure
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3.3) which uses two mirrors - a small "secondary" mirror at the bottom of the objective

facing upwards (in the case of an upright microscope), suspended by two or three

small pieces of metal commonly referred to as spider legs. The primary mirror is

found at the top of the objective, facing downwards. Both mirrors are curved in order

to focus light [132, 133].

Reflective objectives are particularly advantageous in deep-UV microscopy, or in

imaging applications which use a wide range of wavelengths. This is because the re-

flective (rather than refractive) nature of the lens allows for the focusing of a broad

range of wavelengths without chromatic abberation [132]. In addition to this, many

metals reflect deep-UV light well, and lenses with enhanced reflective coatings spe-

cific to the deep-UV are readily available. However, reflective objectives also come

with their own caveats. In these systems, a central area of the secondary mirror will

reflect light straight upwards back through the cavity in the primary mirror instead

of reflecting the light onto the primary mirror. This is known as obscuration, usu-

ally quoted in the objective specifications, [131] and can be anywhere between 15%

and 25% [133]. Secondly, as the mirrors used in these objectives are curved, there is

a discrepancy in the focal points of light rays across the mirrors, resulting in a lack

of flatness of field. Therefore, images appear sharply in focus in the center of the im-

age and out of focus around the edges of the image. Reflective objectives can only

focus, and not collimate light, at the specimen plane. From figure 3.3, light passing

through the objective must be focussed by the mirrors to avoid any obscuration by

the secondary mirror. If the light were to be collimated by the primary mirror, the

light reaching the specimen plane would have a large central portion missing due to

obscuration from the secondary mirror, alongside the 3 spider mounts, which does

not alleviate the problem of inhomogenous specimen illumination. As a result, it is

possible only to have critical illumination of the specimen with this objective lens.

Reflective objectives, however, are free from chromatic aberration - their reflective,

rather than refractive nature ensures that light of all wavelengths are focussed to the

same point [132]. Reflective objectives are also efficiently corrected for astigmatism,

spherical aberration and coma aberration [133].

Because of their wide range of transmission, reflective objective lenses are com-

monly used in applications using wavelengths on the far ends of the visible spectrum
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[131]. In deep-UV microscopy specifically, reflective objectives have been used to pro-

vide UV excitation to specimens via the epifluorescence pathway since 1954, when

Uretz et. al. developed a reflection based epifluroescence microscope to image chro-

mosomes with UV light [134]. Since this time, reflective objectives have been used to

efficiently provide excitation light at wavelengths down to 210 nm [135].

More recently, alternative approaches have been applied to deep-UV microscopy

to avoid the use of modified epifluorescence designs. Most notable is the MUSE mi-

croscope design [10, 46, 136, 137, 138], described in chapter 1 which uses off-axis illu-

mination to provide UV excitation light to the specimen [50]. This design, however,

limits the available objective lenses to low magnifications such as 4x and 10x, due

to the long working distances required for the excitation light to reach the specimen

plane, and sacrifices illumination homogeneity due to the elongation of the off-axis

light hitting the specimen. For this reason, an alternative method of specimen illumi-

nation was sought which can provide good illumination homogeneity and that is not

limited by choice of objective lens.

One of the simplest forms of a fluorescence microscope is the transmission fluores-

cence microscope. This takes the general form of a brightfield microscope (such as that

in figure 1.2, with light transmitted through the specimen and into the objective lens,

but uses excitation and emission filters to prevent excitation light from reaching the

detector. This has implications on image contrast as filters are not perfect and some ex-

citation light can reach the detector, however this negates the need for expensive UV-

compatible objectives and therefore makes the microscope much more accessible and

versatile. Transmission fluorescence using 240-280 nm excitation light has previously

shown a simple way to excite specimens in fluorescence microscopy for a number of

applications including FLIM [37] and identifying protein crystals [36]. This method of

fluorescence microscopy is advantageous compared to epifluorescence in the case of

deep-UV microscopy as it allows for the use of standard objectives since only visible-

wavelength fluorescence needs to be transmitted by the objective lens. However, a

further limitation of this technique is the penetration depth of 280 nm light into tis-

sue [10]. This limits excitation of fluorescence to only a few µm below the specimen

surface, limiting this technique to thin, transparent specimens.

When searching for a suitable method of specimen illumination when using this
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method, the following parameters were taken into consideration. The first was trans-

mission of 280 nm light through the optical system, or more precisely the available op-

tical power of light at a wavelength of 280 nm at the specimen plane. This is because

the available excitation power is critical for excitation of fluorescence, particularly in

weakly emitting specimens, and the 280 nm LED itself has already limited optical

power of only 100 mW. The second was homogeneity of illumination light. As dis-

cussed in chapter 2, inhomogneity of illumination across the specimen is problematic

in fluorescence microscopy as differences in excitation intensity across the specimen

will lead to increases in fluorescence intensity, causing misleading results. The third

parameter is quality of fluorescence images, particularly image contrast which is typ-

ically defined by [77, 139]:

Image Contrast =
Brightness of Specimen - Brightness of Background
Brightness of Specimen + Brightness of Background

(3.1)

From this equation, contrast is measured in range between 0 and 1, with 1 being the

maximum achievable image contrast associated with infinitely low background and

infinitely high fluorescence intensity. These imaging parameters will be considered

along with the practicality and versatility of use of the system being discussed.
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3.2 Methods

3.2.1 Transmission of 280 nm light through a commercial microscope

In order to demonstrate the difficulties in using a commercial microscope with 280

nm light, the transmission of this wavelength through various commercial refracting

objective lenses designed for visible wavelength operation and the internal lenses of

a commercial microscope (Olympus BX50) were measured (at a drive current of 350

mA) using a Thorlabs power meter (PM100) coupled to a UV-enhanced photodiode

(S120VC). The power of the 280 nm LED was measured before and after each lens

element and the power loss attributed to each element was calculated. To ensure that

the transmission measured was only at the peak of the 280 nm LED and not longer

wavelength parasitic emission described in chapter 2, a 280/10 nm bandpass filter

was placed in front of the LED for all measurements.

3.2.2 Additional 280 nm excited autofluorescence within the fluorescence

microscope pathway

In addition to the transmission of 280 nm light through glass and quartz optics, the

autofluorescence of some additional elements within the optical path were measured.

This included coverslips and slides, which are used in all specimen preparations for

imaging under the microscope, and specimen mounting media which is used to hold

the specimen in place between the coverslip and slide. This is a particularly important

consideration in sample preparation when using 280 nm excitation, as autofluores-

cence of coverslips, slides and mounting media can interfere with the fluorescence

signal obtained from the specimen and cause low image contrast.

In order to compare the autofluorescence of typical glass coverslips and slides to

those of quartz, borosilicate coverslips (VWR 631-0153) and slides (VWR 630-2012)

were used, alongside quartz coverslips (Alfa Aesar 43211) and slides (Alfa Aesar

42296). These were each imaged using 280 nm light at a current of 350 mA and an

exposure time of 350 ms and the mean fluorescence intensity of these images was

recorded using Fiji.
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Similarly, the autofluorescence of 3 available mounting media were measured to

determine the optimum mountant to be used for 280 nm excitation. These were Pro-

Long Glass (Thermo Fisher P36982), VECTASHIELD antifade mountant (Vector Laboro-

tories H-1000-10) and gelvatol, which was made in the lab by a previous group mem-

ber.

Each of these mounting media were placed between a coverslip and slide and im-

aged with 280 nm light at an LED current of 350 ms and an exposure time of 500 ms.

The mean fluorescence intensity of these images were again recorded.

3.2.3 Quartz objective

The epifluorescence microscope constructed to allow UV transmission is shown in fig-

ure 3.4. This design is broadly similar to a commercial epifluorescence set up described

in figure 1.5, but built from off-the-shelf quartz optical components.

FIGURE 3.4: Custom-built quartz epifluorescence microscope for 280
nm transmission.
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To construct this microscope, two apertures (Thorlabs ID25/M) were used to con-

trol the intensity and spot size of the illumination light. A quartz collector lens (Thor-

labs LA4052-UV) with a 35 mm focal length was used to collect and collimate as much

280 nm light as possible. A second quartz lens (LA4380-UV, f = 100 mm) was used

to focus the 280 nm light at the back focal plane of the objective. A dichroic mirror

with high reflectance at 280 nm and transmission beyond 400 nm was purchased from

Teledyne Acton Optics (266/V-FR45). This was placed at an angle of 45◦ above the

objective lens to reflect 280 nm light to the objective and transmit any fluorescence. A

tube lens was purchased from Edmund Optics at a focal length of 175 mm (49-363)

which was as close as possible to the tube lens length used by Zeiss to ensure the

correct magnification of the specimen was achieved. An x-y adjustable microscope

stage was used to support the specimen and this was mounted on a translation stage

(Thorlabs MT1) to control the stage position axially, allowing the specimen to be fo-

cussed. Finally, the IDS uEye camera described in chapter 2 was used as a detector

and controlled using the uEye software. To compare the transmission of light through

the quartz optical elements to that of the glass elements detailed in section 3.2.1, the

same method was used.

The quartz objective used was a 10x/0.2NA objective lens and this was loaned

by Zeiss as an ex-demo model. To test the ability of this objective lens to transmit

light to the specimen plane, the power at the specimen plane was measured using the

same Thorlabs power meter and sensor detailed above. To determine the homogeneity

of illumination across the specimen plane, a Chromablock slide was used (Chroma

92001). The 280 nm LED was turned on at a drive current of 500 mA and allowed to

excite fluorescence from the fluorescent slide and an image of this was acquired at a

500 ms exposure time. A line profile with a width of 20 pixels was taken horizontally

across the field of view of the microscope using Fiji to average fluorescent signal. To

analyse this, this was imported into Python and a standard deviation of the mean

intensity was calculated to determine the variation in illumination homogeneity across

the field of view.

To assess the ability of this objective to allow excitation of fluorescent specimen,

eosin stained lens tissue paper was used as a sample. Eosin was chosen as a fluorescent

dye as this has strong absorption below 300 nm as described in the work of MUSE [10].
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To make this, 10 µM eosin was dissolved in water and a piece of lens cleaning tis-

sue was submerged in this for 5 minutes. The tissue was then sandwiched between a

quartz coverslip and slide. An image of this specimen was acquired using this set-up

at the LED drive currents required to produce a fluorescent signal - in this case, 1 s

exposure and 500 mA drive current. The image was imported into Fiji and thresh-

olded to create ROIs containing the fluorescent tissue fibers. The mean fluorescence

intensity of the fibers were measured, and then an ROI of the image background was

obtained to measure the mean intensity of the background. The image contrast was

then calculated by equation 3.1.

3.2.4 Reflective objective

To image in epifluorescence using a reflective objective, the same optical design de-

scribed in figure 3.4 was used, switching the quartz objective lens used previously for

a reflective objective. The reflective objective used here was an Ealing 25-0555 with

15x magnification and an NA of 0.5. This objective lens has a significantly higher NA

when compared to the quartz objective at a similar magnification.

To measure the transmission of 280 nm light through this objective, the optical

power at the specimen plane was measured using the method described above.

The uniformity of illumination of this objective was also measured due to its dif-

ference in illumination method compared to refractive lenses. To do this, the method

described in section 3.2.2 was used. This was repeated with a quartz homogenising

rod (Edmund Optics 65-838) in place to homogenise the light. Homogenising rods

are hexagonal pieces of glass several cms long that use total internal reflection to ho-

mogenise light [140]. Light exiting the rod is homogenous at the rod surface and an

image of this surface can then be re-imaged onto the specimen plane to create homoge-

nous illumination. To do this, the set-up in figure 3.4 was used with the homogenising

rod placed between the LED and collector lens. The 280 nm LED was placed as close as

possible to the homogenising rod surface in order to collect as much light as possible.

To assess the image quality of the reflective objective, the eosin stained tissue was

again used as a specimen (with exposure time of 500 ms) and image contrast was

calculated by equation 3.1.
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3.2.5 Transmission Fluorescence

To create a transmission fluorescence set-up, the stage, tube lens, emission filter and

camera from the epifluorescence design were kept consistent. In place of the spe-

cialised UV objective, a standard Olympus objective (20x/0.5 NA) was used. Below

the stage, a UV-compatible optical set-up was constructed as follows (figure 3.5):

The 280 nm LED was collimated by a doublet of two identical f = 30 mm, D = 20

mm quartz lenses (Edmund optics 49-965). Doubling up the lenses to collimate the

280 nm LED light was carried out thanks to the optical modelling of Alex Gramann

at CoolLED. Due to the f-number of these lenses (focal length/diameter) being high,

more rays of light from the LED can be collected meaning that the intensity at the

specimen plane should be higher.

FIGURE 3.5: Transmission fluorescence microscope with UV excitation.

After collimating the 280 nm light, the 280/10 nm filter used in chapter 2 was put in

place to narrow the emission of the LED. This is particularly important in transmission

fluorescence microscopy as here we are relying solely on excitation and emission filters
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to preserve image contrast. After the excitation filter, an aperture is used to adjust the

light intensity, although to preserve optical power at the specimen plane, this was kept

open. Next, a quartz lens (f = 50 mm) was used to focus 280 nm light onto a second

aperture used to adjust the spot size of illumination light. After diverging, the 280

nm light is then re-collimated by a f = 100 mm quartz lens and reflected at 90◦ to the

specimen plane by a UV-enhanced aluminium mirror (Thorlabs PFSQ10-03-F01).

Due to the excitation light illuminating the specimen from the opposite direction of

the objective lens, this technique does not require any UV-compatible objective lenses,

but also does not limit the objectives used to low-magnification, long working distance

lenses such as in MUSE systems [10].

The optical power at the specimen plane available with this set-up was measured

as above. To test the homogeneity of illumination across the specimen, the same

Chromablock fluorescent slide was used as above. To compare the imaging quality

of this setup with that of the specialised objectives, eosin stained tissue paper was

again used and image contrast was calculated by equation 3.1.
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3.3 Results

3.3.1 280 nm transmission through glass and quartz optical elements

The measured transmission of different make and models of objective are shown in

table 3.1, alongside other microscope optics required for epifluorescence microscopy

such as Köhler optics and dichroic mirrors.

Optical Element Transmission through element at 280 nm
Internal Lenses for Köhler Illumination 0.01%

400 nm Dichroic Shortpass 10%
Olympus UPlanFl 10x/0.3 NA 0.009%

Leica Plan 25x/0.4 NA 0.01%
Olympus UplanSApo 40x/0.9 NA 0.002%

Nikon SFluor 60x/0.7 NA 0.001%

TABLE 3.1: Percentage transmission of 280 nm light through various
optical elements found in commerical microscopes.

All lens elements reveal low transmission of 280 nm light, typically less than 0.01%.

Low magnification and NA objective lenses perform better than high magnification,

high NA lenses, presumably due to the higher number of lens elements present in

the high magnification, high NA objectives. This limits the optical system to low res-

olution in the case of using 280 nm illumination in order to preserve optical power.

Although a 400 nm dichroic longpass filter is designed to reflect light below 400 nm,

this still has very low reflectance at 280 nm, at only 10%. This further supports the

evidence that standard optics have low throughput at 280 nm and if high UV trans-

mission is needed, specialised UV optics must be used.

The low transmission of 280 nm light through these lens elements has severe im-

plications for an LED with an optical power of 100 mW. Based on these calculations,

an LED of 100 mW after being transmitted through the internal lenses, reflected by

a dichroic mirror and passing through the best performing objective, would produce

0.7 nW of optical power at the specimen plane. This is far from the typical optical

power required to excite sufficient fluorescence from a specimen to generate a good

quality image with a decent signal to background ratio (typically in the range of a few

mW). Therefore, using a standard commercial epifluorescence microscope with this

wavelength of illumination light is not feasible.
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To demonstrate the increase in throughput of 280 nm light through quartz com-

pared to other types of glass, table 3.3 shows the measured transmission through the

optical system described in figure 3.4.

Optical Element Transmission through element at 280 nm
280/10 nm bandpass filter 41.98%
Quartz plano-convex lens 96.94%

UV Dichroic 86.79%

TABLE 3.2: Percentage transmission of 280 nm light through optical
elements in set up described in figure 3.4

Compared to using glass optical elements, we see a significant increase in trans-

mission at 280 nm when using optics optimised for deep-UV performance. While the

quartz plano-convex lenses and UV-enhanced dichroic mirror perform very well, there

is surprisingly low performance in the 280 nm bandpass filter. This is likely because

the narrow FWHM of the filter is cutting off some of the LED spectrum in combination

with the limited percentage transmission associated with this filter. Throughput could

be improved by using the 300/50 nm filter described in chapter 2 which has a larger

transmission spectral FWHM.

3.3.2 Autofluorescence of coverslips, slides and mounting media

The necessity of using quartz coverslips and slides within the optical path when using

280 nm excitation was determined by comparing the autofluorescence intensities of

those compared to standard glass coverslips and slides. The result of this is shown in

figure 3.6. From this graph, it is clear that using a combination of a quartz coverslip

and quartz slide significantly reduces autofluorescence intensity when compared to

using a glass coverslip and slide, or a combination of glass coverslip quartz slide and

vice versa. For this reason, for the best possible image contrast quartz coverslips and

slides were identified for use in all future imaging of biological specimens with 280

nm excitation.

Similarly, the autofluorescence of a few different available mounting media were

investigated to determine the best mounting medium for imaging with 280 nm light.

The result of this is shown in figure 3.7. VECTASHIELD performs the worst, with a

significantly higher autofluorescence intensity than ProLong glass and gelvatol. Gel-

vatol appears to have the lowest autofluorescence intensity under 280 nm excitation.
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FIGURE 3.6: Autofluorescence intensities of combinations of glass and
quartz coverslips and slides under 280 nm excitation.

As a result of this, gelvatol was identified as the mountant of choice for all future 280

nm imaging of fluorescent specimen.

FIGURE 3.7: Autofluorescence of a selection of different mounting me-
dia under 280 nm excitation.
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3.3.3 Quartz Objective

To determine the throughput of the quartz objective lens, the power at the specimen

plane was measured and this was found to be 1.14 mW. In terms of the transmission

of the objective lens, this is somewhat surprising as Zeiss quote 70% transmission at

a wavelength of 300 nm. Whilst the optical power of ∼1 mW is still low compared to

the powers achievable with visible wavelength LEDs, this is much improved over the

performance of the glass microscope optics shown in table 3.1.

The epifluorescence pathway was set up in Köhler illumination to produce as ho-

mogeneous illumination at the specimen plane as possible. The illumination unifor-

mity achieved here is shown in figure 3.8.

FIGURE 3.8: Illumination homogeneity of epifluorescence set up using
a quartz objective lens.

This shows relatively good homogeneity with slight decrease towards the edge of

the field of view. Overall, there is a standard deviation of only ±4.9% in illumination

intensity across the nearly 1 mm field of view of the objective. Although the intensity

does drop off towards one side of the field of view, this could potentially be improved

with better optical alignment.

An image of eosin stained tissue paper was acquired to indicate the quality of

images obtained using this set up and this is shown in figure 3.9.
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FIGURE 3.9: Image of eosin stained tissue paper taken using an epifluo-
rescence set-up with a quartz objective lens. Acquired with an exposure

time of 1 s.

Although this image was acquired at a high drive current of 500 mA (driving the

LED higher than the 350 mA recommended by the manufacturer) and an exposure

time of 1 second, the image has a low contrast (0.16) and relatively low fluorescence

counts. This is most likely due to the limited excitation power available at the spec-

imen plane and results in having to use particularly high exposure times to obtain

any fluorescent signal. Despite high drive current and high exposure time, the fluo-

rescence image is relatively poor compared to typical images of fluorescent specimens

obtained with commercial microscopes and visible wavelength light. This has im-

plications in applications such as time-lapse imaging where the long exposure times

required to obtain fluorescent signal will severely impact the temporal resolution of

the system, preventing dynamic processes from being observed.

3.3.4 Reflective Objective

To test the reflective objective, the set-up in figure 3.4 was used with the quartz ob-

jective lens replaced with the reflective objective. It is worth noting that the reflective

objective used here is extremely large in size, roughly 3x the thickness of a standard

microscope objective and also significantly longer. For this reason, the microscope

stage had to be moved in order to accommodate the size of this objective lens, along
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with its long working distance - a typical trait of reflective objectives [133].

The power at the specimen plane was measured to be 3.5 mW, significantly greater

than that of the quartz objective lens. This could be because of the reduced number

of optical elements in the reflective objective or because the UV-enhanced aluminium

mirrors provide greater reflectance at 280 nm than the quartz lenses provide transmis-

sion.

To demonstrate the illumination homogeneity of this lens, an image of the fluores-

cent slide illuminated using this objective is shown in figure 3.10.

FIGURE 3.10: Inhomogeneity of illumination across a fluorescent slide
when using epifluorescence illumination with a reflective objective.

From this figure, it is clear that an image of the LED chip is being focussed onto the

specimen plane due to the reasons described in section 3.1. This is apparent due to the

shape of the chip being visible within the field of view of the microscope, highlighting

the textured surface of the LED chip. This is less than ideal in fluorescence imaging

as images of the specimen will be distorted by the presence of the LED chip image.

Whilst the image of the LED chip could be magnified to fill the whole field of view of

the microscope, this would still provide inhomogenous illumination to the specimen

due to the heavily textured surface of the chip.

A quartz homogenising rod was implemented to rectify this. The effect of this can

be seen in figure 3.11, with the illumination profiles across the specimen plane both
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with and without the homogenising rod compared in figure 3.12.

FIGURE 3.11: Illumination pattern of 280 nm LED travelling through
a homogenising rod before being focussed through the reflective objec-

tive.

FIGURE 3.12: Intensity as a function of distance across the field of view
measured from figures 3.10 and 3.11.

As shown in these figures, the illumination homogeneity is much improved with

use of the homogenising rod compared to critical illumination, with a standard devi-

ation of ±15.3% when using a homogenising rod compared to ±34.8% when critical
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illumination is used - more than a twofold improvement in homogeneity of illumina-

tion.

To test the imaging quality of the reflective objective lens, eosin stained paper was

again imaged using this objective with the homogenising rod in place to ensure as

good illumination uniformity as possible. This was carried out using a drive current

of 350 mA and an exposure time of 500 ms. The resulting image is shown in figure

3.13.

FIGURE 3.13: Eosin stained tissue paper imaged in epifluorescence
with 280 nm excitation through a reflective objective lens.

This image show much improved fluorescence intensity compared to that of the

image obtained using the quartz objective (figure 3.9). Using equation 3.1, in this

technique we calculate an image contrast of 0.60, a 4-fold increase in that obtained

using the quartz objective.

However, when observing the image quality of figure 3.13, it becomes apparent

that there are some aspects where the reflective objective falls short. From this figure,

it is clear that there is a lack of flat-field correction within this objective as the periph-

ery of the image is out of focus whilst the center portion of the image is in focus. This

renders a large portion of the field of view of the microscope unusable as the mean-

ingful data occurs only within the center portion of the image. This is a common issue

with reflective objectives because of their inherent design - reflective objectives use
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curved mirrors to image specimens which can mean that the focal points of the image

can change depending on the position within the mirror which they are reflected.

3.3.5 Transmission Fluorescence

The next method of illumination to be tested was transmission fluorescence. The trans-

mission fluorescence microscope detailed in figure 3.5 was constructed fully from

quartz plano-convex lenses and a UV-enhanced aluminium mirror and, as a result,

transmission of 280 nm light is expected to be high for this set-up based on the mea-

sured transmission of 280 nm light through quartz lenses (table 3.3). An optical power

of 4.9 mW was measured at the specimen plane - higher than both set-ups using UV

compatible objective lenses - confirming the excellent transmission obtained by using

only quartz plano-convex lenses to provide illumination to the specimen. It is worth

noting that a much higher optical power at the specimen plane could be achieved by

removing the excitation filter, which significantly attenuates the power of the 280 nm

LED (or switching to the 300/50 nm filter). In transmission fluorescence, removing of

the filter completely can negatively impact image quality as it increases the amount

of excitation light reaching the detector. This is particularly impactful when using

this LED which, as reported in chapter 2, has broad-wavelength parasitic emission

overlapping with the emission wavelengths of the fluorescent samples used here. As

a result, there is a trade off between optical power reaching the specimen plane and

image contrast.

The homogeneity of illumination across the specimen plane when illuminating

using transmission fluorescence is shown in figure 3.14. The illumination is much

more homogeneous using this set up than that of the reflective objective and similar

to that of the quartz objective. From this data, the intensity of illumination across the

specimen plane has a standard deviation of only ±3.3%.

To determine the imaging quality of this optical set-up, eosin stained paper was

again imaged and this is shown in figure 3.15.

Immediately, this image has a much greater contrast than that acquired using the

quartz objective lens and comparable to the reflective objective. This could be due to

the high optical power at the specimen plane (close to 5 mW) which allows sufficient

fluorescence intensity to be excited from the eosin stained paper. Using equation 3.1,
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FIGURE 3.14: Intensity profile across the field of view of the transmis-
sion fluorescence set-up detailed in figure 3.14.

FIGURE 3.15: Eosin stained paper imaged using the transmission fluo-
rescence set-up detailed in figure 3.5
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Technique Homogeneity Contrast Usability
Quartz objective ± 4.9% 0.16 Limited magnifications and NAs

Reflective objective ± 15.3% 0.60 Limited magnifications and NAs
Transmission fluorescence ± 3.3% 0.64 Versatile choice of objectives

TABLE 3.3: Summary of deep-UV microscopy techniques presented in
chapter 3.

we calculate an image contrast of 0.64, the highest of the three techniques presented

here. This is a promising result because in this technique, image contrast relies heavily

on the ability of the excitation and emission filters in place to separate excitation from

fluorescence and allow a high signal-to-background ratio. This image confirms the

ability of these filters to produce a high-contrast fluorescence image akin to (or in cases

better than) epifluorescence images. Alongside this, because this image was acquired

with a commercial glass objective lens, the lens has been flat-field corrected which

means that this image does not suffer from the same issues of field curvature that the

image acquired using the reflective objective (figure 3.13). Although some out-of-focus

fibers are observed in this image, this is only because these fibers lie outwith the focal

plane of the objective lens rather than any optical aberrations.
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3.4 Discussion

As presented in section 3.3.1, the issue of transmission through commercial glass mi-

croscope optics leads to the essential use of quartz or UV-enhanced optics in all mi-

croscope designs for 280 nm illumination. All three techniques for UV illumination

presented here have advantages and disadvantages. Whilst a quartz objective would

be the initial choice for deep-UV imaging as this provides the ability to image in epi-

fluorescence mode, the most popular technique in fluorescence microscopy for gen-

erating high quality images, the performance is not as great as expected. The optical

throughput of this objective is poor, resulting in low power at the specimen plane, and

is insufficient for excitation of weakly-fluorescent specimens. This is demonstrated in

figure 3.9 which has low image contrast. Although the homogeneity of the quartz

epifluorescence configuration was not as good as that of transmission fluorescence,

this has the potential to be further improved by more precise alignment. In the set

up shown in figure 3.4, all optics were built on a vertical breadboard and aligned by

hand. In a more refined optical set-up for more repeatable image acquisition, a cage

system or fine translation control could be employed to align all optical elements to a

high tolerance.

In addition to this, these objective lenses come in very limited magnifications and

NAs - as mentioned previously, Zeiss manufacture only a 10x/0.2 objective and a

40x/0.6 glycerine immersion objective, limiting the NAs (and therefore fluorescence

intensities collected by the objective) to a fraction of those available in commercial

glass objectives.

Reflective objectives efficiently overcame the issue of transmission experienced by

the quartz lens, however, proved to provide their own issues. As demonstrated in

figure 3.13, reflective objectives suffer from field curvature which means that the pe-

riphery of the image and the center of the image are never in focus at the same time.

This results in distortion of the edges of the image, meaning that the field of view

must be dramatically cropped to view only the in-focus region. Reflective objectives

also suffer from the same lack of availability as quartz objectives. Although reflective

objectives are manufactured in a wider range of magnifications, these suffer from low

NAs compared to traditional glass objectives. A 75x magnification reflective objective
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has an NA of only 0.65, less than half of an Olympus oil immersion objective of similar

magnification [132, 133]. Reflective objectives are incompatible with any type of im-

mersion media except air due to their reflective elements which means that NAs can

never be above unity and that refractive index matching in specimens cannot be car-

ried out to reduce spherical aberration in imaging. Reflective objectives, however, are

free from chromatic aberration - their reflective, rather than refractive nature ensures

that light of all wavelengths are focussed to the same point [132].

In comparison to this, the use of a transmission fluorescence set-up bypasses the

need for a UV-compatible objective lens, arguably the most troublesome component

to obtain when designing a microscope compatible with 280 nm light. A transmission

fluorescence set-up uses off the shelf optical components such as quartz plano-convex

lenses, irises and a mirror which are easily obtainable and inexpensive. These can

be used in combination with optical components already present in most microscope

labs such as stages, glass objective lenses and cameras. Perhaps the most attractive

property of using a transmission set-up compared to the two epifluorescence set-ups

described here is the ability to use standard glass objective lenses. This allows much

more versatility in imaging, ranging from low magnification (4x) to high magnifica-

tion (100x) and spanning all immersion media including water and oil. This gives

much more freedom in image magnifications and resolutions when compared to both

quartz and reflective objectives which come only in a small variety of magnifications

and offer limited NAs compared to their glass counterparts. Whilst transmission flu-

orescence relies heavily on excitation and emission filters to separate excitation light

and fluorescence to preserve image contrast, the objective lens can also act as a fil-

ter itself because of its inability to transmit 280 nm light. This was demonstrated in

MUSE [10] which did not require any excitation filter as the objective lens worked to

block excitation light. Unfortunately, due to the parasitic emission observed in the 280

nm LED used in this work, the objective lens alone is not sufficient to spectrally sep-

arate excitation and emission light. As a result, an excitation filter is required which

introduces a trade-off between optical power at the specimen plane and image con-

trast. However, as demonstrated in figure 3.15, this does not seem to cause an issue

as an image with good contrast and fluorescent signal is achieved whilst using the

excitation filter. Though the issue of parasitic emission is common in deep-UV LEDs,
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technology in this area is advancing and it is hoped that with time, new LEDs will be

developed which have narrow emission at 280 nm which will make it much easier to

spectrally separate from fluorescence emission. Another benefit to using transmission

fluorescence is that it can easily be applied to existing commercial microscopes with

minimal disturbance. For example, the condenser unit of a commercial microscope

can easily be removed and the optics described in figure 3.5 placed along the optical

bench to reflect light up to the specimen plane. This results in the advantage of high-

throughput transmission of 280 nm light to the specimen plane combined with the

excellent usability of the commercial microscope, such as a stage with x/y/z control,

an objective turret and a filter wheel.

Transmission illumination allows for much greater flexibility in objective lenses

when compared to techniques such as MUSE, including high magnification, high nu-

merical aperture lenses which allow for more detailed imaging of cell specimens with

improved resolution. In addition to this, the limited penetration depth of 280 nm light

within thick tissues has limited MUSE to illuminating and detecting on the same side

of the specimen. However, with sufficiently thin specimens (i.e. less than a few µm

in thickness), the limited penetration depth of 280 nm light becomes less of a concern

and transmission fluorescence imaging is possible.

When comparing these three techniques, it is clear that the transmission fluores-

cence set-up is superior to both epifluorescence set-ups using quartz and reflective ob-

jectives. The transmission set-up provides high optical power at the specimen plane,

excellent illumination homogeneity, high image contrast and flexibility regarding ob-

jective lenses. Furthermore, it can be constructed from off-the-shelf components and

is therefore easy to implement and much more cost effective than purchasing a UV-

compatible objective lens. For this reason, a transmission fluorescence set-up was

chosen for the application of 280 nm LEDs to fluorescence imaging presented in the

following chapters 4 and 5.
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3.5 Conclusion

One of the most prevalent issues in integrating 280 nm light into optical microscopy

is the low transmission of deep-UV wavelengths through glass - for this reason, using

a commercial microscope is not possible. This chapter first quantified transmission

of 280 nm light through commercial microscope optics, confirming that integration of

the LED into a commercial microscope without modification of lens elements was not

practicable. This chapter then presented three methods of illuminating the specimen

to overcome this issue - a fully-quartz epifluorescence set-up using both a quartz ob-

jective and a reflective objective and a fully-quartz transmission fluorescence set-up.

Properties such as optical power reaching the specimen plane, illumination homo-

geneity and image contrast were compared for each optical design to determine the

most appropriate choice for future microscope applications. It was found that the

quartz objective lens provided too little power at the specimen plane to generate suf-

ficient fluorescence intensity from specimens, meaning that image contrast was low.

The reflective objective overcame this problem due to its increased transmission of 280

nm light, however it was possible to illuminate only in critical illumination with this

objective, meaning that an image of the LED chip was projected onto the specimen,

providing poor illumination homogeneity. This was overcome by using a homogenis-

ing rod, but when imaging fluorescent specimens it became apparent that the objec-

tive suffered from field curvature, meaning that the center and periphery of images

could never be in focus simultaneously. Finally, a transmission fluorescence set-up

provided excellent throughput of optical power to the specimen plane, illumination

homogeneity and image contrast. As a result, transmission fluorescence was chosen

as the method to provide 280 nm excitation of fluorescent specimens in the following

thesis chapters.
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Chapter 4

280 nm Excitation of Quantum Dots

Semiconductor quantum dots (QDs) have significant advantages over more tradi-

tional fluorophores used in fluorescence microscopy. QDs are bright, photostable and

emit in a wide spectral range spanning the entire visible spectrum. QDs have a unique,

broad excitation spectrum with extinction coefficients increasing dramatically into the

deep-UV. However, due to limited availability of suitable light sources, QDs are often

excited far from their optimum excitation wavelengths in the deep-UV. Based on their

excitation spectrum, it is expected that excitation at a wavelength of 280 nm would

yield greater fluorescence intensity when compared to longer, more accessible wave-

lengths, and hence improve image quality. Now, the high-brightness 280 nm LED in

use in this thesis, combined with the optical design for illumination described in chap-

ter 3, provides the opportunity to carry out 280 nm excitation of QDs used as cellular

labels.

In this chapter, I use an adaptation of the transmission fluorescence set-up devel-

oped in chapter 3 to image these with 280 nm excitation. I then go on to determine

whether there is an improvement in fluorescence intensity when using 280 nm light to

excite semiconductor QDs when compared to a longer, more commercially available

wavelength of 365 nm, and the extent of this increase. I also investigate the limita-

tions in applying 280 nm excitation of QDs to live cell imaging. Parts of this chapter

have been reproduced, with permission, from the following work published by IOP

Publishing: Mollie McFarlane, Nicholas Hall and Gail McConnell "Enhanced fluores-

cence from semiconductor quantum dot-labelled cells excited at 280 nm", Methods

Applications in Fluorescence, 2022, 10, 025004.
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4.1 Introduction

As covered in chapter 1, QDs have several significant advantages over traditional flu-

orophores commonly used in fluorescence microscopy which make them appealing

for cell imaging applications [141][102][142]. QDs have optical properties which make

them excellent for fluorescence imaging, including their narrow spectral bands which

make them easy to separate from both each other and from excitation light [102]. QDs

are known to be highly photostable which is appealing for long-term imaging of live

cells [89]. However, one of their most interesting properties is their broad, contin-

uous excitation spectrum which differs significantly from the organic fluorophores

commonly used in fluorescence microscopy. The excitation spectrum of QDs spans

from the wavelength corresponding to the semiconductor bandgap deep into the UV,

allowing the excitation of QDs at essentially any wavelength below their semiconduc-

tor bandgap [86]. An example of this is shown in figure 4.1 which shows the excitation

and emission spectra of two commercial QD products, QD525 and QD605.

FIGURE 4.1: Excitation and emission spectra of commercial semicon-
ductor QDs QD525 and QD605.

QDs are currently most often excited in the blue or near-UV region of the spec-

trum due to availability of suitable light sources. Before the widespread use of LEDs

in widefield fluorescence microscopy, excitation of QDs was achieved using arc lamps

with excitation filters centering around wavelengths such as 470 nm [89] [143]. Previ-

ous choices in confocal microscopy include the 488 nm laser line [105, 144, 145, 146]
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and the 405 nm laser line [147].

Despite the common use of blue excitation wavelengths, the extinction coefficients

of QDs increase dramatically with shorter wavelengths [49]. This makes the use of

deep-UV light advantageous as short wavelengths yield greater probability of exci-

tation, leading to increased fluorescence. Whilst a basic requirement of an excitation

light source is that it overlaps generally with the excitation spectrum of the chosen

fluorophore, wavelengths which closely match the peak of the excitation spectrum

increase the fluorescent signal available in fluorescence imaging [54, 77].

Now, with the high-brightness 280 nm LEDs used in this thesis, there is the pos-

sibility of achieving the required power at the specimen plane to excite fluorescence

from fluorescent specimens in microscopy. Based on the reasons described above, we

would expect excitation at this wavelength to provide significantly greater fluores-

cence intensity when compared to longer, more commonly used wavelengths in the

near-UV or blue. This enhanced fluorescence intensity combined with the already

notable optical properties of QDs can provide great advantage in fluorescence mi-

croscopy. Alongside this, excitation at a wavelength of 280 nm creates a larger effective

Stokes shift which is advantageous because not only does 280 nm light allow simulta-

neous excitation of multiple sizes of QD it also allows enhanced spectral separation in

applications in which image contrast is of particularly high importance [49].

For these reasons, the work described in this chapter set out to compare the excita-

tion efficiency of semiconductor QDs excited at 280 nm to a longer, more commercially

available wavelength of 365 nm, already in possession of many microscopists for ex-

citation of common fluorophores such as DAPI.
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4.2 Methods

4.2.1 Optical set-up for 280 nm and 365 nm light delivery

The transmission fluorescence microscope set-up developed in chapter 3 (figure 3.5)

was adapted to image QDs with both 280 nm and 365 nm light. To do this, the quartz

optical path from figure 3.5 was moved onto the bottom of a commercial microscope,

as shown in figure 4.2.

FIGURE 4.2: Modified Olympus BX50 microscope developed to deliver
365 nm light and 280 nm light to the specimen plane. 365 nm light was
delivered to the specimen through the epifluorescence pathway of the
commercial microscope and 280 nm light was delivered to the specimen

in transmission fluorescence using quartz optics.

The microscope used was an Olympus BX50 upright widefield system. To add

the transmission pathway, the condenser unit was completely removed from the mi-

croscope, leaving a gap between the microscope base and the stage for optics to be

added.

As in the previous chapter, the 280 nm light was relayed to the specimen plane as

follows: the 280 nm LED was collimated by the set of 2 plano convex lenses, placed

together to increase the collection efficiency of 280 nm photons and through the 300/50
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nm excitation filter to ensure that no parasitic emission is transmitted. The 300/50

nm filter was used in place of the 280/10 nm filter to allow as much 280 nm light

as possible to reach the specimen plane. Light was then relayed through two quartz

lenses (Thorlabs LA4380-UV, LA4148-UV) to achieve better illumination uniformity,

as focusing the light onto the specimen plane creates areas of uneven illumination

due to the heavily patterned surface of the LED chip (as previously shown in figure

3.10). In addition to the transmission fluorescence set up described previously, here

the spot size of the illumination light was then reduced using an additional quartz lens

pair (Thorlabs LA4148-UV, LA4052-UV) to roughly match the illumination spot size

to the field of view of the microscope. This ensured that no light was being wasted on

illuminating parts of the specimen outwith the area that could be imaged at any given

time. Light was then reflected to the specimen plane at 90◦ using the UV-enhanced

aluminium mirror.

The 365 nm excitation was achieved in epifluorescence mode by attaching a CoolLED

pE-300white SB illuminator system to the epifluorescence port of the BX50 microscope.

The illumination from the 365 nm LED was homogenized by aligning the microscope

for Köhler illumination. A 400 nm dichroic mirror was used in the filter cube to re-

flect the 365 nm light to the specimen plane. In the emission filter port in the filter

cube, a 525/20 filter was used for detection of 525 nm emitting QDs (Semrock FF03-

525/50-25), and a 561 LP emission filter was used for detection of 605 nm emitting

QDs (Semrock BLP02-561R-25). Finally, a Teledyne Photometrics CoolSnap HQ2 cam-

era with 14-bit digitization was used as a detector.

4.2.2 Labelling of mammalian cells with commerical semiconductor QDs

As described in detail in chapter 1, labelling cells with QDs can take many forms

and three methods of doing so were investigated to determine the optimum cell la-

belling method. These were using either streptavidin-conjugated QDs or QDs directly

conjugated to an antibody, both purchased commercially. In the case of streptavidin

conjugated QDs, these can either be used to label the endogenous biotin within the

cell, or used with a biotinylated secondary antibody to create a versatile probe against

the target protein of choice. In the case of QDs conjugated to an antibody, these can be

used against any primary antibody provided it is raised in the correct species.
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HeLa cells were used in this work. HeLa cells are the most widely used human cell

line used in biological studies [148] and are a robust cell line. HeLa cells were cul-

tured in Dulbecco’s modified eagle medium (DMEM) supplemented with 10% Fetal

Bovine Serum (FBS), 1% L-Glutamine and 1% penicillin-streptomycin and kept in a

37◦C incubator with 5% CO2. To prepare cells for imaging, cells were seeded onto

quartz coverslips (Alfa Aesar 43211) coated in a 1:100 solution of fibronectin (Sigma

Aldrich F1141-1MG) and allowed to grow in a 6 well plate until they were 60-80%

confluent. The cell media was removed and the cells were subsequently fixed in 4%

formaldehyde by adding 1 ml of formaldehyde to the well plate for 20 minutes in a

37◦C incubator. After this time, cells were washed 3x with PBS.

The following protocol to label fixed cells with streptavidin-functionalised QDs was

adapted from Thermo Fisher Scientific [149]. After fixation, the cell membrane was

permeabilised to allow antibodies and QDs to enter the cell. Permeabilisaiton buffer

was made using 0.25% Triton X-100 (Thermo Fisher A16046.0F) in PBS. 1 ml of this so-

lution was added to the well for 20 minutes. The coverslips were then removed from

the well plates and washed in a petri dish filled with PBS for 5 minutes, 3 times.

First, the endogenous biotin within the cells was labelled to assess the suitability of

streptavidin-conjugated QDs as a non-specific cell label. Biotin occurs naturally within

the cytoplasm and mitochondria in a wide variety of cell types and as a result the

streptavidin-QD conjugates can be used to non-specifically label the cell. For labelling

of endogenous biotin, streptavidin-conjuaged QDs emitting at 525 nm were prepared

by diluting 2µl of stock QD525 streptavidin conjugate in 100 ml of blocking buffer (6%

bovine serum albumin (BSA) in PBS). This was added to the cell-coated coverslip for 2

hours. After this time, the cells were washed with PBS and the coverslip was mounted

onto a quartz microscope slide (Alfa Aesar 42296) using gelvatol mounting medium.

Next, a 3-step anibody labelling was tested which uses a biotinylated secondary

antibody against a primary antibody for the target of interest. Using this antibody can

provide flexible and versatile use, as any wavelength of streptavidin-conjugated QD

can be used with a single biotinylated antibody. This is considerably less costly than

purchasing a QD-conjugated antibody for each required QD emission wavelength.

For antibody labelling of cells with a biotinylated secondary antibody, fixation and

permeabilisation were performed as above and subsequent steps were performed in
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a humidity chamber. This was constructed using a glass Petri dish with a small piece

of wet tissue paper on the base. On top of this, parafilm was added to cover the tis-

sue paper and the coverslip was put on top. This humidity chamber prevents further

buffers added to the coverslip from drying out. First, blocking of endogeneous bi-

otin was performed. As mentioned, biotin occurs naturally within the cell, therefore

blocking is necessary as without this step, streptavidin conjugates will bind to exist-

ing biotin sites and interfere with the specificity of the antibody labelling. To achieve

this, a commercial biotin blocking kit (Invitrogen E21390) was used. This kit contains

two reagents designed to be used sequentially. Firstly, unlabelled streptavidin (com-

ponent A) was added to the cell specimen to bind to the endogenous biotin sites for 45

minutes. Three 5-minute washes were performed in PBS. Secondly, unlabelled biotin

was added (component B) for 45 minutes to bind to the streptavidin, effectively ren-

dering the cell free of available biotin sites. Three 5-minute washes were subsequently

performed in PBS.

Next, all other potential binding sites in the cell were blocked in order to prevent

non-specific antibody binding. This was done using 6% BSA in PBS. 1ml of blocking

buffer was added to the coverslip for 1 hour. Three 5-minute washes were subse-

quently performed in PBS.

A primary antibody was then chosen for a cellular target. The first cellular tar-

gets chosen to label using immunolabelling were focal adhesions using an antibody

against Paxillin (ThermoFisher MA5-13356). Tubulin (ThermoFisher A11126) was also

chosen as a target due to its occurrence throughout the cell cytoplasm, providing many

binding sites for QDs. The primary antibody was diluted 1:200 in blocking buffer and

added to the coverslip. The coverslip was then left overnight in the fridge to allow

binding of the primary antibody to bind to the cell.

Next, the specimen was washed 3 times in PBS for 5 minutes each. Subsequently,

an anti-mouse biotinylated antibody was added to the coverslip at a dilution of 1:200

in blocking buffer. This was left at room temperature for 2 hours to allow binding

of the secondary antibody to the primary antibody. After this time, three, 5-minute

washes were again performed in PBS.
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Finally, the QD525 streptavidin conjugate was prepared by diluting the stock so-

lution (ThermoFisher Q10151MP) in 200 µl of blocking buffer to obtain a concentra-

tion of between 10 nM and 40 nM. This was added to the coverslip and left at room

temperature for 2 hours. After this time, 3, 5-minute washes were performed in PBS

and the coverslip was mounted to a quartz microscope slide using gelvatol mounting

medium.

Next, a 2-step method using a secondary antibody already conjugated to QD525

was investigated. Using an immunolabelling process with 2 components rather than

3 can reduce the probability of mistakes in the labelling process as there are less

steps. To label cells using 2-step immunolabelling, anti-mouse secondary antibodies

raised in donkey and conjugated to QD525 were purchased from Thermofisher Scien-

tific (Q22073). The protocol to label using these antibodies is very similar to that of

strepavidin-based labelling but with less steps. Cells were fixed and permeabilised as

described previously. Cells were subsequently blocked with 6% BSA in PBS for one

hour. The primary antibody against tubulin was added to the coverslip as described

previously, and left overnight. The next morning, the secondary antibody-QD con-

jugate was added at a dilution of 1:50 for two hours. Coverslips were washed and

mounted to a quartz microscope slide using gelvatol.

To identify the quality of the immunolabelling, cells were imaged using the epi-

fluorescence pathway of the microscope in figure 4.2 under 365 nm excitation. Cells

were imaged using a 40x/0.95 NA objective lens or 60x/1.4 NA oil immersion objec-

tive lens. All imaging acquisitions in this chapter were performed using µManager

[150]. Cell images were analysed using Fiji and equation 3.1 was used to quantify the

image contrast.

4.2.3 Comparison of excitation of QDs at 280 nm and 365 nm

The optical set-up described in figure 4.2 was used for all acquisitions with a 10X/0.4

NA objective lens.

The spectra of the 365 nm and 280 nm LEDs were measured at the specimen plane

to ensure that the wavelengths of light reaching the QDs from the epifluorescence

pathway was in fact 365 nm. This was done using the Ocean Optics USB2000+UV-Vis

spectrometer described in chapter 2. These LED spectra were compared against each
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other to ensure there was no spectral overlap in excitation that would convolute the

comparison of 280 nm and 365 nm excitation.

The power of excitation light at the specimen plane was measured using a Thorlabs

power meter with the UV-extended photodiode sensor described in chapter 2. When

measuring each wavelength of light, the detection wavelength was programmed into

the power meter to account for wavelength dependency in the detector. LED drive

currents were adjusted to ensure the optical power at the specimen plane was equal

for each wavelength of light.

The homogeneity of illumination for both excitation wavelengths were measured

using a fluorescent microscope slide (Chroma 92001). The slide was placed at the

focal plane of the 10X objective and sequentially illuminated with each wavelength of

light. For each wavelength, an image was acquired with an exposure time of 150 ms.

To determine the illumination uniformity of 365 nm and 280 nm light, images of the

fluorescent slide were opened in Fiji. For each image, a line profile with a width of

50 pixels was taken horizontally across the field of view, and the intensity plotted as a

function of distance. The standard deviation of the mean intensity was calculated for

each illumination wavelength.

Images of a blank quartz coverslip-slide combination were obtained to measure

the background of each image. This was done by placing a coverslip on top of a slide

at the specimen plane and illuminating with each wavelength of light. The average

background intensity value was later subtracted from each QD image pair.

The autofluorescence of unlabelled HeLa cells was also investigated to ensure any

increase in fluorescence in QD labelled cells was due to increased QD excitation ef-

ficiency rather than increased autofluorescence. To do this, HeLa cells were cultured

as above and seeded onto quartz coverslips for 24 h. After this time, cells were fixed

with 4% formaldehyde and mounted onto a quartz microscope slide using gelvatol.

Unlabelled HeLa cells were imaged with the same camera exposure and LED power

as the QD image pair. The mean autofluorescence intensity across all cells in the field

of view was measured at each excitation wavelength and these were later subtracted

from fluorescence intensities of QD-labelled cells.

Two QD-labelled HeLa cell specimens were used to determine whether there was

an increase in fluorescence intensity associated with 280 nm - the first was labelled
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using 525 emitting QDs (QD525) and the second was labelled using QDs emitting

at 605 nm (QD605), both against cellular target tubulin. These two sizes of QDs were

chosen to confirm that any observed increase in fluorescence from QDs was applicable

to multiple sizes of QDs and not just the ones in use. HeLa cells were labelled as

described above, using an anti-tubulin antibody, a biotinylated secondary antibody

and either QD525 or QD605 labels. QD-labelled cells were imaged first with 365 nm

excitation light, then the same region was immediately imaged with 280 nm excitation

of the same optical power. The power at the specimen plane and camera exposure

were set to 3.8 mW and 500 ms, respectively, for QD525-labelled cells, and 4.8 mW

and 100 ms for QD605-labelled cells. Optical powers and camera exposure times were

chosen to avoid overexposure in images due to differing quantum yields between

QD525 and QD605 samples.

Data analysis was performed using a Python code found in Appendix A [151].

This code was written by Nicholas Hall. To briefly describe how this works, images

of QD-labelled HeLa cells excited at both wavelengths (referred to from now on as

"image pairs") were imported into Python, alongside background images and autoflu-

orescence images. Image pairs were background corrected by subtracting the average

background intensity value from the acquired background images. Next, autofluo-

rescence images were thresholded using an Otsu algorithm [152] to create regions of

interest (ROIs) around cells. A mean intensity was then obtained from these cellular

ROIs to calculate the mean autofluorescence intensity of cells excited with 280 nm and

365 nm. The QD image pairs were then thresholded using the same Otsu algorithm to

isolate the regions of interest containing fluorescent signal from QDs in both images.

280 nm:365 nm intensity signal ratios were then calculated on a pixel-by pixel basis

and mean autofluorescence values from cells excited at 280 nm and 365 nm were sub-

tracted to ensure that increases in intensity reflect enhanced fluorescence from QDs

and not higher autofluorescence from cells. By using the measured fluorescent signal

and background intensity values, equation 3.1 could be used to calculate the image

contrast. Finally, fluorescence intensity distributions from images excited with 280

nm and 365 nm were subjected to Welch’s t-test [153] under the null hypothesis that

the intensity distributions have identical mean values, implying that there is no sig-

nificant difference in emission intensity between excitation wavelengths.
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4.2.4 Photobleaching of QDs under 280 nm excitation

The rate of photobleaching of QDs irradiated with 280 nm and 365 nm was investi-

gated over an 8 hour period to ensure that the higher energy associated with 280 nm

light did not have a more profound effect on photobleaching of QD-labelled cells. To

compare photobleaching of QDs illuminated with different excitation wavelengths,

HeLa cells with QD605 labelled microtubules were prepared as above on quartz cov-

erslips and slides.

Each QD605-labelled cell specimen was exposed to each wavelength of light for

an 8 hour period. An optical power of 0.45 mW at the specimen plane was chosen

for both wavelengths of light to avoid degradation of the gelvatol over long periods

of irradiation with high-intensity 280 nm light. Cells were irradiated constantly with

light and imaged once every 10 minutes at a camera exposure of 500 ms. Experiments

were repeated in triplicate.

To analyse the photobleaching rate of QDs, a thresholding operation was per-

formed using Fiji and using this, ROIs were created around each cell. This was ap-

plied to the corresponding time-lapse image stack and the mean intensity of the cellu-

lar ROIs were measured for each frame. Mean fluorescence intensity was then plotted

as a function of time.

4.2.5 Cell Viability under 280 nm irradiation

To investigate the effect of 280 nm irradiation on live cells, and hence the possibility

of applying 280 nm excitation of QDs to live cell imaging, the 280 nm light path was

moved onto an inverted microscope (Olympus IX71) to facilitate live cell imaging. The

adapted set-up can be found in figure 4.3.

One key difference in this set-up is in the LED illuminator. The 280 nm LED

used in the study was developed into a prototype illuminator product, the pE-280,

by CoolLED. This unit is much improved over the LAM design used previously as it

can be connected to a PC to drive the LED electronically. This is particularly impor-

tant for time-lapse imaging, where an image is acquired at regular intervals, as the

LED can be triggered automatically by the PC to acquire an image. The LED unit also

has a white LED for brightfield imaging. However, internal elements such as dichroic
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FIGURE 4.3: Amended version of the optical set-up described in figure
4.2 for an inverted system.

mirrors used to guide the LED light to the exit, mean that some optical power is lost

compared to when using the LED chip-on-board. In this case, a maximum optical

power at the specimen plane of 2.5 mW was achieved compared to the almost 4.8

mW optical power achieved when using the transmission fluorescence set-up shown

in figure 4.2. Some optics were adjusted as follows to better match the output of the

pE-280.

In the CoolLED illuminator design, light is collimated by a 2-inch diameter quartz

lens, creating a wide, 2-inch beam diameter. For this reason, another 2-inch diameter

quartz lens is required to re-focus the light as a standard 1-inch optic will result in a

significant amount of light being lost. This lens was a f = 60 mm lens from Thorlabs

(LA4464-UV). This light is allowed to diverge and is then re-collimated by a f = 100

mm quartz lens (Thorlabs LA4380-UV). It is then reflected at an angle of 90◦ to the

specimen plane by the 280 nm dichroic mirror used previously in chapter 3. This

mirror not only reflects the 280 nm light downwards to the specimen, but also helps

to reduce the parasitic emission from the LED discussed in chapter 2. Finally, a heated

stage plate (Linkam Scientific CO 102) was placed on the microscope stage to facilitate
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a constant temperature of 37◦C for live cell imaging.

When imaging live cells, they are most commonly kept in imaging chambers such

as ibidi dishes (Ibidi 81156). These are designed specifically for live cell imaging with

inverted microscopes and cells can be grown in these dishes and allowed to adhere to

the bottom surface, through which they can be imaged. This allows cells to be imaged

in culture media which will allow optimum conditions for the cells to remain alive

whilst imaging. However, the top and bottom surfaces of ibidi dishes are made from

glass or polymer, and, as is a recurring theme throughout this thesis, are incompatible

with 280 nm light. As the optical set-up described here use transmission fluorescence

to image cells, the top surface of the dish must be replaced with quartz such that illu-

mination light can reach the cells, and the bottom surface must also be replaced with

quartz such that the surface does not autofluoresce and cause poor image contrast (as

discussed in chapter 3). The bottom surface of an ibidi dish is made from a polymer or

glass coverslip which was then replaced with a quartz coverslip by gluing with a wa-

tertight, alcohol resistant adhesive (Techsil Momentive RTV157). This type of adhesive

was found to be key in developing this quartz ibidi dish, as other glues such as super-

glue were not resistant to liquid or humidity and as a result dissolved in the incubator.

A hole was cut into the lid of the dish and on top of this hole a second quartz coverslip

was glued. This quartz dish allowed cells grown on the bottom quartz coverslip to be

imaged using the inverted microscope and 280 nm light was able to penetrate the top

surface to irradiate the cells.

To identify when cells were no longer viable, propidium iodide (PI) was used as a

cell stain. PI is cell-impermeant to live cells, and as a result it is often used as a marker

for determining if a cell is dead [154]. PI is a nuclear stain, attaching itself between

the bases of DNA. To first identify a threshold which indicates a cell was no longer

viable, HeLa cells were fixed and stained with PI to measure fluorescence intensity

from PI within dead cells. HeLa cells were cultured on coverslips for 24 h, fixed with

4% formaldehyde for 20 min and stained with 1.5 µM PI for 5 min. Fixed cells were

imaged with a 10x/0.3 NA lens at an excitation wavelength of 525 nm and collected

through a 620/60 nm emission filter (Chroma ET620/60m) with a camera exposure of

500 ms.

Next, live HeLa cells were cultured for 24 h in the quartz Ibidi dishes with the
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bottom surface coated in fibronectin. Before imaging, cell media was removed and re-

placed with Fluorobrite DMEM imaging media incubated with 1.5 M of PI. Cells were

initially imaged in brightfield at an exposure time of 10 ms to identify the positions

of cells within the field of view. Cells were then exposed to 2.5 mW of 280 nm light

over a 500 ms period at 5 minute intervals to mimic a typical time-lapse experiment.

At each 5-minute interval, following exposure to 280 nm light, fluorescence images of

PI within cells were acquired at a camera exposure time of 500 ms, with excitation at

525 nm and emission measured using a 620/60 nm emission filter. Experiments were

repeated in triplicate.

To analyse this data, a mean fluorescence intensity from the fixed, PI stained HeLa

cells was obtained to give a benchmark against which the intensity of PI within live

cells would be measured. This was done in Fiji by thresholding the image of fixed cells,

creating ROIs around the cell nuclei and then obtaining a mean intensity value. In live

cell images, a population of 50 cells from the initial brightfield frame was chosen and

regions of interest were taken across the cell nuclei. In each timepoint, the intensity of

the cell nucleus was measured and the cell was defined as dead when the intensity of

the nucleus reached the threshold set by the fixed cells. The number of viable cells as

a percentage was then plotted against time.
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4.3 Results

4.3.1 Antibody labelling of mammalian cells

FIGURE 4.4: HeLa cells labelled with QD525 by allowing the
streptavidin-conjugated QDs to bind to endogenous biotin within the

cell. Excited at 365 nm and imaged using a commercial microscope.

Cells whose endogenous biotin has been labelled with QD525 is shown in figure

4.4.

Whilst it seems that the QDs have successfully attached to the biotin within the

cell, the image contrast is very poor. When using equation 3.1 to calculate image con-

trast, this gives a value of only 0.07. This could potentially be due to low levels of

endogenous biotin within the cell, meaning that limited streptavidin-conjuaged QDs

are able to bind and resulting in low fluorescence signal. In general the image quality

is poor with high levels of noise due to the low fluorescent signal.

The first cellular target used for immunolabelling with a biotinylated antibody was

paxillin and images of the cell specimen is shown in figure 4.5.

Similarly to that of endogenous biotin labelling, these cells exhibit a very weak flu-

orescent signal from within the cell cytoplasm. When compared to other examples of

focal adhesions labelled using an antibody against paxillin (e.g. [155]) it is clear that
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FIGURE 4.5: HeLa cells labelled with QD525 using indirect antibody
labelling against Paxillin (focal adhesions). Excited at 365 nm and im-

aged using a commercial microscope.

the fluorescent signal from within the cell comes from non-specific binding within

the cytoplasm rather than focal adhesions, which occur around the perimeter of the

cell. In additon to this, image contrast is low, with a value of only 0.33. After sev-

eral unsuccessful attempts at labelling focal adhesions within the cell, this target was

abandoned.

Next, an antibody against tubulin was chosen for use with the biotinylated sec-

ondary antibody. HeLa cells with microtubules labelled with QDs are shown in figure

4.6. Cells within these images have a much greater image contrast with bright fluores-

cent signal when compared to paxillin, with a value of 0.57. This is likely due to more

specific binding of the QDs to the intended target, possibly due to the use of a better

quality antibody. When compared to previous examples of tubulin labelling, these

samples agree well with the structure of tubulin, with microtubule networks visible

within the cell cytoplasm.

For these reasons including the increased performance when compared to anti-

paxillin antibodies, tubulin was chosen as the cellular target for imaging QD-labelled

cells in following experiments.
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FIGURE 4.6: HeLa cells labelled with QD605 using streptavidin QDs
and a biotinylated secondary antibody. The cellular target is tubulin.

Excited at 365 nm and imaged using a commercial microscope.
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FIGURE 4.7: HeLa cells labelled with QD525 using indirect antibody
labelling against tubulin. Excited at 365 nm and imaged using a com-

mercial microscope.

Finally, labelling was repeated using a QD525-conjugated secondary antibody to

test performance between this method and using a biotinylated antibody. The result

of this is shown in figure 4.7.

These cells show good labelling, with visible microtubules within the cell con-

firming the antibody has good specificity. This image also has good contrast of 0.63.

However, as this labelling method shows limited improvement compared to using a

biotinylated antibody to label microtubules in figure 4.6, the versatility of the biotiny-

lated antibody becomes more advantageous as this can be used to label cells with any

QD streptavidin conjugate of choice. Therefore, the biotinylated antibody against a

cellular target of tubulin was chosen for investigations into the excitation efficiency of

280 nm LEDs in QD imaging.



118 Chapter 4. 280 nm Excitation of Quantum Dots

4.3.2 Excitation of QD-labelled cells at a wavelength of 280 nm compared

to 365 nm

The spectrum of the 280 nm and 365 nm LEDs used in this study, as measured at the

specimen plane, are shown in figure 4.8.

FIGURE 4.8: Spectra of the LEDs used to compare excitation of semi-
conductor QD–labelled cells.

This confirms that the intended excitation wavelengths, 365 nm and 280 nm, are

reaching the specimen plane to excite fluorescence from the QD-labelled specimens

and that there is no overlap in excitation wavelength that may convolute results.

In order to understand the extent of which any inhomogeneity in illumination may

affect intensity ratios, the variation in illumination across the field of view of the mi-

croscope for each illumination wavelength is shown in figure 4.9.

The 280 nm LED exhibits a deviation of ±3.4% in intensity from the mean across

the field of view of the microscope and the 365 nm LED exhibits a deviation of ±4.6%

in intensity from the mean. Due to the differences in illumination intensity across

the field of view for each LED, this could result in higher standard deviations when
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FIGURE 4.9: Variation in illumination intensity across the field of view
of a 10x lens for 365 nm and 280 nm illumination.

considering the increase in fluorescence intensity when using 280 nm light compared

to 365 nm light.

The autofluorescence images of unlabelled HeLa cells are shown in figure 4.10,

along with the mean intensity values (in grey levels) associated with cell autofluores-

cence. The mean autofluorescence intensities for cells excited with 365 nm light and

280 nm light detected at a wavelength of 525 nm were 24 ± 20 and 71 ± 21, respec-

tively. The autofluorescence intensity of cells excited at 280 nm is higher than of those

excited with 365 nm. This is to be expected as 280 nm is known to be the peak exci-

tation wavelength of several naturally occurring fluorophores within the cell, notably

tryptophan and tyrosine [13]. The mean autofluorescence values were subtracted from

mean QD intensity values to ensure that any increase in fluorescence occurring at

an excitation wavelength of 280 nm was from increased excitation efficiency of QDs

rather than increased autofluorescence.

Images of QD525-labelled HeLa cells excited with 280 nm and 365 nm light are

shown in Figure 4.11. Figure 4.11a shows QD525-labelled cells excited with 365 nm

light, and 4.11b shows cells excited with 280 nm light, with the same contrast ad-

justment. From the first glance, QD-labelled cells appear significantly brighter when
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(A) 365 nm excitation (B) 280 nm excitation

(C) Intensity bargraph

FIGURE 4.10: Comparison of cell autofluorescence of (a) and (b) as de-
tected at 525 nm. Y-axis values correspond to grey levels. Error bars
correspond to the standard deviation of the mean pixel intensity within

cell regions of interest.

excited with 280 nm light, although minimal intensity contributions will come from

the increased cellular autofluorescence shown in figure 4.10. However, this increase

in fluorescence combined with minimal change in background intensity results in a

much improved signal-to-background ratio and therefore image quality. To quantify

the image contrast, equation 3.1 was used and yields a contrast of 0.69 with 280 nm

excitation and 0.35 with 365 nm excitation.

To quantitatively describe the increase in fluorescence intensity from QDs excited
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(A) 365 nm excitation (B) 280 nm excitation
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(C) Distribution of 280:365 nm fluorescent signal ratio

FIGURE 4.11: HeLa cells with QD525-labelled microtubules excited
with (a) a wavelength of 365 nm and (b) a wavelength of 280 nm. (c)
The probability distribution of the ratios of fluorescent signal from 280
nm and 365 nm excitation. The mean of the distribution is 3.59. The
area shaded in red represents the the ratios > 1, which comprise 0.91 of

the total cumulative probability density which is above 0.

with 280 nm, the distribution of 280 nm:365 nm intensity ratios is shown in figure

4.11c. This data yields a mean intensity ratio of 3.59, meaning that on average QD525-

labelled cells excited with 280 nm are 3.59x brighter than those excited with 365 nm.

Furthermore, a two-sided t-test of 280 nm and 365 nm intensity distributions was per-

formed under the null hypothesis that the distributions have identical mean values.

This test yields a t-statistic of 472.43 and a p value of ≤ 0.00001, confirming that the
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(A) 365 nm excitation (B) 280 nm excitation

(C) Intensity bargraph

FIGURE 4.12: Comparison of cell autofluorescence of (a) and (b) as de-
tected >561 nm. Y-axis values correspond to grey levels. Error bars
correspond to the standard deviation of the mean pixel intensity within

cell regions of interest.

difference in mean fluorescence intensities of QDs excited with each wavelength is

statistically significant.

Imaging was then repeated with QD605 labelled cells. Autofluorescence images of

unlabelled cells excited with 365 nm and 280 nm, detected at a wavelength >561 nm

are shown in figure 4.12. Autofluorescence intensities from unlabelled cells excited

with 365 nm and 280 nm were 2 ± 2 and 11 ± 4, respectively. The autofluorescence

intensities are significantly lower within this detection range because of the reduced

number of autofluorescent components within the cell that emit at wavelengths above

561 nm. As a result, where autofluorescence is a problem it would be advantageous to

use QDs emitting at longer wavelengths at which autofluorescence intensity is lower.
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(A) 365 nm excitation (B) 280 nm excitation
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(C) Distribution of 280:365 nm fluorescent signal
ratio

FIGURE 4.13: HeLa cells with QD605-labelled microtubules excited
with (a) a wavelength of 365 nm and (b) a wavelength of 280 nm. (c)
The probability distribution of the ratios of fluorescent signal from 280
nm and 365 nm excitation. The mean of the distribution is 2.03. The
area shaded in red represents the the ratios > 1, which comprise 0.97 of

the total cumulative probability density which is above 0.

Nevertheless, these autofluorescence intensities can be subtracted from below QD in-

tensities.

HeLa cells with microtubules labelled using QD605 are shown in Figure 4.13, again

excited with 365 nm light (4.13a) and 280 nm light (4.13b). Whilst there is a visually

apparent increase in intensity, this does not appear to be as pronounced as in the case

of QD525-labelled cells. Data analysis was performed as before and the resulting com-

parison of mean QD fluorescence intensities can be found in Figure 4.13. Again, we
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see a significant increase in fluorescence when using 280 nm excitation, with a mean

intensity increase of 2-fold compared 365 nm light. By using equation 3.1, we can cal-

culate image contrasts of 0.81 associated with 280 nm excitation and 0.57 associated

with 365 nm excitation. A two-sided t-test of 280 nm and 365 nm intensity distribu-

tions was again performed. This test yields a t-statistic of 269.961 and a p-value ≤

0.00001, confirming that the difference in mean fluorescence intensities of QDs excited

with each wavelength is statistically significant. This confirms that the increase in

fluorescence intensity observed is applicable to multiple sizes of QD.

4.3.3 Photobleaching of QDs Excited at 280 nm

FIGURE 4.14: Mean intensity of QD605-labelled HeLa cells over an 8
hour period of constant irradiation with 365 nm (blue) and 280 nm (or-

ange). Error bars represent the standard deviation of the mean.

The rate of photobleaching of QD605-labelled cells excited with 280 nm and 365 nm

over an 8 hour period is shown in figure 4.14. After irradiating QD labelled cells each

with 365 nm and 280 nm light for an 8-hour period, no evidence was found that 280

nm excitation causes increased photobleaching in commercial QDs when compared to

365 nm excitation. Fluorescence intensity from QDs was found to decrease by 0.59%

over the 8-hour period when irradiated with 365 nm light, and increase by 1.64% when

irradiated with 280 nm light.
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4.3.4 280 nm illumination of live cells

As demonstrated above, 280 nm excitation can significantly improve the brightness

from semiconductor QDs when compared to longer wavelengths, meaning that brighter

fluorescence can be obtained without having to increase the power at the specimen

plane. This is particularly useful in live cell imaging where the optical power at the

specimen plane must be carefully controlled in order to preserve cell viability. How-

ever, as discussed, 280 nm light has specific cell damage mechanisms which make it

significantly more dangerous than visible wavelength or even near-UV light.

FIGURE 4.15: Percentage of viable cells over time after irradiation of
280 nm light. Cells were exposed to 2.5 mW of 280 nm light for 500 ms

every 5 minutes.

Figure 4.15 shows the number of viable cells as a function of time. This data sug-

gests that on average, after exposure to this light dose, around 80% of cells remain

viable after 6 h. This result is similar to that reported by previous cell viability as-

says such as in the work of Benjamin Zeskind [39]. Whilst an exposure time of 500

ms and intervals of 5 minutes were used in this experiment, higher cell viability may

be achieved by further optimisation of live cell imaging conditions such as shorter

exposure times and longer gaps between imaging to allow cell recovery.
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4.4 Discussion

Although an excitation wavelength of 365 nm was compared against 280 nm and re-

sulted in an increase in fluorescence intensity of up to 3.59x, this increase in fluores-

cence intensity associated with 280 nm is expected to be even greater in comparison

to those using longer excitation wavelengths such as 405 or 470 nm. The observed in-

crease in fluorescence intensity of QD-labelled cells is expected to apply to all sizes of

commercial semiconductor QDs since all sizes of QDs have absorption spectra with

broadly similar distributions [49]. Therefore, all sizes of QDs are likely to have a

higher absorption efficiency at 280 nm compared to longer wavelengths. However,

although the absorption spectra distributions are similar, they are not identical for all

QDs (as shown in figure 4.1) and the extent of the increase in fluorescence signal de-

pends on the specific difference in absorption efficiency between 280 nm and longer

wavelengths for different sizes of QD. Broad distributions in intensity ratios can partly

be attributed to inhomogeneity of the illumination light. Whilst both illumination

sources were aligned to achieve the best possible homogeneity of illumination across

the field of view, it was not always possible to achieve this perfectly. As reported,

some variations in intensity across the field of view occurred for both illumination

wavelengths, affecting the mean increase in fluorescence intensity achieved using 280

nm excitation. In addition to this, while the size and absorption/emission properties

of semiconductor QDs can be controlled via synthesis, not all synthesis methods result

in QDs of one single size [96]. Therefore, within a sample of commercial QDs there

will be a size tolerance leading to some variation in emission and absorption spectra

[156, 157] which, as the increase in excitation efficiency is dependent on the shape of

the absorption spectrum, can affect the mean increase in intensity between excitation

wavelengths.

Despite the substantial overlap in standard deviations from the mean fluorescence in-

tensity at 280 nm and 365 nm excitation for both the QD525 and QD605 datasets, this

does not correspond to significant instances where 365 nm excitation yields equiva-

lent or brighter emission intensity. Indeed, the percentage of pixels where the 280:365

intensity ratio is >1 (i.e. the percentage of pixels where the pixel in the 280 nm excita-

tion image has a higher intensity then the same pixel in the 365 nm excitation image)
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is 98.88% and 99.28% for QD525 labelled cells and QD605 labelled cells, respectively.

This near universal increase in intensity in favour of 280 nm excitation, coupled with

p-values close to zero, confirms that these standard deviations from the mean do not

detract from the conclusion that excitation of QDs with 280 nm light yields an in-

creased fluorescence intensity.

Some increase in fluorescence intensity can be noted over the 8-hour imaging pe-

riod in figure 4.14. Although the fluorescence intensity of CdSe QDs does not show

long-term degradation in when dispersed in an organic solution [158], increase in flu-

orescence intensity from QDs over time has been reported previously [89]. This has

been attributed to carriers being transferred to surface traps present at the interface of

the CdSe core and ZnS shell of the QDs or photo-assisted release of trapped carriers

on the QD surface [158]. Further to this, there is also the possibility that the use of

high-energy UV light could affect the thermal state of the specimen, e.g. heating of

the gelvatol mounting medium, causing fluctuations in fluorescence intensity. This

problem could be minimised by using aqueous mountant such as in live cell imaging

experiments. Previous studies have shown that various steps in the labelling protocol

can cause increased photobleaching in commercial QDs [141] but as the same sample

was used in measurements of both excitation wavelengths, this should have no effect

on the comparison of photobleaching between excitation wavelengths. Since minimal

photobleaching of QDs occurs in the short term under either excitation wavelength,

this makes it unlikely that the intensity difference observed in QDs excited by 280

nm vs 365 nm light is caused by photobleaching. In addition, the images with 365

nm excitation were acquired before the images with 280 nm excitation, further ruling

out the possibility of photobleaching affecting intensity ratios as the second image ac-

quired is always brighter than the first. In all, this confirms that long-term imaging

of QDs using 280 nm excitation is possible without causing any photobleaching to the

specimen.

Although irradiation with 280 nm light does have some more impact on cell viabil-

ity compared to longer wavelengths, several steps can be taken in live cell studies to

reduce the dosage of 280 nm light to the specimen. Although 2.5 mW of optical power

was used in this study, this can be significantly reduced whilst taking measures to

preserve fluorescence intensity, including using higher numerical aperture lenses and
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utilising camera binning. As discussed, it has also been shown that increasing the

camera exposure time and decreasing the optical power of the illumination source, ef-

fectively keeping the light dose the same, can reduce toxicity to cells [34]. Depending

on the nature of the experiment, longer time periods between acquisitions can be in-

troduced to further limit light exposure and allow for cell recovery. In fact, it has been

shown that cells irradiated with 270 nm and 290 nm light showed recovery rates of

25% to 50%, whilst cells irradiated with a longer wavelength of light did not show any

recovery ability [60]. Therefore, it is thought that although some longer wavelengths

of light may induce less DNA damage than lower wavelengths, long-term exposure to

these may result in severe and irreparable damage. In addition to prolonging cell vi-

ability by limiting UV exposure, installing further environmental controls on a micro-

scope for live cell imaging can provide cells with optimum environmental conditions,

such as humidity and C02 control [54]. It is hoped that by using these approaches, and

very careful optimisation of imaging parameters, we could exploit the high fluores-

cence intensity associated with 280 nm excitation of QDs to study cell dynamics with

minimal UV-induced toxicity.

However, the issue of labelling live cells with QDs poses another issue in addition

to UV-induced cell damage. Whilst the development of fluorescent proteins dramat-

ically changed live cell imaging, allowing targeting of subcellular structures whilst

preserving cell viability, QDs do not have this benefit. To apply QDs as cellular labels,

there are only a few established techniques and few of these provide specificity. En-

docytic uptake can provide non-specific labelling of the cell cytoplasm, however, due

to the aggregative nature of nanoparticles, QDs within the cytoplasm tend to form

clumps and do not provide homogenous labelling of the cell [89, 105, 110]. This can

provide sufficient information for applications such as cell tracking [105], but only

when used in correlation with a second technique such as brightfield imaging to iden-

tify the position of the cell. Other labelling methods can include labelling of the cell

surface as this does not require the QD label to pass through the membrane of the cell.

This can be done using biotinylation of the cell membrane or antibody labelling of the

membrane [92]. However, labelling cell surface receptors on the cell can interfere with

cell adhesion, making it more difficult to image dynamics such as cell migration. In

all, for the application of 280 nm excitation of QDs in live cell imaging to be useful,
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there must first be a labelling method developed to allow QDs to bind to the cell in

a way that does not interfere with normal cell function and also provides either spe-

cific labelling to a cellular target or provides homogenous labelling across the cell for

more general cell studies. Given more time and opportunity, the application of 280

nm excitation of QD-labelled live cells would be an interesting and rewarding study,

however, it still stands that the use of 280 nm excitation of QDs in fixed cells provides

an excellent advantage compared to excitation with longer wavelengths.
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4.5 Conclusion

In this chapter, I have explored the application of 280 nm LEDs as an excitation source

for QDs. I first optimised a labelling technique for labelling fixed HeLa cells with QDs

and then went on to use 280 nm light to excite these on the 280 nm compatible mi-

croscope adapted from my work in chapter 3. Using this, I compared excitation of

QDs at a wavelength of 280 nm with an excitation wavelength of 365 nm. By doing

this, I showed up to a 3.59-fold increase in fluorescence intensity from semiconduc-

tor QDs excited at 280 nm compared to 365 nm, which significantly improves image

contrast. I showed that this increase applies to multiple QD sizes and is expected to

apply to all emission varieties of commercial semiconductor QDs due to their simi-

larly distributed absorption spectra. In addition to this, I found no significant increase

in photobleaching of QDs when illuminated with 280 nm light over an 8-hour period

when compared to 365 nm light, confirming that long-term imaging at 280 nm can be

achieved without causing photobleaching to the specimen.

I also investigated the possibility of imaging live cells at this wavelength. By irradi-

ating cells with 280 nm light for moderate exposure times (500 ms) and leaving long

periods between acquisitions (5 mins) I was able to image cells for 6 hours with 20%

loss in viability. It is hoped that by carefully optimising imaging conditions such as

exposure time, LED power and imaging period, it would be possible to apply the ben-

efit of increased QD fluorescence at 280 nm to live cell imaging without distressing

cells, however there are some adjacent issues in the labelling of live cells with semi-

conductor QDs which may provide a further barrier to this.
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Chapter 5

Standing wave microscopy with 280

nm excitation

Standing wave microscopy is a technique for achieving axial super-resolution. In

this technique, two counter-propogating waves interfere with each other and generate

regions of destructive interference (nodes) and constructive interference (antinodes),

with only the antinodes able to excite fluorescence from the specimen. For this reason,

in standing wave microscopy, the antinodal FWHM is typically quoted as the axial

resolution as this is the uncertainty within which a fluorophore can be located. The

antinodal planes have a typical FWHM of a quarter of the wavelength of excitation

light used (or less with high refractive index media), restricting the excited fluores-

cence to several tens of nanometers, allowing far greater axial precision in the local-

isation of fluorescently labelled structures. As the axial resolution in this technique

is proportional to the excitation wavelength, a wavelength of 280 nm is desirable as

this theoretically offers an axial resolution of up to ∼47 nm - a near twofold increase in

previous resolutions achieved with visible wavelength standing wave. For this reason,

this chapter explores the possibility of using standing wave microscopy with 280 nm

excitation. It first describes and models the theoretical standing wave produced using

280 nm excitation, including the expected antinodal spacing and antinodal FWHM. It

then describes a method used to generate a standing wave using 280 nm excitation

which does not require the use of an epifluorescence set-up. Finally, it goes on to ap-

ply this new method of 280 nm standing wave microscopy to image QD-labelled fixed

mammalian cells.
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5.1 Introduction

A standing wave is an interference phenomenon resulting from the interference of

two counterpropagating waves [159]. As shown in figure 5.1, interference between

the light propagating in one direction (red) and the light propagating in the opposite

direction (blue) gives rise to a standing wave (black). Areas of constructive interfer-

ence give rise to antinodes, and destructive interference to nodes. Standing waves are

called such because they appear to be stationary, with nodes and antinodes having

fixed positions along the optical axis.

FIGURE 5.1: A standing wave formed by the interference of two coun-
terpropagating waves of light at 0◦. A wave propagating in one direc-
tion (red) interferes with a wave propagating in the opposite direction

(blue) and creates a standing wave (black).

Standing waves were discovered by Otto Wiener in 1890 [160][161]. Wiener used

a thin layer of photographic film on a glass slide which he placed very close to a

silver mirrored surface at a slight angle. When the mirror was illuminated and the

photographic film was developed, Wiener found that the film appeared black in areas

which corresponded to the antinodes of the standing wave. These experiments were

shortly after confirmed by Drude and Nernst in 1892, but using a layer of fluorescent

material in place of a photographic film [162].

The application of standing waves in microscopy was described first by Frederick
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Lanni in 1986 [163]. In his initial design, two sources of coherent light were propa-

gated in opposite directions and overlapped across the field of view of the microscope

(figure 5.2). Standing waves were formed in the volume of overlap of the two beams

and the antinodal spacing δs was determined by:

δs =
λ

2ncosθ
(5.1)

where λ is the wavelength of incident light, n is the refractive index of the sur-

rounding medium and θ is the angle of incidence of the excitation light. This tech-

nique resulted in fluorescence only being excited in antinodal planes, which was then

detected using an air immersion objective lens. A second, similar design used total in-

ternal reflection at the slide-specimen interface to create the standing wave, requiring

only one light source illuminating the specimen at an angle. These designs allowed

control over the antinodal spacing of the standing wave by adjusting the incident an-

gle, however the antinodal spacing can never be at its minimum due to the geometry

of the set up. Nevertheless, Lanni showed that it was possible to use this standing

wave system to image 3T3 cells stained with rhodamine phalloidin, with nodal and

antinodal planes clearly visible within the cell.

Some years later, Lanni and coworkers developed a further two designs for gen-

erating a standing wave using a microscope [164, 165, 166]. The first was a 4Pi type

configuration [167, 168], with two opposing objective lenses facing onto the specimen

plane. Laser excitation light would propagate through these objectives and interfere

with each other, generating a standing wave at the specimen plane. This way, the au-

thors were able to achieve the minimum antinodal spacing possible since the angle

of intersection between the two counterpropagating waves was now 0◦. These stand-

ing waves create an excitation field with closely spaced nodes and antinodes which

allows optical sectioning of a specimen with high axial resolution, reported to be bet-

ter than 95 nm [164] when using blue light and high refractive index materials. This

is compared to the axial resolution of 300 nm measured with a confocal microscope

[169]. However, this configuration is very difficult to achieve as it involves alignment

of both objectives to a high precision. A second design in this paper utilised a mirror

to reflect incident light from the epifluorescence pathway to create a standing wave.
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FIGURE 5.2: Lanni’s first design for a standing wave microscope, mak-
ing use of two overlapping coherent light sources [163]. Standing
waves are formed in the volume of overlap and the properties of the
wave are determined by the angle of incidence, wavelength of excita-
tion and the refractive index of the medium. In this design, the antin-
odal spacing can never be at a minimum as the angle of incidence is

non-zero.

In this method, interference occurs between the direct and reflected components of the

excitation beam which again creates a standing wave pattern that excites fluorescence

only at the antinodal planes with minimum spacing. This design paved the way for

future work on standing wave microscopy due its simplicity and low-cost nature.

Due to the normal incidence of light in these designs, the angular dependence

variable in equation 5.1 becomes 1. Hence, antinodal spacing δs and FWHM are then

defined by:

δs =
λ

2n
(5.2)

and

FWHM =
λ

4n
(5.3)

i.e. the antinodal spacings are at their minimum value. Around the same time,

Freimenn et. al. developed their own standing wave configuration using confocal
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laser scanning and a beamsplitter, designed to have high nodal plane flatness and be

accessible and easy to use [170]. Using this standing wave microscope, the authors

were able to image actin filaments within cells whilst shifting the standing wave axi-

ally using a piezoelectric shift of the beamsplitter.

In more recent years, Elsayad recognised the potential of standing wave microscopy

to identify the distances between molecules and surfaces, deemed "nanosectioning"

[171]. In this work, a reflective surface was generated by coating a quartz substrate

with a metal layer and a dielectric layer. Fluorescently-labelled specimens were cul-

tured directly onto these custom-designed substrates and an axial-distance-dependent

emission spectrum was obtained. By using the first antinode of the standing wave

only, the authors were able to estimate the axial positions of fluorophores with a pre-

cision of 5-10 nm [171].

A potential disadvantage of standing wave microscopy is that if the specimen is

thicker than the anti-nodal spacing, several planes may be excited at once and their

contributions may be difficult to separate from each other. With a suitable specimen

(varies in x/y with axial distance), distinct excitation fringes can be recognised and

used as contour lines for 3D mapping. The depth of field of the microscope objective

lens can also be a limiting factor as only a few antinodal planes can be in focus at the

same time. However, this can be used to an advantage as with a curved specimen,

the standing wave technique can be used as a contour map to provide information on

specimen shape.

This work was pioneered by Amor et. al. who used a confocal laser scanning mi-

croscope to excite multiple antinodal planes at once and produce 3D contour maps

[161] of model and cell specimens. By choosing specimens that were much thicker

than the antinodal separation, multiple antinodal planes were imaged simultaneously

with encoded axial information provided that the fluorescently-labelled structure within

the specimen varies in x/y with axial distance such that the antinodal planes can be

separated laterally. To demonstrate this, the authors coated the curved side of a plano-

convex lens with a monolayer of fluorescent dye and obtained a standing wave image.

This comprised of concentric rings of fluorescence emission, located within antinodal

planes, and dark rings at positions of nodal planes. By using the geometry of the lens,

the authors were able to extract axial information such as antinodal spacing from the
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images and compare these measured values against the theoretical standing wave PSF.

Cellular specimens make excellent candidates for standing wave microscopy due to

their biconcave structure, and the authors went on to study red blood cells with an

axial resolution of 90 nm [161]. However, due to the use of a confocal laser scanning

microscope in this work, acquisition times were around 40 s which significantly limits

temporal resolution, resulting in the loss of dynamic processes [161].

Whilst standing wave microscopy has traditionally been carried out using coher-

ent laser light sources, standing wave microscopy has recently been extended to in-

clude LED sources [172]. Tinning and coworkers reported the first use of widefield

standing wave microscopy using LED illumination. The authors found no significant

difference in antinodal spacings or antinodal FWHM compared to using laser illu-

mination, despite the significantly larger spectral FWHM of LEDs compared to laser

excitation sources. While previous work by Amor et. al. on the imaging of red blood

cells with a confocal laser scanning microscope meant that the temporal resolution was

limited to 40 s per frame and fast membrane movements could not be captured [161]

[172], Tinning’s experiments using a widefield system gave high temporal resolution

at a speed of 30.3 Hz as well as an axial resolution better than 100 nm [172].

One of the significant drawbacks of using standing wave microscopy with thick

specimens is the information gap produced as a result of the nodal gaps between flu-

orescence excitation. This results in an incomplete picture of the specimen, with ap-

proximately 50% of the specimen lost to nodal regions [173]. Recent work by Schniete

et al in 2021 [173] theorised that, based on equations 5.2 and 5.3, the information lost

in single-wavelength standing wave could be recovered by using multiple excitation

wavelengths. This technique, coined Tartan standing wave, uses 3 excitation wave-

lengths, 488 nm, 514 nm and 543 nm to increase the sampling density from 50% with

a single excitation wavelength, to 98%.

As the aforementioned experiments utilise multiple antinodal planes to image flu-

orescent specimen, the full axial PSF for standing wave microscopy is described using

a convolution of the excitation standing wave pattern and the widefield axial emission

PSF.

The intensity field of a standing wave can be described by [163, 174]:
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I = I0[1 − cos(Kz + ψ)] (5.4)

where K = 4πncos(θ)
λexc

, z is axial height and ψ is the relative phase of the two counter-

propagating waves.

The axial PSF of a widefield microscope can be described by [175]:

PSFepi = [sinc(
NA2

2nλem
z)] (5.5)

where NA is the numerical aperture of the objective lens, λem is the wavelength of

fluorescence emission and n is the refractive index of the immersion medium.

As the resulting PSF is a convolution of the axial PSF of the microscope and the

intensity of a standing wave field [174], the theoretical standing wave microscopy PSF

can be given as [163]:

PSFSW = [1 − cos(Kz)][sinc(
NA2

2nλem
z)]2 (5.6)

Based on equations 5.3 and 5.2, it is clear that a shorter excitation wavelength re-

sults in narrower antinodal FWHM and antinodal spacing, effectively improving axial

resolution and sampling density compared to previous standing wave work. For this

reason, this work focussed on the implementation of standing wave microscopy at an

excitation wavelength of 280 nm.

Whilst in theory it should be simple to achieve high axial resolution by changing

the excitation wavelength in well-established standing wave techniques, the issue of

transmission of 280 nm through microscope optics becomes a barrier more than ever.

This issue, a running theme throughout the work in this thesis, almost completely

rules out the popular, cost effective standing wave technique of placing a mirror below

the specimen in an epifluorescence microscope. This issue could be overcome by using

a specialised UV objective lens, such as those made of quartz or reflective components,

but these are not without their own limitations. As discussed in detail in chapter 3,

quartz lenses are limited in variety, with only 10x and 40x lenses presently available at

low NAs, and they also suffer from limited transmission of deep-UV light. While the

attenuation of quartz lenses is not to the extent of that of glass objective lenses, this still



138 Chapter 5. Standing wave microscopy with 280 nm excitation

poses an issue with 280 nm LEDs with already limited optical powers. This makes the

detection of a standing wave using a lens specimen particularly challenging where the

fluorescence intensity from a monolayer of dye is low. Secondly, reflective objectives

offer much higher transmission at 280 nm but suffer from a lack of flat-field correction

due to the curved nature of the mirrors within the lens, resulting in the centre of the

image being in focus and the outer portions being out-of-focus. This is a particular

issue in standing wave microscopy when measuring antinodal thickness and spacing

as the out-of-focus areas in the image will cause inconsistent antinodal thicknesses,

preventing accurate measurements of the standing wave.

For these reasons, it became necessary to devise a new method of generating a

standing wave using 280 nm light that bypasses the need for a standard epifluores-

cence microscope configuration. In the work carried out in this chapter, I developed

such a technique to successfully generate a standing wave with 280 nm light, and I

compared the experimentally measured standing wave properties with those expected

from theory. I then applied this new technique to image fixed mammalian cells pre-

pared with quantum dot labels with 280 nm standing wave microscopy.
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5.2 Methods

5.2.1 Theoretical Standing Wave PSF

To plot the theoretical standing wave PSF, equation 5.6 was used. The Python code

written which plots the theoretical PSF and calculates the peak positions and peak

widths can be found in Appendix B. To calculate the theoretical PSF for the variables

used here, the excitation wavelength was set to 280 nm, the emission wavelength to

655 nm, the refractive index to 1 for measurements in air, or 1.341 for measurements in

4% BSA, and the NA to 0.4. These values were chosen to match the intended experi-

mental parameters to later be used to measure the standing wave. The theoretical PSF

produced using this code could then be directly compared to the experimental values.

5.2.2 Methods used to Generate and Measure 280 nm Standing Waves

Due to the limitations in mirror-based standing wave described in the introduction, a

new method of generating a 280 nm standing wave was investigated which bypasses

the need to use any commercial microscope optics. This method involved use of an

inverted microscope and a 400 nm longpass filter - in principle, it should be possible

to form a standing wave using a semi-reflective surface (such as a filter) provided that

the surface has excellent reflection at the excitation wavelength - in this case, 280 nm.

The filter is then used to generate a standing wave with the excitation light, whilst

being able to transmit longer wavelength light (fluorescence from the sample) to be

collected by the microscope objective. The set up developed to accommodate this is

shown in figure 5.3.

This optical set-up was adapted from that of figure 4.3, with the only addition be-

ing the optical filter at the specimen plane. Although in principle a reflecting filter

should be able to produce a standing wave, many longpass filters absorb rejection

wavelengths rather than reflecting them [176]. Many manufacturers also do not pro-

vide information on whether filters reject wavelengths by reflection or absorption - for

this reason, a range of optical filter manufacturers were contacted for information on

reflection data in order to select an appropriate filter for generating a standing wave.
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FIGURE 5.3: Inverted microscope set-up to produce a standing wave
using 280 nm light. An Olympus IX71 was used as the main micro-
scope body for imaging specimen. Around this, a fully quartz trans-
mission fluorescence set-up was built in order to deliver 280 nm light
to the specimen from above. The 280 nm light was reflected to the spec-
imen plane by a dichroic mirror. In order to generate a standing wave,
a 400 nm longpass filter was placed at the specimen plane to reflect the
excitation light at an angle of 180◦ and transmit longer wavelength flu-

orescence from specimens to the objective lens.

One manufacturer, Chroma (supplied by Cairn research), was able to supply both re-

flection (red) and transmission (blue) data for their 400 nm longpass filter (ET400LP)

which is shown in figure 5.4.

This data suggests that the filter would provide excellent reflection at 280 nm

(∼85%) and as such the filter was purchased for standing wave experiments.

In order to determine whether a standing wave was successfully formed, the tech-

nique previously used by [161] [172] and [173] was used. This method involves plac-

ing a fluorescently-coated plano-convex lens (curved side down) on the reflective sur-

face used to generate the standing wave. When a standing wave is formed by the

incident and reflected light, the antinodes of the standing wave will intersect the sur-

face of the lens specimen in different lateral positions due to the curvature of the lens

(figure 5.5). As fluorescence is only excited in antinodal planes, the resulting image of

the curved surface of the lens specimen will be a series of concentric rings.

By taking a line profile through the radius of the rings and converting distance

in µm to axial height, the antinodal spacing and antinodal thickness in nm can be

measured. This was done by using the known geometry of the lens (figure 5.5).
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FIGURE 5.4: Reflection (red) and transmission (blue) data for Chroma
ET400LP filter provided by Cairn Research.

The axial height L is given by:

L = R −
√

R2 − r2 (5.7)

where R is the radius of curvature of the lens and r is the radial distance from the

centre of the lens. By plotting L against intensity, a trace of the standing wave can be

obtained, from which the antinodal spacing and FWHM can be measured. These val-

ues can then be compared to the theoretical antinodal spacing and FWHM calculated

using equations 5.2 and 5.3.

Quartz plano-convex lenses were purchased from Thorlabs, with 6 mm diameters

and in focal lengths of either 15 (LA4917) or 20 (LA4194) mm (depending on availabil-

ity). To fluorescently label these, QDs were used due to their excellent fluorescence

intensity when excited with 280 nm light, as described in detail in chapter 4.

A monolayer of QDs was bound to these lenses using an adaptation of the pro-

tocol described previously [161] [172] [173] to accommodate for streptavidin-biotin

based binding. The lenses were first rinsed 3 times in dry acetone and subsequently

placed in a solution consisting of 0.2 ml of 3-amino-propyltrimethoxysilane (APTMS,

Sigma Aldrich 281778) and 9.8 ml of dry acetone for 6 hours. After this time, the

lens was washed with dry acetone a further 3 times and dried with compressed air.

Next, biotin-N-hydroxysuccinimide-ester (Sigma Aldrich H1759-25MG) was prepared
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FIGURE 5.5: Geometry of a fluorescently-coated lens placed curved-
side down on a mirrored surface. When a standing wave is formed,
the antinodal planes intersect the lens at different positions axially and
laterally. By using the radius of curvature of the lens R, 3D information

can be extracted from standing wave images of the lens.

by adding 5 mg of biotin-NHS-ester to 500 µL of DMSO and 5 ml of PBS. The lens was

placed in this convex-side-up and left on a plate rocker for 1 hour. A solution of 50 nM

QD-streptavidin conjuages emitting at 655 nm (Q10123MP) was made in PBS and son-

icated for 20 seconds to break up QD aggregates. This wavelength of QD was chosen

due to its high quantum yield compared to other QD conjugates, but also because of

its long wavelength. As demonstrated in chapter 2, the 280 nm LED exhibits parasitic

emission in the visible wavelength, however, this tails off towards the red portion of

the spectrum. As a result, using fluorescent specimens which are less likely to over-

lap with this parasitic emission will help to preserve image contrast, particularly in

weakly-emitting specimens such as a monolayer of dye. After washing the lens with

PBS, the QD solution was added to a dish with the lens placed convex-side-up and

placed back on the plate rocker overnight. The next morning, the lens was washed

with PBS and dried with compressed air.

In order to measure standing waves, the lens specimen was placed convex-side-

down on the filter in the set-up shown in figure 5.3. The 280 nm LED was turned on

at 100% power and the camera exposure set to 500 ms. The lens specimens were im-

aged using the Olympus 10x/0.4 NA objective lens detailed in the previous chapters.
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Using the visible edges of the lens as a guide, the field of view of the microscope was

navigated to the centre of the lens specimen at the point of contact between the lens

and the filter. The visibility of the characteristic concentric rings of nodes and antin-

odes was used as confirmation that a standing wave was indeed generated by the

proposed optical set-up. To image the lens specimen, the specimen was moved such

that the concentric rings were in the centre of the field of view. Images were acquired

using either 500 ms or 1 s exposure times and 100% LED power to achieve sufficient

signal-to-background ratios in order to best analyse images.

In order to more accurately match the cellular environment, a standing wave was

also generated with 4% BSA used as an immersion medium. 4% BSA was made by

diluting 2 g of BSA in 50 ml of PBS. To measure the refractive index of this, an Abbe 60

refractometer (Bellington and Stanley Ltd) was used after being calibrated using water

and methanol. This gave the refractive index of 4% BSA as 1.341. Using a pipette, a

drop of 4% BSA was placed onto the filter in the optical set-up before placing the lens

specimen on top. Imaging was then repeated as before.

To analyse the standing wave images, a MATLAB code developed by Ross Scrim-

geour, shown in Appendix C was used. Briefly, this code finds the centre of the stand-

ing wave image and uses radial averaging to take a line profile through the centre to

the edges of the images. The code then uses equation 5.7 to convert radial distance into

axial height and a peak finding function was used to find the positions and FWHM

of antinodal peaks. The mean antinodal spacing and FWHM were calculated along-

side the standard deviations. Antinodal FWHM and spacing were then compared to

the theoretical values determined by equations 5.3 and 5.2. To compare the statistical

significance of the theoretical vs experimentally obtained value, a single sample t-test

was perfomed using GraphPad Prism [177].

5.2.3 Optimisation of cell labelling for standing wave microscopy

When choosing a target cellular structure for visualising using standing wave mi-

croscopy, it is important to choose a structure that varies suitably laterally with height

so that standing wave fringes are clearly visible. For this reason, the cell surface is

often used as a target as standing wave can be used to visualise surface topogra-

phy. Previous examples of standing wave imaging of cellular specimen have used
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membrane stains such as DiI, DiO [161, 172, 173] or lipilight [173]. In addition to the

cell membrane, the actin cytoskeleton has been a popular structure for imaging using

standing wave microscopy since Lanni’s 1986 experiments [163, 164, 170, 173]. Many

of these imaging experiments have used phalloidin-based dyes for labelling the actin

cytoskeleton [163, 164, 173].

Whilst both membrane stains and actin stains have shown good results in stand-

ing wave imaging, the challenge here was in finding a suitable fluorophore that can

be excited at 280 nm. Luckily, as described in detail in chapter 4, QDs have excellent

excitation at this wavelength and are very versatile for cellular labelling using im-

munofluorescence. In order to label the cell with QDs for standing wave imaging, an

antibody against β actin was chosen (ThermoFisher MA1-140).

To test the labelling method and observe cells labelled with QDs under typical

standing wave microscopy using visible wavelengths, cells were first grown on mir-

rors and imaged under an epifluorescence microscope. MCF-7 breast cancer cells

were chosen due to their large axial height when adherent to a surface, which make

them good candidates for observing fringes in standing wave microscopy [173]. Mir-

rors were coated in fibronectin for 30 minutes and MCF-7 cells were seeded onto the

mirrors and allowed to adhere overnight. The next morning, cells were fixed in 4%

formaldehyde.

The antibody labelling process for Streptavidin QD conjugates described in detail

in chapter 3 was used to label cells. As the primary antibody was raised in mouse, the

anti-mouse biotinylated secondary antibody was used to allow binding of the QD655

streptavidin conjugates (ThermoFisher Q10121MP).

To visualise the effect of standing wave imaging on these cellular targets, these

specimens on the mirror were imaged in standing wave using a conventional upright

system. This was done on an Olympus BX50 widefield microscope with a CoolLED

pE-300 illuminator as the excitation source and a IDS camera as the detector. A wave-

length of 365 nm was used to excite the QD-labelled cells and these were detected

using a 430 nm longpass filter.

By obtaining standing wave images of MCF-7 cells using standard standing wave

techniques, this can both ensure that the labelling method can provide good-quality
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standing wave images of cells and also provide a point of reference for 280 nm stand-

ing wave imaging.

5.2.4 280 nm standing wave imaging of mammalian cells

The protocol to label cells adherent to a mirror was followed for cells on the filter,

however it was more difficult to get cells to adhere to the surface of the filter. For

this reason, a solution of 0.01% poly-L-lysine (Sigma Aldrich P4832) was used instead

which creates an electrostatic interaction between the cells and the filter [178]. This

was much more successful at getting the cells to adhere and spread out across the

filter surface. MCF-7 cells were seeded onto the filter surface and allowed to adhere in

DMEM for 24 h. After this time, the cells were fixed in 4% formaldehyde and labelling

of the actin filaments was performed as described in the previous section.

To image these cells with standing wave microscopy with 280 nm excitation, the

cell-coated filter was placed on the microscope set-up shown in figure 5.3 with the

cell covered surface facing up. Cells were imaged using 280 nm excitation at 100%

power (corresponding to 2.5 mW at the specimen plane) and an exposure time of 500

ms. Cells were imaged through the filter using a 20x/0.5 NA objective lens for better

visualisation of standing wave fringes within cells compared to a 10x lens.
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5.3 Results

5.3.1 Theoretical Standing Wave

The theoretical PSF of a standing wave with 280 nm excitation, 655 nm emission and

imaged in air is shown in figure 5.6.

FIGURE 5.6: Theoretical PSF based on equation 5.6 with 280 nm exci-
tation in air. Positions of antinodal peaks are shown in orange. The
positions at which the width of the antinodal peaks were calculated are

shown in green.

This figure shows a typical standing wave pattern, with equally spaced nodes and

antinodes. From this plot and equations 5.3 and 5.2, theoretical antinodal spacing was

calculated to be 140 nm and the theoretical antinodal FWHM was measured to be

70 nm. When compared to the antinodal FWHM achieved using previous standing

wave techniques with longer wavelengths [161, 172], the theoretical axial resolution

is improved by a minimum of 20 nm. This is expected to improved even further by

using an immersion medium with higher refractive index as the antinodal thickness

is directly dependent on refractive index (equation 5.3).

The theoretical standing wave pattern was also generated using 4% BSA which

has a measured refractive index of 1.341 and this is shown in figure 5.7. Due to the
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standing wave’s dependence on refractive index, this reduces the antinodal spacing

and thickness by a factor of 1.341.

FIGURE 5.7: Theoretical PSF based on equation 5.6 with 280 nm excita-
tion in 4% BSA. Positions of antinodal peaks are shown in orange. The
positions at which the width of the antinodal peaks were calculated are

shown in green.

From this plot and equations 5.3 and 5.2, this gives a theoretical antinodal spacing

of 104.4 nm and a theoretical FWHM of 52.2 nm. Hence, when using 280 nm standing

wave microscopy with cellular specimens, we would expect an axial resolution of

closer to 50 nm. This is a near two-fold improvement on previous work which achived

an axial resolution of around 90 nm [161].

5.3.2 Generation and measurement of a 280 nm standing wave

Figure 5.8 shows the image of a QD655 coated lens specimen placed curved-side down

on the 400 nm LP filter.

From this figure, we can identify a limitation in the coating of the lens specimen

from the inhomogeneity of fluorescence across the lens. This is a common issue when

using QD nanoparticles as these have a tendency to aggregate in solution [88, 179,

180]. For this reason, the fluorescence across the lens surface is inhomogenous with



148 Chapter 5. Standing wave microscopy with 280 nm excitation

FIGURE 5.8: Standing wave image of a QD655 coated plano-convex lens
specimen placed on the optical filter in the set-up detailed in figure 5.3,
with no immersion media placed between the lens and filter surface. At
the centre of the lens, within the field of view in this figure, concentric
light and dark rings are visible which point to the formation of standing

wave nodes and antinodes.

some bright clumps of aggregated QDs, despite the sonication of the QD sample. Nev-

ertheless, it was possible to acquire images of the fluorescently coated lens.

When navigating the microscope field of view to the point of contact between the

lens specimen and filter, i.e. the centre of the lens specimen, it was possible to see the

bright and dark concentric rings characteristic of a SW image of a lens specimen, and

these are clearly visible within figure 5.8. By converting radial distance to axial height,

fluorescence intensity as a function of axial height from the surface of the filter was

plotted and is shown in figure 5.9.

This plot agrees well with the theoretical trace in figure 5.6, with the same number

of fringes within a 1000 nm axial distance. From this figure and the data analysis

described in the methodology section, the antinodal spacing and antinodal FWHM
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FIGURE 5.9: Intensity as a function of axial height from the mirror sur-
face of the standing wave observed in figure 5.8. Blue arrows corre-
spond to peak positions of antinodes and the width of the antinode
is given in orange, measured at half of the height (prominence) of the

antinodal peak.

of the standing wave were extracted. These values, along with the corresponding

theoretical values, can be found in table 5.1.

Antinodal Spacing (nm) Antinodal FWHM (nm)
Theoretical 140 70

Experimental 142.1 ± 4.7 69.7 ± 7.0
Statistical Significance P > 0.05 P > 0.05

TABLE 5.1: A comparison of the theoretical values for standing wave
antinodal spacing and antinodal FWHM and the corresponding exper-

imental results using a lens specimen in air.

These data give an antinodal thickness of 69.7 ± 7.0 nm and FWHM of 142.1 ±

4.7 which agree well with the theoretical antinodal thickness of 70 nm as the theoret-

ical values are within the standard deviation of the measured values. Furthermore, a

one sample t-test was performed in order to compare the measured values of antin-

odal FWHM and spacing, which yielded P values of greater than 0.05, confirming that
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there is no significant statistical difference between the measured and theoretical mean

values for either antinodal thickness or spacing.

Whilst 69.7 nm axial resolution is a much improved result over previous work

which reported up to 90 nm resolution [161], this is only the worst-case-scenario when

using 280 nm light - as the resolution of 69.7 nm measured here was in air. With

a refractive index of 1, there can only be an improvement in resolution when using

immersion media with higher refractive indices.

The measurement of the standing wave was repeated with the lens specimen im-

mersed in 4% BSA, more accurately representing a cellular environment. The image

acquired of the lens specimen in BSA is shown in figure 5.10.

FIGURE 5.10: Standing wave image of a QD605 coated plano-convex
lens specimen placed on the optical filter in the set-up detailed in figure
5.3, with 4% BSA (n=1.341) placed between the lens and filter surface.

When comparing the lens specimen profile when immersed in 4% BSA compared
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FIGURE 5.11: Intensity as a function of axial height from the mirror
surface of the standing wave observed in figure 5.10. Blue arrows cor-
respond to peak positions of antinodes and the width of the antinode
is given in orange, measured at half of the height (prominence) of the

antinodal peak.

to that of air in figure 5.8, it is immediately clear that the antinodal spacing and thick-

ness are much reduced due to the addition of the higher refractive index medium. The

radially averaged line profile and resulting measured antinodal spacing and antinodal

FWHM can be found in figure 5.11 and table 5.2.

Antinodal Spacing (nm) Antinodal FWHM (nm)
Theoretical 104.4 52.2

Experimental 102.3 ± 2.1 48.9 ± 5.1
Statistical Significance P > 0.05 P > 0.05

TABLE 5.2: A comparison of the theoretical values for standing wave
antinodal spacing and antinodal FWHM and the corresponding exper-
imental results using a lens specimen immersed in 4% BSA with a re-

fractive index of 1.341.

In this aqueous environment, which more closely resembles that of the cellular

environment, we measure an antinodal spacing of 102.3 ± 2.1 nm compared to the

theoretical value of 104.4 nm and an antinodal thickness of 48.9 ± 5.1 compared to
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a theoretical value of 52.2 nm. Again, both of these theoretical values are within the

window of error of the measured standing wave values. When a one sample t-test was

performed on both spacing and thickness, a P value of P > 0.05 was obtained which

confirms that there is no statistically significant difference between the theoretical and

measured values.

5.3.3 Standing wave images of mammalian cells obtained using standard

methods

A standing wave image of fixed MCF-7 cells plated onto a mirror and labelled using

QD655 against cellular target actin is shown in figure 5.12.

FIGURE 5.12: Standing wave image of MCF-7 cells with actin filaments
labelled using QD655. This image was taken using a conventional
standing wave set up with a mirror and upright microscope at an ex-
citation wavelength of 365 nm. A look up table has been applied to
aid visualisation of standing wave fringes and the white line indicates

where the line profile has been taken to produce figure 5.13.

In this figure, fringes in the actin filaments are clearly visible throughout the cell.

This is in agreement with the effect of standing wave microscopy on actin filaments
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FIGURE 5.13: Line profile through the edge of the cell shown in figure
5.12 demonstrating the presence of standing wave fringes.

seen in previous work [163, 170, 173]. Although the fringes are visible by eye in the

image, these are very close together laterally (due to the high degree of curvature of

the cell) and are only just resolved by the microscope. This is at an excitation wave-

length of 365 nm and, with 280 nm excitation, the fringes will be significantly closer

together. This may make resolving the fringes difficult with a low magnification lens

such as 20x at this excitation wavelength, depending on the curvature of the cell.

To demonstrate the presence of fringes, a line profile through the edge of the cell

is shown in figure 5.13. Nevertheless, it is possible to observe standing wave fringes

within this cellular structure and because of this, standing wave imaging with 280

nm excitation was performed using cells labelled against actin. These standing wave

images of MCF-7 cells using standard methods can also act as a basis to which 280

nm standing wave images of cells are compared to ensure the accuracy of the new

method.
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5.3.4 280 nm standing wave imaging of mammalian cells

Standing wave images of QD655-labelled MCF-7 cells with 280 nm excitation are

shown in figure 5.14. In this figure of cells excited with the 280 nm standing wave

field, there are fringes within the cell characteristic of standing wave excitation. The

observed effect on the cell actin network caused by standing wave excitation is in good

agreement with the images taken by Frederick Lanni of the actin network observed

within 3T3 cells [163].

FIGURE 5.14: 280 nm standing wave images of MCF-7 cells whose actin
filaments have been stained with QD655. A look up table has been
applied to aid visualisation of standing wave fringes and the white line
indicates where the line profile has been taken to produce figure 5.15.

To demonstrate the presence of fringes, a line profile through the edge of the cell

is shown in figure 5.15.

With this comparison in mind, and the comparison to the effect observed with tra-

ditional standing wave microscopy shown in figure 5.12, it is highly likely that this

effect is indeed caused by standing wave excitation with 280 nm light and that the

optical design in figure 5.3 is capable of imaging both lens specimens and mammalian

cells with standing wave excitation. Unfortunately, as the geometry of the cell is un-

known, it is not possible to measure the thickness or spacing of the fringes as carried
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FIGURE 5.15: Line profile through the edge of the cell shown in figure
5.14 demonstrating the presence of standing wave fringes.

out in section 5.3.2. However, the visible presence of fringes is still a promising result

which points to successful standing wave imaging of cellular specimens with 280 nm

excitation.
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5.4 Discussion

Although we have successfully identified fringes within QD-labelled cells imaged us-

ing 280 nm standing wave microscopy, the fringes are not quite as sharp as those seen

in in figure 5.12. This could be for a number of reasons. The first potential reason

is that, due to the radius of curvature of the cell, some fringes are too close together

to be able to resolve. As measured from the lens specimen shown in figure 5.10, we

expect only a ∼100 nm axial distance between antinodes, which could be too close to-

gether to resolve if the specimen is not varying significantly in x/y with axial distance.

This problem was faced when imaging actin filaments in standing wave microscopy

by Schniete et. al. [173] who were unable to resolve fringes within the actin network

in thin areas of the cell. Secondly, in the technique used here to image with 280 nm

excitation (shown in figure 5.3), instead of imaging through a 170 µm thick cover-

slip, we are forced to image through an optical filter which has a significantly greater

thickness of a few mm. As objective lenses are corrected for much thinner coverslip

thicknesses, imaging through this filter causes significant spherical aberration. The

issues in imaging cellular specimen through a filter manifest in difficulty in focusing

onto the specimen, and a "halo" effect around the cell caused by aberrations which

affect the axial performance. Nevertheless, fringes in the cell are visible using 280 nm

standing wave excitation with this inverted set-up even in the presence of spherical

aberration, with expected axial resolutions of around 50 nm.

At present, the most significant barrier to high-quality standing wave images us-

ing this technique with 280 nm excitation is the thickness of the long-pass filter used

in place of the first surface reflector. Many objective lenses are engineered to image

through a specific coverslip thickness. This is most typically 170 µm in thickness,

whilst the filter used to generate the standing wave was over 1 mm thick. Imaging

through such a thick optical element can generate multiple axial aberrations - notably

astigmatism and spherical aberration. Astigmatism is visible whilst attempting to im-

age specimen as when the stage is moved up and down through focus, the lens spec-

imen profile can be observed to move from left to right. In addition to this, spherical
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aberration can have the effect of elongating the axial PSF which will affect the mea-

sured antinodal spacing and thicknesses in experimental data. This can in part ac-

count for the errors in mean antinodal thicknesses in these data sets being larger than

those previously reported [161, 172]. Despite this, the standard errors in the means are

still less than 10% and statistical analysis confirmed no significant differences between

theoretical and measured antinodal thicknesses.

Not only does the thickness of the filter cause increased axial aberration, but it

also restricts the lenses that can be used to image specimens due to the long working

distance required. In this work, a 20x lens was used to image cells and this had to be so

close to the bottom of the filter in order to focus on the cells that it was almost touching.

As a result, any higher magnification lens (offering increased lateral resolution) with

a shorter working distance cannot be used with this particular set up. With some

more time and research, it may be possible to come up with a solution to this by

developing a thinner reflective surface. This could, for example, be a quartz coverslip

which is coated in a material that reflects 280 nm light and transmits visible light. This

would then generate a standing wave in the same way as an optical filter, but remove

increased optical aberrations and the restriction of imaging objectives. Similarly, the

implementation of a high-transmission quartz objective lens would negate the need

for the inverted system used here and allow standing waves to be generated using the

tried and tested mirror method.

Whilst when using a mirrored surface, the point of contact between the lens and

curved surface is always a node, but in figure 5.10 we see an antinode at this point of

contact. This could potentially be because the layer of BSA between the lens and filter

is causing a slight axial shift of the lens with respect to the filter surface, or because

the reflective nature of the filter means that either a node or antinode may occur at the

point of contact. It is also worth noting that the standing wave generated by either

a mirrored surface or a reflective surface such as the filter depend also on coatings.

Where a mirror is a first-surface reflector, we see a node at the mirror surface [162, 181].

However, some reflectors have a coating, meaning that the reflection of the incident

wave may take place slightly below the surface of the reflector - causing an antinode

at the point of contact between the lens and reflector. The particular 400 nm filter used

in this work happens to have a Nb2O5-SiO2 sputter coating as well as a Ta2O5/SiO2
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anti-reflection coating, and as a result it is difficult to determine at which axial position

the reflection of the incident light is taking place. If the specimen is significantly far

from the reflective surface, this could also affect the contrast of fringes visible within

the images as the intensity of antinodes decreases with distance from the point of

reflection. Nevertheless, we do see successful generation of a standing wave excitation

field which accurately resembles the theoretical wave.

One much-discussed limitation in standing wave microscopy is the information

gap caused by the generation of nodal planes. By using 280 nm light, we see a de-

crease in the spacing between antinodes which can provide much more information

about the specimen than the use of longer wavelengths. For example, in previously

published work by Tinning et. al. using 550 nm excitation, the authors were able to

generate only 5 antinodal planes within a 1000 nm axial height [172]. By using 280

nm light, we can generate 7 fringes within the same height and therefore recover more

axial information about the specimen. Furthermore, as discussed in the introduction,

the development of Tartan standing wave [173] which uses multiple excitation wave-

lengths to image the specimen has greatly improved the sampling density of standing

wave imaging. Tartan standing wave could be applied to UV wavelengths using this

technique. As demonstrated in figure 5.4, the 400 nm longpass filter used to gener-

ate the standing wave has the capability of reflecting wavelengths from 400 nm down

to 250 nm. Therefore, Tartan standing wave could be used with multiple UV excita-

tion wavelengths which would combine the improved axial resolution associated with

short wavelengths with the improved sampling density achieved in Tartan standing

wave imaging. QDs would be an excellent candidate for Tartan standing wave with

UV excitation because of their notable broad excitation wavelength capable of being

excited at any wavelength below their semiconductor bandgap.

As this is a widefield technique, it is possible to carry out imaging of live cell

specimens with both high temporal and high axial resolution, as demonstrated by

Tinning et. al. [172]. This could be carried out with 280 nm standing wave microscopy,

achieving around 2x better axial resolution whilst doing so. However, the issue of

UV-induced cell toxicity, described in detail in chapter 4, remains an issue. Whilst

it would be possible to image short, dynamic processes in the cell with minimal UV

induced toxicity (e.g. membrane fluctuations), exposure would have to be carefully
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controlled to ensure cell viability throughout the experiment. Whilst previous studies

by Tinning et. al. [172] showed that standing wave excitation does not cause any

further toxicity to cells than standard widefield imaging, the use of 280 nm light causes

cellular damage via much different mechanisms. As a result, it would be interesting

to, in future, compare cell viability with 280 nm standing wave imaging to that of

standard widefield imaging.
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5.5 Conclusion

Whilst standing wave microscopy is an already well established technique, there is

a clear benefit in using 280 nm excitation - because of the resolution dependence on

excitation wavelength (rather than emission wavelength in most cases in fluorescence

microscopy), the use of shorter wavelengths such as 280 nm shows a dramatic increase

in axial resolution.

This chapter has shown the development of a technique to generate a standing

wave using 280 nm light which is not practicable using the more common approach

combining a mirror and an upright epifluorescence microscope due to the transmis-

sion issues covered in detail in chapter 3. Instead, a technique was designed using

transmission fluorescence on an inverted microscope with an optical filter at the spec-

imen plane to reflect 280 nm light to generate the standing wave. This technique has

proven to be successful, with standing waves visible when using the lens specimen.

It was shown that the measured standing waves using this technique are not statisti-

cally different from the theoretical values (P>0.05) despite spherical aberrations in the

system caused by imaging through a thick filter.

It was demonstrated that using this technique, we can achieve an axial resolu-

tions of 48.9 nm in an aqueous, cell-like environment - a near two-fold increase of

that achieved in previous work [161]. It was also demonstrated that, using this tech-

nique, it is possible to visualise standing wave fringes within the actin network of

QD-labelled cells.

One particular limitation of this technique is imaging through a thick optical filter.

Although the standing wave fringes are still visible, imaging in this way creates a

significant amount of spherical aberration, which makes focusing on and resolving

fine elements, such as actin filaments, difficult. This also restricts imaging lenses to

long working distance objectives such as 4, 10 or 20x magnifications. In future, it may

be possible to overcome this issue by designing and implementing a thinner partially-

reflective surface to generate the 280 nm standing wave, such as a quartz coverslip

with a layer of reflective material.
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Chapter 6

Conclusion

The contents of this thesis have presented the work carried out over the 4 years of my

PhD in characterising, integrating and applying a 280 nm LED in biomedical optical

imaging.

In chapter 2, I characterised some of the optical properties of the 280 nm LED in use

which then went on to direct my optical design in the following chapters. Alongside

characterisation of the optical properties of the 280 nm LED in chapter 2, I also devel-

oped a novel technique to characterise the emission pattern of the LED by converting

280 nm light to visible light using fluorescence such that a UV-enhanced camera was

not required. I determined that this technique could accurately identify this LED as

a Lambertian emitter and verified the ability of the technique to successfully distin-

guish between two LED types. I hope that this technique will be useful for researchers

in deep-UV LEDs in measuring emission patterns without the necessity of purchasing

expensive, UV-enhanced detectors.

I then investigated methods of delivering 280 nm light to the specimen. I chose 3

designs, namely a fully-quartz epifluorescence set-up with which I used both a quartz

objective and a reflective objective and a fully-quartz transmission fluorescence set-

up. With all 3 techniques, I investigated properties such as the optical power available

at the specimen plane, the homogeneity of illumination and the quality of resulting

fluorescence images. Although all techniques had their advantages and disadvan-

tages, it was the transmission fluorescence set-up that provided the highest optical

power at the specimen plane, together with excellent illumination homogeneity and

good image contrast. For this reason, I chose this method for the application of 280

nm excitation to fluorescence imaging detailed in chapters 4 and 5.
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I also presented a quantitative analysis of the excitation of semiconductor QDs

compared this to a longer, more commonly used excitation wavelength of 365 nm. I

found that QDs are up to 3.56x brighter in fluorescence intensity when excited with a

wavelength of 280 nm compared to 365 nm and found no evidence of increased photo-

bleaching associated with the higher-energy excitation of 280 nm. It is hoped that this

demonstrated enhancement in fluorescence intensity associated with this wavelength

will provide researchers with a way to achieve higher-quality fluorescence images by

simply changing the excitation wavelength. I also found that live cells can be exposed

to triggered 280 nm illumination for extended periods (∼ 6 h) with minimal cell death,

although further optimisation of imaging methods using this wavelength are needed

to ensure cells remain as healthy as possible.

Finally I presented a new method of standing wave microscopy with 280 nm ex-

citation. I first developed a new optical design for generating a standing wave which

was compatible with 280 nm light. This involved an inverted microscope and a long-

pass filter which selectively reflected incident 280 nm light, creating a standing wave,

whilst transmitting visible wavelength fluorescence. By using an established tech-

nique to measure the standing wave using a fluorescently-coated lens, I was able to

measure antinodal FWHM, akin to axial resolution, of up to 48.9 nm - a near two-fold

improvement on the axial resolution achieved by previous standing wave imaging. Fi-

nally, I labelled fixed mammalian cells with QDs and used standing wave microscopy

to image these, showing that it is possible to measure standing wave fringes within

280 nm standing wave images of cells.

Whilst only two applications of 280 nm light in biomedical optical imaging were

ultimately investigated in detail, there are many more opportunities which could be

explored given more time.

280 nm light has many more potential applications in biomedical imaging, for

example, excitation of carbon dots which exhibit excitation-dependent fluorescence

emission, meaning that 280 nm excitation yields emission at shorter wavelengths, im-

proving optical resolution. 280 nm light itself, due to its short wavelength, yields

high-resolution images when used in brightfield and this is another opportunity to be

explored. MUSE, whilst widely used in histological samples, has thus far not been

applied to cultured cell specimens and the effects of limited penetration depth on cells
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would be an interesting study. Although some indication of cell viability can be given

by the study in chapter 4, further optimisation of cell imaging conditions under 280

nm irradiation could be carried out to ensure the best possible outcome for cell via-

bility. This, alongside optimisation of live-cell labelling methods using semiconductor

QDs could lead to the advantage in increased fluorescence associated with 280 nm

light to be applied to live-cell imaging, which could benefit from reduced light expo-

sure whilst preserving image contrast.

Further to this, I have shown a near two-fold improvement in the axial resolution

achievable using standing wave microscopy by using 280 nm excitation. Whilst this

is a notable result in itself, there is still much more that can be done using this wave-

length of light in standing wave microscopy. Firstly, only one biological specimen - the

mammalian cell line MCF-7 - was imaged using this method. There are many more, in-

teresting, biological specimens which can be imaged with standing wave microscopy

in order to greater understand their topology. This example includes red blood cells,

which have been used in previous standing wave work, and the greater axial reso-

lution observed using 280 nm standing wave microscopy could provide even more

information about this specimen. In addition to this, 3D reconstructions of standing

wave data have been done previously and it would be of benefit to apply this to 280

nm excitation to investigate the potential improvement that this increased axial res-

olution has in constructing 3D models of specimens. In addition to this, the optical

filter used to generate the standing wave has the potential to generate standing waves

of any excitation wavelength below 400 nm. Given more time, the opportunity to test

Tartan standing wave using several UV wavelengths would have been invaluable.

These are only some examples of the potential applications of 280 nm LEDs in

microscopy, most of which have not yet been conceived. It is my hope that over the

next years, 280 nm LEDs will become more widely used in microscopy and that many

more exciting applications will be found. To conclude this thesis, it is my hope that

the new discoveries I have presented here will be able to inform future researchers

and the new methods I have developed will be beneficial to those working within the

field.
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Okay, so you’re a rocket scientist?

- Shania Twain
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Appendix A

Code for analysing QD image pairs

mport skimage.filters

import time

import scipy.stats as stats

import pandas as pd

from sklearn import preprocessing

import math

import scipy.optimize

from scipy import interpolate

save_figures = True

timestamps = False

@@ -33,6 +38,8 @@

auto_365_bg_p1 = np.asarray(Image.open(’data\\365 auto bg p1.tif’),

dtype=np.int16)

auto_365_bg_p2 = np.asarray(Image.open(’data\\365 auto bg p2.tif’),

dtype=np.int16)

print("~~~~~~~~~~~ Image pair analysis results ~~~~~~~~~~~")

# Do background correction

background_280_mean_p1 = np.mean(background_280_p1)

background_280_mean_p2 = np.mean(background_280_p2)

background_365_mean_p1 = np.mean(background_365_p1)

background_365_mean_p2 = np.mean(background_365_p2)
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background_280_auto_mean_p1 = np.mean(auto_280_bg_p1)

background_280_auto_mean_p2 = np.mean(auto_280_bg_p2)

background_365_auto_mean_p1 = np.mean(auto_365_bg_p1)

background_365_auto_mean_p2 = np.mean(auto_365_bg_p2)

bg_280_corrected_p1 = raw_280_p1 - background_280_mean_p1

bg_280_corrected_p2 = raw_280_p2 - background_280_mean_p2

bg_365_corrected_p1 = raw_365_p1 - background_365_mean_p1

bg_365_corrected_p2 = raw_365_p2 - background_365_mean_p2

# Analyse autoflouresent signal distributions at 280nm and 365nm excitation

corrected_280_auto_p1 = auto_280_p1 - background_280_auto_mean_p1

corrected_280_auto_p2 = auto_280_p2 - background_280_auto_mean_p2

corrected_365_auto_p1 = auto_365_p1 - background_365_auto_mean_p1

corrected_365_auto_p2 = auto_365_p2 - background_365_auto_mean_p2

auto_280_triangle_thresh_p1 =

skimage.filters.threshold_triangle(corrected_280_auto_p1)

auto_280_triangle_thresh_p2 =

skimage.filters.threshold_triangle(corrected_280_auto_p2)

auto_365_triangle_thresh_p1 =

skimage.filters.threshold_triangle(corrected_365_auto_p1)

auto_365_triangle_thresh_p2 =

skimage.filters.threshold_triangle(corrected_365_auto_p2)

auto_280_triangle_p1 = corrected_280_auto_p1 > auto_280_triangle_thresh_p1

auto_280_triangle_p2 = corrected_280_auto_p2 > auto_280_triangle_thresh_p2

auto_365_triangle_p1 = corrected_365_auto_p1 > auto_365_triangle_thresh_p1

auto_365_triangle_p2 = corrected_365_auto_p2 > auto_365_triangle_thresh_p2

auto_280_signal_p1 = corrected_280_auto_p1[auto_280_triangle_p1]

auto_280_signal_p1[np.where(auto_280_signal_p1 < 0)[0]] = 0

auto_280_signal_p2 = corrected_280_auto_p2[auto_280_triangle_p2]

auto_280_signal_p2[np.where(auto_280_signal_p2 < 0)[0]] = 0

auto_365_signal_p1 = corrected_365_auto_p1[auto_280_triangle_p1]

auto_365_signal_p1[np.where(auto_365_signal_p1 < 0)[0]] = 0

auto_365_signal_p2 = corrected_365_auto_p2[auto_280_triangle_p2]

auto_365_signal_p2[np.where(auto_365_signal_p2 < 0)[0]] = 0

mean_auto_280_p1 = np.mean(auto_280_signal_p1)

mean_auto_280_p2 = np.mean(auto_280_signal_p2)

mean_auto_365_p1 = np.mean(auto_365_signal_p1)



Appendix A. Code for analysing QD image pairs 167

mean_auto_365_p2 = np.mean(auto_365_signal_p2)

# t_stat_signal_p1, p_value_signal_p1 = stats.ttest_ind(auto_280_signal_p1,

auto_365_signal_p1, equal_var=False)

# print("T-statistic of two-tailed t-test for the 280nm and 365nm 1st

autofluorescent image pair signal distributions is",

# " %.5f with a p-value %.5f" % (t_stat_signal_p1, p_value_signal_p1))

#

# t_stat_signal_p2, p_value_signal_p2 = stats.ttest_ind(auto_280_signal_p2,

auto_365_signal_p2, equal_var=False)

# print("T-statistic of two-tailed t-test for the 280nm and 365nm 2nd

autofluorescent image pair signal distributions is",

# " %.5f with a p-value %.5f" % (t_stat_signal_p2, p_value_signal_p2))

# Generate the binary masks for selecting the cell regions of interest

bg_280_otsu_thresh_p1 = skimage.filters.threshold_otsu(bg_280_corrected_p1)

bg_280_otsu_thresh_p2 = skimage.filters.threshold_otsu(bg_280_corrected_p2)

bg_365_otsu_thresh_p1 = skimage.filters.threshold_otsu(bg_365_corrected_p1)

bg_365_otsu_thresh_p2 = skimage.filters.threshold_otsu(bg_365_corrected_p2)

bg_280_otsu_p1 = bg_280_corrected_p1 > bg_280_otsu_thresh_p1

bg_280_otsu_p2 = bg_280_corrected_p2 > bg_280_otsu_thresh_p2

bg_365_otsu_p1 = bg_365_corrected_p1 > bg_365_otsu_thresh_p1

bg_365_otsu_p2 = bg_365_corrected_p2 > bg_365_otsu_thresh_p2

# Mask out the regions of interest in the imaging data

bg_280_masked_p1 = bg_280_corrected_p1 * bg_280_otsu_p1

bg_280_masked_p2 = bg_280_corrected_p2 * bg_280_otsu_p2

bg_365_masked_p1 = bg_365_corrected_p1 * bg_280_otsu_p1

bg_365_masked_p2 = bg_365_corrected_p2 * bg_280_otsu_p2

# Analyse background corrected signal distributions at 280nm and 365nm

excitation

bg_280_signal_p1 = bg_280_corrected_p1[bg_280_otsu_p1] - mean_auto_280_p1

bg_280_signal_p2 = bg_280_corrected_p2[bg_280_otsu_p2] - mean_auto_280_p2

bg_365_signal_p1 = bg_365_corrected_p1[bg_280_otsu_p1] - mean_auto_365_p1

bg_365_signal_p2 = bg_365_corrected_p2[bg_280_otsu_p2] - mean_auto_365_p2

# Assuming the 280nm and 365nm signals are normally distributed, acquire the

relevant parameters to reconstruct the

# intensity distributions

bg_280_signal_mean_p1 = np.mean(bg_280_signal_p1)
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bg_280_signal_std_dev_p1 = np.sqrt(np.var(bg_280_signal_p1))

print("Mean of 1st 280nm signal is %.5f with a standard deviation of %.5f" %

(bg_280_signal_mean_p1, bg_280_signal_std_dev_p1))

bg_280_signal_mean_p2 = np.mean(bg_280_signal_p2)

bg_280_signal_std_dev_p2 = np.sqrt(np.var(bg_280_signal_p2))

print("Mean of 2nd 280nm signal is %.5f with a standard deviation of %.5f" %

(bg_280_signal_mean_p2, bg_280_signal_std_dev_p2))

x_280_p1 = np.linspace(np.max([0,

(bg_280_signal_mean_p1-(5*bg_280_signal_std_dev_p1))]),

(bg_280_signal_mean_p1+(5*bg_280_signal_std_dev_p1)),

bg_280_signal_p1.shape[0])

x_280_p2 = np.linspace(np.max([0,

(bg_280_signal_mean_p2-(5*bg_280_signal_std_dev_p2))]),

(bg_280_signal_mean_p2+(5*bg_280_signal_std_dev_p2)),

bg_280_signal_p2.shape[0])

y_280_p1 = np.exp((-(x_280_p1 - bg_280_signal_mean_p1) ** 2) / (2 *

bg_280_signal_std_dev_p1 ** 2))

y_280_p2 = np.exp((-(x_280_p2 - bg_280_signal_mean_p2) ** 2) / (2 *

bg_280_signal_std_dev_p2 ** 2))

bg_365_signal_mean_p1 = np.mean(bg_365_signal_p1)

bg_365_signal_std_dev_p1 = np.sqrt(np.var(bg_365_signal_p1))

print("Mean of 1st 365nm signal is %.5f with a standard deviation of %.5f" %

(bg_365_signal_mean_p1, bg_365_signal_std_dev_p1))

bg_365_signal_mean_p2 = np.mean(bg_365_signal_p2)

bg_365_signal_std_dev_p2 = np.sqrt(np.var(bg_365_signal_p2))

print("Mean of 2st 365nm signal is %.5f with a standard deviation of %.5f" %

(bg_365_signal_mean_p2, bg_365_signal_std_dev_p2))

x_365_p1 = np.linspace(np.max([0,

(bg_365_signal_mean_p1-(5*bg_365_signal_std_dev_p1))]),

(bg_365_signal_mean_p1 + (5*bg_365_signal_std_dev_p1)),

bg_280_signal_p1.shape[0])

x_365_p2 = np.linspace(np.max([0, (bg_365_signal_mean_p2 -

(5*bg_365_signal_std_dev_p2))]),

(bg_365_signal_mean_p2 + (5*bg_365_signal_std_dev_p2)),

bg_280_signal_p2.shape[0])
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y_365_p1 = np.exp((-(x_365_p1 - bg_365_signal_mean_p1) ** 2) / (2 *

bg_365_signal_std_dev_p1 ** 2))

y_365_p2 = np.exp((-(x_365_p2 - bg_365_signal_mean_p2) ** 2) / (2 *

bg_365_signal_std_dev_p2 ** 2))

t_stat_signal_p1, p_value_signal_p1 = stats.ttest_ind(bg_280_signal_p1,

bg_365_signal_p1, equal_var=False)

print("T-statistic of two-tailed t-test for the 1st 280nm and 365nm image

pair is %.5f with a p-value %.5f"

% (t_stat_signal_p1, p_value_signal_p1))

t_stat_signal_p2, p_value_signal_p2 = stats.ttest_ind(bg_280_signal_p2,

bg_365_signal_p2, equal_var=False)

print("T-statistic of two-tailed t-test for the 2nd 280nm and 365nm image

pair is %.5f with a p-value %.5f"

% (t_stat_signal_p2, p_value_signal_p2))

# Analyse the ratio of 280nm:365nm signal intensities

#

~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~

# Remove the pixels with 0 value in the 365nm signal data to ensure no divide

by 0 errors in subsequent calculations

#

~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~

bg_280_signal_no_zero_p1 = bg_280_signal_p1[np.where(bg_365_signal_p1 > 0)[0]]

bg_280_signal_no_zero_p2 = bg_280_signal_p2[np.where(bg_365_signal_p2 > 0)[0]]

bg_365_signal_no_zero_p1 = bg_365_signal_p1[np.where(bg_365_signal_p1 > 0)[0]]

bg_365_signal_no_zero_p2 = bg_365_signal_p2[np.where(bg_365_signal_p2 > 0)[0]]

bg_signal_ratio_p1 = bg_280_signal_no_zero_p1/bg_365_signal_no_zero_p1

bg_signal_ratio_p2 = bg_280_signal_no_zero_p2/bg_365_signal_no_zero_p2

print("Minimum 280nm:365nm signal ratio of the 1st image pair = %.5f" %

np.min(bg_signal_ratio_p1))

print("Minimum 280nm:365nm signal ratio of the 2st image pair = %.5f" %

np.min(bg_signal_ratio_p2))

# Assuming the 280nm:365nm signal ratio is normally distributed, acquire the

relevant parameters to reconstruct the

# intensity ratio distribution

bg_signal_ratio_mean_p1 = np.mean(bg_signal_ratio_p1)

bg_signal_ratio_mean_p2 = np.mean(bg_signal_ratio_p2)
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bg_signal_ratio_std_dev_p1 = np.sqrt(np.var(bg_signal_ratio_p1))

bg_signal_ratio_std_dev_p2 = np.sqrt(np.var(bg_signal_ratio_p2))

print("Mean 280nm:365nm ratio of the 1st image pair is %.5f with a standard

deviation of %.5f"

%(bg_signal_ratio_mean_p1, bg_signal_ratio_std_dev_p1))

print("Mean 280nm:365nm ratio of the 2nd image pair is %.5f with a standard

deviation of %.5f"

%(bg_signal_ratio_mean_p2, bg_signal_ratio_std_dev_p2))

x_p1 = np.linspace(np.max([np.min(bg_signal_ratio_p1),

(bg_signal_ratio_mean_p1-(5*bg_signal_ratio_std_dev_p1))]),

(bg_signal_ratio_mean_p1+(5*bg_signal_ratio_std_dev_p1)), 1000)

y_p1 = np.exp((-(x_p1 - bg_signal_ratio_mean_p1) ** 2) / (2 *

bg_signal_ratio_std_dev_p1 ** 2))

x_p2 = np.linspace(np.max([np.min(bg_signal_ratio_p2),

(bg_signal_ratio_mean_p2-(5*bg_signal_ratio_std_dev_p2))]),

(bg_signal_ratio_mean_p2+(5*bg_signal_ratio_std_dev_p2)), 1000)

y_p2 = np.exp((-(x_p2 - bg_signal_ratio_mean_p2) ** 2) / (2 *

bg_signal_ratio_std_dev_p2 ** 2))

# Repeat the analysis the ratio of 280nm:365nm signal intensities, this time

with the ’outlier’ data points removed.

#

~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~

# Since the 280nm Otsu threshold mask will capture some pixels in the 365nm

data which are basically noise, it is

# possible to get ratios which are extremely large (i.e. 200+) but these are

not representative of signal-to-signal

# ratios between the two excitation wavelengths. Therefore, we seek to

perform the previous statistical analysis while

# excluding these outliers. An ’outlier’ intensity ratio is determined to be

any ratio which is 5 standard deviations

# from the mean intensity ratio, since this is likely to be due to these

noise divisions. Other methods of determining

# outliers are, of course, equally valid and should be specified here.

#

~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~~

outlier_thresh_p1 = bg_signal_ratio_mean_p1 + (5*bg_signal_ratio_std_dev_p1)
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outliers_p1 = np.where(bg_signal_ratio_p1 > outlier_thresh_p1)

perc_outliers_p1 =

(np.shape(outliers_p1[0])[0]/bg_signal_ratio_p1.shape[0])*100

print("Percentage of ratios in the 1st image pair which are outliers =

%.5f%%" % perc_outliers_p1)

outlier_thresh_p2 = bg_signal_ratio_mean_p2 + (5*bg_signal_ratio_std_dev_p2)

outliers_p2 = np.where(bg_signal_ratio_p2 > outlier_thresh_p2)

perc_outliers_p2 =

(np.shape(outliers_p2[0])[0]/bg_signal_ratio_p2.shape[0])*100

print("Percentage of ratios in the 2nd image pair which are outliers =

%.5f%%" % perc_outliers_p2)

bg_signal_ratio_no_out_p1 = bg_signal_ratio_p1[np.where(bg_signal_ratio_p1 <=

outlier_thresh_p1)]

bg_signal_ratio_no_out_p2 = bg_signal_ratio_p2[np.where(bg_signal_ratio_p2 <=

outlier_thresh_p2)]

bg_signal_ratio_no_out_mean_p1 = np.mean(bg_signal_ratio_no_out_p1)

bg_signal_ratio_no_out_std_dev_p1 = np.sqrt(np.var(bg_signal_ratio_no_out_p1))

@@ -235,7 +242,156 @@

y_out_p2 = np.exp((-(x_out_p2 - bg_signal_ratio_no_out_mean_p2) ** 2) / (2 *

bg_signal_ratio_no_out_std_dev_p2 ** 2))
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Appendix B

Code for plotting theoretical

standing wave PSF

\left

# In[78]:

import numpy as np \\

import scipy \\

import matplotlib.pyplot as plt\\

import math

from scipy.signal import find_peaks

from scipy.signal import peak_widths

from scipy.optimize import curve_fit

from scipy import asarray as ar,exp

# Theoretical SW Pattern

# Excitation Wavelength

exc_wavelength = 280

#Em Wavelength

em_wavelength = 655

# Refractive index

n = 1
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#Numerical Aperture

NA = 0.4

#Theoretical Antinodal Thickness

antinodal_FWHM = exc_wavelength/(4*n)

print(antinodal_FWHM)

#Theoretical Antinodal Spacing

antinodal_spacing = exc_wavelength/(2*n)

print(antinodal_spacing)

#Theoretical PSF

axial_distance = np.arange(0,1500,1)

K = (4*3.14159*n*1)/exc_wavelength

A = K*axial_distance

B = ((NA*NA)/(2*n*em_wavelength))

intensity1 = np.array([1-(np.cos(A))])

intensity2 = np.array([np.sinc(B*axial_distance)])

intensity3 = intensity2*intensity2

intensity4 = intensity1*intensity3*0.5

intensity4.shape = (1500,1)

intensity = intensity4.flatten()

#Antinodal Spacing Analysis

peaks = scipy.signal.find_peaks(intensity)

peaks_array = peaks[0]

antinodal_spacing = peaks_array[1]-peaks_array[0]
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print(antinodal_spacing)

# print(peaks)

#Antinodal FWHM Analysis

width_analysis = scipy.signal.peak_widths(intensity, peaks_array,

rel_height=0.5)

FWHM = width_analysis[0]

print(FWHM)

#Plots

plt.plot(axial_distance,intensity4)

plt.ylim([0,1.05])

plt.xlim([0,1000])

plt.plot(peaks_array, intensity[peaks_array], "x")

plt.hlines(*width_analysis[1:],color="C2")

plt.xlabel("Axial Height (nm)")

plt.ylabel("Intensity (A.U.)")

plt.savefig("theoretical_wave_air", dpi = 100)

plt.show()
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Appendix C

Code for analysing standing wave

images

close all;\\

clc;\\

clearvars;\\

#Calculates the Radius of curvature of a lens from the lens makers equation

using the thin lens approximation \\

Focal_length = 63e-3; \\

n_air = 1; \\

n_lens = 1.458; \\

R_lens = (n_lens-n_air)*Focal_length;\\

R_lens = 9.2e-3;\\

#Calibration factor for the pixels to distance \\

calib = 1.610; \\

#Opens file explorer to load image file\\

[filename, pathname, filterindex] = uigetfile({’*.jpg;*.tif;*.png;*.gif’,’All

Image Files’});\\

Filename = strcat(pathname,filename)\\

SWImage = imread (Filename); \\
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#Reads in the image size

[h,w] = size(SWImage);\\

#checks if the image is square. \\

if w==h\\

z = SWImage;\\

else\\

if h > w\\

h = w \\

else if w > h\\

w = h \\

end\\

end \\

z = SWImage(1:h,1:w);\\

end\\

#Checks if the width and height are even or odd. If they are odd

# one is minus from the width and height values

if mod(w,2)==1;

w2 = w-1;

else

w2 = w;

end

if mod(h,2)==1;

h2 = h-1;

else

h2 = h;

end

z = SWImage(1:h2,1:w2);

figure(4);imshow(z)

half_height = h2/2;

half_width = w2/2;
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m = half_height;

[Zr,R] = radialavg(z,m);

R_average = R*half_height;

radial_average = (R_average*1e-6/calib);

z_max = max(Zr);

z_min = min(Zr);

z_min2 = min(z_min);

z_max2 = max(z_max);

Zr_norm = (Zr- z_min2)/(z_max2-z_min2);

#Plots the Fluorescence Intensity vs Radial Distance

figure(1);plot(radial_average,Zr_norm)

xlabel(’Radial Distance (\mum)’)

ylabel(’Fluorescence Instensity (Arbitrary Units)’)

L = (R_lens-sqrt(R_lens^2-radial_average.^2))*1e9;

%L_mod = find(L(1,:)<750);

#Plots Fluorescence Intensity vs Height from mirror

figure(2);plot(L,Zr_norm)

xlabel(’Height from Mirror surface (nm)’)

ylabel(’Fluorescence intensity (Arbitrary Units)’)

# Finds the peaks and FWHM of for each standing wave.

%L_modified = L<165;

[pks,locs,widths] =

findpeaks(Zr_norm,L,’MinPeakWidth’,30,’Annotate’,’extents’);

#Determines the average FWHM of the standing wave planes

Average_FWHM = mean(widths)

std_dev_FWHM = std(widths)

#Finds the size of the locs matrix

[x,num_pks] = size(locs);
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#Calculates the anti-nodal-spacing for each peak

Anti_nodal_spacing = (locs(1,2:num_pks)-locs(1,1:num_pks-1))’;

Avg_anti_nodal_spacing = mean(Anti_nodal_spacing)

std_dev_spacing = std(Anti_nodal_spacing)

m

# Plots Fluorescence Intensity vs Height from mirror with FWHM

figure(3);findpeaks(Zr_norm,L,’MinPeakWidth’,30,’Annotate’,’extents’)

xlabel(’Height from Mirror (nm)’)

ylabel(’Fluorescence Instensity (Arbitrary Units)’)

ylim([0 1.1])

xlim([0,750])
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