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Abstract

Sensing and imaging at the nanoscale using fluorescence based techniques has
advanced the fields of biology and medical science. However there remain shortfalls
with currently used fluorescent probes. One such problem is the lack of biologically
inert fluorophores which emit in the red regime of the visible spectrum with good
brightness. A class of newly developed fluorophores which have shown promise in
fitting the required criteria are protein encapsulated gold nanoclusters (AuNCs).
They have been shown to be non-toxic, red emitting, long-lived fluorophores
however their low brightness has hindered their widespread use. The complexity of
protein encapsulated AuNCs’ fluorescence mechanism also remains poorly

understood

Fluorescence based techniques, Molecular Dynamics simulations and
physicochemical characterisation techniques have been employed to uncover
important information critical to improving the fluorescence characteristics of protein
encapsulated AuUNCs. The AuNCs nucleation site within Human Serum Albumin
(HSA) has been discovered which will allow for the intelligent modification of the
fluorophores with the aim of improving their fluorescence intensity and low quantum
yield. The effects of AuNCs on natural protein function have also been studied;
indicating that the major drug binding site of HSA is blocked upon AuNCs synthesis.
Further studies of the physicochemical changes in HSA upon AuNCs synthesis
uncovered that the protein adopts a dimer state which could lead to complications
when using as an in vivo sensor. Lysozyme encapsulated AuNCs displayed similar
behaviour, forming dimers after AUNCs synthesis. Interestingly, the isoelectric point
of this fluorophore was found to be the same as HSA encapsulated AuNCs,
suggesting that protein encapsulated AuNCs share common features. Lysozyme
encapsulated AuNCs displayed similar adsorption properties as native lysozyme;
suggesting that in the future, unmodified AuNCs could be used to observe the
formation of lysozyme fibrils which are a major bio-marker for currently incurable

brain diseases such as Alzheimer’s and Parkinson’s.
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1 Introduction

1.1 Current Fluorophores used in Biological Imaging and Sensing

Fluorescence based imaging and sensing has long been used in the fields of biology
and medicine to further understand the complexities of protein function and
biomolecule interaction®. With a more complete understanding of the complexities of
protein-protein interactions on the nanoscale it is hoped that currently unpreventable
or incurable diseases can be better understood and new approaches to treatment can
be developed®. With this aim in mind this thesis presents work that furthers the
understanding of the recently developed, protein encapsulated AUNCs type
fluorophore, which has shown promise as a non-invasive probe for biological sensing

and imaging.

One method of observing biological behaviour on the nanoscale is fluorescence
based microscopy. It provides a powerful tool which allows users to gain a strong
understanding of physiological processes which take place in living cells on the sub
cellular level. Biological cells of interest are illuminated either extrinsically, by
staining or attaching a fluorescent molecule (fluorophore) to the cell, or intrinsically,
by exciting a fluorophore naturally present in the cell®. A light source, such as a
monochromatic scanning laser used in confocal microscopy™* or white light sources
such as a Xenon arc lamps or supercontinuum lasers used in wide-field
epifluorescence microscopy®’ is used to excite the fluorophore and the resulting
emission from this molecule is captured, building an image of the surrounding cell.
Typically, intrinsic fluorophores are primarily derived from the amino acids;
tryptophan, tyrosine and phenylalanine but also from bio engineered Intrinsic
Fluorescent Proteins (IFPs) and vitamin derivatives such as riboflavin or retinol®. It is
preferable to use intrinsic fluorescence if possible since no modification to the cell of
interest is needed and the cell remains as close to its natural state as possible®.
Intrinsic fluorophores have been used to image a variety of different biological cells.
It has been shown that it is possible to image single protein molecules which contain
high amounts of tryptophan residues™. 24-meric hemocyanin, a repertory protein

from spiders containing 148 tryptophan residues per molecule was successfully



imaged by Lippitz et. al. The relatively large number of fluorophores per protein
allowed for images to be generated before photobleaching (the effect of damaging
and altering a fluorophore via repeated excitation to the point where the original
structure can no longer support the absorption and emission of a photon) of the
molecule could take place. Photobleaching can therefore become a major hindrance
when imaging cells with low amounts of intrinsic fluorophores present.  Another
technique often undertaken since the discovery of intrinsically fluorescent proteins is
the manipulation and engineering of IFP labels onto proteins of interest without
changing the biological function®*. IFPs have been successfully employed in live cell
imaging of many subcellular structures of plant cells. The position and dynamics of
the Centromere subcellular structure was probed in living Arabidopsis plants
utilizing histone 3-green fluorescent protein (GFP) by Fang et. al. This provided
information on the organization of chromatin among the various cells within the
organism*2. Wang et. al. also utilized a GFP derivative, GFP-Talin, to label actin
filaments (F-actin) within growing Arabidopsis plants, to visualise the cytoskeleton
of cells during plant development®®. The third type of intrinsic fluorophore
commonly used for bio imaging is vitamin derivatives. Riboflavin has been used to
image defects in human cornea which lead to visual impairment, allowing for a better
understanding of how the irregularities in corneal shape forms'. The intrinsic
fluorescence of collagen has also been utilized to study cells in 3D in vitro collagen
matrices™. Collagen matrices are commonly used to study various cellular processes,
so the matrix composition is of critical importance to mimicking in vivo conditions
so that cell behaviour imaged in these matrices is as close to the natural behaviour as
possible. By imaging these matrices using intrinsic fluorescence bio engineers can
gain more information on the matrix system and alter the composition to the desired

characteristics®.

The shorter wavelength of light needed to excite some typical intrinsic fluorophores
(in the UV-blue regime, 270 - 300 nm) such as tryptophan and tyrosine can be
damaging to the cell and the use of two or three photon excitation, using longer
wavelengths of light require a complex and costly experimental setup. The possible
image depth using intrinsic fluorophores is limited due to the shorter wavelength

emitted (tryptophan emission maximum of 300 - 350 nm, depending on the solvent



environment) by the fluorophore, becoming scattered by the sample. Auto
fluorescence (the natural emission of light from biological structures) from other
intrinsic fluorophores can also be problematic when imaging samples with a low
intensity. Fluorescence from the intrinsic fluorophore of interest'’ can obscured by
auto fluorescence; much in the same way light from weakly emitting stars is not

visible in cities with large amounts of light pollution.

In cases where imaging with intrinsic fluorophores is not viable, the availability of
extrinsic fluorophore molecules for labelling biomolecules which are bright, stable,
non-toxic and can emit at different wavelengths of the emission spectrum becomes
vital. Three approaches are used when imaging a biological cell with extrinsic
fluorophores. Firstly, is the introduction of a fluorophore internally in a cell with no
specific affinity for a site within the cell. This is the simplest of the three approaches
as the only requirements of the fluorophore is that it does not react to the presence of
any chemical or molecule and that it can be easily internalized and pass through the
cell wall. The second technique is more complex as it deals with the imaging of
particular sites within the cell or a certain molecule present. Typically referred to as
“targeted bio imaging”, the fluorophore utilized for this task must have an engineered
functionalized surface using molecules that can recognize the part of the cell of
interest. This typically culminates in the fluorophore surface being modified by
attaching the correct antibody, oligomer or ligand which will attach to the correct
counterpart molecule which is of interest. Thirdly is the use of extrinsic fluorophores
which are sensitive to certain changes in the cellular environment such as increases
in temperature, changes to pH or an increase in certain ions such as calcium or zinc
ions. Typically, this approach is carried out in living cells when the function of the
cell is being studied under different conditions. Multiple extrinsic fluorophores have
been developed since the widespread deployment of fluorescence microscopy,
however all can be categorised into two distinct different classes'®. Either as
fluorescent nanomaterials and nanoparticles such as carbon dots*®, reduced graphite

oxide nanostructures®®, nanodiamonds®’, semiconductor quantum dots**?, up-

252 and noble metal

conversion nanoparticles®’, noble metal nanoparticles
nanoclusters®”?. Or as molecular fluorophores, labels and probes such as fluorescent

proteins used to label cells extrinsically rather than engineered to be intrinsically



1”°, organic fluorescent dyes derived from the Fluorescein® or

present in a cel
Rhodamine®! molecular families, cyanine derived dyes®, the negatively charged and
hydrophilic Alexa Fluor dyes®, DNA stains such as 4,6-diamidino-2-phenylindole
(DAPI)* and Hoechst derived dyes®. Both categories of fluorophores have their
own advantages and disadvantages during fluorescent imaging. Fluorescent
nanomaterials are more robust than fluorescent dyes; they are not so easily photo-
bleached and can go through more excitation and emission cycles than fluorescent
dyes. Fluorescent nanomaterials are less affected by changes to their surface
chemistry in comparison to some fluorescent dyes allowing them to undergo more
modification for use in targeted bio imaging. The fluorescent characteristics of
nanomaterials are also much easier to tune in comparison to fluorescent dyes.
Fluorescence emission wavelength can be tuned by altering the dimension of a
fluorescent nanomaterial®® or by introducing more or less atoms to the unit®’.
Another current drawback is the complexity of synthesizing fluorescent
nanomaterials due to their complex structure. This complexity results in lower
reproducibility and higher costs in comparison to more simplistic fluorescent dyes.
Some nanomaterials can be toxic to cells limiting their use without further
modification; quantum dots for example generally contain some heavy metal ions
such as cadium® in their structure. The argument of how toxic nanomaterials are to
the human body is still ongoing™®. Fluorescent dyes on the other hand have a lower
toxicity in comparison to quantum dots. The fluorescence characteristics of
fluorescent dyes are also better defined due to their more simplistic structure and the
relative ease in which molecules can be synthesised. The fluorescence lifetime of
fluorescent dyes are much shorter, in the time range of around 1 - 10 ns*°, however
some examples exist with lifetimes longer than 10 ns such as
Azadioxatriangulenium® (ADOTA). Quantum yields of fluorescent dyes on average
are much higher than fluorescent nanomaterials apart from Quantum dots which can
have quantum yields of 0.80 and above*. An example of high quantum yield can be
seen from the Rh-101 Rhodamine derived dye, which has emission in the orange part
of the visible spectrum and a quantum yield of 0.913 at room temperature*® (under
extreme cooling at temperatures of 153 K, Rh-101 has a quantum yield of exactly

1.000). Another example of high quantum yield molecular fluorophore is |,4-bis[5-



phenyl(oxazolyl)]-benzene (POPOP), emitting in the violet part of the visible
spectrum (407 nm)**, with a quantum yield of 0.93. Low quantum yield is a major
factor limiting the use of some fluorescent nanomaterials. Up-converting
nanomaterials and noble metal nanoclusters currently have low quantum yields of
around 1-10 %, with much effort being made to improve this factor limiting their

wider spread use in fluorescence imaging*>“°.

1.2 Fluorescent Gold Nanoclusters

AUNCs have seen much interest in the field of fluorescence imaging and sensing due
to their unique properties in comparison to currently used fluorophores. AuNCs
unlike larger, more commonly studied gold nanoparticles do not exhibit surface
plasmon resonance absorption due to their small size (less than 2 nm diameter) but
instead fluoresce in the visible/near IR region, which arises from quantum
confinement effect of free electrons and the separation of discrete electronic energy
levels. In comparison to traditional fluorescent dyes they have extremely long
fluorescence lifetimes in the ps regime. They are also extremely stable and bio-
compatible due to the low reactivity of gold itself. AUNCs also do not suffer from
photobleaching like biological dyes as they are not damaged upon re-excitation
making them suitable for imaging and sensing nanoscale phenomena which takes
place over longer time scales. They are also easily produced in large quantities with
good reproducibility in the laboratory. The fluorescence properties of AuNCs are
highly dependent on their size as well as the molecule used to stabilise them. The
advantage of having a large selection of ligand and proteins to stabilise the AuNCs is
that it is possible to develop fluorophores with selective sensing depending on the

scaffold used.

Three main approaches have been developed for the synthesis of AUNCs. The first
involves etching small clusters from larger gold nanoparticles using thiol
compounds, the second involves the chemical reduction of chloroauric acid and
stabilised by thiol compounds, the last involves reduction and stabilisation by the

ligand or protein used to stabilise the AuNCs.



Etching has seen less popularity in comparison to the reduction method, possibly due
to the more complex nature of the synthesis method. Essentially the gold atoms on
the nanoparticle surface are dissolved by the thiols until the reaction stops and a
stable, thiol capped nanocluster is formed. For the etching to be strong the pH of the
solution must be greater than 12.0 typically. This allows for the final product to be
monodisperse resulting in stable clusters of uniform fluorescent features. One
advantage of this method is that the size of the AuNCs can be controlled by the thiol

compound used to stabilise the cluster®’.

Chemical reduction synthesis can be more complex than the other methods.
Typically, a methanol solution is mixed with chloroauric acid and a thiol compound.
The solution is then frozen in an ice bath for a period. A solution of sodium
borohydride (sodium borohydride is a commonly used reducing agent which will
reduce most organic carbonyls) is then mixed rapidly under stirring and allowed to
react for another set period. The resulting precipitate can then be cleaned and
centrifuged to remove unreacted materials leaving thiol capped AuNCs***°. Correct
temperature and mixing of the solution is critical for the reproducibility of these
AUNCs as well as the separation of unused material from the final product. Another
disadvantage of this method is the size distribution of gold nanocluster capped thiols;
the cluster size yielded from this method is polydisperse®®. Size of the AuNCs plays a
critical role in the fluorescent characteristics; the most desirable synthesis method
would produce uniform sized AuNCs, which in turn would give uniform
fluorescence emission from each fluorophore complex. Another undesirable factor is
the use of sodium borohydride during the synthesis. Sodium borohydride while an
excellent and versatile reducing agent is highly toxic to the environment when not

correctly disposed of.

Of most interest to this thesis is the reduction and stabilization of AuNCs via proteins
and ligands. This method of synthesis benefits from many advantages in comparison
with the two previously discussed methods. Firstly, is the simplicity of the method. It
is highly reproducible and simplistic in nature due to it effectively being a “one-pot”
synthesis®’. Typically, a solution of Chloroauric acid is mixed with a protein or

ligand for a short amount of time at body temperature (37 °C) before adding sodium



hydroxide and stirring at 37 °C for a period. The protein or ligand acts as a reducing
agent at high pH and as such there is no requirement for a chemical reducing agent
such as sodium borohydride. For a ligand or protein to reduce Au®* tyrosine residues
must be present within the primary structure of the molecule. Tyrosine becomes
highly reducing at pH above 10.0 due to the pH being higher than the Pk, of tyrosine.
For the AuNCs to become stabilised there must also be cysteine residue in the
primary structure of the ligand or protein. The cysteine residues contain sulphur
molecules which readily bind to gold forming strong, stable bonds. Several proteins
and ligands have been used including: insulin, pepsin, proline, human transferrin,
lysozyme and serum albumin to synthesis AuNCs, each with similar fluorescent
properties indicating the AuNCs is similar in size in each case®**°. The serum
albumin family of proteins have most commonly been used to synthesise AuNCs,
particularly of the bovine strain, due to their low cost, availability and the correct
residue makeup of their primary structure. Serum albumin is the most abundant
protein found in mammalian plasma; consisting about 50 % of all serum proteins in
humans. Its function in the body is primarily that of a transport protein. Its typical
cargo consists of fatty acids, steroids and thyroid hormones; however, it also shows a
strong affinity for binding to several different drug molecules and less commonly
metal ions such as iron. It also has a large effect on stabilizing blood pressure via
colloid osmotic pressure. This in turn results in smaller mammals which typically
have a lower blood pressure to have a smaller percentage of serum albumin make up
the total protein count in their blood plasma. The structure of albumin is reasonably
large, with a molecular weight of 65.5 kDa. The protein structure is split into 3
distinct domains; of which each is split into 2 subdomains. The protein has a mainly
helical secondary structure which is supported by 17 disulphide bridges (sulphur-
sulphur bonds between cysteine residues cross linking the primary structure) offering
the protein rigidity. The protein is typically monomeric at natural body pH (pH 7.4)
with an overall negative surface charge. In unusual cases, some diseases can cause
proteins to form dimers. HSA dimerization is a symptom of liver cirrhosis in patients
resulting from sulphur-sulphur bonding between two free cysteine at position 34 of

the serum albumin polypeptide backbone™.



Another protein which is studied in this body of work is lysozyme. Lysozyme is
smaller in size in comparison to serum albumin with a molecular weight of 18.6 kDa
and a polypeptide chain of 164 amino acid residues; however, the AuNCs produced
when lysozyme is used as a stabilizing molecule are very similar in characteristics to
human serum albumin (HSA) and BSA. The protein functions mainly as an anti-
bacterial agent, attacking the protective cell walls of bacteria by breaking the
carbohydrate chains which make up the bacteria’s skin. Upon destroying a section of
the bacteria’s protective layer the high osmotic pressure in the centre causes the
bacteria to burst. The most common and inexpensive source of lysozyme is found in
the egg whites of hen eggs. In this case the lysozyme is situated so it can protect the
proteins and fats which nourish the chick as it grows within the egg. Increased
concentrations of lysozyme and the aggregation of lysozyme to hinder the formation
of toxic amyloid-B are both indicators of the onset Alzheimer’s disease in patients" .
The increase in lysozyme concentration is believed to be triggered by the immune
system to counteract increased levels of amyloid-f within the brain. Labelling
lysozyme with a robust, stable fluorescent marker which is aggregation sensitive

would allow for the monitoring and detection of early stage Alzheimer’s.

1.3 Gold Nanoclusters in Fluorescence Imaging and Sensing

To date protein encapsulated AuUNCs uses have been primarily utilized in
fluorescence sensing, however there have also been some successful studies into
using them also in fluorescence imaging techniques. They have been shown to be
highly sensitive to heavy metal ions; which are highly polluting and toxic to both
humans and the environment®®. In particular, concern for the increased amounts of
mercuric ions polluting the environment has risen®®. Therefore, the sensing of
mercuric ions, using BSA-AUNCs, has seen much development recently. Hu et. al.
first demonstrated the sensing ability of BSA-AuUNCs to be sensitive to Hg?*
molecules in the nM scale®. BSA-AUNCs can sense Hg®* ions in solution as a
decrease in AUNC fluorescence emission as the Hg®* ion acts as an effective
quencher in the presence of BSA-AuNCs. The quenching was reported to take place

via a metal-metal interaction between the mercury and AuNC surface. It was



demonstrated that the water quality from different sources, based on Hg?
concentrations, was clearly able to be determined using BSA-AuNCs. Shang et. al.
developed this method of Hg?* sensing as a means of imaging mercuric ions in live
cells using fluorescence imaging®. Rather than using BSA as the encapsulating
method, DHLA was used. The report successfully labelled living HeLa cells and
confirmed the AuNCs were localised inside the cells via fluorescence spinning disc
laser microscopy. Upon the addition of low concentrations of Hg** the fluorescence
intensity of the AUNC emission was seen to decrease indicating the metal ions had
been uptaken and were also localised within the HelLa cells. This study had the
benefit of not only proving the ability of AuNCs to act as an in vitro label for metal
ion imaging inside cells but also the relative ease at which they are uptaken by cells
making AuNCs an attractive prospect as an alternative to other traditionally used
fluorophores in fluorescence microscopy techniques. More recently Bothra et. al.
have developed chemically modified cellulose paper strips utilizing pyridoxal
conjugated BSA-AuNCs for cost effective and easy detection of Hg?* in any water

source®?.

Similar studies have been undertaken using BSA-AuUNCs as a means of imaging the
presence of Cu®* ions in live HeLa cells®®. Copper plays a prominent role in many
biological processes; however, Cu** within cells can lead to cell apoptosis®.
Durgadas et. al. found that Cu?* similarly quenches BSA-AUNC emission however
the mechanism is different to that of Hg?*. The Cu®" ion binds to the BSA surface
allowing the quenching to be reversible in the presence of glycine, a Cu** chelator.
This allows for selective imaging of Cu*" in cells via the switching off and on of
BSA-AUNC fluorescence in the presence of Cu®* and glycine respectively. The early
detection of Cu?" in cells allows for the prevention of Prion diseases, where the
presence of Cu?* results in Prion protein misfolding®. This sensing technique is of
use due to the low number of techniques available for sensing copper ions in live

cells®.

More complex sensing strategies have been developed based around encapsulating
AUNCs using an active agent. Wen et. al. encapsulated AuNCs using active

horseradish peroxidase in the detection and sensing of Hydrogen Peroxide®’.



Detection of H,O, in solution is again observed via a large decrease in the
fluorescence emission of the AuNC however the mechanism of quenching is
different to the previous examples. Upon the addition of H,0,, sulphur-gold bonding
between the enzyme and AuNCs are oxidised, due to the catalytic reaction of H,0,
by the active enzyme, causing the AuNC to detach from the enzymes and aggregate.
This aggregation results in a larger gold nanoparticle forming and the loss of the
AuUNC:s ability to fluoresce. This method was found to be able to detect H,O; at the
UM range, showing that active, functional encapsulation of AuNCs is possible and
the method could be used as a method of monitoring biologically important targets in

cells.

Cyanide ions have also been successfully detected in real world water samples by
Liu et. al. utilising BSA-AuNCs®. It was shown that AuNCs can detect cyanide
concentrations at a level 14 times lower than the maximum permitted level set by the
world health organisation®®. The fluorescence of AuNCs was reported to be
quenched in the presence of cyanide ions due to etching of the AuNCs, stripping
their gold atoms away and thus losing their ability to fluoresce. The method itself
was shown to have a high specificity to the cyanide ions due to the quenching
mechanism. Other ions were found to decrease the fluorescence of the AuNCs,
however, they could negate the effects of other ions by introducing a chelating agent
or other masking reagents which returned the fluorescence intensity of the AUNCs to
their original levels. This method is novel to cyanide sensing as it does not require

lengthy analysis times, nor a high level of skill™

or difficult synthesis methods
required to carry out*, while offering a detection limit well below what is required to

detect unsafe levels of cyanide in water supplies.

AUNCs have also seen use as a fluorescent detection method of trypsin, a commonly
found protease’®. Typically, the detection of high levels of trypsin in the human body
can be linked to pancreatic diseases such as cystic fibrosis; therefore, detection can
become useful in clinical diagnosis of these diseases. As with previous examples,
trypsin is detected via fluorescence quenching of the AuNC. The quenching
mechanism in this case is due to the BSA encapsulating the AUNCs being cleaved at

points within the BSA peptide chain containing lysine and arginine. The method was
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carried out in a clinical trial testing patient’s urine samples for trace levels of trypsin.
The group could differentiate between healthy participants and patients with
pancreatic diseases, with a detection limit of 86 pM.

Encapsulated AuNCs have been shown to be a very simple, clean and cost effective
method for sensing water pollution and in the detection of disease biological markers
in clinical situations, however there is much more scope for this new type of
fluorophore in fluorescence imaging due to their non-photobleaching, red emission
and low toxicity properties. One recent report discusses the use of egg-white
encapsulated AUNCs which could be activated in living tumor cells in vitro, while
remaining switched off in healthy cells. Tian et. al. used a similar method to Hu et.
al.; utilising mercury ions as a quencher to keep the AuNCs in a “switched off” state,
which becomes unquenched and in a “switched on” state in the presence of
intracellular reduced gluthathione’. Since the cancerous cells used, HepG2 are high
in gluthathione™, whereas healthy HelLa cells are not, it is possible to differentiate
between the healthy and cancerous cells under fluorescence imaging; since only the
cancerous cells will be seen to fluoresce. While this study was undertaken in vitro
conditions, it proves that protein encapsulated AuNCs can determine cancerous cells
from healthy cells in a non-destructive manner and shows there is possibility for their

use as an early detection method for cancer.

BSA-AuNCs have also been used in a “switchable” manner to image folate
expressed tumour cells based on the recovery of fluorescence in the presence of these
cells. Li et. al. used folic acid to attach and modify the BSA-AuNCs surface to render
the AUNC quenched and unable to fluoresce™. Folic acid assembled BSA-AuNCs
were found to stay quenched when incubated with normal cells since no folic acid
receptors are present to compete with the binding of folic acid to the BSA surface. In
the presence of these receptors on the cancerous cells, the folic acid is stripped from
the BSA-AUNC surface, allowing it to fluoresce and be imaged using fluorescence
microscopy. This method of imaging is interesting as it shows the versatility of BSA-
AUNCs as a platform for carrying out fluorescence imaging of different cancer cells
using different methods which are selective for the cancer cell of interest.
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Clearly the use of protein encapsulated AuNCs have much potential in both
fluorescence sensing and imaging, particularly within the fields of water quality
testing and cell imaging, with cell imaging leaving a lot of scope for the modification

of protein encapsulated AuNCs for specific targeted imaging.

1.4 Thesis Summary

The overall aim of this thesis is to provide vital information regarding protein
encapsulated AuNCs which will aid in the modification of AuNCs to provide
brighter emission, and to highlight potential issues with utilising protein encapsulated
gold nanoclusters as an in vivo sensor. It also highlights information which must be
considered if AuUNCs are to be utilised for observing protein aggregation.

In Chapter 2 details of the technical and underlying theoretical information regarding
the fluorescence, computer simulation and physicochemical characterisation
techniques employed to carry out this body of research as well as the background

knowledge of proteins required for interpretation of the results are discussed.

Chapter 3 uncovers the location of AUNCs nucleation within serum albumin and
unveils important information on how AuNCs form in proteins and the environment

AUNC:s are likely to form in.

Chapter 4 discusses the effects of AuNCs synthesis on natural HSA function and
shows that the major drug binding site Sudlow | does not function as it does in

natural HSA using the common fluorescent drug warfarin as a probe.

Chapter 5 characterises the HSA-AuNCs complex to uncover to what extent AUNCs
alters the natural state of HSA. It was found that the protein exists in a dimer state
upon AuNC synthesis and is highly sensitive to pH induced aggregation, raising

questions to its use as an in vivo sensor.

Chapter 6 continues by characterising Ly-AuNCs to understand the common features
of protein encapsulated AuNCs. It was found that the isoelectric point of lysozyme
was shifted from 10.0 to 4.0 upon AuNC synthesis — like that of HSA-AuUNCs. It was
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also found that Ly-AuNCs also exist in a dimer form and are pH sensitive in terms of
large aggregates forming. It was found that at body temperature Ly-AuNCs have
similar adsorption characteristics; allowing the use of Ly-AuNCs as a means of

observing lysozyme aggregation.
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2 Theory

2.1 Principles of Photophysics
2.1.1 Photoluminescence

In terms of physical processes the emission of light from a molecule or atom can be
divided into two categories; luminescence and incandescence. Incandescence
describes the emission of light from matter which is heated whereas luminescence
arises when an atom or molecule receives energy from sources other than heating’.
The physical mechanism which all types of luminescence can be described by is the
spontaneous emission of a photon from an excited electronic state of a molecule or
atom’’. Photoexcitation is the mode of excitation which this body of work concerns
and can be described as the direct absorption of light by electrons in a relaxed ground
state. Photoluminescence occurs by two primary forms: fluorescence and

phosphorescence.

Fluorescence can be described by the relaxation of an electron from the S; singlet
state. An electron excited to the S; electronic level can easily return to the ground
state (Sp) since it possesses an opposite spin value to that of the ground state electron;
thus, there is no violation of the Pauli Exclusion Principle upon relaxation’.
Phosphorescence differs in that a ground state electron is excited to a singlet state but
undergoes intersystem crossing from the S; state to the excited triplet (T,) state. The
electron spin changes so the triplet state has a symmetrical spin state to that of a
ground state electron. It is therefore forbidden to relax from Ty to Ty under the Pauli
Exclusion Principal and must undergo intersystem crossing to relax to the singlet
ground state. Intersystem crossing is more likely to take place when the vibrational
levels of the singlet and triplet state overlap; due to only a small amount of energy
being lost in the transition.

One of the main distinguishing physical factors between fluorescence and

phosphorescence is the time each spends in their excited states. This is known as the
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fluorescence lifetime’. A Jablonski diagram can be utilised to show the physical

steps involved with photoluminescence, as seen in Figure 2.1.
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Figure 2.1 - Jablonski Diagram of physical processes which take place during

fluorescence or phosphorescence.

After the absorption of a photon a molecule will quickly dissipate energy so that the
excited electron is in the lowest vibrational level of the S; singlet state. This
dissipation of energy is described as internal conversion where the excess energy is
lost to the molecules surroundings over a time scale of 10 s — 10! s. This is
extremely fast in comparison to the fluorescence (10° s — 107 s) and
phosphorescence (10° s — 10 s)® process timescales (see Figure 2.2) and results in
the emitted photon energy being less than that of the absorbed photon; since not all

energy absorbed is emitted as a photon.
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Figure 2.2 — Jablonski Diagram showing the time scale associated with each

process.

This phenomenon is known as Stokes’ shift which can be observed via an emission
spectrum’s peak wavelength ‘red-shifting’, as seen in Figure 2.3, compared to the

excitation wavelength™®.
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Figure 2.3 — Stokes’ shift of Warfarin absorption and fluorescence. Emission

spectrum can be seen to broaden due to thermal effects at the atomic scale.
2.1.2 Quantum Yield and Fluorescence Lifetime

Quantum Yield describes the ratio of emitted photons from a fluorophore to the
absorbed photons. The ratio can be well defined if both radiative and non-radiative
processes are considered’®; as seen in Equation 2.1.

kr
ky+knr

o =

[2.1]

Where: @ = quantum yield
k. = radiative emission rate [s*]

ko = non-radiative emission rate [s™]
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It is important to note that quantum vyield is defined by the rate of fluorescence and
not the rate of absorption, such that it can be described as independent of the
wavelength of excitation®. To fully understand this phenomenon, Kasha’s rule must
also be described®. This principle declares that the significant majority of photons
emitted through photoluminescence occur from the lowest excited state of an
electronic excited state®®. Thus, the wavelength of excitation only affects the
likelihood of absorption of a photon by a fluorophore; not the quantum yield.

The conditions under which excitation occurs for any molecular system can be well
defined for either: the steady state excitation by a continuous light source of a given
population of fluorophores (photostationary conditions)®; or the pulsed excitation by
a light source of negligible pulse duration of a given population of fluorophores
(transient conditions)®. The rate of excitation of a population of molecules for
photostationary conditions can be described by Equation 2.2.

d[*M]
dt

= Ip = (kr + kny)['M] [2.2]
Where: ['M] = concentration of excited state molecules

lo = intensity of light [W.m?]

k, = radiative emission rate [s™]

ko = non-radiative emission rate [s™]

To describe the rate of excitation of a population of molecules under transient
conditions it is important to first understand the mathematical definition of

fluorescence lifetime in terms of radiative and non-radiative rates (see Equation 2.3).

1

= [2.3]

T kptknr

Where: 1, = fluorescence lifetime [s]
k: = radiative emission rate [s™]

ko = non-radiative emission rate [s™]
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Since the time a single fluorophore will spend in the excited state is random, the
fluorescence lifetime of any molecule must be defined as an average time a system
spends in the excited state, rather than the absolute time. If for a system the quantum
yield is equal to 1, i.e. there are no non-radiative decays; then the fluorescence
lifetime can be considered intrinsic; since no outside factors are altering the time a

fluorophore stays in the excited state, it can be defined by Equation 2.4.
T, =— [2.4]

Where: 1, = intrinsic lifetime [s]

k. = radiative emission rate [s™]

Transient conditions refer to the creation of an initial group of excited state
molecules at a time of t = 0 via a light pulse with a delta function waveform. The rate
of depopulation of excited states after t = 0 can be described by Equation 2.5.

d[*M]
dt

= (kr + knp) [IM] [2.5]
Where: ['M] = concentration of excited state molecules
k, = radiative emission rate [s*]

ko = non-radiative emission rate [s™]

The fluorescence response function of a fluorophore can be defined as the

fluorescence at any time t after the initial excitation, shown in Equation 2.6.
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i(t) = ke t/tm [2.6]
Where: i(t) = fluorescence response function

k. = radiative emission rate [s™]

t = time after excitation [s]

Tm = fluorescence lifetime [s]

Equation 2.6 is the archetypical model of fluorescence describing decays from a

single excited state in a homogenous solution®® ®

. In a simple one exponential
system, the lifetime is essentially the time it takes for the population of excited states
to be 1/e (36.8 %) of the total excited states at t = 0. However, in many cases the
fluorescence lifetime of a system cannot be simply explained with the one
exponential model but may need 2, 3 or 4 exponentials within the model to fully

describe more complex fluorescent behaviour®® %

. In the case of more complex
fluorescence behaviour the correct number of exponentials must be chosen; it is easy
for a mathematical function with many parameters to correctly fit real experimental
observations, but have no real meaning. Fitting fluorescence lifetime decay curves

are discussed in more detail in section 2.2.4.

2.1.3 Fluorescence Quenching

Fluorescence quenching describes the decrease in the fluorescence intensity of a
fluorophore due to many different physical processes®. Both static and dynamic
fluorescence quenching arise from fluorophore interactions with another molecule in
its surrounding environment. Dynamic quenching describes the physical molecular
interaction between a quencher molecule and an excited state fluorophore. Static
quenching differs in that the fluorophore and quenching molecule undergo the
formation of a complex which no longer fluoresces. During collisional quenching,
the quencher molecule encounters a fluorophore and causes an excited electron to

relax to the ground state without emitting a photon. The energy held in the excited
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state is released as heat energy and is dispersed into the fluorophores’ surroundings.
The collision between the two molecules will cause no lasting changes to each since
no chemical reaction takes place during the process. Collisional quenching can be a
useful tool to probe the accessibility of a fluorophore to quenching molecules®. This
can be applied to locating fluorophores within proteins and macromolecules® *’. Due
to the nature of dynamic quenching, temperature and pressure of the fluorophores’
environment is linked to this process. An increase in either factor allows for the
quenching molecule to travel over a longer distance while the fluorophore is in the
excited state. The larger a distance a quencher can travel, the more likely it is to
encounter the fluorophore and knock it out of the excited state. Similarly,
fluorophores with longer fluorescence lifetimes are more likely to experience
dynamic guenching due to the simple fact the quencher molecules have a longer time
to diffuse before the emission of a photon takes place’. The sensitivity of a
fluorophore to a quenching molecule can be described by the Stern-Volmer

equation®, seen in Equation 2.7.

0= 14 kotlQ] [2.7]

1

Where: Iy = fluorescence intensity in absence of quencher [cps]
I = fluorescence intensity in presence of quencher [cps]
kq = bimolecular quenching constant
Tm = fluorescence lifetime in absence of quencher [s]

Q = concentration of quencher [mols]

The Stern-Volmer quenching constant, ko, identifies the sensitivity. If the value of kq
is low, then the fluorophore is typically not accessible by either water or water-
soluble molecules; however, a high value of kg is an indication that the fluorophore
molecule is easily accessible and most likely resides on the surface of a larger
molecule. Many examples of collisional quenchers can be found, however, the more

99-102 103-105

commonly found are oxygen , metallic ions and electron-deficient
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106,107 94,108

molecules such as halide ions or acrylamide all of which are water soluble

quenchers of fluorescence.

2.1.4 Forster Resonance Energy Transfer (FRET)

A more complex method of fluorescence quenching that is used in fluorescence
based sensing is the energy transfer to and from a fluorophore or fluorophore pairs.
Of most interest to this thesis is Forster Resonance Energy Transfer (FRET). FRET
takes place between two fluorophores over a distance between 2-10 nm, where
energy absorbed by one fluorophore is transferred to another; this results in the
absorbing molecule becoming quenched and causes the fluorophore which has
received the energy to fluoresce. This phenomenon has been utilised in several ways
using different types of fluorophore. One such method involves binding FRET
fluorophores to proteins to study conformational changes under different conditions.
The basic premise is that while in its natural state, energy will transfer to the acceptor
fluorophore and its emission can be detected. Upon the protein undergoing
conformation changes the separation of the donor-acceptor FRET pair changes,

resulting in an increase or decrease in the acceptors emission intensity.
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Figure 2.4: A pair of fluorophores which can undergo FRET are attached to
different domains of a protein. When the protein is in its natural form the
donor-acceptor pair is within close enough proximity that energy is transferred
from the excited donor and emission from the acceptor is seen. Upon protein
unfolding the separation between the FRET pair becomes such that energy is no

longer transferred and the donor fluoresces.

Hong et. al. utilised this method to study the effects of heavy metal ion binding on
protein conformation by monitoring the energy transfer between two Alexa Fluor

19 Another method of utilizing an

dyes, each attached to one of two protein domains
increase in separation between FRET pairs involves the hybridization of hairpin
Deoxyribonucleic acid (DNA) models attached to gold nano rods (GNRs) to sense
messenger ribonucleic acid (MRNA)™°. Zhang et. al. attached a donor fluorophore to
the end of a hairpin DNA structure with a length shorter than the FRET separation
needed for the donor fluorophore to transfer energy to the GNR. Upon interacting
with mRNA, the hairpin unfolds, extending outwards from the GNR so that the
separation between FRET pairs is so large that no energy transfer takes place and the
fluorophore can fluoresce (see Figure 2.5). The detection of this fluorescence

indicates the presence of mRNA.
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Figure 2.5: The gold nanorod acts as an acceptor for the donor fluorophore
attached to the end of the hairpin DNA. While the DNA is still in its hairpin
shape no fluorescence, emission is seen; upon interacting with the target mMRNA

mRNA
unravels hairpin

the hairpin unravels creating a large separation between the fluorophore and
GNR. This separation is large enough that FRET no longer takes place and the

donor is seen to fluoresce.

FRET can also be utilized as a sensor for proteinase activity by attached a donor
acceptor pair via a cleavable linker. In the presence of proteinase, the linker is
cleaved causing the separation of donor acceptor pair and a loss in energy transfer.
Huitema and Eltis successfully used variations of GFP in this manner to demonstrate

the cleaving position of the cysteine proteinase of the hepatitis A virus*.
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Figure 2.6: Two proteins are attached via a linker with a donor fluorophore

attached to one protein and the acceptor fluorophore attached to the other. The
separation of the pair is small enough that FRET takes place and the acceptor
molecule fluoresces. Upon introduction of a cleaving molecule the linker which
joins the proteins is broken. This creates a large separation between the FRET

pair, resulting in no FRET taking place and the donor fluorophore fluorescing.

Another method of utilising FRET to quantify glucose concentration was developed
by McCartney et. al. using con A, which has 4 binding sites for glucose®*2.
Allphycocyanin (APC) is covalently attached to the con A molecule, which has
dextran labelled with malachite green fluorophores bonded to it. While no glucose is
present, the FRET takes place between the APC and malachite green fluorophores
attached to the dextran; however, in the presence of glucose, dextran and glucose
compete for the binding sites on the con A molecule, resulting in the dextran being
displaced and replaced by glucose. The loss of dextran and its labelled fluorophore
results in a decrease in FRET which can be measured via the emission intensity of

APC and quantified with respect to glucose concentration.
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While FRET based techniques for sensing are widely used to sense the presence and
concentration of different molecules, it can also be utilised as a means of accurately
measuring distance over a scale of 1 - 10 nm, since the rate of energy transfer
between two fluorophores is proportional to the pairs’ separation. With this
technique, it is possible to measure distances at the single molecule level. Stein et. al.
demonstrates the ability to measure at this scale using FRET using Rigid DNA
origami blocks with predetermined binding sites on the surface at different
separations for a pair of cyanine based fluorophores'*®. The same experiment was
carried out using different lengths of double stranded DNA as a separator for the two
fluorophores; this reproduced the same result as seen using origami blocks whereby
energy transfer decreased as separation increased. This correlation was then used to
calculate the separation distance based on the fluorescence intensity decrease of the
acceptor fluorophore observed which matched the already known lengths of the

DNA separator.

FRET does not share the same processes as either dynamic or static quenching.
FRET differs in that it is a non-contact, non-radiative energy transfer between a

fluorophore and a quenching molecule’ as seen in Figure 2.7.
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Figure 2.7: Jablonski diagram illustrating the energy processes taking place
during FRET.
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A donor fluorophore is excited via incident light and in the presence of an accepter
molecule the energy is transferred to the donor fluorophore via a coupling of dipole
moments’®; this coupling makes the FRET process highly dependent on the
separation between donor and acceptor, with the rate at which energy is transferred
dropping off dramatically at distances greater than 10 nm*****>_ |t is also important to
note that there is no thermal energy transfer between the donor-acceptor pair. The
energy transfer results in a decrease in the fluorescence intensity of the donor, along
with a decrease in the fluorescence lifetime as well. If the acceptor molecule is not
quenched via other processes its fluorescence intensity will increase™'®. The energy
transfer between donor and acceptor pair however is not solely due to the separation
distance of the two molecules. Other factors which must be considered are the
angular orientation of the dipole moments as seen in Figure 2.8, the spectral overlap
between the fluorescence emission spectrum of the donor and the absorption

spectrum of the acceptor as seen in Figure 2.9.
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Figure 2.8: Shows the effect of dipole — dipole orientation on FRET efficiency.
When dipoles are completely aligned the orientation factor is said to be k = 1.
When there is no alignment across the x and y planes then no FRET takes place

and x = 0.
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Figure 2.9: Illustration of the overlap required for FRET. The donor emission
spectrum must overlap partly with the acceptor emission spectrum. More

overlapping will result in a more efficient energy transfer.

To a lesser extent the natural quantum vyield of the donor in the absence of the
acceptor and the refractive index of the solution contributes to the efficiency of
energy transfer. The efficiency of the energy transfer, first described by Férster'’,
was found to be dependent on the inverse sixth-distance between donor acceptor

pairs as seen in Equation 2.7.
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1

E= Somr 1271

Where: E = efficiency of the energy transfer
r = the separation between donor and acceptor [m]

Ro = the Forster distance associated with the donor/acceptor pair [m]

The Forster distance Ry describes the donor-acceptor separation at which the energy
transfer efficiency is 50 %. As previously mentioned many factors are involved when
determining the efficiency of FRET, which is directly correlated to Ro. The Forster
distance can be described by Equation 2.8.

Ro = 0.211(Q,n"*x?))/® [2.8]
Where: Rq = Forster distance [m]

Qb = quantum yield of the donor fluorophore

n = index of refraction

K = orientation between donor/acceptor dipoles

J = spectral overlap integral between donor (em) and acceptor (abs) spectra

The spectral overlap integral can be described by Equation 2.9, and is illustrated in
Figure 2.9.

e F(M)A*dA

Jy =1 [T [2.9]

Where: € = extinction coefficient of acceptor molecule
f = emission spectrum

A = wavelength [m]
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FRET has often been described as a “nano-scale ruler”***%° due to the relationship
between donor-acceptor separation and energy transfer efficiency. One problem in
using FRET as a technique to measure Angstrom scale distances lies in the ability to
distinguish between changes in the energy transfer rate. As seen in Figure 2.10 the
change in energy efficiency is most apparent around the Forster distance while no

change is visibly apparent at the extremities of the separation values.
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Figure 2.10: FRET efficiency plotted as a function of donor/acceptor separation
distance. The Forster distance can be seen at a FRET efficiency of 0.5. Note that
the change in energy efficiency is negligible between 0 — 30 nm and 80 - 100 nm
in this case, thus making it extremely difficult to measure distances in those

separation ranges.

30



The rate of energy transfer, or FRET efficiency, E, can be found by either observing
the changes in the fluorescence emission intensity or fluorescence lifetime of the
donor fluorophore in the presence and absence of the donor fluorophore** 2. FRET

efficiency can be described by Equation 2.10.

E=1-=X [2.10]

To
Where: T = the fluorescence lifetime of the donor in the presence of the acceptor [S]

10= the fluorescence lifetime of the donor in the absence of the acceptor [s]

If the observed differences between fluorescence spectra or fluorescence lifetime
values are either too small or too large it is impossible to extract the correct value for

donor-acceptor separation*?.

2.2 Fundamentals of Fluorescence Techniques
2.2.1 Fluorescence Spectroscopy

Fluorescence microscopy is one major area of use for fluorophores. However, it is
also possible to study nanoscale phenomena without the need to directly image
something to gain information on its behaviour and dynamics. Steady state
fluorescence spectroscopy has been used to study nanoscale interactions by
observing changes to a probes’ emission spectrum. Changes to the emission
spectrum with regards to wavelength position and intensity can reveal information in
a variety of different fields; examples include the food processing industries'?*,

126 3,127 and

manufacturing®, water treatment™?®, medical and pharmaceutical industries
geology™?®, among others. One of the simplest methods of detecting molecules in
solution is using direct fluorescence quenching. Fluorescence quenching is a
phenomenon whereby the fluorescence intensity of a fluorophore decreases either

due to non-radiative energy losses to its surrounding environment or forming a new
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molecular complex which changes its ability to absorb light. The type of quenching
can also be determined through measurement of the fluorescent lifetime — in this way
both fluorescence emission spectroscopy and time domain fluorescence lifetime
measurements can be used as methods of determining fluorescence quenching.
Molecules that can affect a fluorophore’s emission in such ways is referred to as a
quencher. One group of molecules which are strong quenchers are the Halides.
Halides are binary compounds where one halogen atom is bound to another element
or radical which are less electronegative. Typical examples of a halide molecule are
sodium chloride or hydrogen fluoride. Halides can be found physiologically. Most
biological fluids partly consist of inorganic electrolytes, which halides function as.
The concentrations of halides in different bodily fluids can act as a strong indicator
to illness or disease; for example, cystic fibrosis can be characterised by a high
concentration of chlorides in saliva and sweat'®. The classical sweat test was
developed by Gibson and Cooke using pilocarpine iontophoresis using electrodes
placed on a patients’ skin'*®. These tests are somewhat invasive for the patient and
the equipment required is relatively costly. One possible test for high chloride
concentration in sweat which has been suggested is the fluorescence quenching of
acridinium and quinolinium dyes in solution with sweat. Both have been shown to be
excellent detectors of Chloride halides due to their specificity to fluorescence
quenching in their presence®®. This fluorescence based test would not only remove
the invasive aspect of the classical test, it would also be less expensive and the
method itself would require less training to carry out correctly. Monitoring halides in
consumer products such as cheese and other dairy products is critical to safety in the
food industry. Industrial waste, especially water waste is important to monitor as
high levels of halides since it can be potential disastrous to fresh water animal and
fish species. While many laboratory methods are available for measuring halide
concentration in ground water, there are only a few options for in-situ monitoring.
One method of in-situ monitoring was developed by Cosentino et. al. consisting of a
laser light source with fibre optics attached to a light sensor which utilises silver
chromate strips. The strips reflect more light onto the sensor in the presence of
chlorides™?. This setup however is expensive, complex and could not be effectively

used to monitor several sites in one area. A cheaper and more versatile method of in-
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situ monitoring was developed by Sivaraman et. al utilising the catalytic effect of
iodide on the reduction of ferric thiocyanate dyes™. The ferric thiocyanate in the
presence of iodides forms non-fluorescent complexes and reduced fluorescence
intensity from the dye can be measured and quantified to the iodide concentration.
This method is much less complex than Cosentino’s due to the availability of
portable spectrophotometers and the selective nature of the experiment based on the
dye which is used.

Two important experimental techniques to this thesis are UV-Vis Spectroscopy and
Fluorescence Emission/Excitation Spectroscopy. It is useful to discuss both
techniques together, since both techniques are complimentary to one another. UV-
Vis spectroscopy essentially measures transitions from the ground state to the excited
state across the ultraviolet-visible spectrum whereas Fluorescence Spectroscopy
measures transitions from an excited state to a ground state across the same

wavelength region.

The UV-Vis spectrometer makes use of 2 light sources; a halogen lamp for excitation
between 300 - 1100 nm and a deuterium lamp for excitation between 190 - 350 nm
(A Xenon flash lamp while less common can also be used to cover the range of 190 -

1100 nm removing the need for 2 separate light sources*

). The light is passed
through a monochromator, which is used to scan through a chosen wavelength range.
The light from the monochromator passes through the sample chamber where the
light is absorbed and continues onto a detector. The experimental setup for this

apparatus is shown in Figure 2.11.

33



uv Halogen

Lamp Lamp
f Filter Wheel
\' '/ \ Sample Chamber
'V, v

B (ANZANN

S <4 ]7\
Light Housing Excitation Monochromator

& $

Y
Detector

Figure 2.11: Schematic diagram of a typical UV-Vis Spectrometer apparatus

setup.

The absorption spectrum is constructed by observing the difference between light
intensity with and without a sample in the beam path at each wavelength. Some
experimental setups will split the light beam equally and direct each new beam into
separate sample chambers using a beam chopper or beam splitter. This allows a
blank sample and sample can to be measured simultaneously®; however, the setup
shown considers two measurements made sequentially with only one sample
chamber. The light absorption of a sample can be written mathematically in terms of

the excitation wavelength and absorbance (or transmittance), shown in Equation

2.11.
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AQ) = logio(7) = ~ logioT(2) [2.11]
Where: A(L) = Absorbance of the material with respect to wavelength [Au]

lp = radiant flux received by the material [W]

I = radiant flux transmitted by the material [W]

T(A) = Transmittance of the material with respect to wavelength [m]

While UV-Vis spectroscopy can be used to simply characterize a sample through the

position of absorption peaks™®

, it is also possible to determine the concentration of a
known molecule through the Beer-Lambert Law; which states the absorbance
efficiency of a solution is directly proportional to the path length (i.e. the length of
solution the beam passes through; typically, 1 cm for a standard size cuvette) and the

concentration of absorbing molecule®® (as seen in Equation 2.12).
AA) = e€lc [2.12]
Where: A(A) = Absorbance of the material with respect to wavelength

& = Molar absorption coefficient [L.mol™.cm™]

| = path length on incident light through solution [cm™]

¢ = concentration of solution [mol™]

There are cases however where the Beer-Lambert law does not hold true. The

7

formation of aggregate particles in solution*®*, high concentration®* and other

138-140

chemical and physical scattering phenomena all cause derivations from the

direct proportionality of absorbance efficiency and absorbing species concentration.

The Emission/Excitation spectrofluorometer has a similar apparatus setup to UV-Vis
spectroscope. A broadband Xenon light source is used to excite a population of

fluorophores in solution and the resulting fluorescence emission is captured by a
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photo-detector. The light passes through monochromators both before and after
passing through the sample; either one of which can be cycled through a range of
wavelengths to yield either an excitation or emission spectrum. One difference in the

experimental setup is the path in which the beam follows (see Figure 2.12).
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Monochromator

j Automated Polarizers

Y

Reference Detector

Cuvette —
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Figure 2.12: Schematic diagram of a typical Emission Spectrometer apparatus

setup.

The light leaves the sample chamber perpendicular to the incident excitation light to
decrease the amount of excitation light passing through to the detector, since it is
only the fluorescence emission of the sample which is of interest. Another difference
is that the fluorescence emission from a population of fluorophores is highly
dependent on the intensity of the excitation light source. One problem that can arise
from this technique involves fluctuations in the intensity output of the light source
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over the measurement period. To rectify this problem, a secondary detector is placed
in the sample chamber to monitor the overall power output of the light source. The
sample detector signal can then be divided through by the light source detector to

remove this bias from the final spectrum generated.

Fluorescence Emission/Excitation Spectroscopy can be used to characterize a sample

141-143

in solution , as with UV-Vis Spectroscopy, the fluorescence emission of a

molecule can be quenched or enhanced depending on the presence of other

molecules*14°

and also by physical changes to the solution such as changes in
temperature®®®  or  pressure®®’;  making  Fluorescence  Emission/Excitation
Spectroscopy a powerful tool for probing interactions between proteins or

macromolecules on the single molecule scale.

2.2.2 Fluorescence Lifetime Spectroscopy

Fluorescence lifetime spectroscopy concerns the measurement of the time a
fluorophore stays in the excited state. There are currently two approaches to
measuring the fluorescence lifetime of a molecule, frequency-domain lifetime
measurements and time-domain lifetime measurements. Frequency-domain lifetime
measurements yield information from a population of molecules by exciting the
sample with a light source that is intensity modulated at a frequency similar in time
to the reciprocal of the fluorescence lifetime being probed. This method of excitation
causes the fluorescence emission to be modulated at the same frequency; albeit with
a time delay and change to the overall amplitude in comparison to the excitation. The
fluorescence lifetime is then extrapolated from the change in peak to peak height of
the emission wave in comparison of the peak to peak height of the excitation wave.
This method of measuring is not employed in this thesis and all emphasis will be

placed on time-domain lifetime measurements from this point.

& is the main

The Time Correlated Single Photon Counting (TCSPC) technique
technique used to investigate changes to fluorescence lifetime in this work. The main

apparatus setup for carrying out a TCSPC measurement can be seen in Figure 2.13.
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Figure 2.13: Typical Experimental setup for TCSPC based techniques.

A pulsed light source (typically, laser diodes or LEDs are used as the light source) is
focused onto a sample in a light-tight sample chamber; at the same time the light
source is pulsed, a trigger signal is sent to start the timing electronics. After a period,
the sample will fluoresce, emitting a photon which is detected by a PMT detector,
sending a trigger signal to stop the timing electronics. A monochromator is used to
select the emission wavelength of interest and the emission polarizer is set to the
magic angle; for square geometry, the magic angle is 54.7 °°. The magic angle
describes the value at which interactions which depend on the second order Legendre
polynomial vanishes — such as depolarizing phenomena which can take place during
fluorescence decay acquisition. Depolarization effects such as FRET can enhance the
fluorescence decay and result in incorrect fluorescence decay values. The time-to-
amplitude converter (TAC) measures a period by building the voltage in a capacitor.
The voltage when the stop signal is received is converted to a time and stored in a
histogram of measured fluorescence lifetimes. The electronics creating the histogram
is known as the multi-channel analyser (MCA). Any time after the stop signal has
been received and before the next start signal has been sent is known as the dead

time. To acquire a complete fluorescence lifetime decay curve, this process must be
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continually carried out until one channel in the histogram has received a set amount
of counts (typically pre-set to stop the experiment at a peak count of 10,000). If the
sample does not fluoresce and a stop trigger signal is not sent the TAC will reset
upon the next start trigger signal and no time will be recorded. This is typical for a
TCSPC measurement as the experiment is setup to detect 1-2 photons per 100
excitation events. This is critical to avoid bias towards detecting shorter fluorescence
lifetimes. During each excitation event, only one photon can be registered by the
detector; always being the first photon emitted by the sample. The
excitation/emission ratio is tracked by dividing the stop signal rate by the start trigger
rate to give what is known as the a value. To keep the a value below 2 % neutral
density filters are placed in the beam path before the sample is excited to dampen the
excitation intensity focussed onto the sample. This results in fewer photons emitted.
If the TAC range selected to measure over results in a dead time longer than the
measured time, then it can be beneficial to measure in reverse mode. Reverse mode
switches the source of the start and stop signals so that a measurement is made for
every emission event rather than excitation. This stops the timing electronics
measuring dead time for every excitation event, lowering the total amount of time

required to collect a full data set.

For it to be possible to yield correct fluorescence lifetimes from the data the
instrument response must be known. This is measured before the fluorescence
lifetime decay curve by utilizing Rayleigh scattering. The emission monochromator
is set to the excitation wavelength, both polarizers are set to vertical and a silica
colloid solution (typically a Ludox SM-AS solution) is placed in the sample
chamber. The time taken for the pulsed excitation source to be detected directly is
measured. In ideal conditions the instrumental response would result in a 3-function
(i.e a single peak reserved to only one data channel), however due to the
imperfections inherent with the light pulses used in exciting the samples and pulse
broadening from the optical components the resulting instrumental response is
broader, an example is seen in Figure 2.14.
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Figure 2.14: Fluorescence decay curve of HSA measured over a TAC range of
100 ns. The instrument response or ‘prompt’, can be seen in blue and the decay

curve in red. Excitation 295 nm, Emission 320 nm.

The prompt and the fluorescence lifetime decay are convoluted in the measured
decay curve, as shown in Equation 2.13. To yield correct values for the fluorescence
lifetimes measured the prompt and fluorescence decay must be reconvoluted.

P()Qi(t) = F(t) [2.13]
Where: P(t) = Instrumental response function
i(t) = Impulse response function

F(t) = Theoretical model of fluorescence decay

To find the correct values for the fluorescence lifetimes the correct mathematical
model to describe F(t) must be used. Depending on the complexity of the samples
fluorescence characteristics, a one or more exponential model is used to describe the
fluorescence lifetime values and their associated pre-exponential values, shown in
Equation 2.14.
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1(6) = ity brexp (- i) [2.14]
Where: I(t) = decay function with respect to time

b; = fluorescence lifetime amplitude

1; = fluorescence lifetime [s]

t = time after excitation [s]

To test the quality of the fit between the theoretical function and the measured decay
the non-linear least squares fitting method is employed. The goodness of fit is
determined by the chi squared value (5%), shown in Equation 2.15.

Y(i)= Fa(D]?
2= In [Tt [2.15]

Where: Y(i) = measured data
Fq(i) = fitted function
o(i) = standard deviation of Y(i)

N = number of data channels selected for analysis

A value of 1.0 for ¥? is considered a perfect fit, however it is widely accepted that a
value of 0.9> y?>1.3 is considered a good fit. Also, important to determining a good
fit is the use of the weighted residuals (W;). If the weighted residuals are distributed
randomly around the fitted function, then it is considered that the correct theoretical
method has been chosen and a good fit has been achieved. If, however the weighted
residuals are non-random, then the model has not fit the data correctly and must be
reviewed. Examples of random and non-random weighted residuals are shown in
Figure 2.15.
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Figure 2.15: Random and non-random weighted residuals for 3 and 1
exponential fitting to a fluorescence lifetime decay curve. It can be clearly seen
that in this example a 3 exponential fit describes the decay curve correctly since
the y* value is between 0.9 and 1.3 and the residuals are randomly distributed
around 0. For the 1 exponential fit neither of these criterions is met and thus

does not correctly describe the decay curve.

For longer fluorescence lifetimes which need to be measured using a TAC longer
than 13 s it becomes beneficial to measure using the Multi-Channel Scaling (MCS)
technique”. At such long TAC ranges the time resolution becomes >85 ns per
channel depending on the length of TAC chosen. At this time resolution, current
timing electronics are fast enough to register a stop trigger signal for each data
channel per start trigger signal. Essentially the MCS sweeps through the whole TAC
range treating each channel in the same way the TCSPC technique treats the whole-
time range. The main difference between MCS and TCSPC techniques is the way in
which a sample is excited. Rather than pulse a light source as in TCSPC, a spectra-
LED is turned on for a period continuously exciting the sample to a steady state and
then switching off. After the light source has been switched off, the fluorescence
decay from the sample from that point is measured, resulting in a decay curve, as

seen in Figure 2.16.
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Figure 2.16: MCS decay curve for HSA-AUNC (excited at 295 nm, emission at
670 nm). The fluorescence decay is fitted from the falling edge (~channel 2400)
of the steady state period (~channel 400-2400).

As with TCSPC pile-up effects are possible in each data channel if the a value is
greater than 2 %; again, this must be controlled using neutral density filters. At such
long TAC ranges, it is not necessary to measure at the magic angle since polarization
effects resulting from photo-selection happen at a much shorter time scale. The
resulting decay curve is analysed by fitting the falling edge after the steady state
emission. Fitting is less complex since it is not necessary to consider the instrument
response due to the large time scales MCS is used at, however the exponential model
is still used to describe the experimental data and the non-linear least squares fitting
method is used to test the quality of the fit between theoretical function and

experimental data.

A more advanced technique which utilises TCSPC is Time Resolved Emission
Spectroscopy (TRES). TRES differs from regular TCSPC in that multiple
measurements are taken over an emission wavelength range to gain information on
the emission spectra of individual fluorescent species with their own fluorescence
lifetime. At each wavelength increment data is measured for a set period. All the

decay curves measured are then combined and a global fit is applied to yield
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fluorescence lifetimes. Each individual decay curve is then fitted using the
previously found lifetime values to gain relative amplitudes for each lifetime at each
emission wavelength. The data can then be displayed as relative amplitude vs
emission wavelength, effectively giving an emission intensity spectrum associated

with each lifetime.

A much simpler and more widely used fluorescence based technique for measuring
at the nanometre scale is fluorescence anisotropy. Fluorescence anisotropy is a
powerful tool which can measure the size of single molecules by tracking the
rotational time of a molecule undergoing Brownian motion. This is carried out by
exciting either an intrinsic fluorophore or attaching an extrinsic fluorophore to a
molecules surface, using vertically polarized light. Only fluorophores whose dipole
moment are aligned with the polarized light will be excited — in this way the
orientation of the excited state population of molecules is known at the start. The
emission from the excited population is then measured at vertical and horizontal
polarization; from this the rotational time can be calculated. If the temperature and
viscosity of the solvent is known, then the hydrodynamic radius of the molecule can
be calculated from the rotational diffusion time. Several groups have made use of
fluorescence anisotropy to observe single molecule dynamics which are unable to be
tracked via fluorescence microscopy methods. Stewart et. al. demonstrated the
viability of this technique by measuring the radius of stable Ludox colloids of known
radius using a newly synthesised ADOTA derived fluorophore with an unusually
long lifetime of ~20 ns**. Using fluorescence anisotropy, it was possible for the
investigators to correctly measure particle sizes less than 10 nm to within an error of
less than 10 %. One of the major disadvantages of fluorescence anisotropy is the
length of the fluorescence lifetime of the fluorophore used must be close in length to
the rotational time of the molecule under observation. As molecules get larger and
more complex their rotational time also increases. If a fluorophores lifetime isn’t
sufficiently long, then the time it spends in the excited state is too short for the
molecule to rotate enough to the point it has depolarized. To overcome the problem
of measuring large particles with fluorescence anisotropy Raut et. al. studied the
polarization properties of Bovine Serum Albumin-encapsulated (BSA) gold

nanoclusters (AuNCs) under different conditions™. These fluorophores have
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exceptionally long lived fluorescence lifetimes in the microsecond regime. The
investigators successfully displayed polarization properties present in these new
types of fluorophores offering the possibility of using them to measure the diameter
of large particles in solution. Protein-encapsulated AuNCs have also been
demonstrated to measure protein unfolding due to pH. Li et. al. successfully used the
polarization properties of AuNCs within BSA to measure the radius of the protein
under highly acidic conditions™. It is known that under these conditions BSA
unfolds, giving the protein a larger hydrodynamic radius. This was observed via the
longer rotational time of AuNCs under acidic conditions in comparison to neutral
pH.

2.3 Fundamentals of Molecular Dynamics (MD)

To compliment the experimental work carried out in the laboratory, computational
models of the protein-AuNCs complexes were created using Molecular Dynamics
(MD) simulations™?. In simplest terms MD allows for the simulation of molecules
and single atoms interacting with each other over a given period, basing the
interactions on approximations of the laws of physics. The position, velocity and
acceleration of each individual atom in the simulation is known and used to calculate
its next location and velocity after a given timestep. The interactions between each of
the particles are represented by potential energy and are simulated by molecular
mechanics’ force fields. In MD, the potential energy is associated with a set of
forces, referred to as the force field, which acts upon a particle; thus, potential energy
only depends on the particle position in space. These calculations are carried out
numerous times for each timestep for every atom in the system until a satisfactory
trajectory of each particle is known. These trajectories can then be studied to gain
information on atomic interactions on the single molecule scale. Before looking at
the calculations carried out to find the trajectories it is important to describe how
molecular models are first setup based on individual particles. MD makes use of
molecular mechanics (MM) to set up model molecular systems based on classical
mechanics. Each particle is given a few characteristic parameters based on which
atom is being modelled. The parameters given are a radius based on the van der
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Waals radius of the atom, a constant net charge and a polarizability value. All
bonded atoms are treated like classical springs which rest at the equilibrium distance
for that given atom-atom bond (either measured experimentally or calculated
theoretically). Bond angles are also taken into consideration during calculations. To
optimize a molecular construct in MD MM is used to minimize the molecules
potential energy to find the lowest energy conformation of the given molecule. The
force field previously described is used as a criterion for finding the local minimum
for each atom while an algorithm is running to find the global lowest energy
conformation. The force field itself is modelled using the sum of two equations, the
difference between the two depending on whether interactions between each atom
are bonded or non-bonded interactions. The equations used to model bonded

interactions are shown in Equation 2.17.

U(R™)pondea =
~Yponds Ko (b = bo)? + 3 Tangies Ko (6 — 00) +
Ydinearais Kp[1 + cos(ng — 8)] +
S impropers Ko (@ — wo)? [2.17]

Where: U(R™) bonded = force field energy due to bound interactions
R™ = set of separate atom vectors
Ky = spring constant for bonds [N]
b = bond length [m]
Ky = spring constant for bond angles [N]
0 = bond angle [°]
Ky = spring constant for bond dihedrals [N]
(n¢-0) = bond dihedral rotation [°]
K, = spring constant for improper bonds [N]

® = improper bond angle [°]
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The equations used to model non-bonded interactions are shown in Equation 2.18.
Ajj B; qidj 4 Ajj By; qiqj
U(R )unbound - Zl>] ( 5 — J) Zl>] 4 —L Z$>)j [ (rTJZ - _f')J) + el,4r_,]

T T&oTij ij ij

[2.18]

Where: U(R™) unboung = force field energy due to unbound interactions
Aij & Bj; = nuclear force constants for atomic interactions
rj = separation between 2 atoms [m]
q = charge of atom [C]

go = electric permittivity [F.m™]

Some approximations must be made when modelling atomic interactions in MD.
Firstly the bonded interactions are modelled upon the simple harmonic oscillator case
from classical mechanical physics. Secondly all the atoms in the system are treated
as hard spheres and all collisions are perfectly elastic, so that there is a conservation
of all kinetic energy and momentum such that an atoms shape cannot be deformed in
MD. The charge state of the atoms is not changed during the trajectory and following
on from this fact no bonds are created or broken in MD simulations. To minimise the
global potential energy of the system the atoms are placed in non-equilibrium
geometry and mathematical procedures based on energy minimization methods are
used to relocate the atoms into its lowest energy configuration. Potential energy
surfaces are created with atomic positions as variables. It is then possible to use
gradient based algorithms to find the best coordinate for the atoms using the simple

gradient descent method.

The MD trajectories are calculated using classical mechanics, represented by

Newton’s laws of motion, shown in Equations 2.19 and 2.20.
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F707) = =vVU(@y?) [2.19]

F?07) = ma; = my —dzz_;(t) [2.20]
Where: F(ri ) = force experienced by an atom [N]
U(r;™) = energy [J]

m; = mass of atom [kg]

aj = acceleration of atom [m.s]

To integrate Newton’s equations of motion the Velocity Verlet algorithm™® is used.
Based on the Verlet algorithm, the position of the atom is updated every time step

using Equation 2.21.
r2(t+ At = 170 + v (DAL + % a7 (t)At? [2.21]
Where: r;” = atom position

v~ = velocity of atom [m.s™]

ai~ = acceleration of atom [m.s?]

t = time [s]

The Velocity Verlet algorithm calculates velocities every full and half time step

through Equation 2.22.

v (6+5) = v (0 + a7 (DA [2.22]

As previously mentioned the position, velocity and acceleration are needed to create
trajectories in MD. Acceleration of each particle in the next timestep can be found

using Equation 2.23.
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a7 (t + At) = —(%)VU[ri_’(t + At)] [2.23]

The Velocity Verlet algorithm then calculates velocities also in the next timestep

using Equation 2.24.

v (t + Ab) = v; (t + ) + Za7 (t + At)At [2.24]

To correctly simulate a system, the molecules temperature must be taken into
consideration. In MD temperature is not an independent variable but represented as a
statistical quantity expressed as a function of the position and momenta of all
particles. If the total number of particles is large enough it is possible to find the
temperature using the kinetic theory of gases, shown in Equation 2.25.

T(t) = TN, MO [2.25]

=1 KkpNy
Where: T(t) = temperature with respect to time [K]
m; = mass of atom [Kg]
= velocity of atom [m.s™]
Kg = Boltzmann’s constant [J-K ]

N = number of degrees of freedom

To ‘heat” a molecule to the correct temperature in MD simulations Langevin
dynamics are employed™*. Another consideration to consider is the size of the
overall simulation box. It is important that the box is much larger than the molecule
so that water molecules and other atoms freely move and interact with the protein
surface. One way of overcoming this is the introduction of periodic boundary
conditions. The simulation box (typically cube or cuboidal in shape) is surrounded by
image replicas of itself so that the primary cell has replica image cells on every
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surface. Only the trajectories of the primary cell are calculated and recorded, when
the trajectory of a particle passes into an image cell. If a particle moves into an image
cell it also appears in the primary cell in the exact position it crossed into the image
cell since all cells are identical. This effectively allows for particles to continue
travelling in trajectories which would normally interact with the box surface and

appear on the other side, as shown in Figure 2.17.

@
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Figure 2.17: Two-dimensional representation of periodic boundary conditions;
as an atom passes through a boundary of the primary cell it appears on the
opposite side. Only the atoms that cross the primary cell boundary are

calculated from the surrounding simulation boxes.



The advantage of this method is that it requires relatively little extra computing
power due to the fact only particles crossing cell boundaries need to be accounted for
on top of the primary cell trajectories.

2.4 Fundamentals of Proteins - Amino Acids and Protein Structure

Proteins are the building blocks of all complex, multi-cellular organisms. They play a
wide range of critical roles within the body such as, but not limited to, DNA
replication, the transportation of molecules and catalysing metabolic reaction,
allowing cellular functions to carry out as normal. They are defined as large,
complex molecules constructed from a linear chain of amino acids. Differences in
protein structure and function arise from the differences in their amino acid
sequence. The order of amino acids in the linear chain of amino acids, commonly
referred to as the polypeptide chain, also determines how a protein folds into its
native three-dimensional state, which in turn dictates how the protein functions
within a living organism. Polypeptides sequences are longer than 30 residues (amino
acids within a chain) and can be as long as 36,000 residues in the case of the protein
titin®>. Amino acid sequences shorter than 30 residues are described as peptides. It is
typical to talk about a proteins size in total mass rather than the length of the
polypeptide. The unit used to quantify protein mass, rather than grams, is the Dalton.
The Dalton is defined as 1/12" the mass of a C'? atom and is approximately

analogous to an atomic mass unit (a.m.u).

Before discussing protein assembly and structure in more detail it is important to
look at amino acids in more detail. An amino acid is a simple compound, defined by
the presence of a carboxylic acid (-COOH) and an amine (—NH;) functional group
with a specific side chain unique to each amino acid. In total 500 amino acids have
been documented, with 240 being observed in nature'®®, however, of the 240
occurring naturally only 22 are used in the assembly of proteins. This group of 22
amino acids is referred to as the proteinogenic amino acids, 21 of them exist in the
standard genetic code of proteins and are directly encoded for protein synthesis,

while pyrrolysine depend on special translation mechanisms during construction of
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proteins to be included. The 21 coded amino acids can be classified in a variety of
ways. One way of classification is through the characteristics of the amino acid side
chain. The first group of amino acids have electrically charged side chains at pH 7.4
(The physiological pH of a typically healthy human body.) Arginine (Arg), Histidine
(His) and Lysine (Lys) all have positively charged side chains at this pH, while
Aspartic acid (Asp) and Glutamic acid (Glu) have negatively charged side chains.

£ NG

H,N” ~COOH H,N” ~COOH
L-serine {Ser, S) L-threonine (Thr, T)
CONH,
/(CONHQ
H,N” ~COOH H,N” ~COOH
L-asparagine (Asn, N) L-glutamine (GIn, Q)

Figure 2.18: Structure of the amino acids with electrically charged side chains at

pH 7.4.

The second group of amino acids are characterised through their polar, uncharged
side chains. Serine (Ser), Threonine (Thr), Asparagine (Asn) and Glutamine (GlIn)

are all grouped under this classification.
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Figure 2.19: Structure of the amino acids with polar, uncharged side chains at

pH 7.4.

Thirdly is the largest classification, the amino acids with hydrophobic side chains.
Alanine (Ala), Isoleucine (lle), Leucine (Leu), Methionine (Met), Phenylalanine
(Phe), Tryptophan (Trp), Tyrosine (Tyr) and Valine (\Val) all fall under this category.

S/

COOH fCZOH NYCOOH H,oN /CQQH
L-alanine (Ala, A) L-leucine {Leu, L) L-isoleucine (lle, I) L-methionine (Met, M)
iCOOH ?COOH N’ :COOH COOH
L-phenylalanine (Phe, F) L-tryptophan (Trp, W) L-tyrosine (Tyr, Y) L-valine (Val, V)

Figure 2.20: Structure of the amino acids with hydrophobic side chains at pH

7.4.
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Finally, there are the special cases which do not fall under the other categories. This

includes Cysteine (Cys), Selenocysteine (Sec), Glycine (Gly) and Proline (Pro).

/[SH /[SeH
H,N COOH HsN COOH
L-cysteine (Cys, C) L-selenocysteine (Sec, U)
H,;N”"NCOOH <!;li\’\‘COOH
glycine (Gly, G)

L-proline (Pro, P}

Figure 2.21: Structure of the special case amino acids at pH 7.4.

The forms given in the previous four figures are the standard chemical structures,
however in aqueous solutions they exist as zwitterions. A zwitterion is a neutral

molecule with positive and negative charges at different points on the molecule itself.

The pKa of the functional groups and side chains of each amino acid are also of

interest to the synthesis of protein encapsulated AuNCs and are given in Table 2.1.
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Amino Acid a-carboxylic acid a-amino Side chain

Alanine 2.35 9.87
Arginine 2.01 9.04 12.48
Asparagine  2.02 8.80
Aspartic Acid 2.10 9.82 3.86
Cysteine 2.05 10.25 8.00
Glutamic Acid 2.10 9.47 4.07
Glutamine 2.17 9.13
Glycine 2.35 9.78
Histidine 1.77 9.18 6.10
Isoleucine 2.32 9.76
Leucine 2.33 9.74
Lysine 2.18 8.95 10.53
Methionine  2.28 9.21
Phenylalanine 2.58 9.24
Proline 2.00 10.60
Serine 2.21 9.15
Threonine 2.09 9.10
Tryptophan  2.38 9.39
Tyrosine 2.20 9.11 10.07
Valine 2.29 9.72

Table 2.1: pKa values for amino acids; note that the uncharged side chain

amino acids have no pKa value for their side chains.
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The pKa is the logarithmic acid dissociation constant. It describes the quantitative
strength of an acid in solution. If the pKa value is high, then it is less likely an acid
will donate a proton. Associated with the pKa values of amino acids is the isoelectric
point. The isoelectric point of a molecule is the pH at which the net charge of the
molecule is zero. Since each amino acid has different pKa values the isoelectric point
for each amino acid is slightly different. The isoelectric points are shown in Table
2.2.

Amino Acid Isoelectric pt. Amino Acid Isoelectric pt.

Alanine 6.01 Leucine 5.98
Arginine 10.76 Lysine 9.74
Asparagine  5.41 Methionine  5.74
Aspartic Acid 2.77 Phenylalanine 5.48
Cysteine 5.07 Proline 6.48
Glutamic Acid 3.22 Serine 5.68
Glutamine 5.65 Threonine 5.87
Glycine 5.97 Tryptophan  5.89
Histidine 7.59 Tyrosine 5.66
Isoleucine 6.02 Valine 5.97

Table 2.2: Isoelectric point values for amino acids.

Another characteristic of interest to this thesis is the hydrophobicity of each amino
acid as they can determine the hydrophobicity of certain areas within a proteins
structure. The hydrophobicity of an amino acid at pH 7 is determined using a scale
based on the hydrophobicity of glycine, which is neither hydrophobic nor
hydrophilic in an aqueous environment. The hydrophobicity of each amino acid is
displayed in Table 2.3.
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Amino Acid Hydropathy Amino Acid Hydropathy

index index
Alanine 1.8 Leucine 3.8
Arginine -4.5 Lysine -3.9
Asparagine  -3.5 Methionine 1.9
Aspartic Acid -3.5 Phenylalanine 2.8
Cysteine 2.5 Proline -1.6
Glutamic Acid -3.5 Serine -0.8
Glutamine -3.5 Threonine -0.7
Glycine -0.4 Tryptophan  -0.9
Histidine -3.2 Tyrosine -1.3
Isoleucine 4.5 Valine 4.2

Table 2.3: Overall hydropathy of each amino acid, negative values indicate

hydrophilic behaviour, positive values indicate hydrophobic behaviour.

As previously mentioned, a protein is formed by a single long chain of amino acids.
The amino acids bond through peptide bonding™’. Peptide bonds form by linking the
a-carboxyl group of one amino acid to the a-amino group of another, resulting in the

production of a dipeptide bond and a water molecule, as shown in Figure 2.22.
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Figure 2.22: Chemical diagram of the condensation reaction which takes place
during peptide bonding; in this case the a-carboxyl group of one Glycine bonds

to the a-amino group of another by losing one water molecule.

It is possible for the polypeptide to bond to itself via cross-linking. Cross-linking is
generally due to disulphide bonding, resulting from the oxidation of the sulphur side
chains of two cysteine residues. The disulphide bonds typically give the structure of
a protein more rigidity and are more commonly seen in extracellular proteins since
they exist in harsher environments in comparison to intracellular proteins which are

relatively protected within the cell membrane.

When discussing structure of a protein there are 3 aspects which are commonly taken
into consideration. The primary structure has already been discussed and is the amino
acid sequence of the complete polypeptide chain is in. It is the backbone of the
protein structure and cannot change unless the amino acid sequence is effectively cut
in two along the chain or cross-linking bonds are broken. The secondary structure
describes local structures within the protein which are repeatable and common for

not just one protein. Features such as alpha-helices and beta sheets are described as
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secondary structure and are assembled via hydrogen bonding by amide and carboxyl
groups in the protein backbone. Alpha-helices are right hand spiralled structures
which are formed when every amine group donates a hydrogen bond to the carbonyl
group of an amino acid four places previous in the polypeptide sequence. Cross

linking is often present in proteins where alpha-helices are present, rigidifying these
structures making them less likely to destabilise.
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Figure 2.23: 2D representation of the structure of a typical alpha-helix. While
hydrogen bonding is relatively weak, the amount of hydrogen bonding taking

place along the coil offers enough strength for the secondary structure to keep
its shape.
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The other most common secondary structure is the beta-sheet. Beta sheets are
assembled when hydrogen bonding takes place between the backbones of two or
more strands of the polypeptide chain running parallel to one another, forming a
twisted sheet. In this formation, all the side chains of the individual amino acids all
point upwards in the same direction from the beta-sheet. Depending on the alignment
of the polypeptide chain backbone, the beta-sheet can exist in two forms, based on
the alignment of hydrogen bonding, either an antiparallel or parallel beta-sheet,

shown in Figure 2.24.
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Figure 2.24: Chemical bond representation of both backbone alignment types in

the formation of beta sheet secondary structures.

The final important aspect of a proteins structure is the tertiary structure. This
describes the proteins geometric shape formed by the backbone and the secondary
structures forming distinct domains within the protein itself. The tertiary structure is
paramount to a proteins function as the overall shape or conformation of a protein
affects how it interacts with its surrounding environment. Many diseases result from

changes to a proteins tertiary structure, resulting in it aggregating, forming large
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particles or affecting the way it interacts within the body, even changing it to become
toxic'®®. The tertiary structure can be defined by the spatial coordinates of all the
atoms in a proteins structure. X-ray crystallography and nuclear magnetic resonance

imaging are most commonly used to determine the tertiary structure of a protein.

As mentioned previously proteins can be intrinsically fluorescent if their polypeptide
chain contains phenylalanine, tyrosine or tryptophan. The side chains of these amino
acids contain aromatic rings and can all absorb light to varying degrees at different

wavelengths.
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Figure 1.25: Normalised UV-Vis absorption of the fluorescent amino acids

Phenylalanine, Tryptophan and Tyrosine.

Tryptophan has a quantum yield of 0.20 and has the highest quantum yield of the
three amino acids and is most widely used to sense changes in protein conformation.
Tryptophan’s absorption profile consists of two bands, one centred on 280 nm and

the other at 290 nm. As seen from Figure 2.25, the overlap in absorption between
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tryptophan and the other two amino acids allows for the excitation of tryptophan
exclusively at approximately 290 nm. The reason for two absorption bands arises
from different states the indole ring (5-sided carbon ring — see Figure 2.20) on the
side chain can take. Transitions from the n to 7* in the electron-vibration energy in
the indole ring are attributed to the two different absorption peaks. Tryptophan can
also experience energy transfer from nearby excited tyrosine and to a lesser extent
phenylalanine through FRET. Tryptophan is reasonably complex in terms of
fluorescence lifetimes. The tryptophan amino acid’s fluorescence decay curve is 3-
exponential in aqueous solution. These three fluorescent species arise from different
rotamer forms (conformational isomers of the molecule which exist in nature) the

amino acid can take®.

2.5 Physicochemical Characterisation Techniques
2.5.1. Determination of Particle Size via Dynamic Light Scattering

The size of molecules can be measured via Rayleigh scattering of light if the particle
size is small in comparison to the scattered light’s wavelength, typically below sizes
of 20 nm*®. Rayleigh scattering is the elastic scattering of light by particles smaller
than the incident light’s wavelength. As an elastic process the total energy of the
incident light is equal to that of the scattered and the particle which scatters the light

remains unchanged*®

. If @ monochromatic and coherent laser source of light is
focussed on a liquid medium containing small particles undergoing Brownian
motion, then the intensity of scattered light will fluctuate due to changes in distance
between scattering particles in solution over time. The surrounding particles will
cause scattered light to undergo constructive or destructive interference which results
in the intensity fluctuations previously mentioned. Within these fluctuations
information describing movement timescales of the scattering particles can be
retrieved. This information can then be converted into particle sizes using the

autocorrelation function.

The apparatus setup consists of a monochromatic laser source which is vertically

polarized and shot into a sample contained in a light sealed box.
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Laser

Polarizer

Figure 2.26: Experimental setup for a typical DLS measurement.

The scattered light is then passed through a second polarizer and into a
photomultiplier which monitors the intensity of scattered light. This process is
repeated continuously so that many scattering events take place as the particles move
in solution under Brownian motion'®®. The differences in constructive and
destructive light from all diffracting particles in solution is then analysed by an auto
correlator, comparing the intensity of scattered light over time. The dynamic
information of the scattering particles is calculated from the auto correlation curve

using Equation 2.26.

<I(t)(t >
9 (@) = s [2.26]

Where: g(q; r) = the auto correlation function at a wavelength g, and time t

| = intensity of incident light [W.m]

The autocorrelation function decays exponentially with time; this is due to the lack of
correlation between two scattered light events after a longer period. The long period
allows the scattering particles to move. This movement results in the light being
scattered differently. The exponential decay of the autocorrelation function is fitted
using numerical methods based on a sample which has polydisperse scattering

particles present. The autocorrelation function consists of a sum of exponential
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decays, as shown in Equation 2.27; where each decay corresponds to a different

particle size in the total sample population.

g(q;t) = [ G exp(~T1)dl [2.27]

Where: I' = decay rate [S'l]

The decay rate can then be expressed as a function of the translational diffusion

coefficient, Dy, and wave vector as shown in Equation 2.28.

r= ¢*D, [2.28]

The wave vector of the experimental setup can be found via Equation 2.29.

q= 47;”" sin (g) [2.29]

Where: n, = refractive index of the sample
A = laser wavelength [m]

0 = the angle of the detector with respect to the sample cell [°]

The hydrodynamic radius can then be calculated via the Einstein-Smoluchowski
relation for the diffusion of spherical particles through a liquid with a low Reynolds

number.

__ kgT
- 6nnr

[2.30]

t
Where: kg = Boltzmann constant
T = absolute temperature [K]
n = dynamic viscosity [kg.m™.s™]

r = the radius of a spherical particle [m]
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2.5.2 Determination of Zeta Potential via Electrophoretic Mobility

It is possible to measure the potential difference between a surface of a particle in
solution and the bulk of the liquid, referred to as a particle’s zeta potential, via
electrophoresis. Electrophoresis describes the motion of charged particles in a
conducting liquid as a result of applying a uniform electric field — typically via a
cathode and anode. A negative charge is applied to the liquid causing positively and
negatively charged particles to move towards the electrodes which they are attracted
to, overcoming friction and the electrophoretic retardation forces. The surface
charges of particles in liquids are screened by a diffuse ion layer which has a charge

of the same magnitude but opposite sign of the particle surface charge.
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Figure 2.27: A negatively charged surface of a particle suspended in a medium.

The Zeta potential comes from the overall charge at the slipping plane surface.

The overall force applied to a particle moving through an applied electric field in a
liquid is zero when moving at constant speed. The drift velocity, v, of a particle in a
strong electric field in a liquid with a low Reynolds number can be described as

proportional to the applied field, E, defining the electrophoretic mobility, . (the
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ability of a charged particle to move through a medium) in Equation 2.31, known as
Henry’s Equation®.

2er€08
pe = 2= 2t [2.31]

Where: g, = dielectric constant of the dispersion medium
€0 = permittivity of free space [10™2. m=.kg™. s*. A?]
{ = zeta potential [V]

n = dynamic viscosity of the dispersion medium [kg.m™. s™]

The drift velocity can be measured via Laser Doppler Velocimetry (LDV). Two
coherent, monochromatic lasers are crossed in the sample cell, where the two beams
interfere with one another. As the particles move through the laser intersection they
reflect the lasers and the changes in intensity are detected by a photodetector. The
frequency in fluctuation of detected scattered light intensity is equivalent to the
Doppler shift between both incident and scattered light and can be converted into a
velocity for scattering particles, since the Doppler shift is proportional to particle

velocity.

The measured particle velocity is then used to calculate the electrophoretic mobility
and converted into zeta potential values which are used to quantify the magnitude of

net electrical charge of a particle in solution.

2.5.3 Determination of Liquid Viscosity

The viscosity of a fluid is simply the drag caused by the relative motion of a fluid on
a surface it flows past. To successfully measure viscosity, the flow must be laminar;

therefore, a liquid must have a small Reynolds number*®

. A rolling ball viscometer
was utilised throughout this thesis; the advantage of this method is that it utilises
micro capillaries, and therefore only a small sample volume (5 ml) is needed to

calculate viscosity. A metal ball is passed through the capillaries under gravitational
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forces and the time of flight for the ball to pass through two optical beams is

recorded.

To calculate the dynamic viscosity of a liquid both the density of the rolling ball and
the sample density must be known (calculation of the sample density will be
explained in 2.5.4 Measuring the Density of Liquids), the relationship between

dynamic viscosity and sample density is shown in Equation 2.32.
n = K(pp — ps)ts [2.32]
Where: 1 = dynamic viscosity [mPa.s]

K = proportionality constant

pp = ball density [g.cm™]

ps = sample density [gcm™]

t, = time of flight for the ball [s]

2.5.4 Determination of the Density of Liquids

The digital oscillating U-tube method was used throughout this thesis to determine
the density of liquids. The oscillating U-tube method is based on the Mass-Spring
model; the liquid sample is used to fill a glass U-tube which can oscillate. The U-
tube is excited mechanically to oscillate at its lowest un-dampened frequency. The
natural frequency of vibration is influenced by the samples mass. Since the volume
of the liquid within the U- tube does not change, the mass does not change and the
frequency of vibration can allow the density of the sample to be determined. The

oscillation of the tube is converted into an electronic frequency via electromagnets.
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Figure 2.28: Experimental setup of the U-tube densitometer

The period of oscillation is then used to calculate density using Equation 2.33.
p=At?—B [2.33]
Where: p = density of liquid [g.cm™]

A = instrument constant

B = instrument constant

T = period of oscillation [s]

The instrument constants can be found by measuring the density of substances of

which the densities are already known. For all experiments the densities of water and

air were used.
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2.5.5 Theory Quartz Crystal Microbalances

The resonant frequency of a piezoelectric quartz crystal resonator is utilised to
measure changes in mass on the nano gram scale, deposited on a surface. A Quartz
Crystal Microbalance (QCM) consists of a thinly cut quartz disc with gold electrodes
plated on either surface to allow a current to pass through the quartz crystal. An
electrical potential applied through the electrodes causes mechanical stress within the
quartz crystal. This mechanical stress can be thought of as an acoustic wave
propagating through the crystal, reaching minimum impedance when the crystal
thickness is a multiple of half the acoustic wavelength*®. By setting up a constant
oscillation in which the acoustic wave travels perpendicular to the crystal surface, it
is possible to calculate the total mass adsorbed to the sensor surface. A QCM is said
to be operating in shear mode when these conditions are met regarding the direction
of acoustic wave in the crystal*®®. The deposition of material as a thin film on the
sensor surface results in a decrease in the frequency the crystal is resonating at. This
change in frequency is proportional to the mass adsorbed on the surface, thus
allowing for the mass to be calculated.

A resonant frequency is setup in the crystal by matching the acoustic oscillation with
the electrical oscillation near to the fundamental frequency of the crystal being used
in the sensor. The fundamental frequency is determined by the crystal characteristics.
Its thickness, chemical structure, shape and adjacent medium are constants and do
not change, whereas the mass of the crystal changes with the deposition of material
on the crystal surface®’, first shown by Sauerbrey et. al.

Af « K Am [2.34]
Where: Af = change in fundamental frequency [Hz]
K = constant associated with the crystal characteristics

Am = change in deposited mass on sensor surface [g]
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When the QCM sensor is submerged in solution the frequency of oscillation will
change. The factors that determine the new fundamental frequency are based on the
characteristics of the solvent adjacent to the sensor surface. When the layer over the
sensor surface is thick, the relationship between Af and Am also becomes non-linear.

To correct for these factors Kurosawa et. al. observed that Af is a linear function of

the viscosity and density of the liquid'®®*®® shown in Equation 2.35.
32 (_pn \?
of = 5 () [2.35]

Where: f, = fundamental frequency of the quartz crystal [Hz]
p = liquid density [g.cm™]
n = liquid viscosity [kg.m™.s™]
pq = Water density [g.cm™]

nq = Water viscosity [kg.m™.s"]
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3 Locating the Nucleation Site of AUNCs within

Serum Albumin Proteins

3.1 Abstract

Protein encapsulated AuNCs are a new class of highly stable, non photobleaching
fluorophores™. Due to these unique fluorescent properties, this new type of
fluorescent probe has potential to be utilised for biological imaging and sensing.
Proteins which contain tyrosine and cysteine amino acids within their polypeptide
chain in the correct ratios can act as the nanocluster template, offering a wide variety
of proteins in which AuNCs can be grown. Serum albumin of both bovine and
human variety have been extensively studied, however questions about how and
where gold nucleates within BSA and HSA during synthesis have yet to be

answered.

In this study, evidence of the location of nucleated AuNCs within BSA and HSA are
presented. Fully atomistic molecular dynamics studies of BSA interacting with
randomly introduced Au atoms were combined with experimental spectroscopic
studies of HSA-AUNCs in changing pH. These were carried out in conjunction with
FRET based studies on the separation between the single tryptophan residue present
in HSA and the AuUNC itself. The combination of both experimental and
computational data revealed that the major binding site for AUNCs within BSA and
HSA is at the bottom of the heart shape protein in domain I1B, close to the Sudlow I
drug binding site. Knowledge of the major AuUNC binding site and the surrounding
residues will aid in the understanding of the AuNC fluorescence mechanism and
their optimisation as a fluorescent probe.
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3.2 Introduction

It is of the upmost importance to understand the structure and function of a
biomolecule when using it as a scaffold to synthesize fluorescent metal nanoclusters.
Both BSA and HSA have been used as a model protein for AUNC synthesis due to
their abundance and the well-studied nature of both proteins. Serum albumin
predominantly acts as the major transportation molecule in the blood stream;
carrying fatty acids, hormones and many other molecules, including drugs,
throughout the body'"®. Comparatively both BSA and HSA share the same tertiary
and secondary structures however there are some differences within the primary
structure of both proteins. The polypeptide sequence of HSA and BSA share a 76 %
homology*™, also highlighting the close similarities of the two proteins. Despite the
difference in the polypeptide sequences both proteins weigh on average between 66.0
kDa - 66.7 kDa, depending on the literature quoted*’®!"2. The primary structure of
serum albumin can be described as heart shaped with dimensions of 84 x 84 x 31.5
A Despite the proteins large size, it is still relatively rigid due to several
disulphide bonds cross-linking three domains within the protein. The main structure
of serum albumin is alpha-helical in nature with each domain consisting of 2 long
loops of alpha helices and one shorter loop. Each domain is split up into 2
subdomains, the first consisting of the two long loops and the second domain
consisting of the one shorter loop. The heart shape of the protein is the natural
conformation of the protein in natural conditions (pH 7.4, temperature 37 °C)
however the protein undergoes conformational changes depending on the pH of its
environment. There are five well defined conformations of serum albumin depending
on the pH of its environment. As previously mentioned the proteins take on a heart
shape at pH 7.4, this is known as the ‘normal’ form and exists in pH 4.3 - 8.0 At
pH values between 4.3 and 2.7 the proteins take on a partially unfolded state known
as the ‘fast’ form. Lowering the pH below 2.7 results in the proteins taking on a fully
unfolded conformation known as the ‘extended’ form in which the protein is exposed
to the surrounding environment. At pH between 8.0 - 10.0 the protein takes on the
‘basic’ form in which the heart shape is retained but hydrophobic areas of the protein
bury themselves further into the protein structure. At pH above 10.0 the protein takes

on the ‘aged’ form which keeps the heart shape conformation of the normal and basic
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form. It is referred to as the aged form due to the ageing process the protein
undergoes at this pH. The process is catalysed by free sulfhydryl and results in
conversion of sulfhydryl at its origin position. This aging process allows the protein
to retain its normal shape and does not undergo the transition from normal to fast
conformations®’. In terms of this chapter of work it is important to note that in terms
of fluorescence behaviour both are also similar in their absorption and emission
profiles; however, BSA contains two fluorescent tryptophan residues whereas HSA
contains only one, making energy transfer analysis between tryptophan and AuNC
more simplistic in nature. The tryptophan is found at position 214 in the polypeptide
chain placing the residue in domain Il, near the centre of the protein, whereas in BSA
the positions are separated across domains | and 11, in positions 134 and 213. The
single tryptophan has been shown as a useful FRET donor in HSA; successfully
measuring the separation distance between it and a prodan dye attached to the single
free cysteine in position 34 in the polypeptide chain under protein unfolding®™®,
showing the feasibility of utilising the single tryptophan and single acceptor

fluorophores to measure Angstrom scale distances within dynamic systems.

To intelligently optimize the properties of protein encapsulated AuNCs it is
paramount to have a clearer understanding of how these protein-gold complexes
form during synthesis. Studies concerning the fluorescence characteristics of AUNCs
have been undertaken in the past. The fluorescence characteristics of HSA-AuUNCs
and BSA-AUNCs have been shown in the literature to be the same under matching
solvent conditions’""®, The absorption band of AUNCs has been seen to be broad,
resulting in unusually wide excitation band from 280 nm to 470 nm*™. It has also
been shown that tryptophan can undergo FRET with the AuNC illustrating that there
are at least two pathways of excitement for AuNCs**’. The position of the peak
emission has been reported between 670 - 710 nm, however some care must be taken
as not all published spectra are correctly calibrated for detectors which are biased
towards shorter wavelength photon detection. The overall quantum yield of the
AUNCs emitting in the red regime has also been reported at different values ranging
from 1 - 8 %°*'"°. Quantum yield of AuNCs encapsulated in serum albumin have
also been shown to be dependent on solvent type and temperature of solution'*®. The

quantum yield of the AuNCs has been shown to be one of the major barriers in the
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widespread use as a fluorophore in bio-imaging™®®. Of most interest to all protein
encapsulated AuNCs is the extremely long lived fluorescence lifetimes. Fluorescence
lifetimes have been reported, one around Ius and another longer fluorescence
lifetime of 2-2.5 us™**8. Studies have been carried out to explain the source of a 2-
exponential fluorescence decay. Wen et. al. revealed two bands of fluorescence
emitted by the AuNCs, the spectrum was observed to consist of a major band with a
peak of 710 nm and a weaker band with a peak of 640 nm'®?. From temperature
based experiments carried out by the group the origin of the major band was
attributed to the core of the nanocluster while the weaker band was assigned to the
surface-protein bonded shell. The core of the AuUNCs is icosahedral shaped,
consisting of 13 Au(0) atoms while the shell structure takes on a [S-Au(l)-S-Au(l)-S]
motif, with the sulphur sourced from sulphur groups within the protein. This
core/shell model has also been suggested in other literature®. Further work carried
out by Wang et. al. also observed two bands within red fluorescent ligand
encapsulated AuNCs at the same positions as protein encapsulated AuNCs. It was
found that not only does the fluorescence originate from the core/shell structure but
the fluorescence characteristics of the AUNCs can be altered depending on the type
of ligand used to form the shell structure. The overall charge of the AUNC was found
to be the factor determining the changes to the fluorescence characteristics and it is
possible that the AUNC charge could also play a role in altering the fluorescence

characteristics of protein encapsulated AUNCs*'.

One critical area which has not fully been explored is the nature of the synthesis and
how gold atoms interact with the protein surface and nucleate inside proteins. While
much speculation has been made as to the exact process of AUNC nucleation within
proteins using the one-pot method developed by Xie et. al., only a few studies have
attempted to uncover information about the synthesis method itself. Xu et. al. studied
how the number of different residues affected the AUNC formed by comparing the
synthesis of AuNCs using different proteins*®. This work also adds further weight to
the idea of a core/shell model for protein encapsulated AuNCs due to the lack of
growth of AuNCs within protein that do not contain sulphur groups — a critical part

of the shell structure as previously discussed. XPS data taken of protein encapsulated
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AUNCs have also shown gold sulphur bonding present, further adding weight to the

shell/core model*,

Pyo et. al. have made interesting discoveries on the fluorescence mechanism
associated with the two fluorescence bands associated with AUNCs fluorescence™®”.
They have reported on the origin of fluorescence emission from thiolate encapsulated
AUNCs, in which they probe the fluorescence mechanism by rigidifying the AuNC
via tetraoctylammonium (TOA) or via freezing. They describe the emission from
AUNCs as phosphorescence due to the large Stokes’ shift and microsecond lifetimes.
Due to the lack of aggregation of their AUNCs under freezing and a large increase in
quantum vyield the luminescence model which best described their observations was a
ligand-to-metal-metal charge transfer relaxation, which occurred at a triplet metal-
centred state in gold shell of the AuNCs rather than the core. The group describes the
full luminescence dynamics upon excitation of the AuNCs as first a femtosecond
relaxation of the gold core state to the shell state. From this state, intersystem
crossing takes place to a triplet state which then relaxes to a lower luminescent triplet
state that has a high affinity in charge transfer to the surrounding ligands. Upon
freezing the ability of the second triplet state to transfer charge is lost due to reduced
solvent interactions and the luminescence predominantly occurs from the higher

energy, brighter triplet state.

The position of the AuUNCs within proteins has never been explored, information
which is critical to improving the fluorescent capabilities of these fluorophore
complexes through intelligent engineering of the protein’s local environment or
alteration of the protein itself. Here in this chapter we present a dual approach to
uncovering the location of AuUNC nucleation within serum albumin using both

fluorescence studies and molecular dynamics simulations.
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3.3 Experimental
3.3.1 Sample Preparation

BSA-AuUNCs were prepared using an unmodified version of the widely used one-pot
method, devised by Xie et. al.>* Initially solutions of gold salt and protein were
prepared at room temperature directly before synthesis. 51 mg of Chloroauric acid
(chemical formula HAuCl,;) was dissolved in 15 ml of water providing a solution
with a concentration of 10 mM. 750 mg of BSA was dissolved in 15 ml of water,
providing a solution of 750 pM. The two solutions were heated and mixed together
using a magnetic stirrer bar and hot plate with stirring functionality at 37 °C for 2
minutes. 1.5 ml of NaOH, with a concentration of 1.0 M, was added to the solution to
increase the pH above 10. The solution was then continued to be stirred and heated
for a further 6 hours. To control the temperature more accurately, a 3 L water bath
kept at a temperature of 37 °C was used during the 6 hrs of stirring and heating. The
solution was then removed from the water bath and stored in an oven at 37 °C for 48
hrs. BSA-AuNCs were dialysed into buffer solutions using dialysis cassettes with a
molecular weight cut off (MWCOQO) of 40,000 Da to remove any impurities from the
BSA-AuUNC solution and control the pH. Buffer solutions of pH 1.0, 7.0 and 12.0
were prepared by dissolving buffer salt tablets in water. For each pH, BSA-AuNCs
were dialysed in 2 L of buffer solution for 24 hrs. This process was repeated for a
total of 3 times, replacing the buffer solution each time, for each pH. Each samples’
pH was verified at the end of dialysis using a Horiba electronic pH probe. Before any
measurements were carried out, solutions were diluted to 10 % and pH was

readjusted using HCI or NaOH when needed.

HSA-AuUNCs were similarly prepared using the above protocol. Measurements of
natural BSA and HSA were carried out using proteins which underwent dialysis

treatment as above.

All chemicals used within this chapter were supplied by Sigma Aldrich, Dialysis
cassettes and accessories were supplied by Fisher Scientific.
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3.3.2 Fluorescence Measurement and Data Analysis

All fluorescence emission and excitation spectra, including 3D emission/excitation
matrices (EEMs), were acquired using a Horiba Fluorolog 3. Emission and excitation
spectra were measured with a resolution of 1 nm, whereas 3D EEM measurements
were carried out with a resolution of 10 nm to keep measurement times as short as
possible to avoid any fluctuations with the sample environment over time. All time
resolved fluorescence lifetime measurements were performed on an IBH Fluorocube
fluorescence lifetime system equipped with an emission monochromator, utilising
the TCSPC technique for nanosecond regime fluorescence lifetimes and the MCS
technique for microsecond regime fluorescence lifetimes. Both Laser diode and LED
based light sources were used for all fluorescence lifetime measurements. The pulsed
laser diode operated at a 1 MHz repetition rate (with an excitation wavelength of 482
nm) and the LEDs operated at a repetition rate of 2 kHz (with excitation wavelengths
295 nm, 377 nm and 471 nm). 100 ns and 13 ps TACs were used to measure protein
fluorescence lifetimes and AuNC fluorescence lifetimes respectively using the
TCSPC method. A 340 ps TAC was used for all measurements carried out using
MCS. All fluorescence lifetime data analysis was carried out using the nonlinear
least squares method with the IBH iterative reconvolution software: DAS6. To find
the fluorescence lifetimes associated with decay associated spectra, a global fit
method was applied to the sum of all the datasets measured. The fluorescence
lifetimes gained from the fitting were then used as fixed variables across each
individual data set; for each emission wavelength measured at, to calculate the
relative intensities of each fluorescence lifetime in each decay curve. The standard
deviations associated with the calculated lifetimes were obtained from fitting to the
parabola that defines the minimum in the chi-squared goodness of fit parameter.

The Forster distance for tryptophan and AuNC was calculated using Equation 2.8.
The separation between Tryptophan and AuNC within HSA was then calculated
using Equation 2.7, where the efficiency of the energy transfer, E was given by
Equation 2.10.
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3.3.3 Theoretical Modelling

Gold atoms were randomly added to a molecular dynamics model of a BSA protein
(3V03), downloaded from the Protein Data Bank'®>. The CHARMM27*® force field
was used in conjunction with NAMD 2.8 to produce the simulation. The
simulation was setup to best emulate the synthesis conditions of BSA-AUNCs used in
the laboratory. The protein was solvated in a water box with dimensions 1.16 nm x
0.89 nm x 1.01 nm, and neutralised using NaCl at an ionic strength of 0.05 M. The
total atom count for the total system was approximately 93,000 atoms. Initially the
system was equilibrated for 300 ps at a constant temperature of 300 K. This yielded a
pH of 7 for the overall system. After equilibrium 25 gold atoms were introduced to
the system randomly and allowed to disperse for 100 ns. The simulation was then
continued further, introducing another 25 atoms to the system and running for a
further 100 ns. This protocol was repeated for 600 ns at which point the simulation
contained a total of 150 gold atoms. This protocol was applied to two systems; one in
which BSA disulphide bonds were present and one in which they were not. For
electrostatic interactions, the PME method, discussed previously was used.
Parameters proposed by Heinz et. al.*®®. for the gold atom potentials were used
(Lennard-Jones parameters of € = -5.29 A and Ry,in = 1.4755 A).

Visual Molecular Dynamics (VMD) was used to track the interaction and final
positions of gold atoms within the simulation. VMD was also utilised to calculate the
separation distances between potential gold cluster nucleation sites within serum
albumin and the single tryptophan of HSA using a HSA model (4K2C) downloaded

from the protein data bank®®

. All Molecular Dynamics images herein were also
produced using VMD. All molecular modelling and visualisation of the simulations

was carried out on the ARCHIE-WeSt supercomputer.
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3.4 Results and Discussion
3.4.1 Molecular Dynamics Simulations of BSA-AuNCs

Initially the way in which individual gold atoms were interacting with the protein
surface was studied at the start of the simulation for both systems (with and without
disulphide bonds present). It was found that for 150 gold atoms in both cases the
majority interacted with the protein surface, predominantly within 1 ns of the

simulation, as shown in Figure 3.1.
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Figure 3.1: The initial uptake for gold atoms onto the protein surface are shown
as a percentage of all atoms introduced to the simulation vs time taken for each
individual atom to interact with the protein surface. Blue indicates times for the
system with disulphide bonds intact, orange indicates times for the system in

which disulphide bonds are broken.

The uptake of gold atoms in the system with no disulphur bonds was found to be
quicker due to the proteins increased flexibility (disulphide bridges offer the protein
increased rigidity across its backbone structure, with none present, the protein loses

its rigidity, becoming more flexible). The sudden increase in gold atoms interacting
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with the proteins after >5 ns compared to 4-5 ns was due to the formation of small
AuUNCs 2 gold atoms in size in the water box before interaction with the protein
surface, indicating that larger AuNCs do not so readily interact with the protein
surfaces. The location of the initial gold-protein surface interaction for all atoms in
the case of both systems was also observed, tracking what type of protein residue the

gold atoms favoured, as seen in Figure 3.2.
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Figure 3.2: The percentage chance of a gold atom interacting with a given
residue on the protein surface is shown. Blue indicates times for the system with
disulphide bonds intact; orange indicates times for the system in which

disulphide bonds are broken.

The initial gold — protein surface interactions were found to take place near the
surface of hydrophobic pockets formed by predominantly lysine and glutamic acid.
Initial interactions with cysteine were also surprisingly common; due to the
proximity between cysteines and the hydrophobic pockets within the BSA protein.
The system with disulphide bonds broken presented nearly twice the amount of gold-

cysteine interactions initially. This can be attributed to the ease with which sulphur
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can be accessed in this system in comparison with the system with disulphide bonds

still intact.

After 600 ns of the trajectories, both simulations clearly showed that the gold atoms
nucleated close to cysteine residues located within hydrophobic pockets within the

protein, as shown in Figure 3.3 and 3.4.

Q15

(]

<10
5
0

hydrophobic positive side negative neutral polar special case
residues chain side chain  side chain residues
residues residues residues

% totals of residue types
surrounding AuNCs within
o
N
o

Figure 3.3: The percentage chance of residue types surrounding the gold atoms
nucleated inside the protein after 600 ns of the simulation is shown. Blue
indicates times for the system with disulphide bonds intact; orange indicates

times for the system in which disulphide bonds are broken.
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Figure 3.4: The hydrophobicity of the protein surface is shown. Left shows the
protein surface before gold is introduced to the simulation, right shows the
protein surface after gold has nucleated within the protein. Hydrophobic
regions are represented by blue while hydrophilic regions are represented by
red. AuNCs not fully buried under the protein surface are represented by

yellow, and can only be seen binding to hydrophobic regions of the protein.

The high affinity for gold to bind to sulphur within protein encapsulated AuNCs

systems, as shown from previous XPS experimentation®>3

agrees well with this
result. As explained previously, MD simulations do not model bonding; however,
this result suggests that it would be highly likely the AuNCs bind to the protein in the
manner suggested. In both simulations, it was found that the AuNCs formed were 3 -
13 atoms in size. The formation of multiple smaller AuNCs within the protein was
unexpected since previous studies have shown the formation of AUNCs of around 25

atoms*®°

. One explanation which could explain this result is the fact gold atoms were
randomly introduced to the system, rather than focused onto one part of the protein.
This resulted in the gold atoms interacting with residues at all points on the protein
surface and then migrating to the nearest cysteine residues. The positions of the

AuNC:s for simulation with disulphide bonds intact can be seen in Figure 3.5.
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Figure 3.5: Molecular dynamics simulations showing AuNCs nucleated within
the BSA protein after 600 ns. On the left two large nanoclusters can be observed
in domain 1A and IIB (as yellow globules), with smaller clusters dispersed
throughout the protein. Gold atoms can be seen to be near when comparing the
globule locations with the cysteine locations within BSA on the right (seen as
yellow chains). Tyrosine residues (seen as green chains) can be seen within
proximity to the cysteine residues. In both cases the protein surface is
represented using a ghost model and coloured to indicate subdomains of the
protein. IA — red, IB — orange, IlA - green, I1B — light green, I11A — blue, 111 —
light blue.

Previous studies have indicated that tyrosine may play a part in the one pot synthesis
process by acting as a reducing agent for the gold salt used®; however only four
tyrosine residues are accessible at the protein surface. Therefore, the areas at which
gold atoms can interact with the protein surface before migrating to a cysteine
residue may be limited to areas where the tyrosine residues can be accessed, and
therefore the several different AUNC nucleation locations may not truly be
representative of the real system. Of all the sites identified for possible AuNC
nucleation, the major nucleation site in subdomain 11B which is within proximity of

the Sudlow I binding site®®*

, Is the most likely. The Sudlow I binding site is located
within a hydrophobic pocket within domain 1A as seen in Figure 3.5. The

proximity between the Sudlow I binding site and major nucleation site of AuNCs is
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interesting since this site has a high binding affinity for many molecules and contains
a tyrosine molecule. This makes the Sudlow | binding site the most likely location
for initial interaction between the gold salt and protein to take place within the real

laboratory synthesis.

3.4.2 Fluorescence Spectroscopy Studies of BSA-AuNCs at different pH

To clarify where AuNCs were located within the BSA protein, BSA-AuNC
fluorescence properties were studied under different pH conditions. To characterize
the fluorescence emission from BSA-AuUNCs in a detailed way, 3D excitation-
emission graphs (3D EEM) were created. The full 3D EEMs for a concentrated
sample of BSA-AuNCs (25,000 ppm) and a diluted sample of BSA-AuNCs (2,500

ppm) are shown in Figure 3.6.
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Figure 3.6: 3D EEMs of BSA-AuUNCs at different concentrations. The left graph
shows the full spectrum of BSA-AuUNCs at a concentration of 2,500 ppm, while
the graph to the right shows a more concentrated sample of BSA-AuNCs at
25,000 ppm. The uncoloured parts of the graphs indicate that the fluorescence
was no higher than the background noise associated with the experimental

apparatus.

84



In the diluted case, we can see that there are two distinct and separate fluorescence
hotspots; one with an emission maximum between 400 - 500 nm which is attributed
to the protein fluorescence (which arises from two tryptophan residues present in
BSA) and one with an emission between 650 - 750 nm which is attributed to
fluorescence from the AuNCs. Maximum AUNCs emission is seen at shorter
excitation wavelengths when the sample is diluted and inner filtration effects are not
present. Differences in the emission profiles for the diluted and undiluted BSA-
AUNCs arise from inner filtration effects caused by the concentration of the sample.
In the undiluted case, the emission is weak when excited with shorter wavelengths of
light due to its inability to penetrate fully into the sample and excite the full
population of fluorophores. The sample is effectively opaque at shorter wavelengths
due to the high concentration of protein and AuNCs. At lower concentrations, inner
filtration effects are not apparent and the full excitation spectrum is observed,
revealing that UV light is a more effective excitation source for AuNCs than visible
light. To understand why shorter wavelength light excites AuNCs the UV-Vis

absorption spectrum was measured, as shown in Figure 3.7.
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Figure 3.7: UV-Vis absorption spectra of HSA shown in black and HSA-AuNCs
shown in red. The HSA-AUNCs spectrum between 260 — 290 nm is scattering

light to such a high degree it is saturating the detection limit of the apparatus.

The absorption spectrum for BSA-AUNCs can be seen to be very broad, becoming
weaker towards longer wavelengths, due to scattering. This accounts for the wide
excitation spectrum, with the AUNCs becoming excited across a wide band from 280
- 500 nm.

Further characterization of the undiluted BSA-AuNCs (pH 10.5) was carried out
using TCSPC to measure the fluorescence lifetime of the AuNCs. Exciting at 471 nm
it was found that the fluorescence decay curve was bi-exponential in nature and thus
had two fluorescence lifetimes associated with it, t; = 940 £+ 80 ns and 1, = 2310 + 30
ns. The bi-exponential nature of the fluorescence decay is confirmed by the non-
random residuals of the fitting used and the low ¥ value of 1.13, as shown in Figure
3.8.
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Figure 3.8: The top graph shows the fluorescence lifetime decay of BSA-AuNCs
(excitation 482 nm, emission 670 nm). Red dots indicate the experimental data
while green represents the fitted bi-exponential theoretical model describing the
fluorescence kinetics. The lower graph represents the quality of fit between the
theoretical function and experimental data. The residuals here can be seen to be
randomly distributed and therefore indicate good agreement between theory

and experimental data. (y* = 1.13)

To locate the domain in which the AuNC is bound the BSA proteins tertiary structure
was unfolded and modified by varying the pH. How BSA unfolds in a changing pH
environment is well documented and thus it is well known which domains of the
protein become solvent exposed at different pH. The fluorescence characteristics of
the AUNC were tracked as the pH was altered and the proteins began to unfold.
Initially 3D EEMs were measured of BSA-AuNCs in pH intervals of 2, as shown in
Figure 3.9.
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The fluorescence emission characteristics of BSA-AuNCs are highly affected by pH
of the solvent. The BSA protein is in its natural state at pH 7.0 and this coincides
with the brightest emission from the AuNCs and the weakest emission from the
tryptophan fluorescence (except from the case where pH is 0.95). The low
tryptophan emission coupled with the strong AUNC emission is a strong indicator for
FRET taking place between the two fluorophores; this point will be explored in more
detail later in this chapter. As the pH is lowered the protein begins to unfold, the
separation between the AuNC and tryptophan increases, resulting in less energy
being transferred to the AUNC from tryptophan. This results in tryptophan becoming
brighter at pH 3.07 and pH 4.95 in comparison with pH 6.98. The reverse is true of
the AuNCs which become quenched as the protein opens. It is also likely that solvent
exposure of the AuUNCs results in collisional quenching. At pH 0.95 the protein is
fully unravelled which causes both the AuNC and tryptophan to be fully solvent
exposed resulting in complete quenching of tryptophan fluorescence and near
complete quenching of AuNC fluorescence. The weak fluorescence still displayed by
the AUNCs may indicate that a small population of proteins remain partially folded.
At pH of 8.95 and 11.11 the fluorescence of tryptophan increases while the AUNCs
emission intensity drops. Serum albumin proteins do not undergo unfolding at higher
pH, however, they are known to rearrange their surface structure. Hydrophobic
residues bury themselves further within the protein itself which likely effects the
separation distance between tryptophan and AuNCs resulting in the lower emission

intensity and shortened fluorescence lifetime observations made at higher pH.

88



600

550
500 +

450 +

400
350 |

300 -

600

550 2E+04

500+ 3E+05

B 6E+05

9E+05

- 1E+06

450

400

350

Ex wavelength (nm)

600
550 1
pH 11.11
500
450
400

350 1

300

700 800 300 400 500 600

Em wavelength (nm)

Figure 3.9: 3D EEMs of BSA-AuUNCs at different pH. As pH lowers from 6.98,
the fluorescence signal of BSA-AuUNCs is quenched due to the unfolding of the
protein and subsequent solvent exposure of the AuUNCs. As pH increases the
protein conformational change can be seen to quench the fluorescence of AUNCs

to a lesser degree.

To better compare and quantify the fluorescence emission peak of AuNCs under
different protein conformations 2D emission spectra were taken, exciting at 295 nm,

as shown in Figure 3.10.
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The fluorescence of AuNCs is strongest when the BSA protein is in the normal form.
Upon increasing the pH to 12.0 the fluorescence emission at the peak decreases by
~60 %. As previously mentioned, when the BSA protein is in the aged form at high
pH the tertiary structure remains broadly the same. However, solvent exposed alpha
helices become buried under the protein surface. Decreasing AUNCs emission during
this conformational change indicates that the AuNCs location is modified in some
way and is most likely near the protein surface where the alpha helices are changing
position. Lowering the pH to 1.0 resulted in a dramatic decrease in fluorescence
emission from the AuNCs. This dramatic decrease coincides with the unfolding of
domains | and Il of the BSA protein at low pH and therefore it is most likely that the
AuUNCs are located within either of these domains. The fluorescence decrease is
attributed to the domains becoming solvent exposed and the AuNC fluorescence
undergoing collisional guenching, as previously mentioned. If the AuNC were
located within domain 11 of the protein, we would not expect such a dramatic drop

in fluorescence since it does not become globular and lose its shape at lower pH.
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Figure 3.10: Fluorescence emission spectra of BSA-AuNCs at different pH
(excited at 295 nm). pH 1 is indicated by black, pH 7 is indicated by red, pH 12
is indicated by blue. The small peak for each spectrum at 590 nm is a second
harmonic generated by the excitation source.
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Further experimentation on the fluorescence characteristics of BSA-AuNCs under
different pH conditions were carried out. Decay associated spectra of the BSA-
AUNCs were measured at pH 1.0, 7.0 and 12.0 as shown in Figure 3.11.
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Figure 3.11: Decay associated spectra of BSA-AuNCs at varying pH (excitation
471 nm). Three exponential fitting gave varying lifetime values (all values are
given in Table 3.12). 1; is shown in blue, T, is shown in orange, t3 is shown in

grey, the sum of all curves is shown in yellow.
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A 3-exponential fitting revealed 2 long fluorescence lifetime components, in good
agreement with the previous lifetime measurement of BSA-AuNCs (Figure 3.8) and
a third short lifetime component which was due to scattering effects caused by the
aggregation of the BSA (overall contribution to fluorescence intensity less than 1 %

of total). The corresponding lifetime values are shown in Table 3.12.

pH of BSA-

AUNCs 71 (nS) 1 (nS) 13 (nS) v

1 220 =80 1940 £ 80 4460 = 90 1.08
7 360 = 20 2000 £ 20 4730 = 40 1.37
12 190 + 30 1170+ 30 2400 + 30 1.17

Table 3.12: Fluorescence Lifetimes and goodness of fit criteria associated with

the decay associated spectra of Figure 3.11. Excitation 471 nm, Emission 670 nm

The long lifetimes observed at pH 7, 1, = 2000 + 20 ns and 13 = 4730 + 30 ns
compare well with previously reported values*®. At pH 12 there is a significant
decrease in both 1, and t3t0 1170 + 30 ns and 2400 + 30 ns, respectively. The overall
contribution of each lifetime to the total fluorescence also changes, with T3 becoming
more prominent (see Figure 3.10). As previously stated at highly basic pH alpha
helices exposed at the protein surface become buried within the protein. If the AUNC
nucleation site is within proximity (e.g. the possible nucleation site discussed in
either domain IIB or IA), then at high pH the hydrophobicity of the AuNC
microenvironment could be altered, possibly making the AuNC more solvent
exposed resulting in a decrease in fluorescence lifetimes. At pH 1 the fluorescence
lifetimes of AUNCs were like the lifetimes found at pH 7, t, = 1940 + 80 ns and 13 =
4460 £ 90 ns. This similarity suggests that the fluorescence originated from a similar
mechanism at both pH. As previously shown, it is possible that a few BSA-AUNCs
remain unfolded at low pH and are still able to fluoresce without the fluorescence

characteristics being altered by solvent exposure associated with the protein
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unfolding. While the fluorescence lifetimes do not change between pH 1 and pH 7,
the total intensity measured from the sum of both fluorescence lifetimes decreases by
a factor of ~8 (see Figure 3.10’s difference in intensity), comparing well with the

decrease in fluorescence intensity seen in Figure 3.9.

The decrease of both longer fluorescence lifetimes along with the drop in total
intensity observed during the lifetime measurement can be explained again by the
unfolding of a large majority of the BSA-AuNCs molecules under strong acidic
conditions, where fluorescence is quenched due to the breaking of sulphur-gold
bonds and the exposure of AUNCs to the surrounding solvent. In conjunction with
the well-known conformational changes of BSA under these conditions, these results

again suggest a nucleation site of either domain 1A or 1IB.

3.4.3 Forster Resonance Energy Transfer (FRET) between tryptophan and
AuUNCs present in serum albumin encapsulated AUNCs

Here we studied the FRET interaction between tryptophan and AuNCs to further
probe for the location of AuNCs within serum albumin proteins. To show that FRET
takes place in BSA-AuNCs the emission from tryptophan in the presence and in the
absence of AuNCs within BSA was measured. The concentration of protein in all
cases was kept constant at 2,500 ppm and pH 7. The results are shown in Figure
3.13.
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Figure 3.13: The fluorescence emission spectrum of BSA (excitation 295 nm) is
shown in pink. Fluorescence emission spectra of BSA-AuNCs excited at
different wavelengths are also shown. Blue indicates BSA-AuNCs excited at 471
nm, red indicates BSA-AUNCs excited at 377 nm and black indicates BSA-
AUNCs excited at 295 nm. The fluorescence from tryptophan is completely
quenched in the presence of AUNCs while AUNCs emission increases the shorter
the excitation wavelength, indicating possible FRET.

It is evidently clear that the presence of AuNCs within the BSA protein causes
tryptophan emission to be quenched. The fluorescence emission from BSA-AUNCs
at 295 nm also suggests that the tryptophan present in BSA offers additional channels
of excitation for the AUNCs rather than just exciting the fluorophore directly which is
seen using a 471 nm excitation source. Other criteria must also be met if FRET is to
be a plausible explanation for tryptophan emission becoming quenched while at the
same time AUNC emission is enhanced. The spectral overlap between tryptophan
emission and AuNC absorption must be enough that efficient energy transfer can
take place. The spectral overlap for both fluorophores is shown in Figure 3.14 and
can be seen that the donor emission and acceptor absorption spectra overlap and
FRET is possible.
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Figure 3.14: Spectral overlap between tryptophan emission indicated in black
and HSA-AUNCs absorption, indicated in red.

To simplify any separation calculations made using FRET as a ‘spectroscopic’ ruler,
HSA was used rather than BSA to encapsulate the AUNCs. This is due to the single
tryptophan present in HSA, while there are two tryptophans present in BSA; both of
which could have an influence on the energy transfer to the AUNCs. HSA also has a
similar structure to BSA making it a possible substitute for the following work.
Initially the Forster distance, Ry, was calculated using Equation 2.8 and the spectral
overlap from Figure 3.9. This yielded a Ry value of 30.14 A. To find the energy
transfer efficiency, the fluorescence lifetimes of tryptophan in HSA were measured

in the presence and absence of AUNCs.

Fitting the fluorescence lifetime decay with a 3-exponential model yielded 3
fluorescence lifetimes with an average lifetime of 4.33 £ 0.02 ns in the absence of
AuUNCs and an average lifetime of 2.33 + 0.02 ns in the presence of AuUNCs. The
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need for a 3-exponential model arises from the 3 different rotamer forms of
tryptophan found in nature, each with its own fluorescence lifetime'®. The
tryptophan-AuNC separation was then calculated using the Ry and average lifetime
values of tryptophan measured in conjunction with Equations 2.7 and 2.10, yielding a
value of 29.74 A.

To compare this separation to possible nucleation sites suggested in Section 3.4.1
and 3.4.2 a HSA model was downloaded from the protein databank (model iD:
4K2C)™° and compared to the BSA model previously used for MD simulations using
VMD software. The distance from the cysteine residues 316, 360, 361 and 369 (the
cysteine residues located in the major binding site found in domain 1IB) to the single
tryptophan molecule were found to be 28.79 + 3.23 A, 27.29 + 3.23 A, 29.52 + 3.23
A and 30.90 +3.23 A respectively, matching the distance calculated from the FRET
calculations previously carried out. This group of cysteine could be a favourable
nucleation site for gold since it is close to a tyrosine molecule on the protein surface
and to the tyrosine molecule which makes up part of the Sudlow I binding site. The
second possible major nucleation site located in domain 1A was found to be too far
from the tryptophan residue. Cysteine 75 and 91, which make up the IA nucleation
site were found to be 35.60 + 3.23 A and 36.01 + 3.23 A, too large a separation in
comparison to the FRET calculation value of 29.74 A. For a detailed view of the
separation between tryptophan and the two possible major AUNCs nucleation sites
see Figure 3.15. From this study the most likely location for AUNC nucleation in
serum albumin proteins is within domain 1IB, surrounded by the four cysteine

residues found at the base of the heart shape.
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Figure 3.15: HSA protein model (4K2C). The separation between the
tryptophan residue at position 214 and cysteine 316 in domain 1B was found to
be 29.52 1&, indicated by the black solid line. The separation between cysteine 91
in domain 1A and tryptophan was found to be 35.60 A. The domain colouring
scheme is consistent with other Figures previously shown.

This result also suggests that while there are 35 cysteine residues present with in the
serum albumin proteins studied, only a small number of sulphur-gold bonds are
created during synthesis and stabilization of the AuNC. In previous XPS studies
carried out, a small number of Au(l) atoms were present on the surface of the AUNC

core, ~17 % of the total gold atoms studied were in this Au(l) state while the rest
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were in the Au(0) state®. If the AuNCs are indeed 25 atoms in size, this would
indicate 4 Au atoms in the Au(l) state, agreeing with the result showing 4 cysteine in
the nucleation location. This suggests a much smaller number of sulphur-gold bonds
in comparison to thiolated AuNCs, e.g., Au22SGig. Another study, carried out by Bao
et. al. compared the fluorescence characteristics of AUNCs encapsulated within BSA

(35 cysteine) and lysozyme (8 cysteine)'®

. They found that despite the large
difference in total available sulphur to bond to, the fluorescence lifetimes of the
AUNCs were similar. This again suggests that only a few cysteines are involved in
the stabilization of AuNCs within proteins. Due to the complexity of protein
encapsulated AuNCs, the current explanation of the fluorescence mechanism is based

on atomically precise thiolated-AuNCs.

3.5 Conclusions

Molecular dynamics simulations were utilised in conjunction with Fluorescence
based measurements techniques to unveil the position of AuNCs within serum
albumin proteins. Simulations clearly show that the AuNCs have a strong affinity for
nucleation within hydrophobic pockets of the protein which also contain cysteine
residues which were previously shown to be vital to the formation of AuNCs within
proteins. AuNCs were found to grow in several sites with cysteine; however only
two larger clusters formed at two sites which accommodate the larger cluster size.
Two large clusters greater than 12 atoms in size were found at potential binding sites
in domain 1A and 1IB of the BSA protein. By altering the pH of BSA-AuNCs in
solution experimentally, it was possible to study the changing fluorescence properties
and correlate it with well-known conformational changes of BSA at pH. From these
experiments, we could determine that the AUNC was not located within domain 11 of
BSA. Finally Using FRET analysis, we could calculate the separation between a
single tryptophan residue in HSA and the AuNC. The separation distance was found
to be 29.74 A. This separation was compared to the separation between the
tryptophan and cysteine residues located in the two possible major binding sites
using a HSA computer model in VMD. The separation between cysteine residue 316
located in the binding site in 1A and the single tryptophan was found to be 29.52 A,
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a near match to the FRET experimental separation. This work therefore shows the
location of AUNCs within serum albumin proteins to be the large hydrophobic pocket
located at the bottom of the proteins heart shape in domain 11B.

This result is significant as it reveals for the first time the precise location of an
AUNC synthesized within serum albumin proteins. This opens the possibility of
understanding the fluorescence mechanism of protein encapsulated AuNCs by
studying the AUNC local environment. A better understanding of the local
environment would naturally allow for more intelligent, focussed attempts at
manipulating the fluorescence characteristics of protein encapsulated AuNCs. This
will be important to any future endeavours to improve the fluorescence of serum
albumin encapsulated AuNCs and utilise them as a fluorescent dye or probe in
biomedical imaging and sensing. In the next chapter the possibility of using the
nearby drug binding site as a means of manipulating the fluorescence characteristics

of AuNCs encapsulated in HSA will be explored in the next Chapter.
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4 Probing the Sudlow | Binding Site within
HSA-AUNCs Using Warfarin

4.1 Abstract

In the previous chapter, it was shown that the location of AuNCs in HSA was a
hydrophobic pocket at the bottom of the heart shape structure in domain II1B. While
this location does not typically bind with other molecules it was close enough to the
major drug binding site Sudlow | to merit further investigation. It is possible the
function of the protein may be altered due to the proximity of the AUNC to the drug
binding site. If HSA-AuUNCs are to be utilized as functional fluorescent biomarkers in
biological imaging, either in vivo or in vitro; it is important to fully understand the
exact effect the presence of AUNCs have on protein function. Natural HSA acts as
the main drug carrying protein within the blood stream, carrying a multitude of
molecules in the two major drug binding sites (Sudlow | and Il). To probe any
changes to the binding affinity of the drug binding sites before and after the synthesis
and nucleation of AuNCs, the fluorescent drug molecule, warfarin, was employed
due to easily observed and well documented changes to its fluorescence

characteristics upon binding to HSA.

Experimental spectroscopic studies were carried out which showed that warfarin is
unable to bind naturally to HSA-AuNCs and that the presence of AuNCs stops the
Sudlow | site from being functional. It was observed that AuUNCs could not form
using HSA with warfarin bound as a scaffold, suggesting that the Sudlow I site plays
a critical role in the reduction of gold salt during synthesis. These discoveries are
critical in predicting changes to natural protein behaviour in HSA-AuNCs and fully
understanding the synthesis method, allowing for further optimization and

improvements.
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4.2 Introduction

Understanding how the presence of AuNCs within proteins affects their natural
functionality is vital to the utilisation of protein encapsulated AuUNCs as an in vivo
probe or as a method of observing cellular activity in vitro imaging and sensing.
HSA acts as a major transport molecule within the human body carrying an
assortment of fatty acids, heavy ions and drug molecules. If HSA-AuUNCs are to be
used in vivo to aid the medical treatment of a patient, then any effect the introduction
of HSA-AUNCs can have on the body must be known.

The major drug carrying sites of HSA are well documented®*****% The two major
drug binding sites are referred to as Sudlow site | and Sudlow site Il. Sudlow Site I,
which is the site of interest to this chapter, consists of a pocket formed in the
subdomain I1A with an opening to the solvent environment at the top of the heart
shaped structure, and is commonly known to selectively bind with the drug
warfarin'®®. Within the binding site itself are two sub-chambers which can
accommodate different parts of the warfarin molecule. The interaction between
binding site and warfarin is dominated by hydrophobic interactions; however, there
are also many electrostatic contacts within the pocket that take part in binding also.
The benzyl ring of warfarin binds in one of the previously mentioned sub-chambers
which contacts the residues PHE211, TRP214, LEU219 and LEU238. The side chain
of the tryptophan residue makes direct contact with the benzyl ring and has been
shown to be critical to the binding affinity of warfarin to HSA™'. It must be stressed
however a wide number of drugs stereospecifically bind at Sudlow site I, all with
different affinities due to the presence of other sub pockets within the Sudlow I

binding site which accommodates different drug molecules*®*.

Warfarin is a commonly used anticoagulant drug (also known by the brand name
Coumadin or Jantoven) which is used to prevent blood clots in veins or arteries. It
can reduce the risk of strokes or heart attacks in patients; however, it can be equally
dangerous if administered in the wrong dosage or in conjunction with other drugs.
Warfarin was chosen as a probe for the Sudlow I binding site due to its fluorescent
nature and the changes to its fluorescence characteristics undergo upon binding to the
HSA protein. Other molecules such as 4-hydroxycoumrin have been suggested as
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alternatives to probe binding affinity to HSA; however, they use Nuclear Magnetic
Resonance spectroscopy (NMR) and High-Performance Affinity Chromatography

(HPAC) rather than fluorescence based spectroscopy™*®

. Warfarin has an absorption
maximum of 320 nm and an emission maximum of 390 nm. Free in solution,
warfarin has weak fluorescence intensity due to quick, non-radiative losses of energy
to the surrounding environment. Due to these loses to the surrounding environment
fluorescence lifetimes of warfarin are very short, typically less than 0.1 ns'*°. Upon
binding with HSA, the fluorescence intensity of the warfarin emission increases by a
factor of around 10 times. This increase depends on the initial solvent micro
environment of the warfarin molecule®®. The fluorescence lifetime, because of the
warfarin molecule being stabilised within the Sudlow I binding site, becomes longer,
between 0.5 - 1.5 ns, depending on the solvent environment®®’. If these changes to
fluorescence characteristics are observed upon mixing HSA with warfarin, then it is
clear from the fluorescence information alone if the warfarin has bound to the

Sudlow I binding site.

Figure 4.1: Chemical structure of warfarin molecule.

102



Changes to the protein function of serum albumin based protein encapsulated AuNCs
is poorly documented. However, the function of lysozyme has been partly studied
upon the synthesis of AuNCs within the protein scaffold. Liu et. al. developed a one
pot synthesis method for lysozyme encapsulated AuNCs, like Xie’s method, which
allowed for the lysozyme molecule to retain its specific recognition ability the
Escherichia coli bacteria (E. coli). It was found that upon Lysozyme binding to the
bacteria surface the AuNCs fluorescence was enhanced, offering a possible real-time
detection method for bacteria?®?. Therefore, from this study it is at least known that

protein functionality is not always retarded by the presence of AuUNCs.

From the previous chapter, we found the location of the AUNC within HSA to be
near the Sudlow | binding site. We also observed that a tyrosine residue, which is
needed in the reduction of HAuCI, also exists within the Sudlow | site raising
questions as to whether the entrance to this binding pocket plays a role in the
formation of AuNCs within serum albumin type proteins. Herein a valuable insight
into how protein function can change upon the synthesis of AuNCs and new
information towards better understanding the synthesis steps of protein encapsulated

AUNCs in serum albumin type proteins are presented.
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4.3 Experimental
4.3.1 Sample Preparation

HSA-AUNCs were prepared in the same manner as the previous Chapter (see 3.3.1
Sample Preparation). Warfarin was purchased from Sigma Aldrich and diluted
using PBS buffer at an ionic strength of 0.1 M. PBS buffer solution was prepared via
PBS buffer tablets also sourced from Sigma Aldrich.

4.3.2 Fluorescence Measurement and Data Analysis

Fluorescence emission spectra were acquired using a Horiba Fluorolog 3. The
resolution of all emission spectra measured was 1 nm. All time resolved fluorescence
lifetime measurements were performed on an IBH Fluorocube fluorescence lifetime
system equipped with an emission monochromator, utilising the TCSPC technique.
An LED based light source with an emission maximum of 303 nm, operating at a
repetition rate of 1 MHz was used for all fluorescence lifetime measurements. A
TAC range of 100 ns was used throughout. DAS6 software, as previously discussed
was used to find the lifetimes associated with the fluorescence lifetime decays

measured.
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4.4 Results and Discussion

The fluorescence characteristics of warfarin in the presence and absence of HSA
were first studied to understand the basic behaviour of the warfarin molecule. The

adsorption of warfarin bound and unbound to HSA can be seen in Figure 4.2.

Absorbance
@

— Warfarin bound to HSA
— Warfarin free in solution

020 T

-0.2+

-04 1 I 1 1 I I 1 1 1 1 1
260 270 280 290 300 310 320 330 340 350 360 370

Wavelength (nm)

Figure 4.2: Absorption Spectra of warfarin free in solution, shown in red and
warfarin bound to HSA, shown in black. The large peak at 280 nm is absorption
due to HSA while the smaller peak at 310 — 320 nm is attributed to warfarin
absorption. The absorption of warfarin is seen to increase and red-shift upon
binding to HSA.

The absorption spectra profiles of warfarin in both cases match previously reported

spectra in the literature®®,

The fluorescence emission spectrum of warfarin (warfarin concentration of 40 pM)
was then observed in the presence and absence of HSA (HSA concentration of 40

uM), shown in Figure 4.3.
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Figure 4.3: Emission spectra of warfarin bound to HSA, shown in black and
warfarin free in solution, shown in red. The emission intensity of warfarin is

seen to increase dramatically and blue-shift upon binding to HSA.

The increase in emission intensity and blue-shift of the emission peak of warfarin
upon binding to HSA is a characteristic observation when studying the interaction
between the protein and drug molecules®. The rise in fluorescence intensity stems
from the added stability the warfarin molecule gains upon binding to HSA. This
stability reduces the amount of energy lost non-radiatively by the warfarin molecule

to the surrounding solvent environment.

The warfarin fluorescence lifetimes were also studied using the TCSPC technique in
the absence and presence of HSA at the same concentrations as used in the previous

experiment.
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Sample Warfarin HSA-Warfarin

7 0.12+0.01 0.34 +0.02
1 - 1.75+0.06
13 - 6.63+0.15
¥ 1.37 1.30

Table 4.4: Fluorescence lifetimes of warfarin free in solution and bound to HSA.
Warfarin fluorescence lifetimes are seen to increase when bound to HSA due to
the stability the protein gives to the molecule; resulting in less energy being

dissipated in a non-radiative manner to the surrounding solvent.

Again, due to the fact the HSA protein lowers the amount of energy lost from the
warfarin due to non-radiative mechanisms, such as collisional quenching from water
and oxygen molecules in the solvent, the average lifetime the molecule stays in the
excited state is seen to increase more than ten-fold on average. This again agrees

with previously observed characteristics in the literature for warfarin®*2%,

Due to the multiple sources of fluorescence within sample solutions containing all of
HSA, HSA-AuUNCs and warfarin, it is important to this chapter that the fluorescence
emission spectrum for each source is shown. The normalised emission spectra for
warfarin (free in solution and bound to HSA), HSA emission due to the single

tryptophan present and the emission of HSA-AUNCSs is shown in Figure 4.5.
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Figure 4.5: Normalised Fluorescence emission spectra of warfarin free in
solution is shown in pink (emission peak at 393 nm), warfarin bound to HSA
shown in green (emission peak at 370 nm), tryptophan emission is shown in red
(emission peak at 340 nm) and HSA-AUNCs is shown in blue (emission peak

seen at 440 nm is due to oxidised tryptophan emission while the peak seen at 670

nm originates from the AuNC). All samples were excited at 290 nm.

It is important to observe the broad, more complex emission from HSA-AUNCs due
to the overlapping nature of the small emission shoulder at 440 nm. This overlap in
fluorescence between HSA-AUNCs and warfarin must be considered when trying to
observe any changes to warfarin fluorescence intensity upon mixing the two
molecules. The overlap between the HSA and warfarin emission spectra is of vital

importance to understanding the following observations presented in this chapter.
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The binding affinity of warfarin to HSA and HSA-AuNCs was compared by
introducing warfarin to both solutions in the same manner and comparing the
changes to the fluorescence emission. The concentration of HSA and HSA-AuUNCs
were both kept constant at 40 pM while the concentration of warfarin was increased
in 2.5 uM steps from 0-15 puM. These results were then compared to the spectra of
warfarin in only buffer solution. The peak changes to warfarin’s peak emission

intensity are shown in Figure 4.6.
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Figure 4.6: Peak fluorescence intensity of warfarin increasing in concentration
under different conditions (excitation 320 nm). Warfarin in buffer solution is
shown in black, warfarin in solution with HSA-AuNCs (40 pM) is shown in blue

and warfarin in solution with HSA (40 pM) is shown in red.
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For consistency, all samples were excited at 320 nm rather than the absorption
maximum for each. As expected, increasing the warfarin concentration in buffer
solution resulted in a linear increase in peak fluorescence emission. This shows that
between concentrations of 0-15 uM warfarin does not undergo collisional quenching
or inner filtration through interactions between the individual molecules, since the
peak emission distribution would not be linear in nature as the concentration
increases. The peak emission of warfarin does not change in the presence of HSA-
AUNCs. The fluorescence measured can be attributed to the small emission shoulder
of HSA-AUNCs (seen previously in Figure 4.5). There is no increase in peak
fluorescence as warfarin is added; suggesting that warfarin fluorescence is quenched
by either the presence of AUNCs within the HSA molecule or left over products from
the AUNCs synthesis (this is unlikely due to the cleaning procedures carried out on
the sample post synthesis). Finally, the addition of warfarin to HSA resulted in the
characteristic large peak fluorescence increase from warfarin when bound to HSA.
As more warfarin is added to the HSA we can see the increase in peak fluorescence
emission is greater than that for warfarin alone in buffer. This observation points to
warfarin binding to free HSA. The initial fluorescence peak measured for warfarin in
solution with HSA is non-zero due to intrinsic fluorescence from the HSA molecule

before any warfarin has been added to solution.

The fluorescence peak position for the above experiments were also monitored and

displayed in Figure 4.7.
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Figure 4.7: Peak emission wavelength of warfarin (excited at 320 nm), in buffer
solution shown in black, in solution with HSA shown in red and in solution with
HSA-AUNCs shown in blue. The emission of warfarin is seen to redshift upon
binding to HSA while the red shift in emission from warfarin in solution with
HSA-AUNC:s is attributed to direct emission from HSA-AuUNCs, not warfarin.

From changes in peak emission wavelength we can see that warfarin in solution with
HSA are binding to one another since the emission maximum of warfarin at 373 nm
is red-shifted to 394 nm in the presence of HSA. In the case of HSA-AuUNCs the peak
emission wavelength is too high to be contributed to warfarin emission and is instead
due to the direct fluorescence of HSA-AUNCs. This along with the data in Figure 4.6

suggests that warfarin does not bind to HSA in the presence of AuNCs.

As previously shown, the fluorescence lifetime of warfarin can also be a powerful
tool in determining the interaction of the molecule with HSA. To further probe the
interactions between warfarin and HSA-AUNCs the fluorescence lifetime of warfarin
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in the presence of HSA-AUNCs was studied and compared to previously shown
fluorescence lifetime data using the TCSPC technique. The TCSPC measurements
were carried out under the same conditions used previously for the intensity based
studies. The fluorescence intensity decay curves were fitted using a multi-
exponential model, analysing the goodness of fit using the least-squares method. The
fitting results for warfarin fluorescence lifetimes in the presence of HSA-AUNCs
along with the previous results from Table 4.4 for reference are displayed in Table
4.7.

Sample Warfarin HSA +Warfarin HSA-AuUNCs + War
T1 0.12£0.01 0.34 £0.02 0.16 £ 0.02
T2 - 1.75+0.06 1.86 +0.31
3 - 6.63 £ 0.15 4.98 £0.28
by 0.026 + 0.001 0.054 +0.001 0.169 + 0.001
b, - 0.036 + 0.001 0.094 +0.001
bs - 0.002 £ 0.001 0.030 +£ 0.001
o 1.00 0.58 0.93

0 - 0.39 0.05

o3 - 0.03 0.02

v 1.37 1.30 1.30

Table 4.7: Results of exponential fitting to warfarin fluorescence decay curves in
the presence of HSA and HSA-AUNCs and alone in buffer solution. Warfarin
alone in solution was found to be single-exponential in nature while in the
presence of HSA and HSA-AuUNCs was found to be 3 exponential. All samples
were excited at 303 nm using a Nano LED and TAC range of 100 ns, emission

was measured at the respective peak emission wavelength for the sample.
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Warfarin alone in solution has a very short fluorescence lifetime of 0.12 £+ 0.01 ns,
explained by a rapid de-excitation through the loss of vibrational and rotational
energy to the surrounding solvent. Upon binding to HSA in solution we observe a
more complex decay with three longer lifetimes present; t; = 0.34 = 0.02 ns, 1, =
1.75 + 0.06 ns and 13 = 6.63 + 0.15 ns. The longer lifetimes of 11 and T, can be
explained by the stability that the warfarin gains as a result of binding to HSA. The
longer lifetime of 13 is more consistent with the fluorescence lifetime associated with
HSA. The relative intensity bz is much weaker than the other lifetimes suggesting
that tryptophan present in HSA is weakly fluorescing in the background.
Interestingly the fluorescence lifetimes of warfarin in solution with HSA-AuNCs are
different. The decay is again more complex, with a three-exponential fitting best
describing the kinetics. Lifetime values of 11 = 0.16 = 0.02 ns, 7,= 1.86 £ 0.31 ns and
13 = 4.98 + 0.28 ns were calculated from the fitting analysis. Lifetime t; compares
well with the lifetime value for warfarin free in solution and its corresponding alpha
value oy = 0.93, showing that 93 % of the fluorescence lifetimes measured originated
11. This result suggests that most warfarin molecules do not bind to HSA when
AuNCs are present in the HSA protein. The existence of 1, is possibly due to
warfarin binding to free HSA which has no AuNCs formed inside. The alpha value
ay is very small at 0.05 suggesting only a very small fraction of HSA remains free
without AuNCs inside. The existence of the longer fluorescence lifetime t3 can again

be assigned to HSA fluorescence as with free HSA with warfarin in solution.

To show that most warfarin molecules remain unbound in solution with HSA-AuNCs
additional free native HSA was added to the solution and changes to the fluorescence
emission intensity and peak wavelength were tracked. Any large increases in
warfarin fluorescence and a peak emission red shift can be attributed to free warfarin
binding to the newly added free native HSA. The maximum fluorescence intensity of
warfarin was seen to dramatically increase upon adding HSA to the HSA-AuNCs +

warfarin solution, as shown in Figure 4.8.
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Figure 4.8: Fluorescence intensity of warfarin upon adding additional free HSA
to a solution of HSA-AuNCs (40 pM) + warfarin (40 pM) shown in red,
additional free HSA to a solution of HSA (40 pM) + warfarin (40 pM) shown in
blue and additional free HSA to a solution of HSA-AuNCs (40 pM) shown in
black. Upon adding free HSA to HSA-AuUNCs & warfarin it was observed that
the maximum emission intensity increased dramatically indicating free warfarin
was binding to the added HSA.

To rule out the influence of intrinsic fluorescence from HSA, control tests were
carried out by adding further amounts of HSA to HSA-AuNCs (without warfarin)
and to HSA with warfarin already attached. In both cases the increase in fluorescence
intensity can be seen to be small and the overall increase with respect to the added
concentration of HSA is equal. This shows that intrinsic fluorescence from HSA
cannot account for such a dramatic increase in fluorescence when HSA is added to

HSA-AUNCSs + warfarin in solution. It can also be seen that once 40 uM of HSA has
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been added to HSA-AUNCs + warfarin the increase in peak fluorescence intensity

levels off.

The peak fluorescence wavelength for the above experiment was also observed and
is displayed in Figure 4.9.
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Figure 4.9: Peak emission wavelength of warfarin upon adding additional free
HSA to a solution of HSA-AuNCs (40 pM) + warfarin (40 pM) shown in red,
additional free HSA to a solution of HSA (40 pM) + warfarin (40 pM) shown in
blue and additional free HSA to a solution of HSA-AuNCs (40 pM) shown in
black. Upon adding free HSA to HSA-AuUNCs & warfarin it was observed that
the peak emission maximum of warfarin shifted to 392 nm indicating that it had
bound with the free HSA added.

115



The peak emission wavelength of warfarin in solution with HSA-AuUNCs shifts from
the same peak wavelength as HSA-AuUNCs + HSA to the same peak wavelength as
warfarin bound to HSA. This is another clear indication that there is free warfarin in
solution with HSA-AUNCs and the addition of HSA results in the free warfarin

binding to the free protein.

In summary the results from Figure 4.8 and Figure 4.9 suggest that: firstly, in the
case of HSA + warfarin, most warfarin is bound to HSA and the small increases in
peak fluorescence intensity is due to intrinsic HSA emission; secondly, the large
fluorescence intensity increase when adding additional HSA to HSA-AUNCs +
warfarin is not due to intrinsic HSA emission, but the binding of free warfarin to
newly added HSA; thirdly, the final emission intensity of HSA + warfarin and HSA-
AUNCs + warfarin + HSA are the same above 40 uM concentration levels of added
HSA suggesting all previously unbound warfarin in the HSA-AuUNCs solution was
bound to the free HSA. These findings confirm that warfarin in a solution of HSA-
AUNC:s is free and unbound and the previously measured low fluorescence intensity
of warfarin in solution with HSA-AuNCs was due to a lack of warfarin binding
rather than quenching processes or alterations to the fluorescence nature of warfarin.
The existence of AUNCs in HSA affects the binding of warfarin to protein. This may
be due to the nucleation site of AUNCs being near the warfarin binding site.

To test this idea that the proximity between the AUNC nucleation site and warfarin
binding site affected the binding of warfarin to HSA-AUNCs we attempted to
synthesise AuNCs within HSA with warfarin pre-bound. The formation of AuNCs
within HSA was monitored by observing the fluorescence emission from AuNCs
during the synthesis period. The changes to emission spectra during the AuNCs

growth period can be seen in Figure 4.10.
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Figure 4.10: Fluorescence emission spectra of HSA-AUNCs during synthesis. At
0 hrs, shown in red, a peak at 440 nm is dominant suggesting only small
intermediate clusters have formed. After 1 hr, shown in black, some AuNCs are
seen to form due to the formation of a peak at 640 nm, the intermediate peak is
seen to decrease showing that the intermediate product has grown into larger
AUNCs. After 6 hrs, shown in green, the peak has red shifted to 670 nm and
increased in size, indicating that the synthesis of fully formed AuNCs has

completed.

Initially there was a strong emission at 440 nm, implying that a large amount of
intermediate product (e.g. small AuNCs) initially exists with no emission in the red
regime of the spectrum. After 6 hours, a large characteristic peak at 670 nm
associated with fully formed AuNCs was present with a large decrease in
fluorescence from the intermediate products suggesting that they had formed larger
AUNCs.
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With the knowledge that the two characteristic peaks change over time during the
synthesis of AuNCs in free HSA, both peak positions were observed during the
synthesis of AuNCs using HSA with warfarin pre-bound. The results are displayed

and compared to AuNCs forming in free HSA in Figure 4.11.
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Figure 4.11: Time evolution of the fluorescence intensity peak emissions at 440
nm and 670 nm during AuNC synthesis with HSA and HSA with warfarin
bound. The 440 nm and 670 nm peaks for native HSA-AUNCs synthesis are
shown in red and blue respectively. The 440 nm and 670 nm peaks for synthesis
using HSA with warfarin pre-bound is shown in green and black respectively.
The lack of peaks either for the intermediate product or final AUNCs during
synthesis with HSA that has warfarin prebound suggests that the gold salt

cannot interact with HSA when warfarin is bound.
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In the case of native HSA, the emission at 440 nm decreases overtime, while the
emission with a peak between 640 - 670 nm increases. This indicates the decrease in
intermediate gold products as they further grow into larger AuNCs. The lack of
fluorescence at either 440 nm or 640 nm for the synthesis using HSA with prebound
warfarin indicates that neither intermediate products nor larger AUNCs form at any
time during the synthesis attempt. The bound warfarin affects the ability of HSA to
interact and bind with the gold salt present in solution during synthesis.

From the previous chapter, molecular dynamics was used to observe gold atoms
interacting with the Sudlow | major drug binding site for a short amount of time
before terminating at one of the AUNC nucleation sites. Tyrosine has been shown to
play a critical factor in the reduction of gold salt; of which an accessible residue
resides within the Sudlow | binding site. It is possible that this tyrosine residue
(position 149 for BSA, position 148 for HSA in the polypeptide chain) plays a
critical role in the reduction of the gold salt molecules during synthesis. Warfarin
binding to the amino residues arginine and lysine may block the accessibility of this
tyrosine molecule to gold salt while it is bound to HSA. This explains the lack of
small intermediates forming in the case of HSA with prebound warfarin. This also
explains why warfarin cannot bind to HSA-AUNCSs; it is possible that excess gold
salt or by-products of the reduction reaction block the Sudlow I binding site.
Chlorine ions have been previously reported to have a high affinity for histidine?®.
The chlorine bond to the positively charged nitrogen centres of these residues
through hydrogen bonding. If the leftover chlorine ions from the gold salt reduction
bind to the previously mentioned residues present in the Sudlow | binding site, then
access could be physically hindered for warfarin binding. Due to the very low
concentration of excess chlorine ions it is not possible that the protein would be
drastically altered. It is suggested that the warfarin binding affinity decreases with
chlorine ion concentration, due to both competing for the same binding site*’. The
presence of chlorine ions would also change the steric attraction between warfarin
and the Sudlow I binding site lowering the overall binding affinity. Another factor to
consider is the formation of possible dimers and aggregates after AUNC synthesis.
The formation of aggregates could also physically block warfarin access to the

entrance of the Sudlow | binding site. Alternatively changes in the surface charge of
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the protein upon AUNC synthesis may be responsible for the lack of warfarin-HSA
binding. Further studies, shown in Chapter 5, are required to better understand the
physico-chemical characteristics of HSA before and after AUNC synthesis.

4.5 Conclusions

Warfarin has been successfully utilised as a probe to study the influence of AuNCs
nucleation within HSA on the protein’s functionality. It was observed that warfarin
was unable to bind to HSA-AUNCs, implying that the Sudlow | major drug binding
site of HSA is directly affected by the presence of AUNCs within the protein. This
suggests that the Sudlow I binding site may have an important role in the gold atom
transport and nucleation. The most likely reason for this is that the tyrosine residue
present in the Sudlow | binding site plays a critical role in the reduction of gold salt
and subsequent formation of AuNCs during the synthesis. These findings must be
taken into consideration in the future if HSA-AuNCs are to be used as fluorescent
probes in the study of biological processes where the Sudlow binding | site is
important; such as monitoring patients who are drug dependent. It is currently not
clear whether other drug molecules binding to the Sudlow I binding site of HSA are
affected by the presence of AuNCs and further studies would be required. The
limiting factor of studying further drugs using the techniques and methods in this
chapter arises when finding suitable fluorescent drug molecules which have clearly
defined changes to their fluorescence characteristics upon binding to HSA. It is also
important to highlight other possible reasons for the lack of warfarin binding to
HSA-AUNCs such as changes to surface chemistry of the protein upon AuNC
synthesis or the formation of aggregates. Further studies of the physico-chemical
properties are vital to better understand the changes HSA undergoes upon AuNC

formation and will be explored in the next Chapter.
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5 Uncovering the Physicochemical Properties of
HSA-AUNCs

5.1 Abstract

In the previous chapter, it was shown that the fluorescent drug molecule warfarin
cannot bind to Sudlow | major drug binding site of HSA after the synthesis of
AUNCs. Similarly, AuNCs could not be successfully grown when warfarin was pre-
bound to HSA, raising questions as to what extent the presence of AuNCs in HSA
changes the proteins native physico-chemical characteristics. To better understand
the reasons why warfarin did not bind to HSA-AUNCs, physicochemical methods
were used to provide a greater understanding the extent to which AuNCs synthesis
changes HSA’s physical properties. It is hoped that a greater understanding of HSA-
AUNCs physical properties can aide in the improvement of its fluorescence

characteristics.

The differences in physicochemical properties between HSA and HSA-AuUNCs have
been characterised. The molecules’ light absorbance (UV-Vis), electrophoretic
mobility, dynamic viscosity, density, hydrodynamic radius (DLS), absorption (QCM)
and chemical bonding (XPS) characteristics were studied. UV-Vis and DLS studies
indicate the formation of large HSA-AuUNC aggregates between the pH range of 4 - 6
which is not observed for native HSA. This observation was further supported by
QCM measurements showing a large increase in adsorbed mass at pH 6 for HSA-
AUNCs in comparison to native HSA. The DLS data also revealed a hydrodynamic
radius of 12 nm for HSA-AuUNCs, nearly double that of 7 nm for native HSA at pH
higher than 6, suggesting the formation of compact HSA-AUNCs dimers. Density
and viscosity measurements of HSA-AUNCs agreed with the theory that dimers are

formed upon AuNC synthesis.

Electrophoretic mobility experiments for both HSA and HSA-AuUNCs were carried
out and the resulting values were converted to zeta potentials. The zeta potential of
HSA-AUNC was seen to be more negative between pH 6 - 12, suggesting that the
protein surface is interacting with unreacted gold salt anions. X-ray photoelectron
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spectroscopy (XPS) data also suggested that the protein surface and positive side

chains play a major role in the initial synthesis stages.

In this chapter, it is concluded that HSA-AuNCs form dimers at natural and high pH.
Between pH 4 - 6 HSA-AUNCs form very large aggregates limiting their use as a
fluorescent probe in this pH range. Further to this we can conclude that the main
cause for the lack of drug binding previously seen is a result of either the formation
of dimers physically stopping warfarin from entering the drug binding site or the
changes in protein surface chemistry radically alter the interactions between HSA
and warfarin. The clear differences in physicochemical properties of HSA and HSA-
AUNCs must also be considered when applying HSA-AUNCs as a fluorescent probe

in biological imaging and sensing.

5.2 Introduction

Previously it was found that the synthesis of AuNCs inside HSA alters the binding
affinity of warfarin to the major drug binding site, Sudlow I. However, the explicit
reasons how AuNC synthesis affect the HSA proteins physico-chemical
characteristics so that warfarin no longer binds remains unsolved. To better
understand the changes HSA undergoes during synthesis a range of characterisation
experiments were carried out on HSA-AuNCs and compared with native HSA. It is
believed that by understanding the physical characteristics of HSA-AuNCs that any
implications for drug binding and molecule transport in vivo experiments could be
better understood. Secondly, it is hoped that a better understanding of the physical
properties of HSA-AuNCs will allow for more intelligent strategies to be developed
for enhancing the photo physical properties of the fluorophore.

Previous studies concerning changes to the secondary structure of HSA after AUNC
synthesis were carried out using Circular Dichroism (CD) and Fourier-Transformed
Infra-Red spectroscopy (FTIR)?®?%. Santosh et. al. discovered that the secondary
structure of HSA, which is mainly alpha-helical in nature, undergoes minor
perturbations during AuNC synthesis and only minor changes occur to the secondary
structure of HSA. Yong et. al. similarly discovered that the secondary structure of
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HSA is not affected by the presence of AuNCs, however, the alpha-helical content of
HSA can decrease irreversibly after the synthesis of HSA-AuUNCs. Therefore,
changes to the HSA natural function cannot be attributed to changes in secondary
structure and must be due to other physical changes of the protein upon AuNC

synthesis.

In this chapter DLS, electrophoretic mobility, UV-Vis, dynamic viscosity, QCM and
XPS were applied to build up a well-rounded understanding of the physical
properties of HSA and HSA-AuUNCs under different pH conditions.

5.3 Experimental
5.3.1 Sample Preparation

HSA (crystallized and lyophilized powder), (> 99 %) and Gold(I11) Chloride Hydrate
were purchased from Sigma Aldrich and used without further purification. A stock
solution of HSA-AuNCs was prepared using Xie’s method as previously carried out
in previous chapters and stored at 4 °C until use. A separate stock of HSA was
prepared under the same conditions but without adding the gold salt during
preparation. The stock solutions were diluted with NaCl (ionic strength, | = 10 M)
to a range of concentrations between 5 - 10,000 ppm immediately before use.
Multiple stock solutions of HCI and NaOH at different concentrations were used to
control the pH of all samples. Doubly distilled, degassed water was used for the
preparation of all solutions. All experiments were carried out at 25 °C. All other

chemicals used were procured from Sigma-Aldrich.
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5.3.2 Experimental Methods

Viscosity and density measurements were carried out using a combined Anton Paar
DMA 5000M digital vibrating U-tube densimeter with a precision of 5 x 10 g.cm™
and an Anton Paar Lovis 2000 ME rolling ball microviscometer with a precision of
0.001 s. The viscosity and density of both HSA and HSA-AUNCs were measured
across a concentration range of 50 — 10,000 ppm. All dilutions were carried out with

degassed NaCl (concentration of | = 10 M).

DLS measurements were carried out using a Malvern Zetasizer Nano ZS with a
measurement range of 0.6 nm — 0.6 um. The diffusion coefficients of each sample
(pH range of 1 - 12) were measured at a concentration of 1,000 ppm. The diffusion
coefficients (Dcg) were determined by monitoring the fluctuations in the intensity of
backscattered light from the samples due to the Brownian motion they undergo. The
diffusion coefficients were calculated from the time correlation function shown in
Equation 2.26. Using the Einstein-Smoluchowski relation (Equation 2.30), the
hydrodynamic radii (Ry) were calculated from the diffusion coefficients and

converted to a particle size distribution.

Zeta potential measurements were carried out using a Malvern Zetasizer Nano ZS
with a measurement range of 3 nm — 10 pum and an accuracy of 0.12 pm.cm.V's™,
utilizing LDV. A voltage was applied across a folded capillary cell supplied by
Malvern. The same cell was used for each measurement to minimize any differences
between cell electrodes. The applied voltage causes charged particles to migrate to
their oppositely charged electrode and their velocity is expressed as the
electrophoretic mobility (ue). The electrophoretic mobility was measured for all
samples at a concentration of 1,000 ppm across a pH range of 3 - 12. Using Henry’s
Equation (Equation 2.31) the electrophoretic mobility values were converted to zeta

potentials.

UV-Vis measurements were carried out using a Perkin Elmer 25. All measurements

were carried out at a concentration of 1,000 ppm.

QCM measurements were carried out using a Q-Sense E1 QCM-D. Sensors with
gold electrode surfaces were used for all experiments. A constant flow of 500
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uL.min was used throughout the experiment. Initially NaCl solution was passed
over the sensor for 10 minutes to set a baseline for the adsorption. The sample
solution was then passed over the sensor for 90 minutes at a concentration of 5 ppm
and over a pH range of 4 - 9, during which time the adsorption was monitored. NaCl
was then rinsed over the sensor surface for another 90 minutes to observe whether
the adsorption of protein to the fold surface was irreversible. Before each
measurement the sensor was cleaned using the same protocol. The Sauerbrey model
(Equation 2.35) was utilized to correlate changes to the frequency at which the quartz
crystal resonated at to the mass of protein adsorbed to the sensor surface. The decay
of the quartz crystal oscillations, Egis, were also recorded throughout all QCM

experiments.

XPS measurements were carried out using a Gamma data Scienta SES R4000
hemispherical analyser. All measurements were performed using an Al Ka (E =
1486.6 eV) X-ray source operated at 200 W. The spectra were recorded in normal
emission geometry with an energy resolution of 0.9 eV. Calibration was performed
per normal procedures, 1ISO 15472:2001.
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5.4 Results and Discussion

5.4.1 Determining the Hydrodynamic Diameter and Zeta Potential of HSA-
AUNCs

To characterise the physicochemical differences between HSA and HSA-AuUNCs the
hydrodynamic radius Ry was determined from the diffusion coefficients using the
DLS technique. The sample concentration was kept at 1,000 ppm and the pH was
measured over a range of 1 - 12. The diameters for both HSA and HSA-AuUNCs are
shown in Figure 5.1.
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Figure 5.1: The hydrodynamic diameters as a function of pH. HSA is shown in
green while HSA-AUNC:s is shown in red. For the pH range 4 - 6 HSA-AuNCs
were observed to form large aggregates which were poly disperse in nature and

larger than 200 nm.
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The hydrodynamic diameter of HSA was found to be 7 nm at neutral pH which
compares well with previously published results*®?!. The diameters of HSA-
AUNC:s across the pH range of 7 - 12 were nearly double at 12 nm. This suggests the
formation of tightly packed dimers upon AUNC nucleation within the protein.
Previously it has been shown that at low pH the protein structure beings to open,
creating an unfolded conformation typically referred to as the “extended” form'’”.
Shaw et. al. also report that at high pH the protein begins to swell due to
hydrophobic pockets near the surface burying themselves further inside the protein to
avoid solvent exposure. These observations agree with the observations seen here for
both HSA and HSA-AuNCs whose diameters increase below pH 5 and the increase
in diameter for HSA above pH 10. The diameter of HSA-AuNCs however remains
unchanged upon increasing the pH above 10. The largest difference between HSA
and HSA-AuUNCs diameter was seen between pH 4 and 6. Previously HSA has been
shown not to aggregate close to its pKa value of ~4.9 (solution conditions such as the
buffer used can shift the pKa value slightly lower or higher)**2. The results presented
agree well with this, however HSA-AUNCs were seen to aggregate and become
polydisperse with diameter values greater than 200 nm. Interestingly the aggregation
was seen to be reversible upon immediately changing the pH outside the range of 4 -
6.

UV-Vis measurements of both HSA and HSA-AuUNCs across a pH range of 1 - 12
were taken. It was found that at 280 nm the extinction of HSA is not affected by pH.
However, an increase in extinction for HSA-AuNCs was observed between pH 4 -6,

shown in Figure 5.2.
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Figure 5.2: UV-Vis absorption at 280 nm as a function of pH for HSA is shown
in green, while HSA-AUNC:s is shown in red. The absorption maximum of HSA-
AUNC:s can be seen to dramatically increase between pH 4 - 6, showing that the

fluorophore aggregates in this pH range.

This increase in extinction can be attributed to the aggregation of HSA-AUNCs as
previously observed during the DLS measurements. As the protein aggregates the
larger particles scatter more light than those in monomer form. In addition, the
presence of the AuNC also influences the increase in the overall absorption of the
molecule complex at 280 nm even in the proposed HSA-dimer form. It is likely that

both factors contribute to the increase in extinction.

The electrophoretic mobility of both HSA and HSA-AuNCs were measured across a
pH range of 3 - 12. Zeta potentials for both HSA and HSA-AUNCs were calculated
from the electrophoretic mobility data. The dependence of the zeta potential on pH

for both samples are shown in Figure 5.3.
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Figure 5.3: Zeta potentials of HSA and HSA-AuUNCs as a function of pH. The

zeta potentials of HSA are shown in green while the zeta potentials of HSA-

AUNCs are shown in red.

The zeta potential curve as a function of pH with an ionic strength of 1 x 107
compares well with previously published work?2. A large decrease in the zeta
potential of HSA-AUNCs of 8 - 14 mV in comparison to the zeta potential of HSA
was observed at pH greater than the isoelectric point (from pH 7 - 12). A slight
increase of 3 - 4 mV in the zeta potential for HSA-AUNC in comparison to HSA was
observed at pH below the isoelectric point (from pH 3 - 5). Both differences were
seen to be much larger than the total error for each measurement. Error bars for each
measurement were found to be small and insignificant to the comparison between
both datasets. The decrease in zeta potential above the isoelectric point may be
attributed to the reduction reaction that the gold salt undergoes during the synthesis
of AuNCs. It is believed that at highly alkaline pH (pH greater than 10) tyrosine
reduces the salt before the gold atoms nucleate and bond to sulphur found within

129



cysteine residues® ™. If this is true, then the phenol functional group would become
more negatively charged after the reduction reaction and create a more negatively
charged surface in comparison to native HSA. Another possibility is that all gold salt
which initially interacts with the protein surface is reduced. The positively charged
functional side chains of Lysine and Arginine residues on the surface of the protein
could interact with the intermediary synthesis complex AuCl,". This would also
explain the more negative zeta potential of the HSA-AuUNC complex compared to
native HSA.

5.4.2 Determining the Density and Viscosity of HSA-AuNCs

The density of HSA and HSA-AUNCs was measured across a concentration range of
50 - 10,000 ppm, diluted from stock solution using degassed NaCl solution (I = 1 x
10?). The pH of the HSA and HSA-AuUNCs at 10,000 ppm was 6.83 and upon
dilution the pH increased to a maximum of 7.12 at 5 ppm. The difference in density
between HSA-AUNCs and HSA can be seen in Figure 5.4.
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Figure 5.4: Density of HSA and HSA-AUNC:s as a function of concentration. The
densities of HSA are shown in green while the densities of HSA-AUNCs are

shown in red.

Unsurprisingly, the density of HSA is seen to increase upon the formation of AuNCs
within the protein. The density of HSA and HSA-AuNCs samples were both
measured at pH levels higher than the range where aggregation of HSA-AuUNCs was
observed in both DLS and UV-Vis measurements. HSA-AuNCs were forming
smaller aggregates seen at pH > 6, rather than the larger aggregates seen at pH < 6
from DLS and UV-Vis measurements. To better quantify the increase in density
upon synthesis of AUNCs in HSA both values were converted to the relative density

values.
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The relative density of a material can be simply described as the ratio of the density
of a substance to that of a reference solvent®?. The NaCl solution used to dilute the
samples was used as the reference material for the relative density calculations of
HSA and HSA-AUNCs. For each measurement, the value was converted to density as

a function of the weighted fraction of the solution, shown in Figure 5.5.
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Figure 5.5: Relative density of HSA and HSA-AuUNCs as a function of weighted
fraction. The relative density gradients of HSA are shown in green while the
relative densities of HSA-AUNCs are shown in red. The gradients for HSA and
HSA-AUNCs were found to be -0.2413 and -0.3305 respectively; giving HSA a
relative density of 1.32 g.cm™ and HSA-AuUNCs a relative density of 1.49 g.cm™.
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HSA was found to have a relative density of 1.32 g.cm™. This compares well with
the previously reported value of 1.33 g.cm™ for proteins®*%*°. The relative density
value for HSA-AUNCs however was found to be much larger at a value of 1.49 g.cm’
%, The large increase in relative density upon AuNC synthesis can be directly
correlated with the presence of the AuNCs inside the proteins since there was no
introduction of other molecules outside of the synthesis and the formation of dimers
or aggregates cannot account for such a large rise in relative density.

If the increase in relative density is attributed solely to AuNCs then an average of 43
gold atoms are present per protein. This number is higher than the expected 25 atoms
per nanocluster; however unreacted gold salt attached to the protein and secondary,

smaller non-fluorescent AUNCs bound to the protein could account for this.

The dynamic viscosity of both HSA and HSA-AuNCs was observed over a
concentration range of 5 - 10,000 ppm to better understand how the formation of
dimers affects the protein in solution at higher concentrations. Again, the pH of the
HSA and HSA-AuUNCs at 10,000 ppm was 6.83 and upon dilution increased to a
maximum of 7.12 at 5 ppm. The trend in viscosity for both HSA and HSA-AuUNCs as

a function of concentration can be seen in Figure 5.6.
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Figure 5.6: Dynamic viscosity of HSA and HSA-AuNCs as a function of
concentration. The dynamic viscosity values of HSA are shown in green while
the dynamic viscosity of HSA-AUNC:s is shown in red.

The viscosity of native HSA increases linearly with concentration, however in the
case of HSA-AUNCSs the increase is non-linear, increasing at a faster rate than native
HSA. The relative increase in viscosity agrees well with previous the measurements
in this chapter showing the formation of HSA-AUNCs aggregates. Due to the pH
being higher than 6, the increased viscosity in HSA-AuUNCs is due to the formation
of smaller aggregates such as dimers rather than larger aggregates seen in the pH
range 4 - 6. This could give rise to potential problems using HSA-AuUNCs as a
fluorophore at high concentrations during in vivo experiments. An increase in HSA
viscosity has been shown to be linked with multiple health problems such as cardio

vascular disease, heart attacks and strokes?'¢2%’.
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5.4.3 Determining HSA-AUNCs Adsorption Characteristics

Differences in the adsorbed mass of HSA and HSA-AuNCs were studied using the
QCM method. The samples were measured between a range of 4 - 9, using NaOH
and HCI to alter the pH, and at a concentration of 5 ppm. The results of this

experiment are shown in Figure 5.7.
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Figure 5.7: The mass of the adsorbed proteins is shown per unit of the
geometrical sensor surface, depending on the pH of the solution. HSA is shown
in green while HSA-AuUNCs are shown in red. In both cases the maximum

adsorption is observed at pH 6.

It was found that for both HSA and HSA-AuUNCs the maximum adsorption took
place when the pH of the solution was 6. The total mass of the adsorbed HSA-
AUNC:s is always seen to be higher across the whole pH range — this is unsurprising
due to the additional mass associated with the attached AuNCs. The total additional

adsorbed mass however is too large to attribute to the AUNCs alone. Between pH 4 -
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6 the mass of HSA-AuUNCs compared to HSA is 2 - 4 times larger. This result adds

further weight to the idea that HSA-AuNCs do not exist in monomer form.

Differences in the physical features of HSA and HSA-AuUNCs after adsorption onto
the gold QCM sensor surface at pH 7 were studied using XPS. From the initial XPS
survey it was observed that peaks attributed to Au 4f, O 1s, N 1s and S 2p were
present. Of interest are the changes observed in the peak positions and atomic % for
peaks in the N 1s band between HSA before and after AUNCs synthesis, since it is
believed that the positively charged side chains of Arginine and Lysine could play a
part in the synthesis of AUNCs in proteins®*®. The high-resolution spectra for the N

1s group are shown in Figure 5.8.
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Figure 5.8: High resolution XPS spectra of the N 1s peak for HSA (spectrum a)

and HSA-AUNCs (spectrum b) adsorbed on a gold surface at pH 7. The spectra

were decomposed into 3 individual peaks associated with slightly different

energies.
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Both peaks were broken down into 3 peaks with distinct energies: 399.08 + 0.20 eV,
400.18 + 0.10 eV and 401.70 + 0.40 eV. The first peak is attributed to amine or
amide NH groups; the second peak is attributed to NH; and the third peak attributed
to protonated amines NH5"*°. The full set of data from decomposing the high-

resolution N 1s peak is shown in Table 5.9.

Sample HSA-AUNCs pH 7 HSA pH 7
Peak 1 (eV) 399.08 398.92
FWHM 1 (eV) 1.600 1.713
Atomic % 15.40 15.74
peak 2 (eV) 400.18 400.02
FWHM 2 (eV) 1.600 1.713
Atomic % 77.99 78.16
peak 3 (eV) 401.70 401.85
FWHM 3 (eV) 1.600 1.713
Atomic % 6.60 6.10

Table 5.9: Peak positions of the decomposed N 1s peak and the calculated

parameters taken from the high resolution XPS spectra shown in Figure 5.4.3.3.

The relative decrease in atomic % for peak 3 indicates an overall decrease in
protonated amines NH3". This coincides with peak shifts to lower energies for both
peak 1 and 2 suggesting that the protonated amines are reacting with negatively
charged species on the protein surface; most likely gold salt intermediates, such as
AuCly, which have not undergone full reduction. This result agrees well with the
zeta potential measurements for HSA and HSA-AUNCs at pH 7. The zeta potential
was seen to be 13 mV more negative in the case of HSA-AuNCs at pH 7 compared
to HSA. This more negative zeta potential could also be explained by the presence of

unreacted salt on the protein surface.
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5.5 Conclusions

Important changes concerning the physicochemical characteristics of HSA were
observed upon synthesising AuNCs within the protein using the one-pot method. It
was found that HSA forms aggregates upon synthesising AuNCs; DLS
measurements of HSA-AuUNCs found that aggregates, most likely tightly packed
dimers form at all pH apart from the range of 4 - 6 where larger aggregates with a
diameter greater than 200 nm were formed. Differences in adsorbed mass to a gold
surface also indicated the formation of small HSA-AuNCs aggregates. Concentration
of protein was also ruled out as a factor; HSA at 1000 ppm were dimers or larger
aggregates. The increase in viscosity can also be attributed to the formation of small
aggregates of HSA-AUNCs in comparison to natural HSA. The formation of dimers
must be considered if HSA-AuUNCSs are to be utilized as a fluorescent probe in vivo,
since natural protein function and behaviour will be altered in the dimer form

observed in this study.

The shift to a more negative zeta potential and changes to the atomic % from the
XPS data suggests that while the AuNCs are formed inside the protein, not all of the
gold salt fully reacts and migrates to the nucleation sites for AUNCs inside HSA.
This could point to positively charged amino acid side changes on the protein surface
interacting with negatively charged AuCl,". The changes to the surface chemistry of
the protein may alter the binding affinity of molecules which are typically
transported by the HSA protein within the body. This raises questions as to whether
AuUNCs can be used as an intrinsic probe to study natural protein dynamics if the
behaviour of the protein itself is altered upon AuNC synthesis. Further questions as
to what extent AuNCs affect other proteins upon synthesis also remain unanswered.
The final AuNC fluorescent properties have been reported previously to be very
similar in several different proteins when the correct residues are present for the
reduction of salt and stabilisation of gold atoms are present’®. Do the
physicochemical properties of other proteins used for AUNC encapsulation become
altered in the same way as HSA? And does it have implications towards the
utilisation of other protein encapsulated AuNCs? To test this idea, further
physicochemical characterisations of another commonly studied system Lysozyme-

AUNCs will be carried out in the next Chapter.
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6 Uncovering the Physicochemical Properties of
Ly-AuNCs

6.1 Abstract

In the previous chapter, it was shown that HSA undergoes many physicochemical
changes upon AuNCs synthesis, critically that it forms tightly packed dimer/trimer
aggregates at body pH (7.4) and that between pH 3 - 6 very large aggregates greater
than 200 nm in size reversible form. The formation of aggregates could lead to

complications when using the HSA-AuUNCs fluorophore as an in vivo probe.

The formation of aggregates in HSA-AUNCs raised further questions about other
protein-encapsulated AuNCs. Lysozyme is another commonly used protein for the
synthesis of AuNCs and has the potential to be used as a tool to better understand the
formation of lysozyme aggregates in brain diseases such as Parkinson’s. However,
for Ly-AuNCs to be used successfully as a method to study aggregation we must first
understand the physicochemical differences between native Lysozyme and Ly-
AUNCs — if the characteristics are radically different then AUNCs would not make an

ideal probe for lysozyme aggregation.

The physicochemical properties of both lysozyme and Ly-AuNCs are presented. The
molecules light absorbance (UV-Vis), electrophoretic mobility, dynamic viscosity,
density, hydrodynamic radius (DLS), adsorption (QCM) and adsorption monolayer
thickness (QCM) was studied. It was found that lysozyme forms small dimer/trimer
aggregates upon the synthesis of AUNCs within the protein. The diameter for Ly-
AUNCs was found to be 8.0 nm across a pH range of 2 - 11, with large aggregates
with diameters greater than 20 nm forming between pH 3 - 5. The formation of larger
aggregates limits Ly-AuNCs use as a fluorescent probe in this pH range. A large shift
in the proteins isoelectric point was also observed, shifting from 11 to 4 upon AuNC
synthesis. This resulted in major changes to the adsorption characteristics of
lysozyme, observed during QCM. A monolayer of 8 nm was seen for Ly-AuNCs at
pH 4, offering further evidence the proteins form small aggregates, unlike the natural
monomer form of lysozyme. The adsorption of Ly-AuNCs was seen to decrease as
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pH was increased; this is in major contrast with lysozyme absorption behaviour. At
pH 7 however it was observed that absorption characteristics for lysozyme and Ly-
AUNCs was similar suggesting that while the characteristics of both systems are
different, it may be possible that Ly-AuNCs can be utilised to probe natural

lysozyme aggregation in the future.

6.2 Introduction

The physicochemical characteristics of HSA have been shown to change
dramatically upon the synthesis of AuNCs. While their use as a fluorescent
dye in the labelling of in vitro cells for imaging or as a sensor for heavy ions
should not be affected, it raises questions to their viability as a sensor in more
complex in vivo situations. Another commonly used protein for the
encapsulation of AuNCs is lysozyme due to its relatively cheap cost and
abundance. It is hoped that through a physicochemical study of Ly-AuNCs it
can be determined whether AUNCs could be used to study the aggregation of

lysozyme.

Lysozyme is of interest to this study due to the role that it plays in human
physiology. It is a relatively small bio-molecule with a molecular weight of
14,307 Da, comprising of two domains and a cleft in the protein centre which
acts as the active site?’®. The secondary structure of each domain differs
significantly, with one domain mainly B-sheet in structure and the other mainly
helical®®®. Its main role is to attack the cell walls of bacteria, breaking the cell
wall and causing the bacteria to burst under their own internal pressure®,
Lysozyme AuNCs (Ly-AuNCs) have been shown to make excellent probes for
the detection of mercury® and glutathione®®*. However, these have been in
vitro experiments and to date no experiments using Ly-AuNCs in vivo as
fluorescent probes have been carried out. The functionality of Lysozyme after
AUNC synthesis has been shown to still be present to some degree as Liu et. al.
successfully showed Ly-AuNCs still possessed good bio recognition for e.

Coli%®,
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A major problem that arises when protein structure changes in human
physiology is the formation of large aggregate particles. The misfolding of
Lysozyme has been shown to cause the formation of Amyloid fibrils; which
have been linked to many human diseases such as Alzheimer’s and
Parkinson’s disease’*®??*?% due to their insoluble nature. Therefore, it is
important to understand how native lysozyme changes upon the nucleation of
an AuNC within the protein for any future use of Ly-AuNCs as an in vivo

probe.

In this work, we applied, electrophoretic mobility, UV-Vis, density, viscosity
and QCM, measurement techniques to characterise the physicochemical
properties of Lysozyme and Ly-AuNCs under different pH conditions to better

understand how AuNC nucleation affects Lysozyme’s natural state.

6.3 Experimental
6.3.1 Sample Preparation

Lysozyme (crystallized and lyophilized powder, from chicken egg white), (> 99 %)
and Gold(lll) Chloride Hydrate were purchased from Sigma Aldrich and used
without further purification. A stock solution of Ly-AuNCs was prepared using
Wei’s et. al. method™ and stored at 4 °C until use, a separate stock of Lysozyme was
prepared, dissolving in purified water. The stock solutions were then diluted with
NaCl (concentration of 1 = 10 M) to a range of concentrations between 5 - 5,000
ppm immediately before use. Multiple stock solutions of HCI and NaOH at differing
concentrations were used to control the pH of all samples. Doubly distilled, degassed
water was used for the preparation of all solutions. All experiments were carried out

at 25 °C. All other chemicals used were procured from Sigma-Aldrich.
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6.3.2 Experimental Methods

All DLS, Electrophoretic mobility, UV-Vis, Viscosity, Density and QCM
measurements and analysis was carried out to the same methods as used in Chapter 5
(see 5.3.2 Experimental Methods for details).

To determine the thickness of adsorbed mass in QCM measurements the Sauerbrey
mass adsorbed to the sensor surface (I'ap) was divided by the density value of
lysozyme?**, widely reported as 1330 kg.m™, as shown in Equation 6.1.

r
deff = P;qf[; [61]

6.4 Results and Discussion
6.4.1 Determining the Hydrodynamic Diameter and Zeta Potential of Ly-AuNCs

Initially the hydrodynamic radius, Ry was determined for both lysozyme and Ly-
AUNCs as a function of pH, across a pH range of 2 - 11, at a sample concentration of
1,000 ppm. The radius for each sample was calculated from the diffusion coefficient
of the measured sample using the DLS technique. The determined diameters for
Lysozyme and Ly-AuNCs are shown in Figure 6.1.
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Figure 6.1: Hydrodynamic diameter of Lysozyme (green) and Ly-AuNCs (red)
as a function of pH. For the pH range 3 - 5 Ly-AuNCs diameter are > 20 nm
and polydisperse.

The hydrodynamic diameter by volume of Lysozyme was found to be 4.0 nm,
between pH 4 - 10. The diameter of Lysozyme compares well with previous

225226 and is stable at lower pH due to the smaller, more robust nature of the

studies
protein. The diameter of Ly-AuNCs was found to be significantly higher at 8.0 nm
across the pH range. This suggests that the proteins are forming dimers or tightly
packed trimers upon the synthesis of AuNCs. Between pH 3 - 5 the diameter of Ly-
AuUNCs was found to be greater than 20 nm and polydisperse, indicating the
formation of large aggregates. The aggregation of protein encapsulated AuNCs at
this pH has previously been observed, suggesting that the presence of AuNCs within
the protein is directly responsible. The aggregation was also seen to be reversible by
lowering or increasing the pH above or below the window of aggregation, indicating

that no irreversible bonding between the lysozyme proteins takes place.
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UV-Vis absorption spectroscopy measurements were taken of both Lysozyme and
Ly-AuNCs under the same conditions as the DLS measurements shown previously,
shown in Figure 6.2.
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Figure 6.2: Maximum UV-Vis absorption of Ly-AuNCs (red) and Lysozyme
(green) at 300 nm as a function of pH.

The absorption of Lysozyme can be seen slowly increasing as the pH approaches the
isoelectric point at pH 11. The absorption of Ly-AuNCs is seen to be much higher
across the whole pH range, due to the presence of the AUNCs. Between pH 3 - 6 the
absorption of Ly-AuNCs increases dramatically, peaking around pH 4. This large
increase coincides with a change in colour from clear to cloudy and matches the pH
range at which aggregation of Ly-AuNCs was seen from DLS experiments,
confirming the previous result. This result agrees well with the pH induced

aggregation of HSA-AUNCSs seen in chapter 5.
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The electrophoretic mobility of both Lysozyme and Ly-AuNCs was measured across
a pH range of 3 - 11, at a concentration of 1,000 ppm in both cases. The associated
zeta potentials were calculated using Henry’s Equation (Equation 2.31) and
displayed in Figure 6.3.
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Figure 6.3: Zeta potential of Lysozyme and Ly-AuNCs as a function of pH. The
zeta potentials of Lysozyme and Ly-AuNCs are indicated in green and red

respectively.

The zeta potential curve for Lysozyme in a solution with ionic strength 1 = 1 x 107

227

M compares well with previously published results®’.The isoelectric point of

Lysozyme in this case is approximately 10, in agreement with previous results??°. In
the case of lysozyme AuNC nucleation dramatically changes the zeta potential. From
pH 5 to 11, there is a significant difference between lysozyme and Ly-AuNCs equal
to 50 mV. Additionally, the shift in isoelectric point changes from 10 to 4. The zeta

potentials across the pH range of Ly-AuNCs were found to be remarkably different.
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Between pH 3 - 6 the surface charge of Ly-AuNCs was seen to drop rapidly from 40
mV to -40 mV. After pH 6 the surface charge was seen to continue to decrease at a
lower rate, dropping to -60 mV at pH 11. The major changes to the zeta potential
profile of Ly-AuNCs can be directly attributed to either the presence of the AuNCs
or unreacted gold salt still attached to the protein surface®. The isoelectric point of
Ly-AuNCs is like that of HSA-AuUNCSs, suggesting that the nucleation of AuNCs
within proteins may result in the shifting of the isoelectric point to around 4.0,
regardless of the proteins natural isoelectric point. This could have major
implications of using protein encapsulated AuNCs in any situation where the pH of
the environment being imaged or probed is close to this isoelectric value. Another
factor which must be addressed is the change from a positive surface charge for
natural lysozyme to a negatively charged surface for Ly-AuNCs at body pH (7.4).
The charge decreases from 17 mV to -35 mV. The net positive charge of the
lysozyme protein has been reported to play an important role in the initiation of its
Iytic action and its efficiency against the negatively charged cell walls of certain

228

bacteria®®. This result therefore raises questions to lysozyme’s ability to function

correctly after the synthesis of AUNCs.
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6.4.2 Determining the Density and Viscosity of Ly-AuNCs

The density of lysozyme and Ly-AuNCs was measured across a concentration range
of 0 — 5,000 ppm which was diluted from stock using degassed NaCl solution (I = 1
x 10 M). The difference between lysozyme and Ly-AuNCs density is shown in
Figure 6.4.

1_0000 T T T T T T

]

L]

0.9995

density [g/cm

@ Ly-AuNCs
@ Lysozyme

0.9990

0.9985 |

D

0.9980 |

0.9975 +

09970 1 1 1 1 1 1
0 1000 2000 3000 4000 5000 6000

concentration [ppm]

Figure 6.4: Lysozyme and Ly-AuNCs density as a function of concentration are
shown. The density of lysozyme is represented by green while Ly-AuNCs

density is represented by red.

The density of Ly-AuNCs is seen to be higher than Lysozyme due to the extra mass
the presence of the AuNCs adds to the lysozyme protein. To properly quantify the
increase in relative density the AUNCs have on the lysozyme protein, the values from

Figure 6.4 were converted to relative density values and shown in Figure 6.5.
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Figure 6.5: Relative density of lysozyme and Ly-AuNCs as a function of
weighted fraction. The relative density gradient of lysozyme is shown in green
while the relative density gradient of Ly-AuNCs is shown in red. The gradients
for lysozyme and Lysozyme-AuNCs were found to be -0.1985 and -0.4680
respectively; this gave lysozyme a relative density of 1.33 while Ly-AuNCs had a
relative density of 1.87.

The relative density of a material can be described as the ratio of the density of a

228 'in this case NaCl was used to dilute the

substance to that of the reference solvent
lysozyme and Ly-AuNCs. For lysozyme, a relative density value of 1.33 g.cm™ was
calculated, matching the previously reported value of 1.33 g.cm™ for proteins®*. The
relative density of Ly-AuNCs was found to be far more than the normal protein
relative density, at a value of 1.87 g.cm™. This increase in relative density upon
synthesising AUNCs within lysozyme is even greater than the increase seen for HSA-
AUNC:s in chapter 5. The only possible reason for the increase can only be attributed

to the mass of AUNCs and possible excess gold salt attached to the protein surface,

148



since no other molecules were introduced to the samples after synthesis and dilution.
All positively charged residues that make up the lysozyme primary structure are
located on the protein surface. This gives the protein a highly positive surface charge
making it likely that negatively charged chloride ions, created because of the gold
salt reduction, are bound to the protein surface. The increase in density between
lysozyme and Ly-AuNCs is 0.54 g.cm™. Attributing this value solely to the mass of
gold, we can find that the average amount of gold atoms per lysozyme protein is 29
atoms. If every lysozyme present has an encapsulated AuNC then this value is close
to the expected number of atoms within red emitting AuNCs at 25 atoms. The
increase in amount of gold per lysozyme can be attributed again to unreacted gold
salt on the protein surface, or it is possible that in some lysozyme smaller, AUNC
intermediate products have formed which contain less gold atoms and are not
fluorescent. Combining the molecular weights of Lysozyme and the added weight
assuming it is that of the AuNCs then we can estimate that the molecular weight of
Ly-AuNCs is 20,020 Da.

The dynamic viscosity of lysozyme and Ly-AuNCs was measured over a
concentration range of 0 — 5,000 ppm to study the effects of the aggregation seen in

previous experiments, as seen in Figure 6.6.
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Figure 6.6: Dynamic viscosity of lysozyme and Ly-AuNCs as a function of
concentration. The dynamic viscosity values for lysozyme are shown in green

while Ly-AuNCs viscosity is shown in red.

The viscosity of Ly-AuNCs is considerably higher than that of lysozyme. The higher
viscosity of Ly-AuNCs than that of natural lysozyme is unsurprising. This
observation can be explained by the formation of dimers seen previously from the
DLS experiment. In both cases the increase in viscosity in respect to the
concentration was seen to be linear, suggesting that while the Ly-AuNCs viscosity is
higher, it does not reach a critical viscosity at which the protein complex no longer
flows in solution. The increase in viscosity for Ly-AuNCs can be attributed to a
decrease in the rate of diffusion which arises due to the higher molecular weight of
Ly-AuNCs.
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6.4.3 Determining Ly-AuNCs Adsorption Characteristics

The adsorption of lysozyme and Ly-AuNCs to a gold surface was studied as a
function of pH using QCM. A pH range of 4 - 10 was used in both cases at a constant
sample concentration of 5 ppm. It was found that the presence of AUNCs had a major
effect on the adsorption mass of Ly-AuNCs at different pH in comparison to natural

lysozyme, shown in Figure 6.7.
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Figure 6.7: The mass of adsorbed molecules per geometrical unit of the gold
surface, I'ng [ng.cm™], as function of pH is shown. Lysozyme masses are

represented in green while Ly-AuNCs are displayed in red.

The adsorption maxima for lysozyme and Ly-AuNCs are seen to be remarkably
different. The adsorption maximum was found to be 900 ng.cm™ at pH 4 for Ly-
AUNCSs while the adsorption maximum for lysozyme was found to be 450 ng.cm™ at
pH 10. The adsorption maxima in both cases occur at the isoelectric point for each

molecule. Between pH 5 — 10 the adsorbed mass is seen to be relatively the same.
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The higher adsorption of Ly-AuNCs at pH 4.0 can be attributed to aggregation
effects earlier observed at this pH. The effectiveness of adsorption in both cases is
directly linked to the overall magnitude of the charge, with the larger charge
resulting in less effective adsorption. However, it is important to note that the
polarity of the charge does not seem to be important for the adsorption to the gold
surface to take place. This can be more effectively visualised by plotting the overall
mass adsorbed in each case against the zeta potential, as shown in Figure 6.8.
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Figure 6.8: The mass of adsorbed molecules per geometrical unit of the gold
surface, I'ag [Ng.cm™], as a function of pH is shown. The result for lysozyme is

shown in green while Ly-AuNCs are displayed in red.

To better understand the effect of AuNCs on the adsorption of lysozyme the
thickness of the adsorption layer formed on the gold surface was observed, seen in

Figure 6.9.
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Figure 6.9: The thickness of the adsorbed layer as a function of pH on a gold
surface is shown. The thickness of the lysozyme adsorption layer is shown in

green while the thickness of Ly-AuNCs is shown in red.

It can be seen across the pH range that lysozyme forms layers with thicknesses
between 2 - 4 nm. Ly-AuNCs can be seen to form layers with a much wider range of
thicknesses from 1 - 8 nm. It is observed that the further from the molecules
isoelectric point, the smaller the total mass adsorbed and the layer thickness,
suggesting that the proteins at different pH contact and adsorb to the gold at different
angles, with lower surface coverage being observed at lower layer thicknesses. In
both cases the maximum thickness layer is equal to the hydrodynamic diameter
found during the DLS experiments previous. The QCM result therefore suggests that
at the isoelectric point in each case the proteins form tightly packed monolayers, with
the proteins in a geometry that has a minimal amount of contact with the gold
surface. This again suggests that the Ly-AuNCs exist in a small aggregated form,

resulting in a thicker monolayer in comparison to natural lysozyme. This result
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bodes well for the utilisation of Ly-AuNCs at body pH (7.4) as the adsorption
behaviour of Ly-AuNCs and lysozyme have been seen to be similar in regards to
total mass and thickness of monolayers adsorbed to a surface and while dimers have
been seen from previous experiments, they do not negatively affect the proteins

adsorption behaviour at neutral pH.

6.5 Conclusions

Important changes to the physicochemical characteristics of lysozyme upon the
synthesis of AUNCs using the one-pot method to grow the AUNC within the protein
have been observed. Lysozyme was seen to form small aggregates of dimer/trimer
size upon the nucleation of AuNCs within the protein. The nature of these
dimer/trimers formed requires further study. Aggregates were seen to be present
across a pH range of 2 - 11 and larger reversible aggregation of the Ly-AuNCs was
observed between pH 3 - 6. Between pH 3 - 6, studying the aggregation of lysozyme
from its monomer form would of course not be possible, however there may be scope
to study changes in the fluorescence emission of Ly-AuNCs as pH is slowly
decreased and larger aggregates form. The reversible larger aggregates were
confirmed to form due to the massive shift in the isoelectric point of lysozyme from
10 to 4. It is intriguing that the isoelectric point of both HSA-AUNCs and Ly-AuNCs
is both around 4 despite the natural isoelectric points of both proteins being
drastically different at 4.1 and 10 respectively. This suggests that an isoelectric point
of 4 could be common for all other protein encapsulated AuNCs prepared using the
one-pot method and that this shift in isoelectric point can been directly attributed to
the formation of AuNCs within the protein. Questions remain however as to the
reason of the common isoelectric point. From this Chapter and Chapter 5 it can be
concluded the common isoelectric point is due to the presence of either unreacted
gold salt, the by-products of the synthesis reaction or the AuNC inside the protein.
Viscosity and density measurements of both lysozyme and Ly-AuNCs also suggested
the formation of aggregates. QCM measurements of both Ly-AuNCs and lysozyme
unveiled significant differences in the absorption behaviour of both molecules. The

maximum absorptions of Lysozyme and Ly-AuNCs were found to take place at pH
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10 and pH 4, respectively, explained by the massive shift in isoelectric point. The
adsorption mass and layer thickness at neutral pH however was found to be near
identical, suggesting that Ly-AuNCs characteristics may be similar enough that it is

possible to utilise them as a fluorescent probe to track natural lysozyme aggregation.
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7 Conclusions and Future Work

The work carried out in the thesis has added to the knowledge and understanding of
protein encapsulated AuNCs. Understanding the location of AuNCs within serum
albumin proteins and the effect it has on the sudlow | binding site (Chapter 3 and 4)
has allowed for the development of intelligent strategies for the tailored modification
of serum albumin encapsulated AuNCs. Following on from this body of work,
studies have been carried out on the binding affinity of the Sudlow Il major binding
site, located in domain II1A of the protein, using L-Dopa. Excitingly, it has been
found that L-Dopa which has a strong binding affinity at this site still can bind HSA
after the synthesis of AUNCs. The binding was tracked via a fluorescence decrease in

L-Dopa emission upon binding at the site, as shown in Figure 7.1.
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Figure 7.1: Normalised peak fluorescence intensity of L-dopa in solution with
HSA (red) and L-dopa in solution with HSA-AuUNCs (black). Excitation

wavelength of 290 nm, emission wavelength of 325 nm.
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The quenching in both cases agrees well with Yeggoni et. al., indicating that L-dopa
is bound to the Sudlow site 11°*°. Thus, the synthesis of AuUNCs within HSA does not
hinder the binding affinity of this site. The increase in fluorescence intensity of HSA-
AUNCs has been attributed to free dye in solution; since at 40 um of L-dopa in
solution the ratio between HSA protein and L-dopa should be 1:1 and is no longer
binding once all available sites are taken. This is not the case with native HSA
however, suggesting that other binding sites are available for L-dopa when AuNCs
are not present within the protein. It was also found that AUNCs could be synthesised
with L-Dopa prebound to the protein. The fluorescence intensity of the growing

AuUNCs was tracked over time during synthesis, shown in Figure 7.2.
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Figure 7.2: Peak fluorescence emission of HSA-AuUNCs (with and without L-
dopa pre-bound to HSA) during synthesis. Emission maximum of HSA-AuNCs
at 525 nm (black) and at 680 nm (red). Emission maximum of L-dopa-HSA-
AUNCs at 525 nm (green) and at 680 nm (blue). Excitation wavelength of 470

nm in all cases.
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The availability of Sudlow site Il is of upmost importance, as it offers an easily
targeted site on the HSA protein which could be used as a means of functionalising
the HSA-AUNC fluorophore for targeted sensing of molecules of interest. The ability
of L-Dopa to freely bind to HSA is also interesting as it shows that despite the
changes to the characteristics of HSA after AUNC synthesis, shown in Chapter 5, the

functionality of the protein remains partially.

The observation that Ly-AuNCs do not form large aggregates after synthesis, shown
in chapter 6, has already led to some interesting developments. The initial stages of
lysozyme aggregation are still poorly understood due to the current fluorescence
methods used to study protein aggregation. ThT has been typically used as a
fluorescent probe for protein aggregation as its intensity dramatically increases upon
binding between beta sheet formations; typically associated with protein aggregation.
Since at the early stages of protein aggregation no beta sheets are formed, there is no
fluorescence response from the ThT molecule. AuNCs are different to ThT as they
behave like intrinsic fluorophores and the initial stages of aggregation affect their
fluorescence intensity. Lysozyme aggregation induced via heating at 65 °C results in
the formation of large aggregates over a long period; however there is a lot of
information which can be obtained in the early stages by AuNCs. Preliminary studies
show that AUNCs have a much larger dynamic sensitivity to lysozyme aggregation
both at the initial stages and over a longer period, in comparison to ThT, as shown in

Figure 7.3.
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Figure 7.3: Heat induced aggregation (65 °C) of Ly-AuNCs. Fluorescence
emission of ThT (ex 340 nm, em 380 nm) is shown in black, while AuNC

emission is shown in red (ex 470 nm, em 670 nm).

The major difference is that AUNC emission is quenched during aggregation,
whereas the ThT fluorescence is enhanced, however the dynamic range of AuNCs
during aggregation is much larger and the brightness of the emission is initially much
brighter allowing for the early stages to be probed. It is hoped that changes to the
extremely long fluorescence lifetime of AuNCs could also be used to track the
formation of lysozyme aggregates since it is concentration independent and as such
could be used in low concentrations so that the natural aggregation path way is
affected by AuNC presence in as small a manner as possible. The use of AuNCs to
track protein aggregation could see wide use in the detection of amyloidosis type

diseases in the future.

Other preliminary work has been undertaken to enhance the fluorescence brightness
of HSA-AuUNCs by rigidifying the structure using polymers to encapsulate the
fluorophore complex. It has been observed that in the correct ratios of protein and
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polymer, Polyallylamine hydrochloride (PAH), a positively charged polymer chain
used in cell encapsulation, can enhance fluorescence emission brightness.

To summarize, there remains protein much potential for protein encapsulated AuNCs
to be utilized as a fluorescent tool for many applications in the field of fluorescence

imaging and spectroscopy.
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